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Abstract 

DNA has gained great attention both as a biological molecule and structural building block 

due to its well-defined structure, molecular recognition properties and programmability. The 

marriage of DNA with synthetic polymers, creating DNA-polymer hybrids, has allowed the 

realization of novel materials with added functionalities, that could not be achieved otherwise. To 

date, different synthetic routes have been proposed for the generation of DNA block copolymers. 

However, the generation of monodisperse DNA-polymer conjugates with control over the 

sequence of monomer and length of strand has been a challenge. These limitations have impacted 

the potential applications of DNA-polymer conjugates, where structural polydispersity has limited 

their use in drug delivery and materials science. Recently, a new class of monodisperse sequence-

defined DNA-polymers has been reported. This thesis examines this new class of DNA-polymer 

hybrids in the context of drug delivery and supramolecular assembly. Using this DNA-polymer 

platform, different strategies that address key challenges of self-assembled materials in drug 

delivery are investigated. Firstly, the examination of DNA nanoparticles as a structurally 

monodisperse drug delivery platform is described. Detailed investigation of the stability of 

structures, cellular uptake, and in vitro activity demonstrates the high efficacy of drug-loaded 

structures. Additionally, in vivo studies of this system show full-body biodistribution, long 

circulation times and tumor accumulation in mouse models. The great potential of these DNA-

polymer vehicles as a general platform for chemotherapeutic drug delivery is highlighted. 

Secondly, different approaches to tackle limitations of nanocarrier-based delivery systems are 

investigated. Through a range of optimization studies to our first-generation DNA nanoparticle 

system, we show progress towards creating a highly functional “smart” delivery platform for 

biomedical applications. Thirdly, an application of sequence-defined DNA polymers in 

supramolecular assembly in described. A discovery is reported where the site-specific introduction 

of a single cyanine dye into DNA-polymer conjugates causes a complete morphological shift from 

spheres to 1D nanofibers with controlled length and dimensionality. DNA fibers are formed 

through a seeded growth mechanism and can also be used as bioanalytical tools due to changes in 

their optical properties upon assembly. These structures also form complex hierarchical hybrid 

structures when combined with other nanomaterials. Overall, this thesis provides a critical 

evaluation of the exciting applications of this new class of DNA-polymers, highlighting 
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approaches to tackle the challenges of nanomaterials at the interface of biomedicine and materials 

science.  

 

Résumé 

L’ADN éveille la curiosité des scientifiques au-delà de ses propriétés biologiques : des 

groupes de recherches utilisent la molécule d’ADN comme un matériau de construction 

moléculaire.  En effet, l’information contenue dans sa structure lui confère des propriétés de 

reconnaissance moléculaire et une très grande programmabilité. L’ajout de polymères synthétiques 

sur des brins d’ADN a permis la création de nouveaux matériaux et de structures auto-assemblées 

aux propriétés uniques. Jusqu’à aujourd’hui, différentes voies ont été développées pour la 

synthèses de ces matériaux hybrides. Cependant, il reste encore difficile de contrôler précisément, 

lors de la synthèse, la séquence et la longueur du copolymère. La polydispersité du produit obtenu 

a ainsi limité l’utilisation de ces conjugués en chimie des matériaux ou pour des applications 

thérapeutiques. Récemment, nous avons développé une méthode de synthèse de polymères 

hybrides qui permet de contrôler précisément la séquence à l’échelle moléculaire. Ces polymères 

forment des structures monodisperses. Dans cette thèse, nous proposons d’examiner les propriétés 

d’auto-assemblage de ces matériaux hybrides à la séquence connue et définie, ainsi que leur 

utilisation comme système d’administration de médicaments. Dans le premier chapitre, nous 

présentons une méthode pour encapsuler un agent anti-cancéreux dans des structures micellaires. 

Nous avons étudié la stabilité de ces nanoparticules en milieu biologique ainsi que leur 

internalisation dans les cellules. Les résultats in vitro ont montré que les particules pouvaient 

détruire les cellules cancéreuses en libérant le principe actif. Enfin, des expériences sur des 

modèles de souris ont révélées que la particule circulait à travers tout le corps, possédait une grande 

stabilité et s’accumulait dans les tissus cancéreux. Dans une deuxième partie, nous avons cherché 

à améliorer les propriétés du système d’encapsulation développé précédemment, afin de créer une 

particule intelligente. Les expériences ont révélé le potentiel de ces véhicules de seconde-

génération dans l’administration de médicaments. Enfin, nous avons étudié les propriétés 

d’assemblage de polymères à séquence contrôlée. Nous avons introduit une molécule de cyanine 

dans le conjugué ADN-polymère causant un changement de morphologie. L’insertion de la 

molécule dans la séquence conduit à la formation de nanofibres, au lieu de sphères, dont on peut 
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contrôler la longueur et la dimension. Une étude mécanistique a révélé que ces fibres d’ADN se 

formaient à partir d’un noyau moléculaire (mécanisme par nucléation). Lors de l’assemblage, les 

propriétés optiques de la structure changent, ce qui rend ces matériaux intéressants pour des 

applications bio-analytiques. Finalement, nous avons utilisé ces structures en combinaison avec 

d’autres nanomatériaux afin de créer des structures hybrides d’une très grande complexité. En 

conclusion, cette thèse propose d’étudier différentes applications des conjugués ADN-polymères, 

en apportant de nouvelles solutions aux défis actuels dans le développement de nanomatériaux 

utilisés en biomédecine et en chimie des matériaux.  

- Translation by Aurelie Lacroix 
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1 

Introduction 
 

 

1.1 Historical perspective 
 

The autonomous organization of molecules and macromolecules into structures and 

patterns is a fundamental theme spanning all forms of life. This type of self-organization occurs 

without human intervention and is particularly fascinating to us - we are strongly attracted to the 

appearance of order from disorder. From a philosophical perspective, cells, the smallest living 

forms of life are created by self-assembly and understanding the origins of life will hence require 

understanding the rules of self-assembly. From an architectural perspective, self-assembly is an 

efficient way for constructing larger complex materials. Historically, chemists have sought to 

control, transform and even create new forms of matter – chemists build things. As our capabilities 

have advanced, we are now thriving to find more sophisticated ways to create complexity. For the 

past century, scientists have relied on a central theme in most discoveries - the formation or 

breaking of covalent bonds. This strategy has allowed the creation of a plethora of molecular 

configurations from as many as 1000 atoms in some cases. As impressive as these discoveries have 

been, the level of complexity achieved in covalently linked structures is still exiguous in 

comparison to the natural world; the size range of molecules synthesized is limited to several 

nanometers. This has motivated chemists to start looking “to increase complexity beyond the 

molecule” and engineer interactions between molecules and macromolecules as construction 

strategies – the theme of supramolecular chemistry.1 

 

1.2 Supramolecular Chemistry 

 
 The term “supramolecular chemistry” was coined by Jean Marie Lehn in 1978. It was used 

to describe the construction of species with higher complexity using intermolecular non-covalent 
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interactions. The assembly of supramolecular species is usually characterized by the nature of 

interactions that hold the structure together, and the spatial arrangement and architecture of the 

components that make up the so-called superstructure. Some of the early examples of 

supramolecular systems include crown ethers (Figure 1.1a) discovered by Pedersen,2 cryptands 

(Figure 1.1b) developed by Jean-Marie Lehn3 and spherands (Figure 1.1c) developed by Cram.4 

These early examples showed cation-binding specificity based on their varying degrees of host 

pre-organization. Based on these seminal works, the 1987 Nobel Prize in Chemistry was awarded 

to Donald J. Cram, Jean-Marie Lehn and Charles J. Pederson for their discoveries of molecules 

with highly-selective structure specific interactions, which laid a strong foundation in the field of 

supramolecular chemistry. As the field expanded, more complex systems were discovered which 

include cavitands (such as curcurbiturils)5 (Figure 1.1d) and supramolecular capsules (Figure 

1.1e).6 Since then, the field has undergone great expansion, which led to many developments in 

host-guest and molecular recognition chemistries, and the examples of systems that rely on the 

host-preorganization for high binding selectivity and the use of predictable non-covalent 

interactions are only ever increasing.7-8  

Nowadays, scientists take advantage of these early rules in supramolecular chemistry and 

design complex nanoscale architectures in high yields. The quest for structures that rely on weak 

non-covalent interactions such as hydrogen bonding (H-bonding), electrostatic, hydrophobic, π-π 

stacking, metal coordination and Van der Waals interactions has resulted in a plethora of elegant 

systems, each displaying different architecture and functionality. Unlike covalent systems, the use 

of weak interactions allows for error correction, reversibility, and structural manipulation. 

Assembly conditions such as ionic strength, concentration of molecules, temperature can be 

controlled and varied to force different types of assemblies. Additionally, the shape, size, 

flexibility, and charge of the components play a major role in the overall structure. With that 

thorough understanding of such factors, scientists are now creating highly complex systems. 

However, it is noteworthy to say that this process is in no way straightforward and trivial. The 

design of complex assemblies requires multiple exhaustive efforts for reproducible synthetic 

routes, detailed characterization methods to yield stable structures.  However, the level of 

structural complexity achieved by scientists is moving at an extraordinary pace, and self-assembly 

as means of material fabrication is drawing a considerable amount of both economical and 

scientific attention.  



3 

 

 

Figure 1.1 – Examples of supramolecular systems displaying molecular recognition and specific 

host-guest non-covalent interactions. a) metal-coordinating crown ether,2 b) metal-coordinating 

cryptand,3 c) spherand,4 (Adapted from Wikipedia). d) left: molecular structure of a cavitand 

(Curcurbituril CB6) and right: X-ray structure of CB6 encapsulating a host molecule.5 Adapted with 

permission (Royal Society of Chemistry, 2015). e) hexameric nanocapsule binding two guest 

molecules.6 Reproduced with permission (American Association for the Advancement of Science 

(AAAS), 2005).  

Impressive as it is, the level of complexity that researchers have achieved in self-assembled 

systems still pales when compared to what nature offers.9 From the communication between cells, 

to protein folding, to the H-bonded double-helix of DNA and hydrogen bonding of liquid water 

molecules, to the organization of lipids to make up cell membranes, cells to form tissues, the 

combination of tissues to create organisms – all examples that nature makes look easy and routine. 

As much as we would like to match the level of structural and functional complexity, we are still 

limited by our understanding of the rules governing the interplay of interactions when many 

components are involved. Will we ever get there? Well, we have made a start. We have made great 
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leaps in learning some rules of nature and at emulating some of its construction principles. One 

important organizing principle is amphiphilicity, which nature uses to create compartments such 

as cells and organelles. This type of self-organization is largely driven by the hydrophobic effect 

wherein lipid groups of nature’s amphiphilic molecules self-assemble into bulk-like nonpolar 

phases minimizing water contact, while hydrophilic regions exposed to the surrounding form H-

bonds with water molecules. Towards mimicking nature’s complexity, we will be using these 

assembly rules and building blocks that self-organize in well-understood regimes similar to 

nature’s amphiphilic molecules. Amphiphilic block copolymers have emerged as great candidates 

in that respect. Particularly, DNA block copolymers have recently emerged as a new promising 

class of amphiphilic block copolymers. The concepts, synthesis, self-assembly, and applications 

of amphiphilic block copolymers with emphasis on DNA amphiphiles will be discussed in view 

of this.  

 

1.3 Amphiphilic Block Copolymers 
 

 Amphiphilic as a term in Greek means “loving both”. In molecules, this attribute is 

frequently given to oil and water, but in general, amphiphilicity can be described towards any two 

solvents incompatible with each other. Two general types of amphiphiles are often described: 

small and large molecules. The former represents a class of molecules with molecular weights on 

the order of 500.  The latter describes molecules that are up to 1000 times larger than “small” 

molecules.10 Surfactants and polar lipids are representative examples of small amphiphiles. These 

examples display characteristic molecular self-assembly behaviour in solutions and in bulk 

generating nanomaterials of different geometries.11 An early question in this field was to 

understand how the molecular structure of surfactants controls the size and shape of the resulting 

aggregate. Israelachvili pioneered one of the most important studies to address this question and 

his concepts currently dominate our understanding of self-assembling systems.12 Israelachvili and 

co-workers introduced the concept of molecular packing to relate the calculated equilibrium area 

per molecule to the shape of the equilibrium aggregate.12 The molecular packing parameter (or 

critical packing parameter CPP) is defined as v0/ael0, where v0 and l0 are the volume and extended 

length of the surfactant tail and ae is the surface area of the hydrophobic core in the equilibrium 
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aggregate (Figure 1.2).13 Considering a spherical micelle of core radius R and composed of g 

number of molecules, the volume of its core is then V = g v0 = 4πR3/3. The surface area of the core 

is A = g ae = 4πR2, hence R = 3 vo/ae (Figure 1.2). Assuming the micelle core is packed with no 

empty space, then radius R can not exceed the extended length l0 of the tail. Applying this 

constraint in the expression for R gives 0 < v0/ael0 < 1/3 for spherical micelles. Using this 

constraint, these geometric relations have led to the well-known connection between critical 

packing parameter and aggregate shape: 0 < v0/ael0 < 1/3 for a sphere, 1/3 < v0/ael0 < 1/2 for a 

cylinder, and 1/2 < v0/ael0 < 1 for a bilayer. 

 

Figure 1.2 – Geometric relations between the critical packing parameter and molecular shapes 

of surfactants and lipids.13-14 Adapted with permission (American Chemistry Society, 2011 & 

Royal Society of Chemistry, 2014) 
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Block copolymers are considered large amphiphiles, where one block of a certain type of 

homopolymer is covalently linked to another block of a different type (Figure 1.3a).15 Amphiphilic 

block copolymers are synthesized through a wide range of living or controlled polymerization 

protocols, such as, anionic, living free radical and metal-catalyzed polymerization.16-18 Such 

methods have produced polymers with various architectures and compositions. Analogous to the 

self-assembly behaviour of small molecules, block copolymers organize into different 

morphologies both in bulk and in solution.19 This property is due to microphase separation of the 

two blocks with different solubilities. However, compared to molecular assemblies, block 

copolymer-based structures exhibit higher durability and stability due to their physical properties. 

Based on these favourable characteristics, block copolymer self-assembly has not only received 

scientific interest, but has also seen various applications in drug delivery, biomaterials, catalysis, 

electronics, photonics, etc.10, 20-23 
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Figure 1.3 – Self-assembly of amphiphilic block copolymers.15 a) Common structures of block 

copolymers containing two different types of blocks, A and B. b) Equilibrium morphologies of block 

copolymers in bulk. S and S’ = body-centered-cubic spheres, C and C’ = hexagonally packed cylinders, 

G and G’ = bicontinuous gyroids, and L = lamellae. c) Transmission electron microscopy (TEM) 

images and relative schematic diagrams of various morphologies formed from amphiphilic 

polystyrene-b-poly(acrylic acid) (PSm-b-PAAn) copolymers in solution. HHH: hexagonally packed 

hollow hoop (or inverse rod). LCMs: large compound micelles. d) Schematic of possible morphologies 

and polymer arrangement in AB block copolymers varying from spheres to cylinders. Figures adapted 

with permission (Royal Society of Chemistry, 2012) 

 

1.3.1 Self-assembly of amphiphilic block copolymers 

 

 Self-assembly of amphiphilic block copolymers is a very wide and active area of study. In 

bulk, block copolymer self-assembly has been studied since the 1960’s and is generally well-

understood.10, 22 In such cases, block copolymers containing immiscible units can microphase 

separate into various morphologies which include spheres (S), cylinders (C), gyroids (G), lamaella 

(L) and other structures (Figure 1.3b).24 The assembly is driven by thermodynamics; the 

competition between unfavourable mixing enthalpy and entropy. Different morphologies are 

obtained as a result of two competing factors: the interfacial energy between the blocks (enthalpic) 

and chain stretching (entropic). The microphase separation of block copolymers relies on a few 

parameters, which include (1) the volume fraction f of the A and B blocks (with fA + fB = 1), (2) 

the degree of polymerization (N = NA + NB) and (3) the Flory-Huggins parameter χAB which 

describes the strength of the separation power (or incompatibility) between the two blocks.  

Multiple theoretical and experimental studies have characterized the phase behaviour of 

block copolymers in bulk. Between 1970’s–1990’s, a number of theoretical studies appeared by 

Wasserman, Leibler and Bates, which showed the transition of block copolymer assembly into 

different morphologies with increasing volume fraction fA at a fixed χN (Figure 1.3b).25-27 The 

structure which forms at a given scale is determined by the competition of the two blocks A and 

B as to which will pay the entropic cost of stretching. Both blocks would prefer to be on a curved 

interface which affords them more volume. If the two blocks have equal volume fractions fA = fB, 

then the balanced competition results in flat interfaces, seen as lamellae. If the blocks are not 



8 

 

comparable, then it is more entropically favourable to form a curved interface where the larger 

block relaxes on the convex side, and the small block stretches (Figure 1.3d).28 As the block 

asymmetry is further increased, it becomes more favourable to induce larger mean curvature in 

structures, which leads to the transition from the lamellar (L) phase to hexagonal packed cylinders 

(H) to cubic packed spheres (S’). Experimental studies performed in the 1990’s by Bates and 

Mortensen also validated the theoretical predictions.29 A range of different thermodynamically 

stable and kinetically frozen morphologies was obtained by heating polymer samples to 

temperatures above their glass transition Tg temperature followed by quenching to a temperature 

below Tg.  

In solution, block copolymer self-assembly has been a very active area of study. 

Thermodynamically, this process involves the interplay between enthalpy and entropy. Self-

assembly pays an entropic cost of organizing single chains but prevents a larger enthalpic penalty 

resulting from energetically unfavourable hydrophobe-water interactions. Grouping of chains also 

leads to an increase of entropy in disordered solvent molecules, therefore lowering the total energy 

of the system (ΔG < 0). Early studies led by Eisenberg and co-workers showed the observation of 

different stable aggregated morphologies of a highly asymmetric family of polystyrene (PS)-

polyacrylic acid (PAA) block copolymers in aqueous solutions.30 These structures consisted of 

spheres, rods, lamellae and vesicles (Figure 1.3c). Eisenberg’s work on PS-PAA block copolymers 

showed that depending on the fraction of hydrophobic to hydrophilic blocks in the polymers, a 

range of thermodynamically stable morphologies can be obtained. For instance, spherical micelles 

are formed at a low fraction of hydrophobic to hydrophilic block. As the fraction of hydrophobic 

block fA increases, it drives the formation of different morphologies (Figure 1.3d). This is 

explained through core-chain stretching influencing the free energy of aggregation.31 At a 

relatively long hydrophilic block, spherical micelles are observed. As the fraction of hydrophilic 

block decreases (higher fA), repulsive forces in the coronal block chains decrease, more chains can 

aggregate leading to bigger spheres. Bigger spheres cause the polystyrene chains to stretch from 

the core to the corona-core interface. When the spheres become large enough, the entropic penalty 

of stretching the core-block renders spheres unfavourable energetically, rods are then formed with 

a decreased core diameter. As fA is further increased, it drives the formation of lamellae and so 

forth. Morphological changes also depend on the water content and copolymer concentration. For 

example, PS190-PAA20 monomers (numbers denote the degrees of polymerization) in DMF-water 
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mixtures change from spheres to rods as the concentration is increased. The architecture of rods 

provides an ideal surface for the linear templation of nanomaterials, and many examples have been 

reported for the organization of semiconductor, magnetic and metallic nanoparticles.32-33 

Additionally, control of rod dimensionality and length is an area of high interest. As for spherical 

micelles, these structures are characterized by a hydrophilic corona that affords water solubility 

and a hydrophobic core. The core provides an ideal environment for the encapsulation of 

fluorescent molecules, proteins, genes, and hydrophobic drugs.34-37 Hence, spherical micelles are 

under extensive investigation for applications in drug delivery and bioimaging.  

Despite the recent advances in block copolymer self-assembly, conventional amphiphilic 

block-copolymers consisting of synthetic polymer segments still display molecular weight 

polydispersity hampering control over their assembly behaviour. This is particularly important for 

drug delivery applications, where precise control over the structure and shape is necessary to 

ensure reproducibility in the predicted therapeutic effect.38 To construct more useful block 

copolymers, integrating a well-defined information-rich biomacromolecule as one of the blocks is 

a feasible way to synthesize novel structures with a set of functionalities that couldn’t be realized 

otherwise. As one of the most fascinating biomacromolecules, DNA can be precisely tailored and 

conjugated with synthetic polymers. Besides its biological roles, DNA can be used as a building 

block based on its excellent molecular recognition and programmability.39 The introduction of 

DNA into block copolymers will bring many unique properties that never existed in conventional 

block copolymers which include a precise chemical structure and sequence, compatibility with 

different orthogonal modifications, well-defined self-assembly behaviour and high molecular 

recognition properties. As such, DNA block copolymers (or DNA amphiphiles) are receiving 

increased attention and application in novel nanostructure design, drug delivery and materials 

science.40 

1.4 DNA Amphiphiles 
 

Since the discovery of its structure in 1953, the fascinating DNA double-helix and its well-

known Watson-Crick base pairing has captivated scientists in various fields of science.41 

Originally, solely deemed as the “molecule of life”, the carrier of genetic information, researchers 

soon realized that DNA could be an excellent candidate for building new materials due to its highly 
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programmable properties and self-recognition.42 Aided by the invention of different chemical 

synthetic methods of DNA starting in the 1960s,43 the properties of DNA have been well-exploited 

to construct well-defined architectures, as witnessed by the rapid development of the field of 

structural DNA nanotechnology.44   

 

1.4.1 DNA and Structural Features 
 

Double-stranded DNA (dsDNA) bears a very well-defined structure which makes it ideal 

as a material of construction. It exists in a number of conformations; however, the B-form 

conformation is the most common. This form of DNA helix is characterized by a diameter of 2.0 

nm, and a pitch height of 3.4 nm made from 10.5 bases (Figure 1.4b).45 In a double-stranded DNA 

helix, each strand is composed of a backbone of repeating deoxyribose sugar units linked through 

phosphodiester bonds between the 5’ and 3’ hydroxyl groups on the sugars (Figure 1.4a). The 

DNA sequence is determined by the order and identity of four nucleobases; the purines: adenine 

(A) and guanine (G), and the pyrimidines: thymine (T) and cytosine (C). The molecular specificity 

of DNA lies in the hydrogen bonding (H-bonding) interactions between base pairs. Adenine forms 

two hydrogen bonds with thymine, while guanine forms 3 hydrogen bonds with cytosine (Figure 

1.4c,d). The stability of a DNA duplex also relies on the AT to GC content.46 A higher GC content 

results in a higher number of H-bond interactions and fewer repulsive secondary interactions 

between bases, making the DNA duplex more stable. In addition to base complementarity, π-

stacking interactions between the aromatic bases add further stability and contribute to the 

cooperative behaviour (formation of one DNA base pair increases the affinity of formation of an 

adjacent one) in double-stranded DNA.47  

Perhaps one of the most important properties of dsDNA, from a structural standpoint, is its 

persistent length of 50 nm, which allows it to act as a rigid polymer ideal for construction of 

scaffolds in nanostructures.48 From 2D tiles and arrays, to 3D nanostructures and DNA origami, 

the well-defined self-assembly properties of DNA have opened the door to sophisticated 

geometries and systems with different functionalities.39, 49-51 Along this direction, DNA has been 

widely applied in oligonucleotide therapeutics and gene delivery, which has resulted in many 

DNA-based nanostructures currently investigated for biomedical applications.   
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Figure 1.4 – Structural features of DNA. a) Chemical structure of DNA nucleotides showing the H-

bonding interactions between nucleobases. b) B-form helix of DNA with its structural dimensions. c) 

Watson-Crick base pairing between DNA bases and their chemical structures. d) The two types of core 

composition of DNA bases (Adapted from Wikipedia). 

 

 The information-richness of DNA has also attracted many efforts to use it in applications 

by incorporating different functionalities into its sequence. Perhaps one of the most common early 

examples of functional groups are fluorescent molecules which in conjunction with DNA have 

been used as analytical tools and in bioimaging.52-53 While these approaches expand the breadth 

of DNA-based functionality, a main focus has been to chemically couple synthetic moieties to 

DNA that would change the molecule’s structure and introduce novel self-assembly properties.54 

Such combinations would afford practical advantages by allowing simultaneous access to the 

languages of DNA (Watson-Crick base pairing) and synthetic polymers (electrostatic, 
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hydrophobic, H-bonding, π-π stacking, Van der Waals interactions). This class of material is called 

DNA-polymer conjugates (or DNA hybrids). Currently, DNA hybrid materials find many 

applications in a wide range of fields, ranging from drug delivery to electronics to diagnostics, and 

others.55-56 It is important to mention, however, that the present burst in DNA-polymer synthesis 

and applications would not be possible without the great advances in solid-phase synthetic methods 

of DNA. What is now taken for granted, is the result of tremendous accumulated efforts spanning 

over more than half a century since the invention of chemical synthesis of DNA in the 1960’s. 

While the in-depth historical review is beyond the scope of this thesis, the section below will 

briefly provide an overview of the key advancements in solid-phase DNA synthesis that have led 

to the current methods for synthesis of DNA-polymer conjugates. 

 

1.4.2 Automated DNA synthesis 

 

An early challenge in DNA synthesis was to achieve sequence fidelity, i.e. to ensure a 

given backbone contains all the right identity and order of the desired nucleobases. This early 

challenge was first tackled by Khorana in 1956, who showed a method for DNA synthesis using 

solution-phase phosphodiester chemistry (Figure 1.5a).57 The method by Khorana allowed the 

synthesis of the first 72-mer DNA gene encoding a transfer RNA (t-RNA).58 Later in the 1960s, 

building on Khorana’s earlier work, Letsinger developed a DNA synthesis method using solid-

phase chemistry.59 This approach greatly enhanced the removal of side-products and excess used 

reagents. As part of his strategy, Letsinger adopted phosphotriester chemistry in hopes of 

increasing yield and decreasing reactivity times (Figure 1.5b).60 However, it was quickly realized 

that phosphotriesters were unstable for long-term storage. Nevertheless, Letsinger’s work set the 

stone for Caruthers and Beaucage’s phosphoramidite chemistry developed in 1981, which is still 

mainly used in present day (Figure 1.5c).61 In phosphoramidites, the stability of the phosphorous 

III groups was greatly enhanced by replacing the chloride groups with an amine, which allowed 

higher efficiency of coupling reactions. In the same year, Ogilvie realized the potential in 

automating the phosphoramidite method, and developed the first automated DNA synthesizer.62    
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Figure 1.5 – The evolution of automated DNA synthesis. a)  Scheme showing the synthetic 

methodology by Khorana for solution phase synthesis of phosphodiesters.58 b) Scheme illustrating the 

synthetic pathway by Letsinger for solid-phase synthesis of phosphotriesters.60 c) General structure of 

a phosphoramidite as developed by Caruthers and Beaucage.61 d)  The automated solid-phase synthesis 

cycle of DNA. The cycle consists of 4 main steps: 1) Detrilylation to free the 5’ OH group, 2) coupling 

of the next base 3) capping of the unreacted bases 4) oxidation of the phosphorus III to phosphorus V. 

DCC: N,N’-dicyclohexylcarboiimide. TsCl: p-toluenesulfonyl chloride. Tr: Trityl protecting group. 

TPSCl: 2,4,6-triisopropylbenzenesulfonylchloride. MMT: 4-methoxytrityl. DMT: 4,4’-

dimethoxyltrityl. (The figures were adapted from Wikipedia) 

 

 Automated solid-phase synthesis of DNA proceeds through 4 main steps: 1) Deblocking 

(or detritylation), 2) Coupling, 3) Capping and 4) Oxidation (Figure 1.5d). Deblocking removes 
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the protecting group on the 5’ hydroxyl. The most common protecting group is dimethoxytrityl 

(DMT), which is cleaved under mild acidic conditions. This is usually the first step in the synthesis. 

Next comes coupling of the incoming base in the form of a 3’ phosphoramidite derivative, which 

favourably reacts with the 5’ OH of the previous base in the presence of an acidic activator, usually 

a tetrazole derivative. The capping step follows next to reduce side products caused by unreacted 

5’ hydroxyl groups of the growing strands. The 5’ hydroxyls are usually capped with an acetyl 

group and cannot react any further. Next, the oxidation step converts the phosphorous group from 

an oxidation state of (III) to (V), which makes it more stable in acidic conditions. The cycle then 

repeats, with the next base added to the growing chain. Finally, the oligonucleotide is cleaved from 

the solid support with aqueous ammonia. This step also removes the labile nucleobase protecting 

groups and cyanoethyl protecting groups, and the crude oligonucleotide is now ready for further 

purification.  

 The methods used in solid-phase DNA synthesis have quickly been extended to other 

building blocks, besides DNA.63-65 Scientists today can incorporate a wide variety of molecules in 

the form of a phosphoramidite derivatives into any given DNA sequence.55, 66-67 This progress in 

DNA synthesis has laid the foundation for the synthesis of DNA-polymer hybrids. In the next 

section, synthesis of DNA-polymer hybrids will be discussed, highlighting both solid-phase and 

solution-based synthetic methodologies.  

 

1.4.3 Synthesis of DNA Amphiphiles 

 

1.4.3.1 Solution-based synthesis of DNA amphiphiles 

 

Solution-based coupling often involves the addition of different functional groups to 

already made DNA strands that contain a reactive moiety (e.g. thiols, amines, azides, hydroxyl) 

(Figure 1.6). Many approaches have been developed for solution-based coupling of first generation 

DNA amphiphiles. 
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Figure 1.6 – Coupling strategies for solution-based synthesis of DNA amphiphiles. a)  Polymer 

functionalized with carboxylic acid is conjugated to amine-modified DNA. b) Disulfide bond 

formation between a polymer and DNA through thiol-disulfide exchange. c) Michael addition of a 

polymer carrying a terminal maleimide with thiol-modified DNA. d) Click chemistry between an 

azide-functionalized polymer and alkyne-DNA.  

 

 For example, Jeong and Park, utilized amide bond formation to generate biodegradable 

poly(lactic-co-glycolic acid)-DNA hybrids that self-assemble into micellar structures in aqueous 

media.68 Later, Kataoka and co-workers used disulfide chemistry to conjugate a disulfide-PEG to 

a thiol-modified antisense oligonucleotide, which was incorporated into polyion complex micelles 

for cytoplasmic delivery (Figure 1.7a).69 This reaction proceeds through a thiol-disulfide exchange 

click mechanism which reduces the number of side products in disulfide bond formation.70 Liu 

and co-workers synthesized polypeptide-DNA conjugates via Cu+ catalyzed click chemistry 

between poly (L-glutamic acid-co-propargyl-L-glutamate) and azide-modified DNA (Figure 
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1.7b). These polypeptide-DNA conjugates were used for multifunctional hydrogel formation.71 

Copper-free click chemistry has also been used for DNA functionalization.72  Michael additions 

were used by Maeda and co-workers for the attachment of acrylate-modified polymers to thiol-

functionalized DNA for formation of temperature responsive micelles.73 

 

 

Figure 1.7 – Examples of solution-based synthetic methods of DNA amphiphiles. a)  Disulfide 

bond formation between therapeutic antisense DNA and modified PEG chains for the formation of 

polyion complex micelles for intracellular oligonucleotide delivery.69 Reproduced with permission 

(American Chemical Society, 2005). b) Polypeptide-DNA conjugates using click chemistry for 

hydrogel formation.71 Adapted with permission (Wiley-VCH, 2014). 

 

 As useful as solution-based methods have been for DNA functionalization, the limited 

organic solubility of DNA presents a limitation. This usually results in low yields of coupling due 

to the incompatibility of the DNA and hydrophobic components. For that reason, the strategies 

mentioned earlier have mainly focused on conjugation of hydrophilic molecules to DNA, and the 

incorporation of hydrophobic polymers has remained a challenge. To tackle this problem, 

Hermann and co-workers developed a method in which a DNA-surfactant complex was introduced 

to increase the solubility of DNA in organic solvents, thus, enhancing coupling efficiency of DNA 

in organic solutions (Figure 1.8a).74 Using this approach, a range of organic polymers have been 
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conjugated including polystyrene (PS), propylene oxide (PPO) and others. In aqueous solutions, 

another strategy has also been devised to enhance coupling efficiency of hydrophobic molecules. 

Here, the incorporation of oligo(ethylene glycol) between the DNA and hydrophobic moiety has 

shown to give modest coupling yields in aqueous media.75 Later, Herrmann et al. reported a method 

for using DNA micelles to template organic reactions by using organic molecules as cross-linkers 

of two DNA strands (Figure 1.8b).76 More recently, Sleiman and co-workers reported a different 

micelle-templated method to enhance the reactivity of DNA with hydrophobic molecules in 

aqueous solutions (Figure1.8c).77 In their approach, hydrophobic micelle cores were used as 

reaction centers, and showed significantly increased coupling yields of a range of hydrophobic 

organic molecules to DNA. 

 

Figure 1.8 – Optimization of solution-based synthetic methods of DNA amphiphiles. a) Schematic 

illustration of organic-phase synthesis of DNA amphiphiles with the addition of surfactants.74 

Reproduced with permission (American Chemical Society, 2014). b) Micelle-templated organic 

reactions for the formation of cross-linked DNA strands through conjugation to hydrophobic 
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molecules.76 Adapted with permission (Wiley-VCH, 2006). c) Synthetic methodology of DNA 

micelle-templated conjugation of various hydrophobic molecules to DNA in high yields in aqueous 

media.77 Reproduced with permission (Royal Society of Chemistry, 2016).  

 

1.4.3.2 Solid-phase synthesis of DNA amphiphiles 

 

Although surfactant-assisted coupling and micelle-templated reactions have enabled the 

addition of a wide range of hydrophobic moieties to DNA, both methods present their own set of 

limitations. To achieve DNA-polymer hybrids with high purity, it would require the complete 

removal of excess surfactant in the first approach, and separation of newly formed DNA 

amphiphiles from the ones used for the micellar host in the second. In this regard, solid-phase 

synthesis of DNA amphiphiles has proved far superior than solution-based methods. Unlike 

solution-based synthesis, the addition of hydrophobic moieties to DNA does not drastically lower 

the reaction yield. Additionally, this method is compatible with a wider range of organic solvents 

as the coupling process occurs completely on the solid-support.  

In solid-phase synthesis, hydrophobic molecules can be conjugated to DNA through 

several methods. In the first approach, hydrophobic units can be covalently attached to the 5’ end 

of a growing DNA chain in the form of a phosphoramidite (Figure 1.9a). This requires DNA 

synthesis, followed by detritylation of the 5’ end OH of the grown DNA chain and subsequent 

addition of the hydrophobic moiety. Conjugating hydrophobic units at the 3’ end requires a 

different approach. In one method, a custom solid-support containing the desired hydrophobic 

chain can be used (Figure 1.9b). This requires a labile linker between the chain and support which 

can be cleaved following synthesis (e.g., carboxylic ester).78 It is also possible to use a different 

approach where hydrophobic units are added first, followed by the conjugation of DNA. However, 

this necessitates functionalization of hydrophobic molecules with both a DMT-protected hydroxyl 

and phosphoramidite, which could be synthetically challenging and limited to a small number of 

hydrophobic units compatible with these chemical transformations. Conversely, reverse amidites 

can be used in which the DNA is elongated in the opposite direction (5’ – 3’) followed by a final 

addition of the hydrophobic block.79  
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Figure 1.9 – Solid-phase synthesis of DNA block copolymers.55 a)  Addition of the hydrophobic 

block at the 5’ end post synthesis of the DNA strand. b) Solid-support functionalized with a 

hydrophobic block for its addition at the 3’ end of the DNA amphiphile. Reproduced with permission 

(Royal Society of Chemistry, 2011). 

 

In 2004, Mirkin and co-workers reported a strategy for the preparation of novel DNA-

polystyrene conjugates using solid-phase synthesis.80 In their approach, a pre-designed DNA 

strand on a controlled pore glass (CPG) was synthesized and attached to a polystyrene 

phosphoramidite via syringe method (where the CPG is removed from the synthesizer and attached 

to a syringe that is used to mix the coupling reagents) (Figure 1.10a). Later in 2006, Tan and co-

workers developed a similar method for coupling DNA to conjugated polyelectrolytes.81 Around 

the same time, Hermann and co-workers also synthesized DNA-poly(propylene oxide) block 

copolymers using solid-phase synthesis.55 More recently, Liu and co-workers reported the solid-

phase synthesis of DNA-dendron hybrids (Figure 1.10b).82 Solid-phase “click” synthesis has also 

been reported by Zhang and co-workers to conjugate alkyne-functionalized DNA with azide-

polystyrene polymers (Figure 1.10c).83 Conjunctly, nucleic acid-lipid conjugates have also been 

achieved using solid-phase synthesis. For example, Boxer and co-workers showed a solid-phase 

synthetic method for lipid-oligonucleotide conjugates that insert into lipid vesicles.84 Additionally, 

the Barthelemy group generated DNA-DOPC lipid conjugates that self-assemble into liposomes 

for biosensing applications (Figure 1.10d).85 Tan and co-workers also showed the synthesis of 

DNA-pyrene-lipid and DNA-PEG-lipid conjugates that self-assemble into spherical micelles 

(Figure 1.10e). These structures have been used as vehicles for bio-imaging and targeted 

delivery.86 
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Figure 1.10 – DNA amphiphiles generated by solid-phase synthesis. a)  DNA-polystyrene block 

copolymers reported by Mirkin et al.80 Adapted with permission (American Chemical Society, 2004). 

b) DNA-dendron hybrids generated by Liu and co-workers.82 Adapted with permission (Royal Society 

of Chemistry, 2012). c) Solid phase “click” synthesis of DNA-polystyrene amphiphiles reported by 

Zhang and co-workers.83 Reproduced with permission (Royal Society of Chemistry, 2015). d) DNA-

DOPC lipid conjugates synthesized by Barthelemy et. al.85 Reproduced with permission (Royal Society 

of Chemistry, 2008). e) DNA-pyrene-lipid amphiphiles generated by Tan and co-workers.87 Adapted 

with permission (Wiley-VCH, 2010). 

 

While the approaches described above have allowed access to a wide variety of linear and 

branched DNA amphiphiles, the synthesis of DNA amphiphiles is still fundamentally challenging. 

The conjugation reaction requires end-to-end coupling of a highly hydrophilic and charged DNA 

strand with a hydrophobic polymer chain, resulting in sub-optimal yields. Additionally, in such 

methods, the polymer block is usually synthetized first through traditional polymerization 

methods, prior to its transformation into a phosphoramidite and conjugation to the DNA. This 
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results in DNA amphiphiles that display molecular weight variation and structural dispersity which 

often translate to the overall assembly. To tackle these limitations, Sleiman and co-workers 

reported a solid-phase approach for synthesizing monodisperse dendritic alkyl-DNA conjugates in 

high yields using commercially available starting materials.88 Later, the same group reported a 

step-wise solid-phase approach for the generation of completely monodisperse and sequence-

defined DNA amphiphiles (Figure 1.11a).66 In their approach, hydrophobic monomers are added 

sequentially as phosphoramidite derivatives to DNA on a solid-support. This method offers full 

control over the length and sequence of the hydrophobic units in the final structure. This method 

has been extended to the sequence-controlled addition of hydrophilic units, as well as 

perfluorinated monomers to generate DNA-Teflon conjugates (Figure 1.11b).89 

 

Figure 1.11 – Solid-phase synthetic route to generate sequence-defined DNA-polymer conjugates 

described by Sleiman and co-workers.66, 89 a) Preparation of sequence-defined DNA-polymer 

conjugates by the sequential addition of either hydrophobic or hydrophilic monomers to DNA.66 
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Adapted with permission (Wiley-VCH, 2014). b) Sequence-defined DNA-Teflon conjugates 

containing perfluorocarbons (PFCs).89 Reproduced with permission (Royal Society of Chemistry, 

2016). 

1.4.3.3 Molecular Biology techniques 

 

Although most DNA-block copolymers have been generated by solution-based or solid-

phase synthesis, it is worth noting that advanced molecular biology techniques have also been used 

to synthesize DNA amphiphiles. 

 

Figure 1.12 – DNA amphiphiles generated by molecular biology methods. a) Schematic 

representation of DNA block copolymer synthesis using PCR.40, 90 Adapted with permission (American 

Chemical Society, 2009). b) Scheme of DNA block polymer synthesis using restriction enzymes and 

ligation technique.40, 91 Reproduced with permission (Royal Society of Chemistry, 2011). 

 

For example, polymerase chain reaction (PCR) was used to synthesize well-defined DNA 

block copolymers.90 Di-block, tri-block and pentablock copolymers could be obtained by this 

approach by varying the number of ssDNA block copolymers and primers complementary to 

plasmid DNA (Figure 1.12a).40 With PCR, complex DNA block copolymers with high molecular 

weight and well-defined multiblock copolymers could be achieved. In addition to PCR, enzymatic 

restriction and ligation has also been reported as a method to achieve ultrahigh molecular weight 

DNA block copolymers.91 The method utilizes restriction enzymes to generate 3 dsDNA strands 
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with sticky ends, then DNA block copolymers are synthesized in one-pot by mixing with T4 DNA 

ligase and incubation (Figure 1.12b).40 These strategies have opened a new avenue of synthetic 

approaches to construct DNA block copolymers with very long, yet, length-controlled DNA 

segments that are highly information-rich toward developing functional materials. 

 

1.4.4 Self-assembly of DNA Amphiphiles 

 

DNA amphiphiles self-assemble into several morphologies owing to their hydrophilic and 

hydrophobic components. The range of accessible morphologies can also be tailored by varying 

the ratio of hydrophilic to hydrophobic blocks. Self-assembly can either occur based on the 

hydrophobic interactions of the polymer segment or specific molecular recognition events of the 

DNA segment. One advantage of using DNA as the hydrophilic block is the precise control over 

its sequence and structure which results in great spatial addressability. The addition of a 

programmable component to the structure also allows for dynamic structural manipulation in 

response to stimuli. As such, a wide range of self-assembled DNA amphiphilic structures have 

been reported in the past two decades, and which will be highlighted.  

 

Figure 1.13 – Self-assembly of DNA amphiphiles into spherical micelles. a) Schematic illustration 

and AFM image of DNA-polystyrene micelles. Micellar aggregates have also been observed for DNA-

poly(propylene oxide) (DNA-PPO), DNA-poly(9,9-di-n-octylfluorene) (DNA-PFO), DNA-

poly(styrene) (DNA-PS), DNA-poly(lactic-co-glycolic acid) (DNA-PLGA), DNA-(hexaethylene)12 

(DNA-HE12), DNA-lipids and DNA-dendrons.40 Reproduced with permission (American Chemical 

Society, 2012). b) Early reports of spherical micelles by Mirkin and co-workers.80 Adapted with 

permission (American Chemical Society, 2004). c) Monodisperse spherical micelles generated from 

sequence-defined DNA-polymers.66 Reproduced with permission (Wiley-VCH, 2014). 
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Spherical particles are the most common geometry obtained for self-assembled DNA 

amphiphiles. Many DNA amphiphiles have been observed to form spherical micelles with 

diameters ranging from 5 – 50 nm as measured by dynamic light scattering and atomic force 

microscopy (Figure 1.13a-c).40, 66, 80, 87, 92 The presence of DNA as a building block allows for 

programmable structural manipulation of micelles. This was highlighted by the Tan group, who 

showed that micelle diameter can be tuned by precise control over the length of the DNA, and 

demonstrated size-dependent cellular permeability of DNA micelles (Figure 1.14a).87 Size control 

of DNA micelles was also reported with enzymatic manipulation of the DNA. Hermann and co-

workers showed that when micelles consisting of DNA-PPO blocks were treated with an enzyme 

that catalyzed nucleotide addition at the 3’ end of single-stranded DNA, the DNA polymerase 

added 60 nucleotides to the termini of the DNA in the corona (Figure 1.14b).93 This resulted in 

micellar height increase from 5 to 11 nm.  

 

Figure 1.14 – DNA sequence manipulation in spherical micelles. a) Tuning micelle diameter by 

changing the length of the DNA strand for size-dependent cellular penetration.87 The numbers in 

samples lipo-50-FAM, lipo-20-FAM, lipo-10-FAM, lipo-50-FAM indicate the number of bases in the 

DNA strand. Reproduced with permission (Wiley-VCH, 2010). b) DNA polymerase-catalyzed 

addition of nucleotides to ssDNA ends of spherical micelles results in increase of micelle height on 

surface.93 Adapted with permission (Wiley-VCH, 2008). 
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In addition to spherical geometries, one-dimensional rod-shaped assemblies (3D structures 

extended in one dimension) have also been obtained from DNA amphiphiles. One method relies 

on DNA sequence manipulation for the generation of DNA rods from spherical micelles. As such, 

the Hermann group showed that the addition of a long DNA template consisting of 5 repeats 

complementary to the DNA sequence in the micelle corona resulted in the dis-integration of 

micelles and generation of rod-like aggregates (Figure 1.15a).94 The Gianneschi group also 

reported shape-shifting of DNA micelles into rods upon external stimuli – enzymatic digestion in 

this case (Figure 1.15b).95 In their approach, brush type DNA amphiphiles were prepared through 

ring-opening metathesis polymerization (ROMP) and showed reversible switching from spherical 

micelles to rods and back to spheres. Additionally, the Liu group reported reversible switching 

between spherical micelles and rods for DNA-dendron hybrids under different buffer and 

temperature conditions (Figure 1.15c).82 Zhang and co-workers showed the isolation of rods as a 

kinetic product of nucleic-acid amphiphilic assembly (Figure 1.15d).83 Subsequent heating of the 

rod-like structure resulted in the formation of spherical thermodynamically stable structures.  
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Figure 1.15 – Self-assembly of DNA amphiphiles into one-dimensional rods. a) Shifting of DNA 

spheres to rods upon addition of a long DNA template complementary to the micelle DNA strands.94 

Adapted with permission (Wiley-VCH, 2007). b) Stimuli-responsive shape-shifting of DNA micelles 

to rods after addition of enzymes.95 Reproduced with permission (Wiley-VCH, 2010). c) Reversible 

switching between spheres and rods of DNA-dendron hybrids under different buffer and thermal 

conditions.82 Reproduced with permission (Royal Society of Chemistry, 2012). d) Kinetic micellization 

of DNA-PS conjugates into nanorods.83 Adapted with permission (Royal Society of Chemistry, 2015).  

 

Growth of rod-like structures could also be achieved under thermal treatment. Häner and 

co-workers explored this concept with the self-assembly of oligo(pyrene)-DNA conjugates (Figure 

1.16). The group observed the formation of 1D helical nanoribbons driven by stacking interactions 

among pyrene units in aqueous media, whose length was dependent on the ionic strength. Through 

a cooperative nucleation-elongation growth, the degree of order of pyrene can be increased 

resulting in 1D helical nanoribbons under different thermal treatment.96 At elevated temperatures, 

oligomeric molecules exist as molecularly dissolved chains. Upon cooling, assembly of strands 

leads to the formation of nuclei that serve as templates for the elongation of the polymers as the 

temperature is further decreased (Figure 1.16c). Despite the elegant examples, controlling the 

length and dimensionality of DNA rods is still limited. The access of amphiphilic DNA structures 

with controlled length and narrow size dispersity is desirable as it allows for applications in 

biomedicine and materials science. 
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Figure 1.16 – Formation of DNA-grafted supramolecular polymers from DNA-oligo(pyrene) 

conjugates.96 a) Chemical structure of the oligo(pyrene)-DNA hybrids. b) Model for the pyrene-DNA 

chimeric oligomers. The DNA is illustrated as a right-handed helix, and pyrene units arrange in a star-

like fashion. c) Formation of DNA-grafted supramolecular polymers through a nucleation-elongation 

mechanism. Reproduced with permission (Wiley-VCH, 2015). 

 

 Most recently, DNA amphiphiles have been decorated for constructing more complex 

architectures, such as hollowed vesicles. For example, conjugates of DNA with poly[3-(2,5,8,11-

tetraoxatridecanyl)thiophene] (PTTOT) were shown to assemble into vesicles in aqueous 

solutions, where DNA acts as the hydrophilic shell and the polymer aggregates tightly through π-

π interactions (Figure 1.17a).97 These structures retained the optoelectronic properties of π-

conjugated polythiophenes and their size could be altered by changing the concentration of DNA-

PTTOT in the assembly. Linear DNA-poly(butadiene) conjugates have been reported to form 

vesicles of 80 nm diameter upon self-assembly (Figure 1.17b).98 The isolation of the vesicular 

interior from the surrounding was demonstrated by using fluorescent probes. Bodipy, a fluorescent 

hydrophobic dye and another DNA-specific dye Syto9, were incubated with the vesicles. 

Fluorescence microscopy showed that the hydrophobic dye, Bodipy, was entrapped in the 

poly(butadiene) environment, while the DNA dye interacted with the DNA corona. Vesicles have 

also been reported from DNA-dendrons by Liu and co-workers.99 Inspired by how cytoskeletal 

proteins provide an internal frame for cell structures, the group introduced the concept of “frame-

guided assembly” in which customized frames can be used to guide amphiphiles into tailored 

assemblies (Figure 1.17c). Using a DNA-functionalized gold nanoparticle (DNA-AuNP) scaffold 

and complementary DNA-dendron conjugates, the group showed the formation of well-defined 

vesicles whose size can be specifically tailored by varying the length of the DNA chains. This 

concept has been expanded to the formation of a range of other exciting structures including 

cuboids and 2D nanosheets.100-102 Vesicle (or liposomes) have also been achieved from DNA-lipid 

conjugates. Gianneschi and co-workers reported stimuli-responsive liposomes made from DNA-

lipids consisting of a 9-mer DNA bound to two 18-carbon lipid tails (Figure 1.17d). These 

structures undergo reversible morphological switch from liposomes to spherical micelles and back 

to liposomes upon DNA sequence manipulation.103 More examples from the Boxer and 

Barthelemy groups have demonstrated functional DNA-lipid vesicles used as fluorescent on/off 
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switches and to study vesicle fusion (Figure 1.17e).84-85 Fluorescently labeled vesicles were 

prepared, and upon fusion of their membranes, their fluorescent probes mix and diffuse within the 

bilayer leading to quantitative change of intensity. The wide range of accessible structures of DNA 

amphiphiles highlights their importance as structural building blocks. Looking at recent examples, 

it is obvious that the incorporation of a programmable DNA component is advantageous, 

especially for applications in biomedicine and materials science. Another thrilling avenue is the 

integration of DNA amphiphiles with DNA nanostructures, creating hierarchical hybrid 

assemblies with new orthogonal functions. 

 

Figure 1.17 – Self-assembly of DNA amphiphiles into vesicles. a) Self-assembly of DNA-PTOTT 

conjugates into hollow vesicles in water.97 Adapted with permission (American Chemical Society, 
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2014). b) Self-assembly of DNA-poly(butadiene) amphiphiles into vesicles.98 Reproduced with 

permission (Royal Society of Chemistry, 2007). c) Frame-guided assembly of vesicles in a dendron-

DNA system with AuNPs as the scaffold.99 Adapted with permission (Wiley-VCH, 2014). d) 

Reversible switching between vesicles and micelles of DNA-lipid conjugates.103 Reproduced with 

permission (American Chemistry Society, 2010). e) DNA-decorated vesicles used in membrane fusion 

studies.85 Reproduced with permission (Royal Chemistry Society, 2008)    

 

1.4.5 Interfacing DNA amphiphiles with DNA nanostructures 

 

The unique molecular recognition properties of DNA allow DNA amphiphiles to form 

hierarchical assemblies when combined with DNA nanostructures. This hybrid material can 

display complex architectures and sophisticated functions, which are not easily realized by other 

means. In this context, Sleiman and co-workers initially developed a group of DNA polymers by 

using ring-opening metathesis polymerization (ROMP) to generate a short polymer containing 

PEG chains as repeat units, and then covalently attached it to DNA (Figure 1.18a). A cubic scaffold 

with addressable single-stranded regions was used to position these amphiphiles in 3D.104 This 

selective positioning resulted in a significant increase in nuclease resistance of the cubic scaffold. 

The group further extended this method to other 1D structures. DNA nanotubes displaying periodic 

single-stranded regions were decorated by DNA-PEG and DNA-polystyrene amphiphiles in a 

similar fashion.105 The result was stimuli-responsive hybrid structures that could selectively shed 

DNA conjugates upon the addition of DNA strands fully complementary to the scaffold. The cubic 

scaffold has also been used to decorate DNA-polymer conjugates containing hydrophobic 

dendritic alkyl chains (Figure 1.18b).88 Depending on the number and orientation of DNA-polymer 

conjugates on the scaffold, different assembly modes were achieved. When four strands were 

positioned on one face of the cube, dimeric structures were observed. However, when the other 

cube face was also decorated with four DNA-polymer strands, the polymer units oriented and 

aggregated inside the cube core, forming a micellar microenvironment, which could be loaded 

with hydrophobic dyes or small molecule drugs. The addition of a specific DNA strand led to 

conditional release of the drug cargo. 



30 

 

 

Figure 1.18 – Interfacing DNA amphiphiles with 3D DNA nanostructures. a) Positioning DNA 

amphiphiles on a 3D cubic scaffold results in its increased nuclease resistance.104 Reproduced with 

permission (American Chemical Society, 2012). b) Site-specific positioning of dendritic DNA-

polymer conjugates shows different modes of self-assembly.88 Adapted with permission (Nature 

Publishing Group, 2013). 

 While many examples have showed 3D DNA structures templating DNA amphiphiles,39, 

88, 105 the converse has also been reported. DNA-polymer conjugates developed by Sleiman and 

co-workers have been used as scaffolds for templating 3D cubes to form monodisperse hybrid 

superstructures externally decorated by cubic structures (Figure1.19a). The group showed that by 

varying the position and number of hydrophobic units on the DNA-polymer conjugate different 

highly ordered hierarchical structures were achievable with control over the aggregation 

number.106-107 Turberfield and co-workers showed that temperature-responsive DNA-poly(N-

isoproylacrylamide) poly((NIPAM)) can regulate the formation of hierarchical structures when 

attached to DNA tetrahedra under different thermal conditions (Figure 1.19b). At room 

temperature, poly(NIPAM) segments dissolve in solution resulting in DNA tetrahedra with 

protruding polymeric tails. However, when the temperature is increased to 40 °C, aggregation of 

the polymer drives the formation of micelle-like structures with a hydrophobic poly(NIPAM) core 

and a hydrophilic corona composed of DNA tetrahedra. DNA amphiphiles have also been used 
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with DNA origami. For example, the Simmel group used cholesterol-modified DNA strands with 

DNA origami structures to guide the folding of hinged DNA origami, forming sandwich-like 

bilayer structures (Figure 1.19c).108 

 

Figure 1.19 – DNA amphiphile-mediated hierarchical assembly of hybrid DNA structures. a) 

Formation of highly ordered DNA micelle superstructures decorated with a corona of 3D DNA 

cubes.106 Reproduced with permission (American Chemical Society, 2014) b) Thermo-responsive 

DNA amphiphiles allow switching between polymer-decorated DNA tetrahedra and micellar structures 

surrounded by tetrahedra, under different thermal conditions.109 Adapted with permission (American 

Chemical Society, 2013). c) Hinged DNA origami folded by cholesterol interactions of cholesterol-

DNA bound on the origami surface.108 Adapted with permission (Wiley-VCH, 2014).   

 

 The application of DNA amphiphiles for templating assembly is not limited to 3D DNA 

nanostructures. They have also been studied in relevance to deposition on lipid bilayers. The 

hydrophobic portions of amphiphiles serve as anchors which insert into the bilayer and position 

negatively charged DNA structures on the surface or within the lipid bilayer. Taking advantage of 
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the fluid nature of lipid membranes, studies on the dynamics of assembly/disassembly of 

nanostructures on bilayers have been explored. For example, Sleiman and co-workers reported the 

anchoring of cholesterol-modified 3D DNA cages on spherically supported lipid bilayers and 

showed their dynamic behaviour on the bilayer surface (Figure 1.20a).110 Sugiyama and co-

workers reported real-time AFM tracking of the dynamic assembly of cholesterol-modified 

hexagonal origami structures (Figure 1.20b).111 The structures were also functionalized with an 

azobenzene unit and showed reversible photo-responsive assembly and disassembly on the bilayer. 

Walter, Yan and co-workers showed the assembly of cholesterol-modified DNA origami “barges” 

(Figure 1.20c).112 Through DNA-PAINT, a super-resolution imaging technique that relies on 

transient programmable hybridization between short dye-labeled oligonucleotide strands to allow 

single-molecule visualization, these structures showed reversible association and lateral diffusion 

on supported bilayers, allowing them to be used as probes of membrane structure and map out 

regions of the membrane with high spatial accuracy. The creation of artificial membrane channels 

has also been explored using both cholesterol-modified and porphyrin-functionalized DNA 

structures (Figure 1.20d).113-114 In this example, DNA origami was used to generate a DNA 

nanopore through a barrel-like structure with a bilayer spanning hollow stem (42 nm in length, 2 

nm diameter). Membrane anchoring was mediated through 26 DNA-cholesterol modifications in 

the structure. TEM analysis showed that the pore was directed into the bilayer with the correct 

orientation. 

DNA amphiphiles have also been utilized to study biological processes such as vesicle 

fusion. Boxer and co-workers used synthetic DNA-lipid conjugates to develop fluorescently 

labeled vesicles and observe their membrane fusion events through fluorescence microscopy 

(Figure 1.20e).115 Upon fusion of the membrane, their fluorescent molecules mix and diffuse 

within the bilayer leading to a direct quantification of fluorescence decrease. In other studies, 

DNA-lipid conjugates with varying DNA lengths were used to study the effect of linker DNA on 

vesicle fusion.116 Using FRET, it was found that longer complementary DNA strands induced 

higher vesicle docking rates, but reduced rates and extent of lipid mixing. Similarly, other FRET-

based studies on DNA-cholesterol conjugates were also used to study fusion of vesicles with 

varying cholesterol composition. It was found that DNA hybridization forcing vesicles in close 

proximity resulted in efficient fusion and lipid mixing of inner and outer lipid bilayer leaflets.117 

Vesicle fusion mediated by DNA-lipid conjugates has also been reported by Rothman and co-
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workers.118 The group developed DNA-lipid tethers capable of mimicking SNARE function, the 

core machinery to drive vesicle fusion and docking in biological systems. The group showed that 

using these artificial tethers, SNARE-mediated lipid mixing was significantly accelerated, and the 

fusion rate was highest when the length of the linker was less than 40 nucleotides. Anchoring of 

nascent DNA amphiphiles has also been studied by Albinson and co-workers. In their work, zinc-

porphyrin linear DNA constructs were designed to position parallel to the membrane surface when 

bound, creating 2D DNA patterns.119 The effect of number of anchors, linker length between the 

DNA and porphyrin, and ssDNA vs dsDNA was studied. In other studies, the group showed 

porphyrin-mediated attachment of a 2D DNA hexagonal assembly to a soft-lipid membrane 

(Figure 1.20f).120 Their studies showed that at least 3 attachment points (porphyrin molecules) 

were required to align the DNA construct onto the surface.  
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Figure 1.20 – Interaction of DNA amphiphiles with lipid bilayers. a) Cholesterol-functionalized 

DNA prism binding and dynamics on supported lipid bilayers.110 Adapted with permission (American 

Chemical Society, 2014). b) Photoinduced reversible dimerization of cholesterol-modified DNA 

origami structure containing azobenzene units on bilayers.111 Reproduced with permission (American 

Chemical Society, 2014). c) Cholesterol-DNA barges used for DNA-PAINT to study lateral diffusion 

and surface mapping of lipid bilayers.112 Adapted with permission (American Chemical Society, 2014). 

d) DNA origami nanopore functionalized with 26 cholesterol units to span lipid bilayers.113 

Reproduced with permission (AAAS, 2012). e) Studying vesicle fusion through vesicle-forming 

complementary DNA-lipid conjugates.116 Adapted with permission (AVS, 2008). f) A 2D DNA 

hexagon aligned on a lipid bilayer using 3 porphyrin anchors.120 Reproduced with permission (Wiley-

VCH, 2011). 

 

1.4.6  Applications of DNA Amphiphiles 

 

1.4.6.1 Gene Regulation 

 

 DNA amphiphiles have shown great promise as drug delivery vehicles, either by 

incorporating small molecule drug agents or using the oligonucleotide portion as the therapeutic 

itself. In their natural form, however, nucleic acids are quite susceptible to hydrolysis by enzymatic 

degradation, limiting their applications for in vivo therapy and detection. Many groups have 

directed their efforts towards increasing the stability of amphiphilic DNA structures to enhance 

their potential biomedical applications. Early studies by Mirkin and co-workers found that 

spherical nucleic acids containing gold nanoparticle (AuNP) cores showed slower enzymatic 

degradation rates and increased structural stability in biological media.121 The group then extended 

this system to spherical particles with both lipid or cross-linked polymeric cores which also 

showed enhanced serum stability.122-123 Later, the Gianneschi group found that polymeric micellar 

DNA nanoparticles showed increased resistance to nuclease digestion (Figure 1.21a).124 The dense 

packing of DNA in the corona of spherical structures creates a protected environment inaccessible 

for nucleases. It appeared that the same extent of nuclease resistance in structures with AuNP cores 

could be achieved using polymeric cores. The group further built on these findings by using 

antisense locked-nucleic acids (LNA)-polymer conjugates (where the ribose sugar moiety is 
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modified with an bridge connecting the 2’ oxygen with the 4’ carbon) that self-assemble into 

spherical nanoparticles.125 These structures showed high cellular uptake and gene regulation by 

binding to survivin messenger RNA (mRNA) causing  gene knockdown (Figure 1.21b).  

In another example, Mirkin and co-wokers showed that gold nanoparticle-oligonucleotide 

complexes exhibited efficient cellular uptake and gene knockdown without the use of transfection 

agents.126 The same group then reported lipid-based spherical nucleic acids consisting of an FDA-

approved lipid which showed high cellular internalization and gene regulation in ovarian 

carcinoma cells.123 Tan et al. reported molecular beacon micelle flares (MBMFs) that showed 

combined mRNA detection and gene therapy without transfection (Figure 1.21c).127 Initially in an 

off-state due to fluorescence quenching, cellular internalization and binding to mRNA caused a 

structural change of the flare’s DNA corona, resulting in simultaneous fluorescence enhancement 

and gene knockdown. Zhang and co-workers developed a DNA-brush copolymer micelle that 

showed high cellular internalization and effective EGFP gene knockdown in vitro (Figure 

1.21d).128 To date, there are only very few examples of systems inducing gene knockdown without 

the aid of transfection agents or charge-stabilizing molecules. More recently, Sleiman and co-

workers reported the synthesis of sequence-controlled antisense oligonucleotides.129 The self-

assembled precision spherical micelles showed enhanced cellular uptake and gene silencing at 

much lower concentrations of polyethyleneimine (PEI) transfection agent than previously reported 

(Figure 1.21e). Their studies also demonstrated that in the presence of PEI, 3D nanostructures 

show increased activity compared to the antisense-polymer conjugates, indicating that the 3D 

geometry plays an important role in cellular uptake. 
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Figure 1.21 – DNA amphiphile-based systems for gene regulation. a) The organization of DNA in 

a dense 3D structure increases resistance to nuclease degradation.124 Adapted with permission 

(American Chemical Society, 2013). b-d) DNA-amphiphile systems for gene regulation without 

transfection. b) Antisense LNA-polymer conjugates showing high cellular uptake and knockdown of 

survivin gene.125 Reproduced with permission (American Chemical Society, 2014). c) Molecular 

beacon micelle flare (MBMF) showing combined mRNA detection and knockdown.127 Adapted with 

permission (Wiley-VHC, 2013). d) DNA-brush type micelle with high cellular internalization and 

EGFP gene knockdown in vitro.128 PCL: polycaprolactone, a biodegradable polyester. Reproduced 

with permission (Wiley-VCH, 2015). e) Precision antisense DNA nanoparticles showing the 

importance of the 3D nanostructure for efficient gene knockdown.129 Adapted with permission (Royal 

Society of Chemistry, 2015).  
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1.4.6.2 Drug delivery  

 

 Apart from gene regulation, DNA amphiphiles have seen many applications in delivery of 

small molecular drugs, particularly for cancer therapy. The hydrophobic core of micelles formed 

upon self-assembly presents an ideal environment for the encapsulation of hydrophobic drugs. For 

cancer therapy, poly(propylene oxide)-DNA (PPO-DNA) micelles developed by the Hermann 

group were equipped with both a hydrophobic anticancer drug, doxorubicin, in the micelle core, 

and folic acid (FA), a targeting ligand conjugated to a DNA that is hybridized to the corona (Figure 

1.22a).130 These structures showed high uptake in CaCo-2 cell lines and efficient cytotoxicity in 

vitro. In a different approach, Tan and co-workers showed that the nucleic acid portion of the 

micelle can itself be used for targeting. The group developed DNA aptamer-lipid conjugates 

(TD05 aptamer specific for Ramos receptors) that self-assemble into micelles and showed 

enhanced targeting toward Ramos cells (Figure 1.22b).86, 131 Their studies also showed that multi-

valency of the DNA aptamers on the micelle surface play an important role in enhanced targeting, 

compared to the aptamer itself. Recently, Hermann and co-workers reported a DNA micelle system 

for ophthalmic drug delivery.132 DNA micelles were loaded with two antibiotics, kanamycin and 

neomycin, in addition to two targeting aptamers. The structures showed long adherence to the 

corneal surface and decreased bacterial growth on ex-vivo treated porcine corneas. 

Although these examples are promising as carriers for anticancer drugs, there is an inherent 

limitation of their use in vivo. Structures based on DNA amphiphile self-assembly suffer from 

nuclease degradation as well as premature drug leakage and disassembly upon dilution below their 

critical micellar concentration, hindering their success for in vivo applications. In one strategy to 

overcome this challenge, Zhang and co-workers developed stimuli-responsive DNA-drug 

conjugates where the drug is covalently attached to the DNA through a cleavable bond.133 DNA-

camptothecin conjugates were synthesized and upon self-assembly produced a DNA-shelled 

camptothecin core structure, burying the hydrophobic anticancer drug in the interior (Figure 

1.22c). Upon irradiation with UV light, the DNA segment gets cleaved, releasing the prodrug, 

which through an irreversible self-immolative process releases free camptothecin drug molecules. 

The strategy provides a system for stimuli-responsive controlled drug release. The challenge of 

particle dissociation upon dilution has also been addressed by Hermann and co-workers. Here, 

they relied on the use of additional nanocarriers – viral capsids.134 The group showed that DNA 
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amphiphiles can act as templates for the self-assembly of Cowpea Chrlorotic Mottle Virus capsids 

(Figure 1.22d). In their strategy, a hydrophobic drug was first encapsulated in the micelle core, the 

product was then mixed with viral capsids which coated the micellar structures at neutral pH. The 

resulting structures showed increased stability against dilution and an example of loading drug-

containing structures into protein nanocarriers. More recently, Mirkin and co-workers reported a 

cross-linking strategy to increase micelle stability through amide bond formation.122 

Despite the promise that many DNA amphiphilic nanocarriers show for drug delivery, the 

breadth of studies is still limited to in vitro experiments. The potential behaviour and activity of 

these structures in vivo have not been visited and are still far from being understood. Studying the 

biodistribution and therapeutic activity of these constructs in vivo will bring many advances in 

their biomedical applications especially regarding their stability, pharmacokinetics of their 

payloads and their efficacy in model systems. This will require combined efforts of many 

disciplines, both scientific and medical.  Nevertheless, the future of this field is both exciting and 

promising. 

 

Figure 1.22 – DNA amphiphile-based systems for drug delivery. a) PPO-DNA micelles 

encapsulating doxorubicin and displaying folate targeting ligands.130 Adapted with permission (Wiley-



39 

 

VCH, 2008). b) TD05 aptamer micelles for specific targeting of Ramos cells.86 Adapted with 

permission (PNAS, 2010). c) DNA-camptothecin nanostructures for light-triggered self-immolative 

drug delivery.133 Adapted with permission (American Chemical Society, 2015) d) Virus-coated drug-

loaded (top) and folate-decorated (bottom) DNA micelles for enhanced stability.134 Adapted with 

permission (American Chemical Society, 2010).  

 

1.4.6.3 3D printing and tissue engineering 

 

 In recent years, there has been an explosive growth of the field of 3D printing in application 

to tissue engineering. An ideal biodegradable 3D printed scaffold should include features such as 

high porosity, well-interconnected porous networks and have consistent pore sizes.135 In that 

respect, hydrogels have emerged as the most promising scaffolds for artificial tissue 

engineering.136 The most commonly investigated systems are hydrogels composed of covalently 

cross-linked polymer chains which bring them high stability, mechanical strength and shape-

memory properties.137 Strong cross-linking, however, limits cell migration and proliferation 

limiting their applications in 3D tissue printing.138 Conversely, hydrogels based on amphiphilic 

molecules rely on weak non-covalent interactions such as H-bonding, electrostatic and host-guest 

binding to cross-link. These interactions invoke a dynamic nature in hydrogels providing self-

healing properties and the possibility of cell migration.139 An important requirement in hydrogel 

design for 3D printing is the ability to precisely control the cross-linked framework and pore size. 

Most polymers tend to have a very short persistence length and undergo folding and chain curling 

introducing variation in the backbone between cross-linked points. One solution to this problem, 

is to use a water-soluble long and rigid polymer in the backbone. In this regard, DNA is a promising 

candidate as a cross-linker due to its specific base-pairing and predicted secondary structure which 

allow the preparation of given-sized structures with precise control over length and 

dimensionality.140 Thus, DNA hydrogels have received great attention as bio-inks in bioprinting 

due to the molecular-recognition properties of DNA and their biocompatibility, permeability, and 

biodegradability.141 Toward that, Liu and co-workers have developed supramolecular polypeptide-

DNA hydrogels and showed in situ multi-layer 3-dimensional bioprinting (Figure 1.23).142 In their 

approach, two complementary bio-inks were deposited on a substrate and showed high self-healing 

properties and mechanical strength to develop geometrically uniform shapes (Figure 1.23a). The 
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group further demonstrated 3D cell printing to fabricate hydrogels with live cells and organelles 

(Figure 1.23b). This approach generates dynamic, mechanically strong and biocompatible 

hydrogels with excellent molecular permeability and is promising for the fabrication complex 

predefined 3D biomaterials for applications in tissue engineering. 

 

Figure 1.23 – 3D printing using DNA amphiphiles.71, 142 a) Polypeptide-DNA hydrogels for 3D 

bioprinting of arbitrary designs b) Cell-printing process for 3D bioprinting of polypeptide-DNA 

hydrogels with AtT-20 cells. Adapted with permission (Wiley-VCH, 2015). 

 

1.4.6.4 Nanoelectronics  

 

The isolation and purification of individual carbon nanotubes has long been a challenge to 

take full advantage of their exceptional electronic, mechanical, thermal and optical properties.143 

Particularly, sorting of single-walled nanotubes (SWNTs) with minimal amount of defects and 

narrow diameter distribution has been a key objective and of high technological interest.144 The 

selective dispersion of carbon nanotubes by pristine DNA has been realized through wrapping of 

complementary DNA (cDNA) around carbon nanotubes or covalent bond formation between the 

two moieties.145-149 However, the translation of such methods to scalable device applications has 

been limited by sub-optimal yields and abundance of metallic nanotubes in the samples.  Toward 

that end, Hermann and co-workers reported the use of a 22-mer DNA-poly(9,9-di-n-octylfluoenyl-
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2,7-diyl) (PFO) conjugate to allow diameter-selective dispersion of semi-conductive SWNTs 

(Figure 1.24).150 The interaction between the amphiphile and nanotube was mediated by strong π-

π interactions of the PFO block with the nanotube sidewalls. The DNA part provided aqueous 

solubility and allowed hybridization with DNA-modified gold nanoparticles and selective SWNT 

immobilization on substrates such as field-effect transistors. This device fabrication process 

afforded high yields of 98% for SWNT field-effect transistors (Figure 1.24d). The group later 

showed that the hybridization of complementary DNA strands could be detected with high 

sensitivity, through signal transduction of the chemical recognition event into electrical doping, 

with an analyte sensitivity of 10 fM.151 Electrical-based detection methods with such high 

sensitivity open the door for nucleic acid diagnostics without the need of DNA amplification. 

 

Figure 1.24 – DNA amphiphiles for sorting of SWNTs and applications in nanoelectronics.150 a-

b) PFO-DNA amphiphiles used for solubilization and selective functionalization of SWNTs in aqueous 

media. c) Functionalization of SWNT with gold nanoparticles using a target complementary DNA-

AuNP. d) Selective assembly of SWNTs on the surface of substrates for nanoelectronics. Reproduced 

with permission (Wiley-VCH, 2011). 
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1.5 Context and Scope of this Thesis 
 

DNA block copolymers have seen a wide range of applications due to the molecular 

recognition properties of DNA and the interesting self-assembly modes of hydrophobic polymers. 

From a synthetic point of view, one of the challenges with respect to DNA block copolymers, is 

the generation of highly monodisperse conjugates with monomeric control over the sequence and 

length of the chain. In that sense, solid-phase methods for the generation of sequence-defined DNA 

conjugates can offer many solutions to such limitations.66 From a self-assembly point of view, the 

ability to generate supramolecular one-dimensional (1D) structures with high aspect ratio is 

desirable for applications of nanomaterial templation and drug delivery. Elongated 1D structures 

display improved in vitro and in vivo cellular uptake profiles, circulation lifetimes and 

pharmacokinetics compared to other architectures.152-153 However, control over the length of one-

dimensional DNA architectures is often limited. In fact, even for spherical particles, particle 

polydispersity presents a main challenge for their use as drug delivery vehicles hampering their 

translation into clinical studies. In this vein, most drug delivery applications of the DNA block 

copolymer systems have been limited to in vitro studies.  

 The research covered in this thesis is focused on sequence-defined DNA block copolymers 

and investigates their design, self-assembly and application in materials science and drug delivery, 

highlighting their behavior in vitro and in vivo. This work also explores strategies to tackle some 

of the inherent limitations of nanocarrier-based systems to increase their efficacy as drug delivery 

vehicles. Moreover, a strategy for achieving different modes of supramolecular self-assembly of 

DNA block copolymers is presented, demonstrating an unprecedented growth mechanism of one 

dimensional DNA fibers with controlled length and dimensionality. 

 Chapter 2 describes the examination of sequence-defined DNA block copolymers as drug 

delivery vehicles of anticancer drugs, specially BKM120, a small molecule drug for the treatment 

of chronic lymphocytic leukemia (CLL). The design, synthesis, drug encapsulation and 

characterization of drug-loaded structures are investigated. The structural stability of these 

structures and their resistance to nuclease is examined. Following that, the cellular uptake of these 

structures is characterized in cancer cell lines. The activity of drug-loaded nanoparticles is then 

investigated in vitro in cancer cell lines and primary patient CLL cells. Finally, the in vivo 
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biodistribution, circulation, organ and tumor-specific accumulation of these particles is examined 

using intravenous and intraperitoneal routes of administration. The result is a robust DNA-based 

platform for the delivery of chemotherapeutic drugs.  

 Building on the findings from Chapter 2, Chapter 3 investigates strategies to increase the 

targeting capability and efficacy of the first-generation drug delivery platform. Increased targeting 

capabilities of these structures are realized upon the incorporation of DNA aptamers as targeting 

ligands. Stimuli-responsive DNA nanoparticles are also described, where a nucleic acid-dye cargo 

is released upon binding to a target microRNA. The potential application of DNA amphiphile-

based particles for targeting normal skin epidermal cells and their intracellular structural integrity 

is investigated. Additionally, using DNA analogs, a simple strategy to significantly increase 

nuclease resistance of nanoparticles is demonstrated. Detailed studies are conducted on the 

interaction of DNA nanoparticles with human serum albumin, the most abundant protein in human 

blood serum. Attachment of labile PEG moieties to further shield nanoparticles from serum 

proteins and increase circulation half-life is described. Finally, different cross-linking strategies, 

mediated through disulfide bond formation are investigated to increase the overall stability of DNA 

nanoparticles. These strategies pave the way toward a more customized drug delivery system for 

increased selectivity and therapeutic effect. 

 Chapters 2 and 3 were focused on drug delivery applications of DNA amphiphiles. Chapter 

4 expands on the range of applications and describes their importance in giving rise to new 

supramolecular self-assembled structures with interesting properties and function. In this case, the 

site-specific introduction of a single Cyanine dye (Cy3) molecule to DNA-polymer conjugates 

causes a drastic morphological shift in their self-assembly from spheres to one-dimensional rods. 

A strategy to generate rods with controlled dimensionality and length is presented. Additionally, 

an unprecedented supramolecular growth mechanism of one dimensional DNA fibers is 

discovered. Due to their change in optical properties upon assembly/disassembly, these structures 

could be used as fluorescent bioanalytical tools. Finally, examples are described for the templation 

of nanomaterials on DNA fibers and the site-specific alignment of fibers along DNA origami en 

route toward complex hybrid architectures with sophisticated function.  

Taken together, these studies provide a critical evaluation of sequence-defined DNA-

polymers in the context of biomedical applications and materials science. 
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Preface 

In chapter 2, sequence-defined DNA polymers are examined as a drug delivery platform 

for small molecule chemotherapeutics. The encapsulation of BKM120, a small molecule drug for 

the treatment of chronic lymphocytic leukemia (CLL) is evaluated. The design, characterization 

and stability of drug-loaded particles is investigated. The cellular uptake of structures in cancer 

cell lines, delivery of cargo and in vitro activity of drug-loaded structures in primary patient cancer 

CLL cells highlight their high internalization and cytotoxicity in cancer cells. Finally, we present 

the first in vivo study of DNA-polymer nanoparticles that shows long circulation, full body 

biodistribution and tumor accumulation. The structures do not penetrate the blood-brain barrier 

and thus could bypass the side-effects of BKM120. These studies describe a robust DNA-based 

platform for the delivery of chemotherapeutic drugs.  
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2 
 

Precision Spherical Nucleic Acids for Delivery of 

Anticancer Drugs 

 

 

 

This chapter is composed mainly of work published as “Precision spherical nucleic acids for 

delivery of anticancer drugs” by Danny Bousmail, Lilian Amrein, Johans J. Fakhoury, Hassan H. 

Fakih, John C. C. Hsu, Lawrence Panasci and Hanadi F. Sleiman. Chemical Science, 2017, 8, 

6218. 

 

Contribution of authors 

Danny Bousmail helped design the project and primarily contributed to the production of 

experimental data from DNA synthesis, assembly, drug encapsulation, characterization, stability 

studies, preparation of structures for in vitro and in vivo experiments and helped with cellular 

uptake and in vitro studies. Lilian Amrein conducted the apoptosis studies on primary patient 

cells and the in vivo biodistribution experiments. For the intravenous biodistribution experiments, 

Lilian Amrein was helped by Hassan Fakih and John Hsu. Johans Fakhoury conducted in vitro 

cellular uptake and MTS assay. Danny Bousmail and Johans Fakhoury both analyzed in vitro 

data and conducted immunogenicity assays. Hassan Fakih carried out flow cytometry 

experiments. Hanadi F. Sleiman designed the project, guided interpretation of data and discussion 

of results. Danny Bousmail, Lilian Amrein and Hanadi F. Sleiman co-wrote the manuscript. 
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2.1  Abstract 
 

Targeted delivery of chemotherapeutics to the tumor microenvironment is still a challenge 

in nanomedicine. The use of nanocarriers can be one strategy to selectively delivery drugs to their 

target site, however, many drug delivery systems currently suffer from complicated synthesis and 

particle polydispersity. Since the shape and size of nanoparticles are very important for their 

biodistribution, circulation and ultimately, their effect, the generation of well-defined structures 

will be essential for their application as drug delivery vehicles. This chapter reports a spherical 

nucleic acid (SNA) system composed of DNA amphiphiles for the delivery of BKM120, an 

anticancer drug for treatment of chronic lymphocytic leukemia (CLL). While promising for cancer 

treatment, this small molecule drug crosses the blood-brain barrier causing significant side-effects 

in patients. The DNA nanoparticle encapsulates BKM120 in high efficiency, and is unparalleled 

in its monodispersity, ease of synthesis and stability in different biological media and in serum. 

These DNA nanostructures demonstrate efficient uptake in human cervical cancer (HeLa) cells, 

and increased internalization of cargo. In vitro studies show that BKM120-loaded nanoparticles 

promote apoptosis in primary patient CLL lymphocytes, and act as sensitizers of other antitumor 

drugs, without causing non-specific inflammation. Evaluation of this drug delivery system in vivo 

shows long circulation times up to 24 hours, full body distribution, accumulation at tumor sites 

and minimal leakage through the blood-brain barrier. These results demonstrate the great potential 

of DNA nanoparticles as a general platform for chemotherapeutic drug delivery. 

 

 

2.2  Introduction 
 

Targeted action of small molecule drugs remains a challenge in medicine. This holds true 

for antitumor chemotherapeutic drugs, where much of their success has been hampered by off-

target side-effects, poor pharmacokinetics and systemic toxicity.1  One effective approach to tackle 

this problem is the application of drug delivery systems that would protect the cargo along the 

administration route and direct it to its target site.2 Several delivery systems are currently being 

explored which include dendrimers,3 liposomes,4 polymeric nanoparticles,5 micelles,6 protein 
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nanoparticles,7 viral nanoparticles,8 inorganic nanoparticles9 and carbon nanotubes.10 However, 

many of them suffer from major limitations such as toxicity, rapid clearance, complicated synthesis 

and particle heterogeneity.11 In particular, nanostructure size and shape has been demonstrated to 

play an important role in their biodistribution, circulation half-life, cellular targeting, efficacy and 

immune response.12-15 With most current drug delivery platforms suffering from structural 

polydispersity, the generation of monodisperse nanocarriers with well-defined structures will be 

essential for their application in drug delivery. 

Polymers are some of the most commonly used material for developing nanoparticle-based 

drug carriers.16 In particular, amphiphilic block copolymers that contain a water-soluble block, and 

a hydrophobic block, have been extensively used as building blocks for chemotherapeutic drug 

delivery. These molecules microphase-separate into micelles that contain a hydrophobic core 

which can accommodate lipophilic drug molecules and alter their kinetics both in vitro and in 

vivo.17-18 In recent years, a new class of amphiphilic block copolymers has also emerged which 

contains a hydrophobic synthetic polymer attached to a hydrophilic DNA segment, called DNA-

polymer hybrids.19 These molecules can self-assemble into a wide-range of morphologies,20 

including spherical micellar particles that expose a hydrophilic DNA shell and a hydrophobic 

core.21-22 A particularly successful example of such assemblies are spherical nucleic acids 

(SNAs).23 These structures are composed of a gold nanoparticle core and a corona of tightly packed 

DNA strands. SNAs have shown efficient cellular penetration and gene silencing ability both in 

vitro and in vivo.24-26  

Recently, Sleiman and coworkers reported a highly efficient and versatile method to 

generate DNA-polymer conjugates via solid-phase synthesis.27 Unlike conventional synthetic 

polymer chemistry, this method yields DNA-polymer conjugates that are fully monodisperse and 

sequence-defined. This class of material self-assembles spontaneously to generate highly 

monodisperse spherical micellar DNA nanoparticles in aqueous solution. Several examples in 

recent years have emerged demonstrating the suitability of DNA nanostructures in mimicking 

biological systems,28-29 construction of nanoelectronics30 and nanophotonics,31 and delivery of 

cancer therapeutics.32  Compared to DNA nanostructures, such as DNA origami,33 which require 

a large number of unique DNA strands to generate the designed structure,32 limiting their use in 

large-scale applications, micellar DNA nanoparticles are composed of only a single DNA-polymer 
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conjugate strand. This type of hybrid strand also offers advantages over other block copolymers in 

that the DNA portion can be highly functional and programmable in the final structure.34 

Additionally, the poly-phosphodiester units in both the oligonucleotide and hydrophobic portions 

of the DNA-polymer strands are biocompatible and biodegradable making them suitable for 

biological applications.35-36 Particles of self-assembled DNA-polymer conjugates expose a ssDNA 

corona, and have been used in ligand targeting,22, 37-38 delivery of antisense oligonucleotides,39-41 

DNA detection,42 formation of higher order assemblies,43-44 and templating organic reactions.45-46 

In particular, these DNA particles have shown great potential in cancer therapy.22, 37, 47 However, 

the exploration of these structures for cancer therapy has only been limited to in vitro cell studies. 

Our interest also focuses on cancer therapy, specifically, the development of a DNA nanoparticle 

delivery system for BKM120, an anticancer drug towards the treatment of Chronic Lymphocytic 

Leukemia (CLL).  

CLL remains the most common type of leukemia with an incidence rate of approx. 

4/100,000 people in the United States.48 Current treatments of CLL include chemotherapeutic 

agents such as alkylating agents (chlorambucil, cyclophosphamide and bendamustine), purine 

analogs (fludarabine) and immunotherapeutics (Rituximab, Alemtuzumab).49-50 The current gold 

standard for treatment is through chemoimmunotherapy; a combination of fludarabine, 

cyclophosphamide and rituximab (FCR).51-54 Unfortunately, none of these treatments results in 

curative therapy providing strong justification for investigating new therapeutic approaches for 

CLL. The phosphoinositide 3-kinase (PI3K) pathway has been shown to be a critical component 

of CLL survival and proliferation.55-57 The expression of PI3K triggers downstream cellular events 

that inhibit cell death by inactivating pro-apoptotic proteins.58-61 Additionally, multidrug resistance 

(MDR) often accompanies elevated PI3K activity which renders a survival signal to withstand 

anticancer drugs and irradiation.62-63 Activated PI3K is also associated with a robust DNA damage 

repair further protecting CLL against chemotherapeutic agents.64 This makes the selective 

inhibition of PI3K a promising approach for the treatment of CLL and a focus of many efforts to 

develop novel inhibitors targeting this pathway.  

Buparlisib (codenamed BKM120) is one such example of a pyrimidine-derived selective 

pan class I PI3K inhibitor.65 This molecule has shown high selectivity and potency against class I 

PI3Ks.66 BKM120 has demonstrated high cytotoxicity in B-chronic lymphocytic leukemia cells in 
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vitro, and significant antitumor activity in tumor xenograft models.66-67 Furthermore, this small 

molecule selectively inhibits both wild type and mutant PI3K, halting cell proliferation and the 

DNA repair mechanism. Due to these properties BKM120 has also been used in synergy with 

anticancer drugs or irradiation for effective treatment of resistant cancer types.62-63, 68 Currently, 

this drug is under clinical investigation in advanced solid tumor and CLL patients.69 However, 

BKM120 can cross the blood-brain barrier and inhibit PI3K in the central nervous system (CNS), 

inducing anxiety, low serotonin levels, schizophrenia, and hindering its success for translation into 

the market.70 Hence, a strategy to effectively deliver BKM120 to its intended biological target 

without deleterious side-effects in the CNS would be a major goal for therapy with this small 

molecule drug. 

This chapter reports the development of a DNA nanoparticle platform for the delivery of 

BKM120. The drug-loaded structures are unique in their monodispersity, can be readily prepared 

and are stable in different biological media and in serum. These particles show increased cellular 

uptake of these structures in HeLa cells, and the internalization of their cargo. Moreover, 

BKM120-loaded DNA particles promote apoptosis in primary patient CLL lymphocytes and 

induce cell death when co-administered with Doxorubicin in HeLa cells, without eliciting 

inflammation. Evaluation of this drug delivery system in vivo shows long circulation times up to 

24 hours, full body distribution, high accumulation at tumor sites and minimal leakage through the 

blood-brain barrier. These results demonstrate the great potential of these delivery vehicles as a 

general platform for chemotherapeutic drug delivery. Earlier reports have shown that the DNA 

component of these structures is able to silence gene expression to a greater extent than DNA 

antisense structures alone, highlighting the promise of these DNA nanoparticles as combination 

small molecule and oligonucleotide therapeutics.39 

 

2.3  Results and Discussion 
 

2.3.1 Synthesis of DNA nanoparticles 
 

In order to construct a scalable and highly monodisperse drug delivery system, we 

generated a single type of DNA-polymer conjugates that self-assemble in aqueous buffer to form 
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micellar DNA particles. These conjugates consist of a 19-mer DNA of mixed sequence (14 mixed 

nucleotides plus 5 thymine nucleotide spacer) attached to 12 dodecane (hexaethylene, HE) units 

(HE12-DNA conjugate) (Figure 2.1). HE12 units were appended to DNA by automated solid-phase 

synthesis using phosphoramidite chemistry.27 This approach offers monodisperse DNA-polymer 

conjugates in high yields and provides control over the length and sequence of the monomer units 

in the final structure. Our group has showed that HE12-DNA conjugates self-assemble into highly 

monodisperse spherical nucleic acid particles (HE12-SNAs) in aqueous media containing divalent 

cations. These structures consist of an exterior DNA corona, and a hydrophobic HE12 core which 

provides a favourable environment for the entrapment of hydrophobic guest molecules. We also 

showed the encapsulation of a dye molecule, Nile Red, in the hydrophobic core of DNA 

nanoparticles.27 In this current study, we sought to test the encapsulation of a small molecule 

protein kinase inhibitor, BKM120. We were interested in BKM120 because 1) despite its high 

potency, it suffers from deleterious side-effects in the CNS of patients. 2) The drug dimensions 

are compatible with the core size of the DNA nanoparticle system and 3) BKM120 exhibits an 

aqueous solubility of <1 mg/ml, which makes it a suitable guest for our system. 

 

 

Figure 2.1 – Schematic representation of the synthesis of DNA-polymer conjugates and BKM120 

encapsulation method. Phosphoramidite monomers are attached to the 5’ end of the controlled pore 

glass (CPG) in a step-wise and sequence-controlled fashion. The 19-mer DNA strand is first built from 

the support, followed by 12 dodecane monomer additions (HE12) yielding monodisperse HE12-DNA 
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conjugates. Self-assembly of the polymer-DNA conjugates in the presence of BKM120 and subsequent 

purification results in nearly monodisperse BKM120-loaded HE12-SNAs. 

 

 

2.3.2 Evaluation of HE12-SNAs as BKM120 delivery vehicles 

 

To prepare BKM120-loaded HE12-SNAs, a solution of BKM120 in ethanol was allowed to 

evaporate forming a thin-film, which was then re-suspended into a solution of HE12-DNA 

conjugates in water, followed by the addition of assembly buffer and overnight thermal annealing 

(95 °C – 4 °C over 4 hours). Thermal annealing was shown to yield less size-variability compared 

to overnight shaking at room temperature. Following the encapsulation process, the products were 

purified by size-exclusion chromatography and analyzed by reverse-phase HPLC (RP-HPLC) 

(Figure 2.2). The success of the purification method was critical to ensure complete removal of 

free-drug in solution. This was important for accurate determination of the nanoparticle drug-

loading capacity and for further biological studies. 

Data from RP-HPLC confirmed the encapsulation of BKM120 in HE12-SNAs in 

comparison to ssDNA and buffer controls. Traces were obtained at two different wavelengths: one 

selective for DNA at 260 nm, and a BKM120-optimal wavelength at 320 nm. The co-elution of 

the DNA and BKM120 was only observed in HE12-SNA solutions, indicating the association of 

the drug with the structure. In the case of ssDNA, only a DNA peak was observed at 260 nm, 

reflecting the efficiency of the purification method at removing free drug in solution.  The drug 

loading capacity of DNA nanoparticles was calculated from RP-HPLC data and separately 

confirmed by UV-vis spectroscopy (Figure 2.2b, Experimental Figure 2.23). For HE12-SNAs, the 

loading capacity was approximately 29% w/w, where ~9 molecules of BKM120 were encapsulated 

per DNA-polymer conjugate. The aqueous solubility of BKM120 in the HE12-SNAs was enhanced 

to 24.4 g/ml, compared to <1g/ml in water. RP-HPLC was also used to calculate the recovered 

yield following purification. In general, ~65% of the amount of DNA-polymer conjugates was 

retained following purification (Experimental Figure 2.23).  
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Figure 2.2 - Evaluation of BKM120 encapsulation in HE12-SNAs. a) Reversed phase HPLC analysis 

of HE12-SNAs (black), ssDNA control (red) and buffer control (blue) following drug purification. 

Detection at absorbance wavelength 260 nm (left panel) and drug-specific 320 nm (right panel). The 

presence of a BKM120 peak solely in HE12-SNA samples suggests drug encapsulation. b) UV-Vis 

measurements of BKM120-incubated HE12-SNAs (black), ssDNA control (red) and buffer control 

(blue) following purification. Drug encapsulation and loading capacity were determined by RP-HPLC 

and separately confirmed by UV-Vis measurements. The presence of a diagnostic drug peak at 320 nm 

in the HE12-DNA nanoparticle sample indicates drug encapsulation. 

 

The storage shelf-life of drug-loaded structures was then characterized when stored at both 

room temperature and 4 °C (Figure 2.3, Experimental Section 2.5.6). Structures were stable for 

over 4 weeks at both temperature conditions, with no signs of disintegration or degradation. Shelf-

life stability is an important characteristic for successful drug formulations to ensure that the 

structural integrity of the drug is maintained when stored prior to administration – which is usually 

the case for many pharmaceutical candidates.  
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Figure 2.3 - Shelf-life of BKM120-loaded DNA nanoparticles. Dynamic light scattering (DLS) 

histograms showing the hydrodynamic radius of BKM120-loaded particles over time when stored at 

a) 4 °C and b) room temperature. 

 

Having confirmed BKM120 encapsulation, we then studied the in vitro release kinetics of 

BKM120 in HE12-SNAs (Figure 2.4a, Experimental Section 2.5.5.3). BKM120 release was 

evaluated by monitoring the decrease in concentration of the drug from a solution of loaded 

structures dialyzed at room temperature over 24 hours against the assembly buffer 1x TAMg which 

contains divalent magnesium cations. It was found that HE12-SNAs release BKM120 at a slow and 

sustained rate with ~40% of the drug retained after 24 hours (Figure 2.4a). The critical micellar 

concentration (CMC), above which HE12-DNA conjugates aggregate into HE12-SNAs was also 

studied. It was found that HE12-DNA conjugates aggregate with an associated CMC of 0.5 µM ± 

0.2 µM in the presence of 12.5 mM Mg2+ (Figure 2.4b, Experimental Section 2.5.7). These values 

are within range of high molecular weight polymeric micelles in clinical trials with CMC values 

between 0.1-1 µM, and significantly less than lower molecular weight surfactants with CMC 

values of 10-3 to 10-4 M.71-73 The CMC of HE12-DNA could be further reduced through covalent 

cross-linking. 

 



61 

 

 

Figure 2.4 – Drug release and self-assembly parameters of SNAs. a) In vitro release of BKM120 

loaded into HE12-SNAs studied by a dialysis method over 1 day at room temperature in 1x TAMg, 

measured in triplicate. Error bars represent the standard deviation of measurements. b) Calculation of 

the critical micelle concentrations of SNAs. Plot of log10 [HE12-DNA] against maximal fluorescence 

intensity for HE12-DNA in the presence of 100 µM Nile Red (see Experimental Section 2.5.7). The 

CMC was calculated from the intersection of the two linear fits shown on the graph. The measurements 

were performed in triplicates. 

 

We then proceeded to characterize the BKM120-loaded products. The sizes of the 

nanoparticles were studied by agarose gel electrophoresis (AGE), dynamic light scattering (DLS), 

atomic force microscopy (AFM) and transmission electron microscopy (TEM) (Figure 2.5). Data 

from AGE revealed the maintained structural integrity of BKM120-loaded particles with no 

observed side products (Figure 2.5a). DLS analysis revealed a highly monodisperse population of 

drug-loaded structures in solution with a hydrodynamic radius of 11.8 ± 0.4 nm (Figure 2.5b). 

AFM and TEM images demonstrated that BKM-120 loaded particles were well-dispersed on 

surface, with calculated dry-state diameter of 28 ± 4 nm and 21 ± 3 nm, respectively (Figure 2.5c-

d, Experimental Sections 2.5.8.3 & 2.5.8.4). The structures also appeared to retain high level of 

monodispersity, despite slightly widened features. The obtained dimensions are in agreement with 

solution measurements by DLS. The slightly widened morphology could be explained by the 

deposition of these structures on the surface and drying effects. The drug-loaded nanoparticles 

seemed to lose their spherical shape upon deposition confirmed by the lower height (8 nm) and 

slightly widened diameter as calculated by AFM. 
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Figure 2.5 - Structural characterization of BKM120-loaded HE12-SNAs. a) Agarose gel 

electrophoresis (AGE) analysis of drug-loaded nanoparticles showing intact structures with no 

observed side products. b) Dynamic light scattering (DLS) data showing a highly monodisperse 

population of drug-loaded nanoparticles in solution. c) Atomic force microscopy (AFM) image 

showing a spherical nearly monodisperse population of drug-loaded products on surface. d) 

Transmission electron microscopy (TEM) image of drug-loaded products reflecting highly 

monodisperse structures. Scale bars = 200 nm. 
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2.3.3 Stability of HE12-SNAs  
 

DNA nanostructures such as DNA origami and 3-dimensional nanoarchitectures purely 

composed of DNA, are typically assembled in buffers containing moderate concentrations of 

divalent metal cations (~5-20 mM) in order to mask the electrostatic repulsion between DNA 

strands.74-76 Deviations from this window of buffer conditions can have devastating effects on the 

structures, causing shape distortion, aggregation or total collapse of structure. This limits the use 

of DNA nanostructures for biological applications. In our case, the assembly of HE12-SNAs was 

also shown to be dependent on the presence of divalent metal cations, however, the main driving 

force of assembly is hydrophobic interactions rather than Watson-Crick base-pairing. With this in 

mind, we sought to test whether our system can withstand variations in ionic concentrations and 

preserve structural identity in physiologically relevant environments. Evaluation of the 

nanoparticle stability in different buffer conditions was carried out by DLS measurements (Figure 

2.6). We tested concentration variations of two groups of candidates; divalent metal ions (Mg2+ 

and Ca2+) in Tris buffer (Figure 2.6a-b, Experimental Figures 2.31 & 2.32) and different titrations 

of Dulbecco’s Phosphate Buffered Saline (DPBS with Mg2+ and Ca2+), a buffer used in cell culture 

(Figure 2.6c, Experimental Figure 2.33). Data from DLS showed that HE12-SNAs could withstand 

large variations in ionic concentrations. At high ionic concentrations (18.75 mM Mg2+ and 2x 

DPBS), no structural aggregation was observed. Additionally, at Mg2+ concentrations as low as 

0.25 mM (in 0.5x DPBS), the structures maintained their natural morphology with no observed 

disassembly. The structures were also compatible with a calcium-containing Tris buffer at 

concentrations similar to physiological plasma concentrations (~1.2-1.5 mM).77 Only upon total 

depletion of divalent cations did the structures disassemble into monomeric HE12-DNA units 

(Experimental Figure 2.34). The enhanced stability in different buffer conditions can be partly 

attributed to hydrophobic interactions providing an additional cohesive force to preserve structural 

morphology. 
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Figure 2.6 – Stability of HE12-SNAs in biological relevant conditions. a) DLS histograms displaying 

the hydrodynamic radius of DNA nanoparticles under variations in a) magnesium concentrations in 

Tris buffer, b) calcium in Tris buffer and c) with varying amounts of DBPS, a buffer used in cell 

culture. DLS analysis shows the maintained structural integrity of HE12-DNA particles under large 

variations of ionic conditions. Disassembly of the structure was only observed upon full ionic 

depletion. 

 

We then proceeded to test the nuclease stability of our structures in 10% fetal bovine serum 

(FBS) solution at 37°C (Figure 2.7, Experimental Section 2.5.10). This was important because 

rapid nuclease degradation is a major challenge for DNA nanostructures as they are translated to 

the in vitro culture environment.75 We measured a half-life of 2.2 hrs for HE12-SNAs, which was 

4.6-fold higher than the results obtained for ssDNA (28 mins). This demonstrated the enhanced 

stability of our system against nuclease degradation and could be due to the dense packing of DNA 

creating a steric barrier.  
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Figure 2.7 – Serum stability of HE12-SNAs in biological conditions. HE12-SNAs have a measured 

half-life of 2.2 hrs which is 4.6 times higher than that of ssDNA. Error bars represent the standard 

deviation of measurements. 

 

2.3.4 Cellular uptake of non-transfected HE12-SNAs 

 

The in vitro cellular uptake and internalization of HE12-SNAs were studied by confocal 

fluorescence microscopy. As a first step, we generated Cy3-labeled DNA nanoparticles (Figure 

2.8a, Experimental Figure 2.36). This was achieved by mixing Cy3-HE12-DNA (where Cy3 was 

attached to the HE12 polymer at the opposite end of the DNA) and unlabeled HE12-DNA conjugates 

in 25:75 molar ratios, followed by thermal annealing, 95°C – 4°C over 4 hours. (Figure 2.8a). This 

approach yielded highly monodisperse dye-labeled nanoparticles with the dye molecules likely 

embedded in the core. This was important as surface projection of a lipophilic dye molecule could 

alter the uptake profile of the nanoparticles through cell membranes. Following a 24-hour 

incubation in HeLa cells, fluorescence data indicated the high cellular uptake of Cy3-DNA 

nanoparticles and localization in the cytoplasm in the perinuclear region (Figure 2.8b). Several 

intense foci were observed indicating the high efficiency of uptake. 
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Figure 2.8 – Cellular uptake and localization of HE12-SNAs. a) Preparation of Cy3-labeled 

nanoparticles. Cy3-HE12-DNA and HE12-DNA were mixed in 25:75 molar ratios to generate nearly 

monodisperse Cy3-labeled HE12-DNA nanoparticles. b) Confocal microscopy images demonstrating 

the cellular uptake of Cy3-labeled particles in HeLa cells after a 24-hour incubation. 

 

We were then interested in studying the internalization of encapsulated cargo. Knowing 

that BKM120 has poor fluorescence properties, we decided to monitor the uptake of a fluorescent 

dye, Nile Red, encapsulated in our DNA nanostructures (Figure 2.9a, Experimental section 

2.5.12.1). The encapsulation of Nile Red further demonstrates the versatility of this delivery 

system for accommodating different guest molecules, highlighting its potential application as a 

general drug delivery platform. HeLa (adenocarcinoma) cells were incubated with Nile Red 

loaded-nanoparticles (unloaded Nile Red was purified), Nile Red alone or DNA nanoparticle 

control at 37 °C. Flow cytometry was used to quantify the amount of Nile Red uptake by HeLa 

cells (Figure 2.9b). After 12 hours of incubation and several washing steps, analysis of the flow 

cytometry data revealed significantly higher intracellular fluorescence of Nile Red when delivered 
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by HE12-DNA nanoparticles compared to low non-specific internalization of Nile Red control 

(Figure 2.9b-c, Experimental Figure 2.38). The higher uptake of Nile Red was also confirmed by 

confocal fluorescence microscopy, where the dye was mostly observed in the cytoplasm in the 

perinuclear region, confirming high uptake efficiency (Experimental section 2.5.12.3). Taken 

together, these experiments suggest that the increase in Nile Red uptake is due to its encapsulation 

and internalization by HE12-DNA nanoparticles. 

 

 

Figure 2.9 – Cellular uptake of encapsulated cargo. a) Preparation of Nile Red-loaded DNA 

nanoparticles. d) Flow cytometry measurements showing the increased uptake of Nile Red when 

delivered by HE12-SNAs. All samples were incubated for 12 hours. [Nile Red] = 375 nM in cell culture 

media. Nile Red images were acquired using exc. 516 nm and YellowG_670/30 filter. e) Quantification 

of Nile Red intensity measured by flow cytometry. All measurements were performed in triplicates, 

and the error bars represent the standard deviation of measurements. 
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2.3.5 In vitro efficacy of BKM120-loaded HE12-SNAs 

 

Based on the cellular uptake and dye internalization studies in HeLa cells, we were 

interested if the higher uptake of our nanostructures would correlate to increased therapeutic 

activity of the drug-loaded constructs. The in vitro efficacy of BKM120-loaded HE12-SNAs was 

measured against human cervical cancer (HeLa) cells. Efficacy was evaluated by comparing a 

dose-dependent administration of BKM120 in DNA nanoparticles with naked BKM120 and DNA 

particles as controls (Figure 2.10). In the tested concentration range, HE12-DNA particles loaded 

with BKM120 showed low cellular death in HeLa cells. 

 

Figure 2.10 – In vitro efficacy of BKM120-loaded SNAs in Hela cells. Dose-dependent 

administration of BKM120 or BKM120-loaded particles showed low cellular death in HeLa cells. 

 

Based on these results, we then tested the synergistic effect of loaded BKM120 in 

combination with doxorubicin (Dox). In clinical studies, BKM120 has been used in synergy with 

both anticancer drugs and irradiation for the treatment of drug/radiation resistant cancer types.62-

63 Our platform acting as a sensitizer in HeLa cells also highlights the versatility of our system as 

a general drug delivery system for anticancer drugs. For this study, HeLa cells were initially 

sensitized with three different concentrations of BKM120-loaded particles prior to incubation with 

various Dox dosages (Figure 2.11a-c). Interestingly, as illustrated in Figure 2.11, the efficacy of 
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Dox was enhanced upon co-administration with BKM120-loaded particles in a dose-dependent 

manner. The effect was most pronounced at higher Dox concentrations (Figure 2.11c). The 

reduced differences in efficacy between loaded BKM120 versus its un-encapsulated form, is in 

part due to the lipophilic nature of the drug which can diffuse passively through cell membranes 

and cause cell death. However, we anticipate that this nanocarrier platform could provide 

advantages in the delivery of BKM120 and other chemotherapeutic drugs by altering their in vivo 

delivery profile. Additionally, the capability of functionalizing HE12-SNAs with targeting ligands 

could also limit some of the drug’s manifested side-effects and provide a targeted delivery regimen 

in tumors. 
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Figure 2.11 – In vitro efficacy of BKM120-loaded SNAs in synergy with doxorubicin in Hela cells. 

Efficacy of BKM120-loaded nanoparticles when administered at concentrations a) 0.12 µM b) 1.2 µM 

c) 12 µM prior to doxorubicin treatment, measured over 24 hours. *** corresponds to p<0.0001 and 

** to p<0.001. Error bars represent the standard deviation of measurements. 

 

In vitro studies on BKM120 have shown this drug to induce cell death in B-cell Chronic 

Lymphocytic Leukemia (B-CLL) cells and promote apoptosis.63 Thus, we asked whether 

BKM120-loaded particles can promote cell apoptosis. To address this question, we investigated 

the induction of apoptosis through Annexin V/propidium iodide (PI) staining assay in primary 

patient CLL lymphocytes (Figure 2.12a). Earlier studies have shown that stromal cells induce drug 

resistance and promote cell survival through secretion of chemokines and cell-cell interaction.78 

Additionally, the bone marrow microenvironment has shown to prevent apoptosis in primary CLL 

lymphocytes by modulating the PI3K/Akt pathway.79 As expected, the stromal microenvironment 

model (BSM2 stromal cells) protected CLL lymphocytes from spontaneous apoptosis as seen with 

the untreated controls (Figure 2.12a). We found that BKM120-loaded structures promoted 

apoptosis in primary BMS2 cocultured CLL lymphocytes from 3 different patients, 24 hours after 

treatment. To further confirm these findings, we monitored the cleavage of caspase-3, a catalytic 

step in the apoptotic pathway.  In accordance with the Annexin V/PI analysis, BKM120-loaded 

particles induced caspase-3 activity in CLL lymphocytes; both in the presence and absence of 

BMS2, confirming their enhanced activity in complex patient cellular environments (Figure 2.12b, 

Experimental Figure 2.40). 



71 

 

 

Figure 2.12 – Apoptosis studies of BKM120-loaded SNAs in CLL primary patient cells. a) 

Annexin/PI staining and b) cleaved caspase-3 assay showing the potency of BKM120-loaded particles 

at inducing apoptosis in primary patient B-CLL lymphocytes in the presence of the BMS2 stromal cells 

support (cocultured CLL), analyzed by flow cytometry. 
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To evaluate the potential immunogenicity of this delivery system, we investigated the 

effect of HE12-SNAs on TNF-alpha induction (Figure 2.13). TNF-alpha is a signalling protein 

involved in systemic inflammation.80 Higher levels of this protein indicate an elicited immune 

response. We tested our system in comparison to lipopolysaccharide (LPS) and a synthetic dsRNA 

(Poly IC) which have been reported to induce the expression TNF-alpha.81-82 It has also been 

reported that the time course of TNF-alpha induction shows a rise and decline profile with peak 

elevation at 2-6 hours post exposure.83-84 As illustrated in Figure 2.13, after 5 hours of incubation 

HE12-SNAs exhibited no systemic inflammation with very low levels of TNF-alpha induction 

compared to LPS and PolyIC. As expected, the effect becomes less pronounced at the 12 and 24-

hour mark. This result supports the non-immunogenic nature of HE12-SNAs. 

 

 

Figure 2.13 – Evaluating the immunogenicity of HE12-SNAs. Time-dependent effect of HE12-SNAs 

on TNF-alpha induction in RAW264.7 mouse monocytes, measured at a) 5 hours, b) 12 hours and c) 

24 hours after treatment. 
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2.3.6 In vivo fluorescence imaging of HE12-SNAs 
 

To our knowledge, the in vivo behaviour of polymeric DNA nanoparticles has not been 

previously studied. With that in mind, we proceeded with an in vivo screening via optical imaging 

which would allow for real-time tracking and overall biodistribution profiles. For this purpose, 

highly monodisperse Cy5.5-HE12-DNA nanoparticles were prepared which contained the dye 

molecule in their core. This was achieved by mixing Cy5.5-HE12-DNA (where Cy5.5 was attached 

to the HE12 polymer at the opposite end of the DNA) and unlabeled HE12-DNA conjugates in 25:75 

molar ratios, followed by thermal annealing (95 °C – 4 °C over 4 hours) (Figure 2.14, Experimental 

Figure 2.41). 

 

Figure 2.14 – Cy5.5-DNA nanoparticles for in vivo fluorescence imaging studies. a) General 

methodology for preparing Cy5.5-labeled DNA nanoparticles. b) Atomic force microscopy (AFM) 

images of Cy5.5-labeled nanoparticles showing monodisperse structures with average diameter of 26.8 

± 2.7 nm. 
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 Nanoparticle biodistribution was evaluated by fluorescence imaging, following 

intraperitoneal injection (Figure 2.15) and intravenous administration of Cy5.5-labeled structures 

measured over 24 hours (Figure 2.16). Remarkably, Cy5.5-labeled DNA particles showed full-

body distribution with long circulation times up to 24 hours (Figures 2.15 & 2.16). Control 

experiments using Cy5.5-labeled single stranded DNA, showed loss of fluorescence, most likely 

due to DNA degradation. Similarly, the dye only Cy5.5 sample showed immediate loss of 

fluorescence, likely because of its insolubility. In contrast, the prolonged fluorescence 

biodistribution of Cy5.5-HE12-DNA nanoparticles could indicate very slow structural degradation 

in the blood stream.  

 

Figure 2.15 – In vivo fluorescence imaging of Cy5.5-labeled HE12-DNA nanoparticles. a) 

Fluorescence data overlaid on X-ray images measured over time after intraperitoneal injection. Top: 

unlabeled HE12-DNA nanoparticle. 2nd top: Cy5.5 dye molecule, 2nd bottom: Cy5.5-ssDNA, bottom: 
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Cy5.5-ssDNA, bottom: Cy5.5-HE12-DNA nanoparticle. b) Quantified fluorescence data of Cy5.5 

intensity measured as a function of time for Cy5.5-HE12-DNA nanoparticles. Particles #1 and #2 

measurements were taken for mice 1 and 2 in panel (a). 

This behavior was further observed with intravenous injection of Cy5.5-HE12-SNAs 

(Figure 2.16). Compared to Cy5.5-ssDNA which showed rapid decrease in signal after 30 minutes, 

Cy5.5-HE12-SNA exhibited a delayed decrease starting at 6 hours. These results also corroborate 

our in vitro experiments that demonstrate enhanced stability of these DNA structures under 

physiological conditions (Figures 2.6, 2.7 & 2.8), and could also indicate that the DNA portion of 

Cy5.5-HE12-SNA is more shielded as the nanostructure circulates in the body. Interestingly, at the 

6 hour mark, the rate of signal decrease in both Cy5.5-ssDNA and Cy5.5-HE12-SNAs appear to be 

similar which could indicate that at this point, the DNA portion of Cy5.5-HE12-SNAs may be 

degraded, and the remaining Cy5.5-HE12 portion behaves similarly to the remaining Cy5.5 dye in 

the Cy5.5-ssDNA sample (Figure 2.16). 
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Figure 2.16 – In vivo imaging of Cy5.5-labeled HE12-DNA nanoparticles after intravenous 

administration. a) Cy5.5 fluorescence data overlaid on X-ray images measured over time. b) 

Quantified fluorescence data of Cy5.5 intensity measured as a function of time for Cy5.5-HE12-DNA 

nanoparticles. 

 

Further 3D fluorescence imaging, which highlights organ-specific distribution, indicated 

low levels of excretion (liver and kidney) (Figure 2.17). Notably, low levels of fluorescence were 

also observed in the brain after 2 and 24 hours (Figure 2.71, Experimental Figure 2.43). The 

biodistribution within the blood stream without accumulation in non-specific organs, particularly 

in the brain where BKM120 manifests side-effects, is important to decrease adverse effects 

observed during systemic drug treatments.  
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Figure 2.17 – Organ-specific biodistribution of Cy5.5-SNAs at 24 hours. 3D full body fluorescence 

scan at 24 hrs, overlaid with body organs (liver highlighted in red). Organ-specific distribution showing 

low nanoparticle accumulation in the liver, kidneys and brain.  

 

The next question was to test whether our DNA nanostructures could reach and accumulate 

in solid tumors. To address that, the biodistribution of Cy5.5-labeled structures was evaluated in a 

cancer xenograft model. In our hands, the success of forming CLL xenografts was hampered by 

the inefficient engraftment of MEC-1 (CLL cell line) into rag2-/-γc-/-mice. Compared to CLL, 

colon cancer xenografts formed solid tumors much more efficiently in our mouse model. 

Therefore, HCT116 colon cancer xenografts were used as a model system to test the biodistribution 

of our DNA nanostructures. Previous reports have demonstrated that nanoparticles tend to 

accumulate in higher levels in tumor tissue, a phenomenon known as the enhanced permeation and 

retention (EPR) effect.77-78 In our case, we measured the accumulation of nanoparticles at the tumor 

site over time following intraperitoneal injection (Figure 2.18a). Cy5.5-labeled DNA particles 

showed a steady increase in accumulation at tumor sites for up to 24 hours (Figure 2.18b). 

High accumulation in tumors was also observed under intravenous administration. As 

expected, Cy5.5-labeled structures exhibited higher diffusion rates compared to intraperitoneal 

delivery with accumulation peaking at 6 hrs (Experimental Figure 2.44). The steady increase in 

accumulation of Cy5.5-labeled particles at the tumor site is predicted to translate into the same 

pattern of anticancer drug delivery by HE12-DNA structures, which will provide an important 

mechanism to minimize potential complications of this drug. Overall, the in vivo stability and 

biodistribution profiles of HE12-DNA nanoparticles highlight their great potential as a robust drug 

delivery system. 
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Figure 2.18 – Fluorescence imaging of Cy5.5-labeled DNA nanoparticles in HCT116 colon cancer 

xenograft. a) Cy5.5 fluorescence data overlaid on X-ray images measured over time following 

intraperitoneal injection. Control: treated with unlabeled particle, 1&2: treated with Cy5.5-DNA 

particles. b) Quantified fluorescence intensity of Cy5.5-HE12-DNA particles at the tumor site measured 

over time. Error bars represent the standard deviation of measurements. 
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2.4 Conclusion 
 

We have developed a highly monodisperse DNA nanoparticle delivery platform for small 

molecule chemotherapeutics. Our structures show effective loading and slow release of BKM120, 

a PI3K inhibitor, and have a long shelf-life. The DNA nanoparticles are made of monodisperse, 

sequence-defined polymers units, they are stable under physiological ionic concentrations, and 

exhibit increased resistance to nucleases in biological environments. Furthermore, these structures 

demonstrate efficient uptake in cancer cells, and increased internalization of cargo. In vitro studies 

show the ability of BKM120-loaded particles to induce cellular death and apoptosis, including 

synergistic effects between BKM120 and antitumor drugs, without causing non-specific 

inflammation. Further in vivo fluorescence imaging of DNA nanoparticles demonstrates full-body 

distribution and long circulation times of these structures. Furthermore, the particles are not 

observed to cross the blood-brain barrier an important feature towards limiting the side-effects of 

BKM120 or any drug molecule with CNS off-target activity. The structures also show high tumor 

accumulation in xenograft models highlighting their potential for targeted cancer therapy.  

Given our findings, HE12-DNA nanoparticles show great promise as delivery vehicles for 

chemotherapeutics. This initial work has demonstrated the ability to load drugs and protect them 

in different biological conditions, achieve in vitro activity in primary patient cell lines, and monitor 

the in vivo biodistribution of these structures in mice to understand their real-time trafficking and 

stability. Future studies on this platform will focus on adapting cross-linking strategies to enhance 

drug loading capacity, retention and structural stability in vivo. Additionally, taking advantage of 

the DNA shell, surface modifications such as targeting ligands and oligonucleotide therapeutics 

will be implemented. We envisage this system to see applications in targeted cancer therapy and 

delivery of combinational small-molecule and oligonucleotide therapeutics.  

 

 

 

2.5 Experimental Section 
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2.5.1 General information 
 

Tris(hydroxymethyl)aminomethane (Tris), ethylenediaminetetraacetate (EDTA), urea, 

40% acrylamide/bis-acrylamide (19:1), ammonium persulfate (APS), N,N,N',N'-

tetramethylethane-1,2-diamine (TEMED) and agarose were purchased from BioShop Canada Inc 

and used without further purification. Magnesium acetate and Nile Red were purchased from 

Sigma-Aldrich. Acetic acid, boric acid, ammonium hydroxide and 10x DPBS (with magnesium, 

calcium) were purchased from Fischer Scientific and used without further purification. Acetone 

ACS grade was purchased from Fischer. GelRedTM nucleic acid stain was purchased from Biotium 

Inc. GeneRuler DNA Ladder Mix and DNA Gel Loading Dye (6X) were obtained from Thermo 

Scientific. 1 µmole 1000 Å universal synthesis CPG column, standard reagents used for automated 

DNA synthesis and Sephadex G25 (super fine DNA grade) were purchased from BioAutomation. 

DMT-1,12-dodecane-diol (HE, cat.# CLP-1114) phosphoramidites was purchased from 

ChemGenes corporated. 1x TBE buffer is composed of 90 mM Tris, 90 mM boric acid and 2 mM 

EDTA with a pH ~8.3. 1x TAMg buffer is composed of 45 mM Tris, 20 mM acetic acid and 12.5 

mM Mg(oAc)2·4H2O, and its pH was adjusted to ~8.0 using glacial acetic acid. 1x DPBS (with 

magnesium and calcium) is composed of 8 mM sodium phosphate dibasic, 138 mM of sodium 

chloride, 1.47 mM of potassium phosphate monobasic, 2.6 mM potassium chloride, 0.5 mM 

magnesium chloride (anhydrous) and 0.9 mM calcium chloride (anhydrous).  

 

 

 

 

 

 

 

2.5.2 Instrumentation 
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Standard oligonucleotide synthesis was performed on solid supports using a Mermade 

MM6 synthesizer from Bioautomation. HPLC purification was carried out on an Agilent Infinity 

1260. UV absorbance DNA quantification measurements were performed with a NanoDrop Lite 

spectrophotometer from Thermo Scientific. For structure assembly, Eppendorf Mastercycler 96-

well thermocycler and Bio-Rad T100TM thermal cycler were used to anneal all DNA 

nanoparticles. Polyacrylamide gel electrophoresis (PAGE) was performed using 20x20 cm vertical 

Hoefer 600 electrophoresis units. Agarose Gel Electrophoresis (AGE) was performed on Owl Mini 

and Owl EasyCast horizontal gel systems. Gels were imaged by BioRad ChemiDoc MP system. 

Equilibrium dialysis was performed using single-use DispoEquilibrium Dialyzers (5000 Dalton 

molecular weight cut-off) from Harvard Apparatus. Fluorescence data were measured by BioTek 

Synergy H4 Hybrid Multi-Mode Microplate Reader or a Carry Fluorimeter. Multimode 8 scanning 

probe microscope and Nanoscope V controller (Bruker, Santa Barbara, CA) was used to acquire 

AFM images. DynaPro (model MS) molecular-sizing instrument was used to measure the particle 

size distributions. Liquid Chromatography Electrospray Ionization Mass Spectrometry (LC-ESI-

MS) was carried out using a Bruker MaXis Impact™. TEM micrographs were acquired on FEI 

Tecnai 120 kV 12 microscope (FEI electron optics). Fluorescence cell imaging was performed 

with a Zeiss Axio Imager. Cytotoxicity studies were performed using the CellTiter96 kit from 

Promega according to the manufacturer’s instructions. Apoptosis studies were analysed using a 

FACS Calibur flow cytometer. In vivo fluorescence measurements were performed using In Vivo 

Imaging System (IVIS). 

 

 

 

 

 

 

 

 

2.5.3 Solid-phase synthesis and purification 
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DNA synthesis was performed on a 1 μmole scale, starting from a universal 1000 Å LCAA-

CPG solid-support.85 Coupling efficiency was monitored after removal of the dimethoxytrityl 

(DMT) 5-OH protecting groups. DMT-dodecane-diol phosphoramidite (cat.# CLP-1114) was 

purchased from ChemGenes. Cyanine 3 Phosphoramidite (cat.# 10-5913-02) and Cy5.5 

phosphoramidite (cat# 10-5961-95) were purchased from Glen Research. DMT-dodecane-diol and 

Cy3 phosphoramidite were dissolved in the acetonitrile under a nitrogen atmosphere in a glove 

box (<0.04 ppm oxygen and <0.5 ppm trace moisture). For DMT-dodecane-diol (0.1M, anhydrous 

acetonitrile) and Cy3 (0.1M, anhydrous acetonitrile) amidites, extended coupling times of 10 

minutes were used respectively using 0.25M 5-(ethylthio)tetrazole in anhydrous acetonitrile. The 

Cy3 addition was performed under a nitrogen atmosphere in a glove box. Removal of the DMT 

protecting group was carried out using 3% dichloroacetic acid in dichloromethane. Completed 

syntheses were cleaved from the solid support and deprotected in 28% aqueous ammonium 

hydroxide solution for 16-18 hours at 60 °C. In the case of Cy5.5, the mixture was deprotected in 

28% aqueous ammonium hydroxide solution for 24-36 hours at room temperature. Following 

deprotection, the crude solid was re-suspended in 1 mL Millipore water and passed through a 0.22 

µm centrifugal filter prior to HPLC purification. The resulting solution was quantified by 

absorbance at 260 nm. For HPLC purification, solvents (0.22 µm filtered): 50 mM 

Triethylammonium acetate (TEAA) buffer (pH 8.0) and HPLC grade acetonitrile.  Elution 

gradient: 3-70% acetonitrile over 30 minutes at 60 oC. Column: Hamilton PRP-C18 5 µm 100 Å 

2.1 x 150 mm. For each analytical separation, approximately 0.5 OD260 of crude DNA was injected 

as a 20-100 µL solution in Millipore water. Detection was carried out using a diode-array detector, 

monitoring absorbance at 260 nm. Retention times and for the products are summarized in Table 

ST2. Alternatively, for ssDNA and DNA-polymer conjugates, gel purification could be used. The 

crude product was isolated, dried, and re-suspended in 1:1 H2O/8 M urea before loading to 18% 

polyacrylamide/urea gel. The gel was run at 250 V for 30 minutes followed by 500 V for 60 

minutes with 1x TBE as the running buffer. The gel was then imaged and excised on TLC plate 

under a UV lamp. DNA was extracted from the excised gel slabs by crushing and soaking in 11-

12 mL Milli-Q water at 60°C overnight. The solution was dried to approximately 1 mL before 

loading to Sephadex G-25 column. The purified DNA was quantified by its absorbance at 260 nm. 

2.5.4 Sequences of DNA-polymer conjugates and characterization 
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The sequences of the DNA-polymer conjugates and DNA controls are presented in Table 2.1.27  

Table 2.1 – Sequences used for DNA amphiphiles and DNA controls.  (D = DMT-dodecane-diol), 

(Cy3= Cyanine 3 phosphoramidite), (Cy5.5= Cyanine 5.5 phosphoramidite). 

Strand Sequence (5'-xx-3') 

HE12-DNA DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

Cy3-HE12-DNA Cy3DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

Cy5.5-HE12-DNA Cy5.5DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

ssDNA TTTTTCAGTTGACCATATA 

Cy5.5-ssDNA Cy5.5TTTTTCAGTTGACCATATA 

Cy3-ssDNA Cy3TTTTTCAGTTGACCATATA 

  

 

Figure 2.19 – Denaturing gel electrophoresis of the DNA-polymer conjugates. (18% denaturing 

PAGE). L: ladder, lane 1: HE12-DNA, Lane 2: Cy3-HE12-DNA, Lane 3: Cy5.5-HE12-DNA, Lane 4: 

ssDNA control. 
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Figure 2.20 – HPLC chromatograms of the crude DNA-polymer products. HPLC signals were 

measured at 260 nm, 556 nm (Cy3-specific) and 695 nm (Cy5.5-specific). Elution gradient: 3-70% 

acetonitrile over 30 minutes at 60 oC. 
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Figure 2.21 – MS characterization of DNA-polymer conjugates. 

 

 

 

 

 

 

 

 



86 

 

 

 

Figure 2.22 – MS characterization of ssDNA controls. 

 

 

Table 2.2 – LC-ESI-MS. Calculated and experimental m/z values for all DNA amphiphiles 

synthesized including the unmodified oligonucleotide controls. 

 

Molecule Calculated m/z  Found m/z  

HE12-DNA 8933.77 8934.3750 

Cy3-HE12-DNA 9442.02 9445.0886 

Cy5.5-HE12-DNA 9568.07 9571.1472 

ssDNA 5764.99 5764.9375 

Cy5.5-ssDNA 6398.28 6397.000 
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2.5.5 Evaluation of the encapsulation of BKM120 
 

BKM120 was prepared as a 10 mM working solution in ethanol. Loading of the structures 

was achieved by adding 10 μL of BKM120 to an eppendorf, followed by solvent evaporation in 

open air to achieve a thin drug film.  HE12-DNA conjugates in water were then added the drug 

film, mixed and followed by the addition of the assembly buffer (final solution: 100 μL at 10 mM 

in 1xTAMg buffer). The final solution was 100 μL with 100x excess BKM120 (1 mM). The 

mixture was vortexed heavily to allow re-suspension of the drug molecules and then annealed at 

95 °C to 10 °C over 4 hours. Following the annealing step, removal of free BKM120 was achieved 

by preparative microcentrifugation (2 cycles of 14,000 rpm for 25 minutes, 4°C) to remove excess 

drug precipitate. Following microcentrifugation, the mixture was further purified by size-exclusion 

chromatography using Illustra MicroSpin G-25 Columns (GE Healthcare) using a modified 

protocol. (The columns were washed twice before resuspension in 1x TAMg. For the elution step, 

the spinning time was also optimized to ensure higher yield of recovered DNA nanoparticles). 

2.5.5.1 BKM120 loading capacity of HE12-SNAs 

 

  Reversed phase-HPLC was used to determine the amount of BKM120 loaded in the DNA 

nanoparticles, For HPLC, 60 μL of the purified supernatant was injected into a Hamilton PRP-1 

5μm 100 Å 2.1 x 150mm column. The solvents used are 50 mM triethylammonium acetate 

(TEAA) buffer (pH 7.8) and HPLC grade acetonitrile. Typical retention times for the products are 

27.4 minutes (DNA-polymer conjugate) and 28.733 minutes (BKM120) at 260 nm detection 

channel. The products were also detected using a drug-only channel at 320 nm (BKM120 

maximum absorption peak). BKM120 loading capacity was determined by measuring the DNA 

peak areas at 260 nm and drug peak area 320 nm (see Figure 2.23). The values were compared 

with known concentration standards to obtain the number of drug molecules/DNA-conjugate 

strand. The loading capacity was also calculated based on the equation below: 

Loading content (LC) % = mass of BKM120 in nanoparticles / total mass of loaded nanoparticles 

x 100%. The percent yield was calculated from the peak area of the recovered DNA product using 

known standards and comparing it to initial starting concentration of 10 µM. 
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Figure 2.23 – BKM120 loading capacity in HE12-SNAs calculated from RP-HPLC data. 
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2.5.5.2 UV-vis spectroscopy 

 

  UV-vis measurements were used to further evaluate BKM120 encapsulation following the 

purification method. For each measurement, 100 µL of each of the purified solutions were dropped 

on a 96-well plate reader and measured through a BioTek Synergy H4 Hybrid Multi-Mode 

Microplate Reader. Data from UV-vis spectroscopy was used to confirm the calculated drug 

concentration from RP-HPLC. 

2.5.5.3 BKM120 release kinetics 

 

BKM120 release was evaluated by monitoring the decrease in concentration of the drug 

from a solution of loaded nanoparticles dialyzed against 1x TAMg buffer at room temperature over 

24 hours. Immediately following purification, the stock solution was divided into 50 µL aliquots 

which were dialyzed against 50 µL 1x TAMg buffer using single use DispoEquilibrium Dialyzers 

(5000 Dalton molecular weight cut-off) from Harvard Apparatus. The samples separated into 

different tubes and incubated at room temperature, then collected at each timepoint to be analyzed 

by RP-HPLC. Drug release was assessed by the decrease of drug concentration from the chamber 

containing the DNA nanoparticles. The amount of DNA remained constant in each measurement 

indicating no loss of structures throughout the dialysis process. One limitation of the method, 

however, is the low volume dialyzed from the buffer chamber. This could result in a plateau of 

drug release from the DNA structures as the buffer solution reaches drug saturation over time.   

 

Figure 2.24 – HPLC traces of collected dialysis fractions showing BKM120 release. The samples 

were detected at a BKM120-specific channel at 320 nm. 
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2.5.6 Shelf-life of BKM120-loaded nanoparticles 

 

  The shelf-life of BKM120-loaded DNA nanoparticles was assessed by dynamic light 

scattering (DLS). The structures were stored at 4 °C and room temperature, and the hydrodynamic 

radius was measured over a 4-week period.  

 

 

Figure 2.25 – Shelf-life of BKM120-loaded DNA nanoparticles stored at 4 °C. Dynamic light 

scattering (DLS) histograms showing the hydrodynamic radius of BKM120-loaded nanoparticles over 

time when stored at 4 °C. 
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Figure 2.26 – Shelf-life of BKM120-loaded DNA nanoparticles stored at room temperature. 

Dynamic light scattering (DLS) histograms showing the hydrodynamic radius of BKM120-loaded 

particles over time when stored at room temperature. 
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2.5.7 Determination of critical micelle concentration (CMC) 

 

  To determine the CMC of HE12-DNA polymer conjugates, fluorescence spectra of 100 µM 

Nile Red in tris-acetate-magnesium (1 x TAMg) buffer were measured in the presence of 

increasing concentrations of HE12-DNA polymer conjugates. A stock solution of Nile Red 10 mM 

in acetone was used for all experiments. 1 µL of Nile Red stock in acetone was added and briefly 

incubated at room temperature to allow solvent evaporation. Series dilutions of DNA-polymer 

conjugates (in the range of 50 nM to 10 µM) were made up to a final volume of 100 µL. The 

mixture was subjected to a heat-cool cycle (95 °C – 4 °C, over 4 hours). The samples were then 

transferred to a 96-well top-read microplate, and the plate was read using a Bioteck Synergy well-

plate fluorimeter. Excitation was at 535 nm with a slit-width of 9 nm and emission was monitored 

between 560 nm and 750 nm. The CMC of HE12-DNA conjugates was investigated using 

fluorescence emission of a hydrophobic dye, Nile Red. This molecule is nearly non-emissive in 

bulk aqueous media, but its inclusive in a nonpolar microenvironment such as the core of HE12-

SNAs results in an intense fluorescence signal.86 A CMC of 0.5 µM ± 0.2 µM was calculated for 

HE12-DNA conjugates in 12.5 mM Mg2+. We anticipate the CMC to further decrease in the 

BKM120-loaded structures upon the encapsulation of the drug due to the additional stabilizing π-

π interactions between drug molecules and van der walls interactions with the carbon chains of the 

hydrophobic core. 

 

Figure 2.27 – Fluorescence spectra of Nile Red encapsulation for determination of critical micelle 

concentration (CMC). a) Fluorescence spectra of Nile Red with varying concentration of DNA. 

100 µM Nile Red was use for the CMC experiments. 
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2.5.8 Characterization of BKM120-loaded DNA nanoparticles 

 

2.5.8.1 Gel Mobility Shift Assays 

 

  Agarose gel electrophoresis was used to characterize the BKM120-loaded HE12-SNAs. In 

each case, 2.5% AGE was carried out at 4 °C for 2.5 hours at a constant voltage of 80V. Typical 

sample loading is 15 picomoles with respect to the DNA, per lane (1.5 μL of 10 μM DNA). 

 

2.5.8.2 Dynamic Light Scattering 

 

Dynamic light scattering (DLS) experiments were carried out using a DynaPro™ 

Instrument from Wyatt Technology. A cumulants fit model was used to confirm the presence and 

determine the size the BKM120-loaded HE12-SNAs. Sterile water and 1xTAMg buffer were 

filtered using a 0.45 µm nylon syringe filter before use in DLS sample preparation. 20 µL of 

sample (concentration: 10 µM) was used in each measurement. All measurements were carried 

out in triplicate at 25 °C. 

 

 

Figure 2.28 – Additional DLS results for BKM120-loaded HE12-DNA nanoparticles. Left: 

histogram showing the size distribution of the structure; right: the intensity correlation function. The 

structures show a hydrodynamic radius RH = 11.8 ± 0.4 nm. 
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2.5.8.3 Atomic Force Microscopy 

 

Dry AFM was carried out using a MultiMode8™ SPM connected to a Nanoscope™ V controller 

(Bruker, Santa Barbara, CA). All images were obtained using ScanAsyst mode in air with 

AC160TS cantilevers (Nominal values: Tip radius – 9 nm, Resonant frequency – 300 kHz, Spring 

constant – 42 N/m) from Asylum Research. Samples were diluted to 1 µM in TAMg buffer and 4 

μL of this solution was deposited on a freshly cleaved mica surface (ca. 7 x 7 mm) and allowed to 

adsorb for 1-2 seconds. Then 50 µL of 0.22 µm filtered Millipore water was dropped on the surface 

and instantly removed with filter paper. The surface was then washed with a further 200 µL of 

water and the excess removed with a strong flow of nitrogen. Samples were dried under vacuum 

for at least 15-30 minutes prior to imaging. 

 

 

Figure 2.29 – Additional AFM images of BKM120-loaded HE12-DNA nanoparticles. Following 

purification, spherical drug-containing particles are recovered. Average size of the particles was 27.8 

± 4.3 nm, with height of 8.1 ± 0.9 nm (N = 43).  

 

 

 

 

 



95 

 

2.5.8.4 Transmission Electron Microscopy 

 

  Samples (2 μL at 5 µM w.r.t. total DNA) were deposited on carbon film coated copper 

EM grids for one minute, followed by blotting off the excess liquid with the edge of a filter 

paper, and washing three times with 20 µL of water, before drying under vacuum. The samples 

were imaged using a Tecnai 12 microscope (FEI electron optics) equipped with a Lab6 filament at 

120 kV. Images were acquired using a Gatan 792 Bioscan 1k x 1k Wide Angle Multiscan CCD 

Camera (Gatan Inc.). Contrast was adjusted automatically - note that in the presence of any high-

contrast foreign matter, the structures resulted in being almost invisible. Images were analyzed 

using ImageJ, which required manually setting threshold levels and placing limits on the size and 

circularity of features to ensure correct particle picking. The area values obtained were converted 

into radii (for comparison with DLS), making the assumption that the features are circular, which 

can be readily validated by eye. 
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Figure 2.30 – Additional TEM images of BKM120-loaded HE12-SNAs. Average diameter was 

calculated to be 21 ± 3 nm (N = 56).  
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2.5.9 Buffer stability of HE12-SNAs 
 

The stability of HE12-SNAs in buffer was evaluated by DLS measurements. Tris buffer 

containing different concentrations of magnesium or calcium was added to HE12-DNA conjugates 

and the mixture was annealed 95 °C-4 °C over 4 hours. In the case of DPBS buffer, different 

amounts of DPBS buffer were diluted from an initial 10X stock, mixed with HE12-DNA conjugates 

in water and annealed 95 °C – 4 °C over 4 hours, prior to DLS analysis. 

 

 

Figure 2.31 – DLS histograms of HE12-SNAs under different magnesium concentrations in Tris 

buffer.   
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Figure 2.32 – DLS histograms of HE12-SNAs under different calcium concentrations in Tris 

buffer.   
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Figure 2.33 – DLS histograms of HE12-SNAs under different amounts of DPBS buffer. 
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Depletion of divalent cations causes the disassembly of structures into monomeric units. The 

assembly of HE12-SNAs in a Tris buffer containing no divalent cations, and in water is 

described below.  

 

 

Figure 2.34 – The effect of cation depletion on HE12-SNAs. DLS histograms of HE12-SNAs 

assembly in TBE buffer (tris buffer containing no divalent cations), and in water. A 

hydrodynamic radius in the range of 2 nm is indicative of monomeric HE12-DNA conjugate 

units and the lack of higher order assembly. 

 

2.5.10 Nuclease resistance studies 
 

DNA nanoparticle nuclease resistance compared to single stranded DNA was measured by 

a nuclease degradation assay published by Conway et. al.87 Samples (10 µM) were incubated with 

10% Fetal Bovine Serum (FBS) for several time points at 37 °C. At each time point an aliquot was 

removed and immediately added to proteinase K (2 units), then a stop solution (Formamide 

50%/SDS 0.01%), and stored at -20°C. Samples were then resolved on 20% PAGE (TBE) 

denaturing gel (20.7 mL H2O, 1.8 mL of 1x TBE, 7.5 mL 40% acrylamide, 8 M urea). Gels were 

stained with Gel Red (Biotium, USA) and imaged by a BioRad Imager. Quantification and data 

analysis were performed using the GraphPad Prism software. The intensity of the lower mobility 

band (nondegraded structure) was quantified over time. The experiment was performed in 

triplicate. Half-lives were calculated by fitting a first order decay.  
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Figure 2.35 – Denaturing PAGE gel of the FBS degradation products.  L: ladder, lane 1: time 0, 

lane 2: 15 mins, lane 3: 30 mins, lane 4: 1 hour, lane 5: 2 hours, lane 6: 3 hours and lane 7: 24 hours.  

The intensity of the lower mobility band was quantified over time (red line across the gel). The 

experiment was performed in triplicate.  

 

2.5.11 Cellular uptake studies of DNA nanoparticles 

 

2.5.11.1 Preparation of Cy3-labeled nanoparticles 

Cy3-labeled HE12-SNAs were prepared by mixing Cy3-labeled HE12-DNA with unlabelled 

HE12-DNA strands at a 25:75 percent ratio (DNA concentration 10 µM) followed by an annealing 

cycle 95 °C – 4 °C over 4 hours. This percentage of labeled/unlabeled strands was observed to 

give the cleanest assemblies along with high fluorescence intensity for cellular uptake studies.  
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Figure 2.36 – Preparation and characterization of Cy3-labeled HE12-SNAs. a) General 

methodology for preparing Cy3-labeled DNA nanoparticles. b) Agarose Gel Electrophoresis (AGE) 

characterization of Cy3-labeled particles imaged under Cy3 channel (left) and Gel Red DNA channel 

(right). Numbers on lanes indicate the percentage of labeled strands in the final structure. At ratio 25:75 

of Cy3-HE12-DNA/unlabeled HE12-DNA strands, the structures show highest fluorescence intensity 

and morphological integrity c) Atomic force microscopy (AFM) images of Cy3-labeled particles 
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showing monodisperse structures with average diameter of 28.4 ± 3.6 nm. c) DLS histogram of Cy3-

labeled HE12-SNAs showing an in solution hydrodynamic radius of 11.8 ± 0.4 nm.  

2.5.11.2  Confocal Microscopy for Cellular Uptake of Cy3-labeled nanoparticles 

HeLa (adenocarcinoma) cells were seeded at a density of 5 x 105 in 8-well slides. After 24 

hours cells were incubated with Cy3-HE12-SNAs, HE12-SNAs, or Cy3-ssDNA (1 µM) at 37 °C for 

24 hours. Subsequently, cells were fixed with 2% paraformaldehyde/1X PBS. Cells were then 

washed with 1X PBS and mounted with Prolong Gold (Invitrogen, USA) and cured overnight at 

4°C. Images were recorded using a Leica LS Microscope (Leica, Germany) and images were 

analyzed using the LASX software (Lecia, Germany). 

2.5.12 Cellular uptake of Nile Red-loaded nanoparticles 

 

2.5.12.1 Encapsulation of Nile Red 

Nile Red was prepared as a 10 mM working solution in acetone. Loading of the structures 

was achieved by adding 20 μL of Nile Red to a glass vial, followed by solvent evaporation in open 

air to achieve a thin drug film.  HE12-DNA conjugates in water were then added the drug film, 

mixed and followed by the addition of the assembly buffer (final solution: 100 μL at 10 µM in 

1xTAMg buffer) with excess Nile Red (2 mM). The mixture was vortexed heavily to allow re-

suspension of the drug molecules and was annealed overnight (95 °C – 4 °C over 4 hours). The 

mixture was purified by preparative centrifugation (15,000 x g, 4°C, 1 hour) between 2-4 times) 

and the concentration of encapsulated Nile Red was determined by fluorescence spectroscopy. 

Fluorescence emission spectra of each sample were collected in triplicate by mixing a 25 μL 

aliquot of the purified sample with 75 μL of acetone and recording the emission spectra (Nile Red: 

exc. 535nm) of the sample in a microplate reader. A standard curve for [dye] versus maximal 

fluorescence intensity was used to calculate the [dye] present in each sample. 
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2.5.12.2  Flow cytometry experiments 

HeLa cells were seeded at a density of 5 x 105 in a 6 well plate. After 24 hours, the cells 

were incubated with HE12-SNAs + Nile Red or Nile Red alone (125 µL of sample added in a total 

media volume of 1 mL). The final concentration of Nile Red was 375 nM in both samples. After 

12 hours of incubation, cells were detached, washed and resuspended in 1x PBS, followed by 

fixing with 2% paraformaldehyde. Samples were then processed using FACS FORTESSA. All 

measurements were performed in triplicates for error analysis. 

 

Figure 2.37 – Quantification of encapsulated Nile Red in HE12-SNAs and Nile Red control by 

fluorescence spectroscopy measurements prior to flow cytometry studies. Following purification 

of un-encapsulated Nile Red, the initial concentration of dye was prepared at [Nile Red] = 3 µM in 

both HE12-SNA and Nile Red control, to yield a final dye concentration of 375 nM in cell media. 
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Figure 2.38 – Flow cytometry measurements showing the increased uptake of Nile Red when 

delivered by HE12-SNAs. Final [Nile Red] = 375 nM in cell culture media. Nile Red images were 

acquired at exc. wavelength 535 nm, emission 670 nm. These images were used for quantification of 

Nile Red uptake. The studies were performed in triplicates. 

 

2.5.12.3 Fluorescence Microscopy for Nile Red Encapsulation 

 

HeLa (adenocarcinoma) cells were seeded at a density of 5 x 105 in 8-well slides. After 24 

hours, cells were incubated with HE12-SNAs, HE12-SNAs + Nile Red, or Nile Red alone (50 µL 

of sample added in a total media volume of 250 µL, final dye concentration = 400 nM) at 37 °C 

for 2 hours. Subsequently, cells were fixed with 2% paraformaldehyde/1X PBS. Cells were then 

washed with 1X PBS and mounted with Prolong Gold (Invitrogen, USA) and cured overnight at 4 

°C. Images were recorded using a Zeiss AxioImager and images were analyzed using the Zen 

software (Zeiss, USA). 
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Figure 2.39 – Fluorescence data showing Nile Red internalization in HeLa cells. a) Quantification 

of encapsulated Nile Red in HE12-SNAs and Nile Red control by fluorescence spectroscopy 

measurements prior to confocal microscopy studies. Following purification of excess un-encapsulated 

Nile Red, the initial concentration of dye was prepared at [Nile Red] = 2 µM in both HE12-SNA and 

Nile Red control, to yield a final dye concentration of 400 nM in cell media. b) Confocal fluorescence 

microscopy images demonstrating the cellular uptake of Nile Red when in HeLa cells. All samples 

were incubated for 12 hours with Nile Red or HE12-SNA + Nile Red. Nile Red images were acquired 

using Ar Ion laser 514 nm and Hoescht 3342 was used as a nuclear stain. 
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2.5.13 In vitro cell studies 

 

2.5.13.1 MTS assay for BKM120 and dox-BKM120 cell viability 

 

Cell viability of HeLa cells after BKM120 treatments or in combination with doxorubicin, 

was measured using the Cell-Titer Blue assay (Promega, USA). Briefly, cells were seeded in 96-

well plates at a density of 1x105. After 24 hours, BKM120 was added (final concentrations: 0.06, 

0.12, 0.3, 1.52, 7.6 µM) for single treatments. When BKM120 was added in combination with 

doxorubicin, BKM120 was varied between 0.12, 1.2, and 12 µM, while doxorubicin was 

maintained at 0.1, 1, and 10 µM for each of those experiments. Subsequently after 24 hours, plates 

were analyzed at using a Bio Plater Reader using 560 nm Ex/590 nm emission. Data was plotted 

and analyzed using the GraphPad Prism Software. 

 

2.5.13.2  Apoptosis studies in primary CLL patient cells 

 

Primary B-CLL lymphocytes were maintained in RPMI complemented with 10% fetal 

bovine serum (FBS). BMS2 stromal cell lines were maintained in Dulbecco’s modified eagle 

medium (DMEM) supplemented with 10% FBS. BMS2 cells were plated at 70x104 cells/ml in 24-

well plates before being cocultured with primary B-CLL lymphocytes and incubated at 37 ºC, 5% 

CO2. For apoptosis assays, 3x106 B-CLL lymphocytes were plated in the presence or absence of 

stromal cell (BMS2) and incubated for 1 hour at 37 ºC, 5% CO2. Cells were then treated with 

vehicle, nanoparticle, BKM120, and BKM120-loaded nanoparticles for 24 and 48 hours. 

 

2.5.13.3 AnnexinV /propidium iodide analysis 

 

Cells were harvested, washed with PBS then incubated with 1 µL Annexin V APC 

conjugated plus 0.5 µg/ml propidium iodide in 100 µL binding buffer for 15 min at room 

temperature. Cells were then analyzed with a FACSCalibur flow cytometer. 
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2.5.13.4 Cleaved caspase-3 analysis 

 

Cells were harvested, washed with PBS then fixed for 10 min with 1% paraformaldehyde. 

After washing, cells were permeabilized and non-specific sites blocked in PBS containing 3% FBS 

and 0.01% triton X100. Cells were then incubated for 1 hour with an anti-caspase-3 FITC 

conjugated antibody then analyzed with a FACSCalibur flow cytometer. 

 

Figure 2.40 – Flow cytometry data showing the level of cleaved-caspase 3 in unstimulated 

primary CLL lymphocytes.  
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2.5.13.5 Immunostimulation TNF-α ELISA Assays 

 

Immunostimulation assays were performed using RAW264.7 cells (ATCC), mouse 

monocytes. Briefly, cells were seeded in a 96-well plate at a density of 1x105. Subsequently, after 

24 hours, HE12-SNAs (2 µM), ssDNA (2µM), LPS 500 ng/mL (lipopolysaccharide), poly IC 10 

ug/mL+Transfection, were added to the cells and incubated for 5, 24, and 48 hours. At each time-

point, supernatants were collected and frozen at -20°C. When all samples were collected, a TNF-

α ELISA assay was performed according to the manufacturer’s instructions (eBioscience) using 

the Instant ELISA TNF-α kit. Results were measured using a Bio plate reader at a wavelength of 

630 nm and data was analyzed using the Graphpad Prism Software. 

 

2.5.14 In vivo studies of HE12-SNAs 

 

2.5.14.1 Preparation of Cy5.5-labeled nanoparticles 

 

Cy5.5 phosphoramidite was appended from the 5’ of the HE12-DNA through attachment to 

one end of the polymer chain (opposite to the DNA) to yield Cy5.5-HE12-DNA conjugates. Cy5.5-

labeled DNA nanoparticles were prepared by mixing Cy5.5-labeled HE12-DNA with unlabeled 

HE12-DNA conjugates in a 25:75 molar ratio (total DNA concentration 17 µM, total Cy5.5-DNA 

concentration 4.25 µM, total volume 100 µL). This ratio of Cy5.5 labeled/unlabeled strands 

resulted in high fluorescence intensity of the dye molecules and clean assemblies. For in vivo 

studies, additional UV-Vis measurements were conducted to ensure similar dye absorbance of the 

Cy5.5-labeled nanoparticles to Cy5.5-ssDNA. 
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Figure 2.41 – Characterization of Cy5.5-labeled HE12-SNAs for in vivo imaging studies. a) General 

methodology for preparing Cy5.5-labeled DNA nanoparticles. b) Agarose gel electrophoresis (AGE) 

characterization of Cy5.5-labeled particles imaged under Cy5.5 channel. Numbers on lanes indicate 

the percentage of labeled strands in the final structure. At ratio 25:75 of Cy5.5-HE12-DNA/unlabeled 

HE12-DNA strands, the structures show highest fluorescence intensity and morphological integrity. c) 
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Atomic force microscopy (AFM) images of Cy5.5-labeled nanoparticles showing monodisperse 

structures with average diameter of 26.8 ± 2.7 nm. c) DLS histogram of Cy5.5-labeled HE12-SNAs 

showing an in-solution hydrodynamic radius of 11.8 ± 0.4 nm. 

 

 

Figure 2.42 – UV-vis spectroscopy of Cy5.5-labeled nanoparticles and Cy5.5-ssDNA used for in 

vivo studies. 

 

2.5.14.2 In vivo fluorescence imaging in CD1 mice 

 

  Experiments for in vivo imaging were performed according to a protocol approved by 

McGill University Animal Care Committee and Lady David Institute for Medical Research 

Animal Facility (approval # 2013-7350). 12 CD-1 mice were used to determine the biodistribution 

of Cy5.5-labeled HE12-SNAs by using the IVIS system. Mice were divided in 4 groups: control (4 

mice), unlabeled HE12-SNAs (2 mice), Cy5.5 (2 mice), Cy5.5-ssDNA (2 mice) and Cy5.5-labeled 

HE12-SNAs (2 mice). The biodistribution was evaluated after intraperitoneal or intravenous route 

of administration. HE12-DNA nanoparticles (100 µL at 17 µM total DNA) were injected in a single 

dose. The mice were then anesthetized with isoflurane, and then the fluorescence measured using 

the In Vivo Imaging System (IVIS), 15 mins, 30 mins, 1 hours, 2 hours, 4 hours, 6 hours and 24 
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hours after treatment. Survival time: 30 hours. Euthanasia: after 30 hours, the mice were 

euthanized with isoflurane followed by cervical dislocation.  

 

Figure 2.43 – Organ-specific fluorescence of Cy5.5-SNAs after 2 hours. 3D full body fluorescence 

scan at 2 hrs, overlaid with body organs (liver highlighted in red). Organ-specific distribution showing 

low nanoparticle accumulation in the liver, kidneys and brain.  
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2.5.14.3 In vivo fluorescence imaging in HCT116 xenograft models 

 

Intraperitoneal injection 

Six female nude mice received subcutaneous injections in the left flank with 3x106 

HCT116 cells in 0.2 mL of saline through a 27-gauge needle. Three weeks later, when the tumor 

reached a mean tumor volume of 140 mm3, the 5 mice bearing subcutaneous tumors were divided 

into control (2 mice) or test groups (3 mice). Mice from the test group received intraperitoneal 

injection of Cy5.5-conjugated DNA nanoparticles in a single dose (100 µL at 17µM total DNA). 

To assess the biodistribution, mice were anesthetized with isoflurane then fluorescence was 

measured 0 minutes, 15 minutes, 30 minutes, 1 hour, 2 hours, 4 hours, 6 hours, and 24 hours after 

injection of Cy5.5-conjugated DNA nanoparticles using the In Vivo Imaging System (IVIS). 

Intravenous injection 

 Six female nude mice received subcutaneous injections in the left flank with 3x106 HCT116 

cells in 0.2 mL of saline through a 27-gauge needle. Three weeks later, when the tumor reached a 

mean tumor volume of 140 mm3, the 6 mice bearing subcutaneous tumors were divided into control 

(2 mice) or test groups (3 mice). Mice from the test group received intravenous injection of Cy5.5-

conjugated DNA nanoparticles in a single dose (300 µL at 17µM total DNA). To assess the 

biodistribution, mice were anesthetized with isoflurane then fluorescence was measured 0 minutes, 

15 minutes, 30 minutes, 1 hour, 2 hours, 4 hours, 6 hours, and 24 hours after injection of Cy5.5-

conjugated DNA nanoparticles using the In Vivo Imaging System (IVIS). 
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Figure 2.44 – In vivo imaging of Cy5.5-labeled HE12-SNAs in HCT116 xenografts following 

intravenous injection.  
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Preface 

 Building on the findings from Chapter 2, Chapter 3 evaluates strategies to tackle limitations 

of amphiphilic nanocarriers in drug delivery. Optimization studies of our first-generation DNA-

nanoparticle delivery system begin with the introduction of targeting aptamer ligands that show 

enhanced structural uptake in specific cancer cell types. Then, a stimuli-responsive system is presented 

that shows selective release of cargo upon binding to a genetic marker. The cellular uptake of DNA 

nanoparticles and intracellular structural integrity are evaluated in normal human skin cells. Detailed 

studies are conducted on the interaction of DNA-nanoparticles with serum proteins. Finally, strategies 

to increase nanoparticle stability are examined. These include modifying the DNA for enhanced 

nuclease stability, decorating particles with shielding polymers that selectively shed in tumor 

microenvironments, and cross-linking of particles for enhanced stability. The strategies are expected 

to provide a fundamental understanding of the challenges facing nanoparticle-based systems in drug 

delivery and pave the way for a highly customized system for increased selectivity, stability and 

therapeutic effect. 

 

 

 

Lab Coat Rationale… 
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3 
 

Optimization of DNA Nanostructures for Targeted Drug 

Delivery Applications 

 

A small portion of this chapter is published as “Precision spherical nucleic acids for delivery of 

anticancer drugs” by Danny Bousmail, Lilian Amrein, Johans J. Fakhoury, Hassan H. Fakih, John C. 

C. Hsu, Lawrence Panasci and Hanadi F. Sleiman. Chemical Science, 2017, 8, 6218.  

 

Contribution of authors 

Danny Bousmail helped design the project and primarily contributed to the production of 

experimental data for targeted delivery studies, stimuli-responsive nanoparticles, uptake in skin 

cells, nanoparticle interaction with serum proteins and cross-linking studies. Hassan Fakih carried 

out flow cytometry experiments. Johans Fakhoury and Katherine Bujold carried out confocal 

microscopy in skin cells. Alexander Prinzen synthesized the PEG-azide and PEG-acetal-azide 

derivatives and helped with the synthesis of disulfide-modified DNA-polymer conjugates. Hanadi 

F. Sleiman designed the project, guided interpretation of data and discussion of results. 

Studies on NHEK skin cells were performed in consultation with L’Oreal USA. 

 

3.1 Abstract 
 

Nanoparticles are faced with many challenges as they are translated into clinical 

applications. These challenges include non-specific delivery to healthy tissue, off-target release of 

therapeutics, instability due to high dilution, interaction with serum proteins and nuclease 

degradation. In this chapter, we describe different strategies that address the above limitations 

using the DNA nanoparticle platform described in Chapter 2. Using different approaches, we 

demonstrate the targeted cellular uptake, selective-cargo release upon stimuli, increased blood 

serum and nuclease stability of DNA nanostructures. We further show the increased uptake and 

evaluate the intracellular fate of structures in normal skin cells. These various approaches can be 

implemented within a single DNA nanostructure creating a highly functional “smart” nanodevice 

for potential applications in biomedicine.  
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3.2  Introduction 
 

Targeted delivery of therapeutic agents to specific organs or tissue is a challenging task. 

This is especially true for small molecule drugs which cannot distinguish between normal and 

diseased states, causing undesirable side effects.1 To address this problem, one strategy is to use 

polymeric nanoparticles equipped with targeting ligands for specific cancer cell types.2 Among 

polymeric carriers, spherical amphiphilic DNA nanoparticles have emerged as a particularly 

interesting class due to the unique properties of DNA.3 These structures are made up of a 

hydrophobic core composed of polymeric material, and a hydrophilic corona composed of DNA. 

The hydrophilic DNA shell provides many advantages: it can be used for attaching a number of 

different targeting ligands for increased accumulation of nanostructures in cancer specific cell-

types.4 Additionally, the molecular recognition properties of DNA can be exploited to generate 

stimuli-responsive nanoparticles.5-7 This system is desirable as it allows conditional release of 

cargo upon recognition of a specific genetic marker, allowing cytoplasmic target-specific delivery 

of therapeutics. Systems combining targeted and stimuli-responsive delivery could offer “smart” 

materials with specificity for both cellular and intracellular markers. For structures designed to 

exhibit intracellular activity, several mechanistic studies on nanostructures in intracellular 

environments have appeared.8 However, no universal consensus has been reached thus far. For 

example, polymeric nanoparticles have been observed to enter multiple intracellular 

compartments, such as the cytosol, Golgi apparatus and endoplasmic reticulum.9 Lipid 

nanoparticles containing siRNA have been shown to get trapped and recycled by the endocytic 

pathway.10 Chitosan nanoparticles end up in the lysosome,11 while peptide-gold nanoparticles get 

trapped inside endosomes.12 Hence, it would be of great value to understand the intracellular 

behaviour of nanostructures, which would provide a better understanding of structure-activity 

relationships and largely aid in system design.      

 

Over the past two decades, a number of receptor-targeting small molecules have been 

reported.13 More recently, a new class of oligonucleotide targeting ligands has emerged, known as 

aptamers.14 These are single-stranded oligonucleotides (DNA or RNA) that fold into 3D motifs 

and bind targets with high affinity and excellent selectivity.15 Compared to antibodies, aptamers 

possess a few important advantages, such as lack of immunogenicity, small size and ease of 
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synthesis and modification.16-17 Additionally, it has been shown that multi-valency, or the 

presentation of multiple aptamers on nanostructure surfaces, results in greatly improved binding 

affinity of the aptamers.18 However, this requires smart design as steric hindrance between 

neighbouring aptamers can affect receptor binding.19 These properties have afforded aptamers 

many applications in delivery chemotherapeutic nanoparticles and  nucleic acid therapeutics in 

vivo.20-21 Most recently, a DNA-based HER2-specific aptamer (HB5) has been shown to 

selectively bind to HER2 protein and HER2-positive cancer cells.22-23 HB5 was also shown to 

selectively deliver doxorubicin to HER2-positive cancer cells in vitro.24 Therefore, the integration 

of multi-valent HB5 aptamers with DNA nanoparticles would provide a promising strategy for 

nanocarrier-based targeted delivery to HER2-positive cancer cells. 

 

Micellar DNA nanoparticles with targeting ligands show promise in biomedicine.4 

However, there are more and more reports indicating that micelles are less stable when in contact 

with biological media.25 This is mainly due to disintegration upon dilution, the interaction of 

particles with serum proteins and their susceptibility to nuclease degradation in serum.26-28 To 

overcome the burden of nuclease degradation, strategies have been proposed which include 

modifications to the ribose sugars, phosphate backbone or coating structures with amino acid-poly 

(ethylene glycol) (PEG) oligomers.29-31  Additionally, the use of molecules such as PEG that aid 

prolonged circulation could provide a second layer of protection against serum proteins and 

nucleases, further improving structural stability.32 To overcome the premature disintegration of 

micellar structures, a simple and straightforward strategy is to stabilize them via crosslinking, 

thereby assuring prolonged circulation times and efficient target site accumulation.33-34 

 

In this chapter, we demonstrate different strategies for optimizing micellar DNA 

nanoparticles for drug delivery applications. We show the successful decoration of HB5 aptamers 

on DNA nanoparticles, and the increased cellular uptake of HER2-functionalized particles in cells 

overexpressing target receptors. We further show an example of stimuli-responsive DNA 

nanoparticles that release an oligonucleotide-small molecule cargo upon recognition of miR134 

trigger, a microRNA involved in cellular differentiation. The cellular uptake of DNA particles in 

different cell lines and their intracellular structural integrity are explored in relevance to normal 

human epidermal keratinocytes (NHEK). Strategies to increase the stability of DNA nanoparticles 
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are then explored. First, we show that phosphorothioated DNA nanoparticles exhibit significantly 

increased serum stability compared to unmodified DNA nanoparticles. Secondly, we show that the 

dense oligonucleotide corona protects DNA nanoparticles from interacting with human serum 

albumin (HSA), a major component of blood serum. We further show the successful attachment 

of PEG moieties to DNA nanoparticles through cleavable linkers towards increasing the 

circulation-lifetime of the structures and tumor-selective release of coating. Finally, we report 

cross-linking approaches to enhance nanoparticle stability. These studies demonstrate different 

strategies that are now made compatible with DNA nanoparticle assemblies towards optimizing 

several important parameters for drug delivery systems. Moreover, this work provides a 

comprehensive understanding of the challenges faced by nanostructures in biomedicine, 

fundamental to the design of any nanoparticle-based drug delivery platform.  Compared to other 

systems which are less customizable due to exhaustive synthesis, purification or incompatibility 

of different modifications, the work in this chapter highlights the added advantages of multiple 

modifications in a single particle towards a tailored drug delivery system exhibiting higher 

stability, selectivity and therapeutic effect. 

 

3.3  Results and Discussion 
 

3.3.1 Targeted delivery to HER2-positive breast cancer 

 

3.3.1.1 Design, synthesis and activity of aptamer-DNA nanoparticles 

 

Two different design strategies of aptamer-DNA nanoparticles were proposed. The 

aptamer of choice is a HER2-specific DNA aptamer known as HeA2_3 as reported by Gijs and 

co-workers (Figure 3.1a).23 This aptamer is a short optimized version of HB5 that has shown 

nanomolar range binding affinity to HER2 receptors, and high specificity and internalization in 

HER2-positive cells. In our first design, the aptamer was synthesized as part of the DNA-polymer 

conjugate. As such, solid-phase DNA synthesis was used to generated short HB5 aptamer-polymer 

conjugates (sHB5-HE12 conjugates) where the aptamer portion was separated by a 4 thymidine (T) 

base spacer from 12 hexaethylene units constituting the polymer segment (Figure 3.1b). This 

spacer would provide some degree of flexibility to allow more efficient self-annealing of the 
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aptamer into its desired 3D structure. Aptamer-nanoparticles were prepared by mixing different 

ratios of sHB5-HE12 conjugates with 19-mer ssDNA-HE12 conjugates followed by addition of 

assembly buffer and thermal annealing (95 °C – 4 °C over 4 hours). This method yields highly 

monodisperse spherical particles decorated with DNA aptamers on the exterior (Figure 3.1c). 

ssDNA-HE12 was used in the mix to test whether the crowding of aptamers would hinder its ability 

for proper folding. Increasing the ratio of ssDNA-HE12 would decrease the crowding of DNA 

aptamers in the structure and could reduce inter-strand cross-talk. Two structures were generated: 

one containing a high-aptamer density (75% of the overall structures), and another with lower 

aptamer density of 25% aptamer-HE12-conjugate. 

 

Figure 3.1 – Design and synthesis of aptamer-nanoparticles. a) Structure of HeA2_3 aptamer. b) 

Structure and schematic representation of the sHB5 aptamer-polymer conjugate. The DNA aptamer 

was synthesis first by solid-phase synthesis, then 4 thymine (T) nucleotides were added, followed by 



125 

 

the addition of 12 HE units as the polymer segment. c) Schematic representation of the formation of 

aptamer nanoparticles with different ratios of aptamer from mixtures of aptamer-HE12 and ssDNA-

HE12 conjugates.  

 

Spherical DNA nanoparticles were generated by the self-assembly of aptamer-DNA 

conjugates in aqueous media. These structures were characterized by agarose gel electrophoresis 

(AGE) and atomic force microscopy (AFM) (Figure 3.2). Aptamer-nanoparticles were observed 

by AGE as a tight band with lower mobility as compared to ssDNA-nanoparticles (Figure 3.2a). 

This indicates the presence of uniform larger structures as compared to spherical ssDNA 

nanoparticles. Increasing the ratio of aptamer in the mixture from 25% to 75% and 100% resulted 

in a gel mobility shift, indicating that the overall structure got larger as the ratio of aptamer-

containing strands was increased. This result was expected, considering the aptamer folds into a 

3D structure that increases the overall size of the nanostructure, compared to bare 19-mer ssDNA. 

DNA-aptamer structures were further characterized by AFM. As an example, AFM of aptamer 

nanoparticles containing a ratio of 75% aptamer to 25% ssDNA are illustrated in Figure 3.2b. 

Spherical structures were observed on surface with a diameter of 50 nm and height of 8 nm. 
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Figure 3.2 – Characterization of aptamer-micelles. a) Agarose gel electrophoresis showing a 

mobility shift as a result of a higher aptamer ratio in the structure. Lane 1: 100% ssDNA nanoparticle, 

lane 2: 25% aptamer, 75% ssDNA nanoparticle, lane 3: 75% aptamer, 25% ssDNA nanoparticle, lane 

4: 100% aptamer-nanoparticle. b) Representative atomic force microscopy image of aptamer 

nanoparticles assembled at a ratio of 75% aptamer, 25% ssDNA. The ill-defined structures of lower 

height are salt deposits from the assembly buffer that could be removed with an additional wash step 

with de-ionized water. 

 

Following characterization, the cellular uptake of sHB5-nanoparticles was investigated. 

Flow cytometry was used to compare nanoparticle uptake in a HER2-positive cell line, MB453, 

and the HER2-negative cervical carcinoma cell line (HeLa). As a first step, Cy5.5-labeled aptamer 

nanoparticles were generated by a method earlier reported in Chapter 2. sHB5-HE12 strands were 

mixed with ssDNA-HE12-Cy5.5 conjugates followed by thermal annealing (for example a 75% 

aptamer nanoparticle contains 75% sHB5-HE12 and 25% ssDNA-HE12-Cy5.5) (Figure 3.3a). This 

generates spherical nanoparticles with the dye molecules most likely embedded in the hydrophobic 

core. After a 2-hour incubation, flow cytometry data indicated that while there was high uptake of 
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both aptamer and ssDNA particles, no enhancement in cellular uptake was observed with sHB5 

nanoparticles (Figure 3.3b). Both in the HER2-positive and negative cell lines, similar levels of 

uptake were observed of structures containing no aptamer, low and high aptamer density.  

 

Figure 3.3 – Flow Cytometry measurements of sHB5-nanoparticles in MB453 and HeLa cells. 

Higher uptake was observed for all nanoparticles, compared to the control, however, aptamer 

nanoparticles showed no increased uptake in HER2-positive cells compared to DNA structures lacking 

the aptamer. 

In earlier studies, we showed that ssDNA-nanoparticles show high cellular uptake and 

internalization. Based on the results of the HER2-positive cell lines, we questioned whether the 

crowding of DNA aptamers influenced their proper folding. Additionally, we asked whether the 

neighbouring ssDNA could have a masking effect impeding aptamer-receptor recognition. To 

tackle these questions, a second strategy was proposed wherein sHB5 aptamers were connected to 

a complementary strand to the ssDNA-nanoparticle (Figure 3.4). In this approach, the aptamer 

moiety would be projected from the nanoparticle surface. Additionally, a 4-thymine (4 T) spacer 
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was added between the aptamer unit and its extension strand to provide flexibility. In this approach, 

ssDNA-nanoparticles were first assembled through a thermal annealing cycle (95 °C – 4 °C). 

Subsequently, aptamers containing complementary extension strands were added at room 

temperature and incubated for 2 hours to allow binding. Alternatively, structures could be 

assembled by a one-pot thermal anneal, where ssDNA-HE12 conjugates and aptamer strands are 

mixed prior to a heat/cool cycle. To differentiate these assemblies from the 1st generation particles, 

these structures will be referred to as “sHB5-particle RT” for room temperature binding and 

“sHB5-particle 1-pot” for one pot assembly. 

  

Figure 3.4 – Design of second generation aptamer micelles. In this design, the aptamer is projected 

from the structure through DNA hybridization.  

 

The next step of this work was to generate dye-labeled aptamer-structures for cellular 

uptake studies. Cy3-labeled aptamer nanoparticles were generated in a similar protocol as reported 

earlier. These structures were assembled by mixing 25% ssDNA-HE12-Cy3 with 75% ssDNA-

HE12 conjugates followed by thermal annealing. To these, 50% aptamer-complementary DNA was 

added at room temperature (Figure 3.5). For one-pot assembly, the same ratios of strands were 

mixed then subjected to a heat/cool cycle (95 °C – 4 °C).  
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Figure 3.5 – Preparation of sHB5-Cy3-labeled DNA nanoparticles. Spherical Cy3-labeled DNA 

nanoparticles were prepared as a first step. Then, aptamer strands complementary to the nanoparticle 

ssDNA were added at a 50% molar ratio relative to the nanoparticle DNA and incubated at room 

temperature. 

Cy3-labeled aptamer structures were then characterized by DLS and AFM (Figure 3.6). 

Here as an example, we show results on structures formed by room temperature incubation of 

sHB5 aptamer (Figure 3.5). DLS showed the presence of a population of aptamer-functionalized 

nanoparticles with an average diameter of 34 nm and a narrow size distribution in solution (Figure 

3.6a). AFM analysis showed nearly monodisperse spherical structures with an average diameter 

of 56 nm and height of 9 nm (Figure 3.6b). As expected, these structures were found to be larger 

than particles composed of aptamer-HE12 conjugates (where the aptamer is part of the strand, 

average diameter: 50 nm).  
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Figure 3.6 – Characterization of sHB5-Cy3-DNA nanoparticles. a) Dynamic light scattering 

histogram showing the hydrodynamic radius of sHB5-particles in solution. The structures show a 

narrow size distribution and hydrodynamic diameter of 34 nm. b) Atomic force microscopy image 

showing the presence of nearly monodisperse spherical particles on surface.  

 

The next step was to investigate the cellular uptake profile of the aptamer-functionalized 

structures. Flow cytometry was used to quantify the amount of structural uptake in cells. SKBR3 

was used as a model HER2-positive cell line and HeLa as a HER2-negative one. Interestingly, 

after 2 hours of incubation and several washing steps, flow cytometry data revealed higher uptake 

of 50% aptamer-nanoparticles in HER2-positive cell lines (2-fold increase) compared to structures 

lacking an aptamer (Figure 3.7). In the negative cell line, all structures showed similar uptake 

which indicated that the higher uptake of structures in HER2-positive is likely due to aptamer-

mediated internalization. Notably, aptamer-structures prepared using both methods (room 

temperature incubation and one-pot assembly), showed a similar high uptake profile in SKBR3 

cell lines, indicating successful aptamer binding, folding and action in both cases. 

 

 

Figure 3.7 – Cellular uptake of second generation sHB5 aptamer nanoparticles in SKBR (HER2-

positive) and HeLa (HER2-negative) cell lines. Flow cytometry data showing higher uptake of 

structures containing sHB5 aptamer in HER2-positive cells.  
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Based on these findings, we were then interested whether different uptake profiles would 

be observed in cell lines with different expression levels of HER2-receptors. Toward that end, 

breast cancer cell lines, SKBR3 and MB453, and cervical carcinoma HeLa cells were used. The 

expression levels of HER2 and other cancer markers have been characterized in breast cancer cell 

lines using immunohistochemistry and other methods.35-36 It has been reported that both SKBR3 

and MB453 cell lines are HER2-positive, however SKBR3 exhibits higher expression levels of 

HER2 compared to MB453.37-38 Additionally, in our hands, the relative average diameters of the 

cells lines were 15 µm for HeLa, 15.8 µm for MB453 and 12 µm for SKBR3 cell lines. Based on 

this data, flow cytometry experiments were preformed with Cy3-labeled sHB5 aptamers in the 3 

different cell lines. Interestingly, Cy3-sHB5-aptamers showed higher uptake in both SKBR3 and 

MB453 compared to HeLa cells (Figure 3.8). Even more remarkable, the aptamers showed higher 

uptake in SKBR3 cells compared to MB453, indicating a strong correlation between the expression 

levels of HER2-receptors and aptamer-mediated cellular internalization.  

 

Figure 3.8 – Cellular uptake of Cy3-sHB5-aptamers in cell lines expressing different levels of 

HER2 receptors. Flow cytometry data of Cy3-labeled sHB5-aptamers showing higher uptake in 

SKBR3 and MB453 compared to HeLa cells. SKBR3 cells expressing the highest levels of HER2-

receptors relative to other cell lines show the highest uptake of sHB5-aptamers.  
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In summary, we have developed a micellar aptamer-DNA nanoparticle for efficient 

delivery targeting specific cancer cell lines. These structures show potential for selective delivery 

of cargo into cells without the use of toxic transfection agents. The ease of synthesis and versatility 

of our system affords the ability to create hybrid nanostructures displaying both aptamer ligands 

and oligonucleotides therapeutics on their exterior, and hydrophobic drugs in their core allowing 

targeted dual therapy. These properties endow this nanoparticle system the potential to function as 

an efficient targeting drug delivery vehicle in biological systems. Future work will focus on 

evaluating the effect of targeting ligand density and sterics on cellular uptake. The uptake will also 

be measured in live cells and the ability to induce a targeted therapeutic activity will be evaluated. 

Eventually, studies to assess the targeting capability of aptamer-nanoparticles in vivo will be 

underway. 

 

3.3.2 Stimuli-responsive DNA nanoparticles for drug delivery 

 

3.3.2.1 Design of stimuli-responsive particles 

 

Stimuli-responsive nanoparticles undergoing selective signal-transduced unloading of 

cargo attract great interest as “smart” materials for controlled drug delivery and sensing 

applications.39 DNA is particularly interesting as a stimuli-responsive material due to its unique 

molecular-recognition properties.40 These properties can be utilized in the context of drug delivery, 

wherein the selective release of cargo would only occur after intracellular recognition of a genetic 

marker. With this in mind, we sought to design a stimuli-responsive DNA nanoparticle, capable 

of releasing a nucleic acid cargo upon binding to a target microRNA. The target microRNA of 

choice was microRNA134 (mir134), an important marker involved in cellular differentiation.41 It 

has also been shown to act as an age-related marker, where it is upregulated in adult 

keratinocytes.42 The motivation is to target aged keratinocytes in adults, where mir134 is 

upregulated. When mir134 is present, binding causes the release of a small molecule anti-aging 

active in matured skin cells as a cosmetic regimen. Toward this end, solid-phase synthesis was 

used to generate two different DNA-polymer strands making up the nanostructure. One strand 

consists of a ssDNA portion fully complementary to mir134, followed by Cy3 dye, and 12 HE 
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units (antiMIR134-Cy3-HE12) (Figure 3.9). The other strand is a 19-mer ssDNA-HE12 conjugate 

that would not bind mir134.  

The antiMIR134-Cy3-HE12 strand is designed with partial complementarity (14 bp 

homology) to the cargo strand which bears a Cy5 dye. An important feature of the design of the 

antiMIR-Cy3-HE12 strand necessitates flanking the Cy3 dye at the DNA-polymer interface (Figure 

3.9). This ensures that upon binding with the Cy5-cargo strand, Cy3 and Cy5 dyes are positioned 

in close proximity causing an increase in Forster resonance energy transfer (FRET) signal – which 

was used as our reporter technique. The partial complementarity between the cargo strand and 

antiMIR-Cy3-HE12 results in an 8-nucleotide ssDNA overhang (or toehold). In the presence of 

mir134 which is fully complementary to the DNA portion of antiMIR134-HE12, preferential 

binding to mir134 occurs. This binding generates a more stable duplex and causes unzipping of 

the Cy5-cargo strand via strand-displacement mechanism causing a decrease in the FRET signal.43 

 

 

Figure 3.9 – Design of the stimuli-responsive DNA nanoparticle. Spherical nanoparticles were 

assembled from a mixture of antiMIR134-HE12 and ssDNA-HE12 conjugates. The cargo strand is 

labeled with Cy5 dye and displays a 14-bp partial complementarity to antiMIR134-HE12. Upon 

addition, binding between the two strands leaves an 8-nucleotide overhang but brings the two dyes in 

close proximity causing an increase in the FRET signal. The addition of mir134, which is fully 

complementary to antiMIR134-HE12 results in preferential binding between those partners, causing the 

release of the cargo strand and loss of FRET signal. 

 



134 

 

3.3.2.2 Characterization of the stimuli-responsive particles 

 

Spherical nanoparticles were generated by mixing antiMIR134-HE12 with ssDNA-HE12 

conjugates in an assembly buffer, followed by thermal annealing (95 °C – 4 °C over 4 hours). 

Initially, higher percentages of antiMIR-Cy3-HE12 were used in the assembly mixture. However, 

we observed that in such cases, Cy3 dye-dye interactions decreased the Cy3 signal (prior to the 

addition of Cy5-cargo). Hence, the percent of antiMIR-Cy3-HE12 conjugates in the final mixture 

was decreased down to 2.5% to minimize the self-interaction of Cy3 dye molecules upon 

assembly, which would complicate FRET analysis. Following assembly, and addition of the cargo 

strand, the structures were characterized by atomic force microscopy (AFM) (Figure 3.10). AFM 

analysis showed the generation of uniform spherical nanoparticles with an average diameter of 36 

nm and height of 7 nm.  

 

Figure 3.10 – Atomic force microscopy analysis of antiMIR134-nanoparticles. Uniform spherical 

structures were observed by AFM with an average diameter of 36 nm and height of 7 nm. 

 

Following characterization, we tested whether this platform could release cargo selectively 

in response to an external stimulus - mir134 in this case. Conditional release of cargo was 
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investigated through fluorescence measurements by monitoring the FRET signal of the Cy3-Cy5 

dye pair (Figure 3.11a). Notably, the addition of 2x equivalents of mir134 and overnight incubation 

resulted in the loss of FRET signal (absence of FRET peak at 665 nm) and the recovery of the Cy3 

signal at 556 nm, indicating the binding of mir134 to the target strand and subsequent release of 

the Cy5-labeled cargo. These results were further confirmed by agarose gel electrophoresis (AGE) 

analysis. Data from AGE reflects the loss of FRET upon mir134 addition (FRET channel, Lane 

2), and the release of Cy5-DNA cargo (Cy5 channel, Lane 2). The Cy3 signal was also enhanced 

in response to mir134 addition (Cy3 channel, Lane 2), further confirming the success of the 

strategy. The structures also maintained their structural integrity upon mir134 binding and cargo 

release as observed through tight bands on gel with no side-products. 
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Figure 3.11 – Conditional release of cargo in response to mir134. a) Fluorescence spectroscopy 

showing the loss of FRET signal upon mir134 addition. b) Agarose gel electrophoresis demonstrating 

cargo release upon addition of mir134, and the maintained structural integrity of DNA nanoparticles. 

 

This study provides a proof-of-concept system reacting to a specific genetic marker and 

selectively releasing cargo upon stimulus. The value of DNA is highlighted as an informational 

tool for cargo release in uniform stimuli-responsive amphiphilic DNA nanoparticles. Due to the 

versatility and ease of manipulation of nucleic acids, we expect this to be a general platform 

compatible with various genetic markers. The design and system presented here provide an 

example of monodisperse adaptable nanostructures for biological applications. However, to realize 

the full potential of the system, an important next step would be to test this mechanism in live 

cells. Additionally, studies on the intracellular structural integrity of structures would provide 

valuable information to predict the system’s response in the complicated intracellular environment. 

One challenge in cells is the endosomal uptake of structures causing degradation or extracellular 

recycling.44 Future designs will include the addition of endosomal escape agents which could 

facilitate that translocation of DNA nanoparticles to the cytoplasm. As for the released cargo, Cy5-

DNA was used as a model to highlight the importance of releasing a strand protecting a small 

molecule. In future designs, an oligomer of small molecules will be attached to a DNA strand in 

the form of a prodrug through biodegradable linkers. Upon release of the DNA-prodrug conjugate 

in the intracellular environment, cleavage of the linker would generate the now active drug 

molecules for action. 

 

3.3.3 Characterizing the uptake and intracellular fate of DNA nanostructures in 

normal skin cells 

 

Transfection agents have been widely used to aid cellular uptake of DNA nanostructures.45 

However, the commonly used cationic agents exhibit high cellular toxicity hindering their 

applications in biomedicine.45 The quest for transfection reagents with low toxicity is ever 

increasing, with a few examples reported.45-47  Much more desirable is the development of 

nanostructures that show high cellular uptake without transfection agents. To date, very few 
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examples have been reported, which include, locked-nucleic acid nanoparticles,48 gold 

nanoparticle-cored spherical nucleic acids,49 molecular beacon micelle flares50 DNA-brush 

copolymer micelles,51 and sequence-defined DNA nanoparticles.52 These structures have shown 

high uptake in specific cell types. Highly valuable would be to assess the uptake and activity of 

structures across different cell lines, particularly, cancerous vs. normal cells, as they present 

different cellular membrane features and membrane protein makeup.53-54 Of equal importance is 

the study of the intracellular fate of nanostructures, which would give great insight into their uptake 

pathways and trafficking events. Previously, in Chapter 2, we showed the high cellular uptake of 

DNA nanoparticles in the cervical cancer cell line, HeLa, without transfection. In this section, we 

expand the scope of our studies to normal skin cells, in particular, NHEK which are primary 

epidermal keratinocytes as a model human skin cell line. Furthermore, we utilize a dually dye-

labeled system and show preliminary results on the intracellular structural integrity of micellar 

DNA nanoparticles in NHEK cells. 

In the first set of studies, spherical Cy5-DNA-HE12 nanoparticles were synthesized 

according to a previously reported protocol (Figure 3.12, also see Chapter 2). In general, Cy5-

HE12-DNA strands were mixed with HE12-DNA conjugates in a 25%/75% ratio (Figure 3.12a), 

followed by thermal annealing (95 °C – 4 °C, over 4 hours) to yield monodisperse spherical dye-

labeled nanoparticles with a mean diameter of 28 nm and height of 7 nm (Figure 3.12b). Then, the 

uptake of Cy5-labeled nanoparticles in NHEK cells was studied by confocal fluorescence 

microscopy (Figure 3.12c). Interestingly, compared to Cy5-ssDNA, DNA nanoparticle uptake was 

greatly enhanced in NHEK cells, and showed cytoplasmic localization of nanoparticles. 
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Figure 3.12 – Cellular uptake of Cy5-labeled DNA nanoparticles in NHEK cells. a) Preparation of 

Cy5-labeled DNA nanoparticles. Structures were prepared by mixing Cy5-HE12-DNA with HE12-DNA 

strands in a 25%/75% ratio, followed by thermal annealing. b) AFM analysis showing monodisperse 

spherical Cy5-labeled DNA nanoparticles. c) Fluorescence confocal microscopy showing the high 

cellular uptake of Cy5-DNA nanoparticles and cytoplasmic localization in NHEK cells. Hoescht was 

used as a DNA stain to highlight the location of the nucleus. 

 

We then proceeded to confirm the cellular uptake of DNA-nanoparticles using flow 

cytometry. Cy3, Cy5 and Cy3Cy5-labeled nanoparticles were generated (Figure 3.13). After a 24-

hour incubation and several washing steps, flow cytometry data demonstrated that compared to 

ssDNA, DNA nanoparticles showed greatly enhanced uptake in NHEK cells. For Cy3Cy5-

nanoparticles, the uptake profile was similar to nanoparticles containing a single dye type, Cy3 or 
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Cy5. This suggested that the increased dye content per structure (in Cy3Cy5-particles) had no 

effect on the cellular uptake profile of DNA nanoparticles.  

 

Figure 3.13 – Flow cytometry measurements showing the increased uptake of DNA nanoparticles 

in NHEK cells. All samples were incubated with NHEK cells for 24 hours, and images were acquired 

using laser excitation of 514 nm (Cy3-specific) or 635 nm (Cy5-specific).  

 

After confirming the high uptake of DNA-particles in NHEK cells, we conducted a FRET 

experiment to evaluate their intracellular structural integrity. Cy3Cy5.5-DNA nanoparticles were 

generated where both dyes were buried in close proximity in the hydrophobic core of the 

nanoparticle (Figure 3.14a). Following assembly, monodisperse spherical structures with an 
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average diameter of 27 nm where observed by AFM, and further confirmed by DLS and AGE 

(Figure 3.14b, see Experimental Figure 3.25). Cy3Cy5.5-DNA nanoparticles were incubated with 

NHEK cells for 24 hours and imaged using confocal microscopy. FRET was measured by exciting 

the Cy3 dye using a 514 nm laser (which minimizes crosstalk between the dyes) and collecting the 

entire emission spectrum. This methodology was used to evaluate whether donor excitation (Cy3) 

produced acceptor emission (Cy5.5). A preliminary study is conduced which suggest that the Cy3 

dye is present intracellularly but does not transfer its energy through FRET to Cy5.5. Exciting the 

Cy5.5 dye using a 633 nm laser, revealed the presence of the dye inside the cell suggesting that 

the DNA-nanoparticles were taken up as intact objects. Due to the lack of a positive control that 

shows strong intracellular FRET indicative of structural stability, it is difficult to assess whether 

the absence of FRET is due to particle dissociation or a technicality in the measurements. However, 

in a case where the nanostructure dissociates, strategies to increase particle stability will involve 

cross-linking and modifying the DNA for increased nuclease resistance. Additionally, to ensure 

that particles are available in the cytoplasm for conditional delivery, endosomal escape agents and 

pH-sensitive polymers (such as poly(propylacrylic acid) can be integrated for endosomal 

membrane disruption.55 
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Figure 3.14 – Preliminary study evaluating the intracellular structural integrity of DNA 

nanoparticles in NHEK cells. a) Preparation of dually-labeled Cy3Cy5.5-DNA nanoparticles. b) 

AFM analysis showing monodisperse spherical particles with an average diameter of 27 nm. c) 

Confocal fluorescence microscopy measuring the intracellular FRET signal of Cy3Cy5.5-DNA 

nanoparticles. The presence of both Cy3-labeled and Cy5.5-labeled strands inside the cells indicates 

that the structures are likely taken up as intact objects. Preliminary studies show no FRET signal which 

could suggest intracellular disassembly. A positive control with known intracellular FRET would be 

required in this study. 

In summary, we have demonstrated that DNA nanoparticles show increased uptake not 

only in cancer cell models, but also in normal epidermal keratinocytes. Our results suggest that 

DNA nanoparticles enter cells as intact units, however, likely disassemble in the intracellular 

environment. Additional studies and more controls will be necessary to better characterize the 

intracellular behaviour of structures. Understanding the fate of nanostructures in complex cellular 

environments affords great insight into their structure-activity relationships. Efforts underway will 

focus on the effect of covalent cross-linking of nanoparticles on their intracellular stability. Studies 

on the specific mechanism of uptake, compartmental localization in cells and intracellular 

trafficking will also be the focus of our future studies. Our future efforts will also be directed 

toward developing strategies to enhance the availability of nanostructures in the cytoplasm. 

 

3.3.4 Increasing DNA nanostructure resistance to nuclease degradation 

 

Rapid nuclease degradation presents a major challenge for oligonucleotides when 

subjected to in vitro or in vivo environments.26 Previous studies conducted by our group and others, 

have shown that the dense packing of DNA in 3D nanostructures affords increased nuclease 

resistance.49, 52, 56-57 Still, the increase of “self-protection” afforded by densely packed DNA is yet 

insufficient; it would be necessary to find more efficient strategies that greatly limit 

oligonucleotide degradation by nucleases. In our previous work, we demonstrated that DNA-

nanoparticles exhibited a blood serum half-life that was 4.6-fold higher than ssDNA of the same 

length. In this section, we applied a simple modification to the DNA strands where the nonbridging 

oxygen in the phosphate backbone of the DNA strand was replaced with a sulfur, creating 
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phosphorothioated DNA nanoparticles (Figure 3.15a). We describe preliminary results of the 

nuclease stability of phosphorothioated DNA nanoparticles using polyacrylamide gel 

electrophoresis (PAGE). Phosphorothioated DNA nanoparticles, phosphorothioated ssDNA 

strands, and an unmodified ssDNA were compared after incubation with fetal bovine serum (FBS) 

for different time intervals. Qualitative PAGE results indicated that this simple modification 

resulted in substantial nuclease resistance for over 72 hours (Figure 3.15b). Due to the high 

stability of phosphorothioated DNA over the course of our measurements (72 hours), calculations 

of the degradation half-life were not applicable. Important to note that degradation of unmodified 

DNA started at time = 0, where nucleases were added and immediately denatured, showing 

ssDNA’s susceptibility to nucleases (Figure 3.15b). This simple modification could be 

implemented in any DNA-based polymeric system as a facile strategy for enhanced stability.  

 



143 

 

Figure 3.15 – Increasing the nuclease stability of DNA nanoparticles. a) Chemical structure of a 

phosphorothioated DNA backbone. b) Denaturing PAGE analysis of the FBS degradation products 

of phosphorothioated DNA nanoparticles. PS-DNA control: phosphorothioated DNA strand, PS-

DNA nanoparticle: spherical nanoparticle with phosphorothioated DNA, DNA control: 

unmodified DNA strand. 

 

3.3.5 Nanoparticle interaction with serum proteins 
 

Previous reports have demonstrated that inert polymers such as hydrophilic polyethylene 

glycol chains improve the efficacy of nanocarrier-based drugs by reducing in vivo opsonisation 

with serum proteins.32 This not only prevents the rapid recognition of structures by the 

reticuloendothelial system (RES), but also provides prolonged blood circulation of nanostructures 

and higher accumulation at targeted sites.58-59 The most abundant serum protein is human serum 

albumin (HSA).60 In our case, we hypothesized that the dense hydrophilic DNA outer shell would 

provide a surface unfavorable for binding HSA protein. DNA-HE12 nanoparticles were 

preassembled then incubated with a 5x molar excess of HSA for 2 hours at room temperature and 

analyzed by agarose gel electrophoresis (AGE) (Figure 3.16). Since HSA exhibits lower mobility 

on gel compared to DNA nanoparticles, an association with the protein should results in a gel 

mobility shift of the structures. As illustrated in Figure 3.16, following incubation, no interaction 

was observed between the DNA particles and HSA protein (GelRed channel). It appears that the 

outer DNA shell dictates the interaction between HSA and the DNA structures.  
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Figure 3.16 – Evaluating the interaction of DNA-HE12 nanoparticles with human serum albumin 

(HSA). Agarose gel electrophoresis of DNA nanoparticles prior (Lane 1) and post incubation (Lane 2) 

with HSA. The gels were visualized under Gel Red DNA stain channel (left panel), Commassie Blue 

protein stain channel (right panel). GelRed panel shows the absence of a gel mobility shift of DNA 

nanoparticles after HSA incubation. Coomassie panel displays the lower mobility shift of HSA protein 

compared to DNA nanoparticles. 

 

In a control experiment, the micellar DNA structures were denatured by the addition of a 

solution of urea and depletion of magnesium cations prior to HSA addition, exposing their long 

aliphatic chains (Figure 13.7, see Experimental Figure 3.26). In this case, even at low protein 

concentrations, HSA was observed to strongly bind to the DNA-polymer conjugates. These 

findings suggest that the outer hydrophilic ssDNA corona limits albumin adsorption and indicates 

that the DNA structures remain stable upon exposure to the protein. In addition, we used Nile Red-

loaded particles as a visual tool along with gel electrophoresis to further confirm the lack of 

interaction between DNA nanoparticles and HSA (see Experimental Figures 3.27, 3.28). 

 

 

Figure 3.17 - Evaluating the interaction of monomeric ssDNA-HE12 strands with human serum 

albumin (HSA). Denaturing PAGE analysis of disassembled HE12-DNA conjugate strands titrated 
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with different HSA concentrations. Lane 1: HE12-DNA strand control, Lanes 2-8, HSA dilutions of 

1/1000, 1/100, 1/50, 1/10, 1/5, 1/2 and undiluted HSA (526 µM stock). Under denaturing conditions, 

disassembly of the DNA particle exposes the lipophilic HE12 segments, which in turn results in strong 

binding to HSA protein. 

The study above focused on the interaction of DNA-nanoparticles with HSA and showed 

that the intact structures are shielded from protein binding. While HSA is the most abundant 

protein in serum and could be assumed as a general representative of serum protein make-up, it 

accounts for 50% of serum proteins.60 A wide range of other lipoproteins and apolipoproteins are 

present in blood serum, however investigating their possible interaction with DNA nanoparticles 

is beyond the scope of this work. Nonetheless, binding of DNA nanoparticles with other serum 

proteins could be problematic, causing structural destabilization. Additionally, the recognition of 

nanostructures by the RES system and activation of macrophages as an immune defense 

mechanism would hinder their success for biomedical applications. One strategy to further limit 

protein binding and shield nanoparticles from RES recognition is to add an additional layer of 

protection, namely poly(ethylene glycol) which has been shown to act as a nanoparticle “shield” 

in blood circulation.61 Even more desirable, is the capability of adding PEG-moieties that would 

shed in response to slightly acidic conditions, typical of tumor microenvironments.62 Toward this 

end, we sought to investigate the ability of modifying nanoparticle surfaces with cleavable PEG 

moieties to provide an extra layer of protection to the DNA during blood circulation.  

In this study, PEG chains (average Mn = 5000 Da) functionalized with a terminal azide 

were chosen to be attached to DNA-polymer conjugates containing strained alkyne functionalities 

through “click” chemistry. The structures of the strained alkyne (DBCO) phosphoramidite and 

PEG derivaties used are highlighted in Figure 3.18a,b. DNA-polymer conjugates were synthesized 

using solid-phase chemistry by first coupling a thymine-containing DBCO (dT-DBCO), followed 

by synthesis of a 19-mer DNA sequence and finally the addition of 12 dodecane (hexaethylene, 

HE) units (Figure 3.18c). This method yields DBCO-functionalized DNA-polymer conjugates in 

high yields. Subsequently, DBCO-DNA-HE12 conjugates were mixed with assembly buffer and 

subjected to thermal annealing (95 ° C – 4 °C, over 4 hours) to yield spherical DNA nanoparticles 

with a DBCO-decorated corona. To that, PEG-azide or PEG-acetal-azide were added and 

incubated overnight to yield PEG-functionalized DNA nanoparticles.  
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Figure 3.18 – Synthesis of PEG-functionalized DNA nanoparticles. a) Structure of the dT-DBCO 

phosphoramidite used. b) Structures of the PEG-azide and PEG-acetal-azide functionalities. c) 

Schematic representation of the synthesis of PEG-functionalized DNA nanoparticles. Phosphoramidite 

monomers were attached to the controlled pore glass (CPG) in a step-wise fashion. dT DBCO was first 

attached to the solid-support, followed by a 19-mer DNA strand, and finally 12 dodecane monomer 

additions (HE12) yielding monodisperse DBCO-DNA-HE12 conjugates. Self-assembly of these 

conjugates results in the formation of monodisperse spherical DNA nanoparticles. The click reaction 
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between added PEG-azide moieties and DBCO-functionalized nanoparticles yields PEG-decorated 

DNA nanoparticles. 

 

 As a first step, we tested the conjugation of PEG-azide and PEG-acetal-azide groups to 

DBCO-DNA-HE12 monomers in water in their non-aggregated molecular state (Figure 3.19). We 

first asked whether the incubation time influenced the coupling efficiency. 4x molar excess of 

PEG-azide was added to the DBCO-functionalized strands and subjected to 3 different incubation 

times: 2 hours, 24 hours and 48 hours (Figure 3.19b-d). The success and efficiency of conjugation 

were assessed by denaturing PAGE.   
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Figure 3.19 – Conjugation of PEG-azide groups to DBCO-DNA-HE12 strands. a) Schematic 

illustration of the conjugation of PEG-azide and PEG-acetal-azide groups to DBCO-DNA-HE12 

strands. b-d) Denaturing PAGE analysis of PEG-functionalization after b) 2 hours c) 24 hours d) 48 

hours of incubation with the DBCO-containing strands. 

 

From PAGE analysis, low efficiency of coupling was obtained with a 2-hour incubation, 

as observed by a very faint product band for PEG-azide conjugation (Figure 3.19b, Lane 2) and 

the absence of a product band for PEG-acetal azide (Figure 3.19b, Lane 3). Increasing the 

incubation period to 24 and 48 hours, resulted in a higher product yield of ~ 40 % for the PEG-

azide (Figure 3.19c-d, Lane 2) and the appearance of a faint-band for PEG-acetal (Figure 3.19c-d, 

Lane 3). No difference in product yield was observed between 24 and 48-hour incubation periods. 

Additionally, we observed that the conjugation yield of PEG-acetal-azide was significantly lower 

than PEG-azide. This could be due to the slightly acidic conditions (the measured pH of water 

used was ~6.5-6.8) causing slow hydrolysis to the acetal moiety of the PEG-acetal-azide group 

during incubation.  

 

We were then interested in testing whether increasing the amount of PEG functional groups 

added to DBCO-functionalized strands would increase the reaction yield. Additionally, if the low 

conjugation yield of PEG-acetal-azide is due to slow hydrolysis, then significantly increasing the 

amount of this molecule added would likely increase the reaction yield. Toward this end, the added 

PEG groups were increased from 4x to 100x and 1000x molar equivalents compared to DBCO-

DNA-HE12. The products were analyzed by denaturing PAGE, which showed no change in yield 

for PEG-azide with either 100 or 1000x excess (Figure 3.20b-c, Lane 2). A significant increase in 

the conjugation yield, however, was observed with increasing amounts of added PEG-acetal-azide 

(Figure 3.20b-c, Lane 3). At such high molar equivalents added, the yields of PEG-acetal-azide 

coupling were similar to those of PEG-azide. This indicates that strand hydrolysis of PEG-acetal-

azide groups is the likely mechanism behind its lower coupling efficiency.  With such high excess 

of PEG-acetal-azide derivatives, the ratio of hydrolyzed monomer becomes negligible, resulting 

in yields similar to PEG-azide functional groups. 



149 

 

 

Figure 3.20 – Evaluating the effect of increasing the amount of added PEG-functionality on the 

coupling yield. Denaturing PAGE analysis measuring the yields of coupling DBCO-DNA-HE12 to a) 

4x molar equivalent, b) 100x molar equivalent and c) 1000x molar equivalent PEG-functional groups. 

 

 After studying the effect of incubation time and added functional groups to strands in water, 

we then investigated the coupling of active PEG groups to DBCO-DNA nanoparticles under basic 

conditions. DNA nanoparticles were assembled in a Tris-based buffer containing magnesium ions 

after a thermal anneal cycle (95 °C – 4 °C). As a representative example, we show the results of 

DNA nanoparticles mixed with 1000x equivalents of PEG functional groups. Analysis by AGE 

showed the successful conjugation of PEG-azide and PEG-acetal-azide on preformed DNA 

nanoparticles (Figure 3.21b, Lanes 2 and 3). This was shown as a clear gel shift to a lower mobility 

band of the DNA nanoparticles, indicating structures of larger surface area. As expected, 

functionalized structures were observed as a less defined band due to the inherent molecular weight 

distribution of PEG polymers. PEG-functionalized nanoparticles were then characterized by 

atomic force microscopy (AFM), which showed spherical particles surrounded by a mesh cover 

(Figure 3.21c). These particles had a diameter of 60 nm and showed a core with an increased height 
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of 9.5 nm (compared to 7-8 nm for spherical ssDNA nanoparticles) and a shell height of 1.5 nm, 

likely resembling a higher nanoparticle core with a PEG corona on surface. 

 

Figure 3.21 – Preparation of PEG-functionalized DNA nanoparticles. a) Schematic representation 

of the functionalized of DNA nanoparticles with PEG-azide moieties. b) Agarose gel electrophoresis 

analysis showing the decoration of DNA nanoparticles with PEG-functionalities. The shift of the DNA 

nanoparticle band to lower mobility upon the addition of PEG-functional groups indicates successful 

conjugation. c) Representative AFM image of PEG-functionalized DNA nanoparticles. 
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In summary, we have shown the successful conjugation of PEG-azide and PEG-acetal-

azide to DBCO-functionalized DNA-HE12 conjugates and DNA nanoparticles. Though the 

coupling yields could be further improved, our results demonstrate a method of generating DNA-

nanoparticles bearing an extra layer of protection to shield oligonucleotides from possible proteins, 

nucleases and phagocytic uptake in blood circulation. The next set of experiments will focus on 

increasing the yields of coupling, as well as testing the selective hydrolysis of PEG-acetal-

nanoparticles in mildly acidic conditions. We will also test the effect of shielding imposed by the 

extra layer of conjugated PEG by evaluating blood serum stability and nanoparticle interaction 

with major serum proteins. The selective release of PEG-acetal moieties in acidic conditions will 

be evaluated in the context of cellular uptake studies to assess its effect on the nanoparticle uptake 

profile. We envisage this protocol as a general strategy for increased nanoparticle stability in 

biological media with potential applications for selective drug delivery in tumor 

microenvironments. 

 

3.3.6 Cross-linking strategies of DNA nanoparticles 

 

Different approaches have been investigated to stabilize nanoparticles by using covalent63-

66 or reducible linkages.67-69 Recently, the Mirkin group,70 Rouge group71 and Tan group72 reported 

cross-linking methods for stabilizing spherical nucleic acid particles, but their approaches require 

extended reaction times, addition of cross-linkers or are limited to DNA-polymer interface cross-

linking. Thus, the challenge of developing a simple versatile methodology which would allow 

compartment-specific and different degrees of cross-linking still remains. In this section, we 

propose a facile strategy for DNA nanoparticle cross-linking using disulfide chemistry and 

highlight preliminary results towards that goal.  

 

In our approach, a disulfide serinol phosphoramidite (DS) was used as the cross-linker 

(Figure 3.22a). Using solid-phase synthesis, a 19-mer DNA strand was synthesized, followed by 

the addition of 3 units of DS, and 12 hexaethylene (HE) additions to yield DNA-DS-DS-DS-HE12 

conjugates. The advantage of this approach is: 1) the cross-linker can be easily incorporated as 

part of DNA-polymer conjugate providing a simple direct cross-linking method without the need 

of additional cross-linking agents, 2) by using the solid-phase approach, control over the position 
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and number of cross-linkers in the DNA-polymer conjugate could be achieved, allowing 

compartment-specific cross-linking (different parts of the hydrophobic core, DNA-polymer 

interface, DNA segment could be cross-linked) in the self-assembled structure. In this strategy, 

spherical DNA nanoparticles were formed by the self-assembly of DNA-DS-DS-DS-HE12 in 

aqueous solution, which brings the disulfide serinol groups of different strands in close proximity. 

Following assembly, a catalytic amount of dithiothreitol (DTT) was added to initiate cross-linking 

and S-S bond formation between cyclic disulfide groups of neighboring strands (Figure 3.22b). 

The free thiol groups of DTT would attack the strained 5-membered disulfide ring causing ring 

opening. Opening of the 5-membered ring frees a thiol group ready to attack a neighbouring cyclic 

disulfide and the process carries, allowing polymerization. 

 

 

Figure 3.22 – Cross-linking of DNA nanoparticles using disulfide chemistry. a) Structures of the 

disulfide serinol (DS) phosphoramidite and dithiothreitol (DTT). b) Schematic representation of the 

cross-linking strategy. DNA-DS-DS-DS-HE12 conjugates were synthesized by solid-phase synthesis. 

Self-assembly of these strands in aqueous solution resulted in spherical DNA nanoparticles, bringing 

cyclic disulfide serinol groups in close proximity. The addition of a catalytic amount of DTT as an 

initiator results in cross-linked spherical nanoparticles. 
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To test our strategy, following nanoparticle assembly, the structures were titrated with 

different amounts of DTT to allow cross-linking, then disassembled and analyzed by denaturing 

PAGE (Figure 3.23). As expected, PAGE analysis shows the formation of a mixture of cross-

linked products (Lanes 1-5). Despite successful cross-linking and the presence of higher order 

structures, the reaction yields were low with a 21% yield of the dimer and 15% of the trimer 

products. While placing 3 adjacent disulfide serinol units would increase their effective 

concentration, it is also possible that the neighbouring groups undergo an intra-strand instead of 

an inter-strand disulfide bond formation (Figure 3.23b-d). Such case would hamper reaction yields 

but could be potentially resolved by spacing out the disulfide moieties in the strand.   

 

As for DTT titration, surprisingly, the addition of varying amounts of DTT had no effect 

on the degree of cross-linking, as compared to Lane 1 where no DTT was added. However, 

considering the reaction conditions (thermal annealing at 95 ° C – 4 °C over 4 hours), it is possible 

that at such high temperature conditions a small fraction of the disulfide linkages is broken to the 

dithiol species. Such case would result in nanoparticle cross-linking prior to the addition of DTT. 

Here, the addition of catalytic DTT amounts would not be expected to change the degree of cross-

linking. Nevertheless, with an excess amount of DTT added (Lane 5), preformed disulfide linkages 

are expected to be fully reduced back to thiol functionalities (Figure 3.23d), and effectively, 

resulting in monomeric DNA-thiol-polymer conjugates on denaturing PAGE. This effect is 

observed in Lane 5, with the absence of higher order products (trimers, tetramers, pentamers) and 

significantly lower yields of dimers. Nevertheless, further studies would be required to further 

characterize the effect of DTT, test other reducing agents and assess the effect of varying the 

distance between disulfide serinol groups on the reaction efficiency to provide a better control of 

the cross-linking process. 
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Figure 3.23 – Characterization of disulfide (DS)-functionalized DNA nanoparticle cross-linking 

by PAGE. DS-DNA nanoparticles were assembled in aqueous buffer through a thermal anneal cycle 

(95 °C – 4 °C). a) Structures were titrated with different amounts of DTT, then denatured using urea 

and EDTA prior to analysis with denaturing PAGE. Lane 1: DS-DNA nanoparticle control, lane 2: 

DS-DNA nanoparticle + 0.1 equiv. DTT (compared to total DS-DNA concentration), lane 3: DS-DNA 

nanoparticle + 1 equiv. DTT, lane 4: DS-DNA nanoparticle + 10 equiv. DTT, lane 5: DS-DNA 

nanoparticle + 100 equiv. DTT. b) Schematic illustration of possible intra-strand disulfide bond 

formation, c) inter-strand bond formation. d) full reduction of disulfides to thiols with excess DTT. 

 

In general, we describe a simple strategy for DNA nanoparticle cross-linking. Preliminary 

results show the formation of covalently cross-linked strands with this approach. Optimization of 

the reaction conditions such as the amount and type of reducing agent added, temperature 

conditions, concentration of functionalized DNA-polymer strands would be required to increase 

the cross-linking efficiency. It will also be necessary to evaluate the effect of number, position of 

the disulfide functional groups in the strand, and their relative spacing on cross-linking efficiency 

en route to developing a facile effective strategy for increasing the stability of DNA-polymer based 

nanoparticles. A few proposed design strategies are highlighted in Figure 3.24.    

 

Figure 3.24 – Proposed design strategies for DNA nanoparticle disulfide cross-linking. 
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3.4  Conclusion 
 

In this chapter, we tackled some of the limitations hampering the success of drug delivery 

systems. We highlighted a number of important strategies toward constructing an optimized 

delivery vehicle demonstrating higher stability, targeting capabilities and selective cargo release. 

We showed that the addition of targeting ligands increased the cellular uptake of structures in cells 

overexpressing target receptors. We further demonstrated an example of a stimuli-responsive 

delivery vehicle, capable of selectively shedding cargo upon binding to a genetic marker. In the 

same context, we investigated the uptake profile of DNA nanoparticles not only in diseased cells, 

but also in normal epidermis keratinocytes and showed their increased uptake. We further 

conducted a preliminary intracellular FRET study to assess the integrity of structures inside 

complex cellular environments – a study often overlooked, but of great importance for any delivery 

system designed to induce intracellular activity. Additionally, we showed a simple strategy to 

increase DNA nanoparticle resistance toward nuclease degradation in blood serum. Next, we 

characterized the interaction of DNA nanoparticles with serum proteins, namely human serum 

albumin (HSA), and showed that DNA nanoparticles, when intact, show no interaction with HSA. 

We then show the decoration of DNA nanoparticles with acid cleavable PEG-moieties as a 2nd line 

of defense against serum proteins, nucleases and the macrophage system. Finally, we highlight 

preliminary results on our efforts towards further increasing nanoparticle stability by cross-linking 

through covalent disulfide linkages. Upon structural internalization into reducing intracellular 

environments, breakage of disulfide bonds would cause structural destabilization and release of 

therapeutic agents.  

The power of our approach lies in the ease of synthesis and modification of sequence-

defined DNA-polymers. The sequence of DNA can be chosen at will, along with the sequence and 

length of the hydrophobic block. Our synthesis method is also compatible with RNA, allowing the 

incorporation of siRNA-based therapeutics within our platform. Additionally, our self-assembly 

method allows for mixing varying ratios of DNA-polymer strands with different functionalities 

offering versatile hybrid structures. This offers the ability to combine all the strategies described 

in this chapter into one highly sophisticated and “smart” functional device with great potential for 

nanomedicine. Certainly, there is still much chemistry and biology to be understood, but we could 

be headed in the right direction. 
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3.5  Experimental Section 
 

3.5.1 General  

 

The list of reagents is detailed in Experimental Section 2.5.1 with the following additions. 

Cyanine 5 (cat# 10-5915-xx) was purchased from Glen Research. mPEG (Mn = 5000 Da) was 

purchased from Sigma Aldrich (CAS #: 9004-74-4). DBCO-dT-CE phosphoramidite was 

purchased from Glen Research (cat. #: 10-1539-xx). Disulfide serinol phosphoramidite was 

purchased from Glen Research (cat. #: 10-1991-xx). Human serum albumin (HSA) was purchased 

from Sigma Aldrich (CAS #: 70024-90-7). 

3.5.2 Instrumentation 

 

Instrumentation used is detailed in Experimental Section 2.5.2 with the following additions. 

Confocal imaging was done on a Zeiss LSM 780 confocal laser scanning microscope equipped 

with a 63X/1.4 NA oil immersion objective lens, an argon ion laser (514/635 nm, 25 mW) and a 

Quasar 32 PMT array detector. Flow cytometry data was analyzed using a FACS Calibur flow 

cytometer. 

 

3.5.3 Solid-phase synthesis and purification 

 

DNA synthesis is detailed in Experimental Section 2.5.3 in Chapter 2. For the coupling of 

Cy5 phosphoramidite (0.1 M, anhydrous acetonitrile) and dT-DBCO (0.1 M, anhydrous 

acetonitrile) amidite extended coupling times of 10 minutes were followed using 0.25M 5-

(ethylthio)tetrazole in anhydrous acetonitrile. For Cy5-labeled strands, detection was carried out 

using a diode-array detector, monitoring absorbance at 260 nm (DNA-specific), 646 nm (Cy5-

specific). 
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3.5.4 Sequences of DNA-polymer conjugates 
 

The sequences of the DNA-polymer conjugates and DNA controls are presented in Supporting 

Table 3.1.  

Table 3.1 – Sequences of strands and DNA-polymer conjugates. 

D: dodecane phosphoramidite (hexaethylene, HE). Cy3: Cyanine 3, Cy5: Cyanine 5, Cy5.5: 

Cyanine 5.5. DBCO: DBCO-dT-CE phosphoramidite. DS: Disulfide serinol phosphoramidite 

Strand Sequence (5'-xx-3') 

ssDNA-HE12 DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

sHB5-HE12 
DDDDDDDDDDDDTTTTTCTAAAAGGATTCTTCCCAAGGG

GATCCAATTCAAACAGC 

sHB5-extension 
TATATGGTCAACTGTTTTTCTAAAAGGATTCTTCCCAAGG

GGATCCAATTCAAACAGC 

DNA-HE12-Cy3 Cy3DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

DNA-HE12-Cy5 Cy5DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

DNA-HE12-Cy5.5 Cy5.5DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

ssDNA TTTTTCAGTTGACCATATA 

Cy5.5-ssDNA Cy5.5TTTTTCAGTTGACCATATA 

Cy3-ssDNA Cy3TTTTTCAGTTGACCATATA 

antiMIR134-Cy3-

HE12 

DDDDDDDDDDDDCy3TTTTCCCCTCTGGTCAACCAGTCAC

A 

Cy5-cargo strand GTTGACCAGAGGGGAAAACy5 

miR134 UGUGACUGGUUGACCAGAGGGGAAAA 

PS-DNA TTTTTCAGTTGACCATATA 

PS-DNA-HE12 DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

DBCO-DNA-HE12        DDDDDDDDDDDDTTTTTCAGTTGACCATATA-DBCO 

DNA-DS-DS-DS-

HE12 

DDDDDDDDDDDD-DSDSDS-TTTTTCAGTTGACCATATA 
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3.5.5 Targeted delivery to HER2-positive breast cancer cells 

  

3.5.5.1 Preparation of first generation aptamer-DNA nanoparticles 

 

Aptamer-DNA particles were prepared by mixing sHB5-HE12 and DNA-HE12 monomers 

dispersed in water with the assembly buffer. Final volume: 50 µL, DNA concentration: 10 µM in 

TAMg buffer [Mg2+]final = 12.5 mM (10x TAMg buffer contains 125 mM Mg2+, 1x TAMg contains 

12.5 mM Mg2+), followed by a heat/cool cycle (95 °C to 4 °C over 4 hours). For samples containing 

25% aptamer, 12.5 µL of 10 µM sHB5-HE12 were mixed with 37.5 µL of 10 µM DNA-HE12. For 

labeled structures used in flow cytometry studies, 25% aptamer-Cy5-DNA nanoparticles were 

prepared by mixing 12.5 µL of 15 µM sHB5-HE12 with 12.5 µL of 15 µM sHB5-HE12-Cy5 and 

25 µL of 15 µM DNA-HE12 followed by thermal annealing. 

 

3.5.5.2 Preparation of second generation aptamer-DNA nanoparticles 

 

Second generation aptamer-DNA particles were prepared by mixing DNA-HE12 monomers 

dispersed in water with the assembly buffer. Final volume: 50 µL, DNA concentration: 10 µM in 

TAMg buffer [Mg2+]final = 12.5 mM (10x TAMg buffer contains 125 mM Mg2+, 1x TAMg contains 

12.5 mM Mg2+), followed by a heat/cool cycle (95 °C to 4 °C over 4 hours). Following annealing, 

to 50 µL of the assembly structure, 25 µL sHB5-extension (10 µM dispersed in 1x TAMg) was 

added and incubated for 2 hours at room temperature. Alternatively, for one-pot assembly, 50 µL 

of 10 µM DNA-HE12 dispersed in water, was mixed with 25 µL of 10 µM sHB5-extension in 

water, followed by the addition of TAMg (final [TAMg] contains 12.5 mM Mg2+) and thermal 

annealing (95 °C to 4 °C over 4 hours). For structures used in flow cytometry studies, Cy3-labeled 

DNA nanoparticles were prepared from 25% DNA-HE12-Cy3 and 75% DNA-HE12. To achieve 

that, 25 µL of 15 µM DNA-HE12-Cy3 was mixed with 75 µL of 15 µM DNA-HE12 in 1xTAMg 

and annealed. For room temperature aptamer addition, following annealing, 50 µL of 15 µM 

sHB5-extension was added and incubated at room temperature. 
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3.5.5.3 Characterization of aptamer-DNA nanoparticles 

 

Agarose Gel electrophoresis 

In each case, 2.5% AGE was carried out at 4 °C for 2.5 hours at a constant voltage of 80V. 

Typical sample loading is 30 picomoles with respect to the DNA, per lane (3 μL of 10 μM DNA, 

mixed with 7µL 1x TAMg and 2.5 µL glycerin). 

Atomic Force Microscopy 

Dry AFM was carried out using a MultiMode8™ SPM connected to a Nanoscope™ V 

controller (Bruker, Santa Barbara, CA). All images were obtained using ScanAsyst mode in air 

with AC160TS cantilevers (Nominal values: Tip radius – 2 nm, Resonant frequency – 300 kHz, 

Spring constant – 42 N/m) from Bruker. 5 µL of each sample prepared at 5 µM in TAMg buffer 

was deposited on a freshly cleaved mica surface (ca. 7 x 7 mm) and allowed to adsorb for 2-5 

seconds. Then 50 µL of 0.22 µm filtered Millipore water was dropped on the surface and instantly 

removed with filter paper. The surface was then washed with a further 100 µL of water (2 x 50 

µL), wicked with a filter paper, and the excess removed with a flow of nitrogen (or air). Samples 

were dried under vacuum for at least 3 hours prior to imaging. 

Dynamic Light Scattering 

Dynamic light scattering (DLS) experiments were carried out using a DynaPro™ 

Instrument from Wyatt Technology. A cumulants fit model was used to confirm the presence and 

determine the size the Cy3 and Cy3Cy3-DNA nanofibers. Sterile water and 1xTAMg buffer were 

filtered using a 0.45 µm nylon syringe filter before use in DLS sample preparation. 20 µL of sample 

(concentration: 5 µM) was used in each measurement. All measurements were carried out in 

triplicate at 25 °C. 

 

3.5.5.4 Flow cytometry studies of sHB5 aptamer-nanoparticles 

 

SKBR3, MD4 and HeLa cells were seeded at a density of 5 x 105 in a 6-well plate. After 

24 hours, the cells were incubated with aptamer nanoparticles (100 µL of 15µM DNA in sample 

added in a total media volume of 1 mL). The final concentration of total DNA was 1.5 µM in both 
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samples. After 4 hours of incubation, cells were detached, washed and resuspended in 1x PBS, 

followed by fixing with 2% paraformaldehyde. Samples were then processed using FACS 

FORTESSA. All measurements were performed in triplicates for error analysis. 

 

3.5.6 Stimuli-responsive DNA nanoparticles 
 

3.5.6.1 Preparation of stimuli-responsive DNA nanoparticles 

 

2.5 µL of 10 µM antiMIR-Cy3-HE12 was mixed with 97.5 µL of 10 µM DNA-HE12. The 

mixture was suspended in TAMg buffer (final [TAMg] contains 12.5 mM Mg2+) and annealed 

with a heat/cool cycle (95 °C to 4 °C over 4 hours) to form antiMIR-Cy3-DNA nanoparticles. To 

that, 50 µL of 20 µM Cy5-cargo strand was added and incubated overnight at room temperature. 

The following day, a 2x molar excess of miR134 compared to nanoparticle DNA was added and 

incubated from 37 °C for 2 hours then room temperature overnight allowing cargo strand 

displacement.  

3.5.6.2 Fluorescence spectroscopy 

 

Fluorescence scans were performed on a Cary Eclipse fluorescence spectrophotometer 

from Agilent technologies. For fluorescence measurements, structures (60 µL at 10 µM DNA 

concentration) were analyzed prior to and post addition of miR134. 

 

3.5.6.3 Agarose gel electrophoresis 

 

Same gel conditions were used as Section 3.5.5.3 
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3.5.7 Characterizing the uptake and intracellular fate of DNA nanostructures in 

normal skin cells 

 

3.5.7.1 Preparation of dye-labeled structures 

 

Cy3-labeled, Cy5-labeled or Cy3Cy5.5-labeled DNA nanoparticles were prepared by 

mixing dye-labeled HE12-DNA with unlabelled HE12-DNA strands at a 25:75 percent ration (DNA 

concentration 17 µM) followed by an annealing cycle 95 °C – 4 °C over 4 hours. This percentage 

of labeled/unlabeled strands was observed to give the cleanest assemblies along with high 

fluorescence intensity for cellular uptake studies. For Cy3Cy5.5-labeled nanoparticles, Cy3-

labeled HE12-DNA, Cy5.5-labeled HE12-DNA with unlabelled HE12-DNA strands were mixed a 

25:25:50 percent ratio (DNA concentration 17 µM) followed by an annealing cycle 95 °C – 4 °C 

over 4 hours. 

 

3.5.7.2 Characterization of Cy3Cy5.5-labeled structures 

 

 

Figure 3.25 – Characterization of Cy3Cy5.5-DNA nanoparticles. a) DLS histogram showing a 

narrow size distribution of particles in solution. b) AGE analysis of assemblies of different ratios of 

Cy3-HE12-DNA, Cy5.5-HE12-DNA and HE12-DNA. 100% indicates (100% labeled-structures) 
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meaning a mixture of 50% Cy3 and 50% Cy5.5-HE12-DNA. 50: indicates 50% labeled; meaning 25% 

Cy3-HE12-DNA, 25%-Cy5.5-HE12-DNA and 50% unlabeled HE12-DNA. Gels were imaged under a 

Cy5.5, Cy3 and FRET channel. 100% labeled structures show a non-penetrating band, however as the 

percent of dye decreases in the mixture, a uniform well-defined penetrating band appears (ex. 50%, 

25% and 12.5%). 

 

3.5.7.3 Confocal microscopy in NHEK cells 

 

Cells were seeded in 8-slide chamber 50 % confluence (1E+4 cells) in keratinocyte 

medium. The next day (28 hours after initial seeding. 70 % confluence kept), media was removed, 

and fresh media was added. Samples was then added at a final concentration of 1.4 µM (total 

DNA) and cells were allowed to incubate 24 hours. Subsequently, cells were washed with 1X PBS 

and fixed with 4% paraformaldehyde at room temperature for 15 minutes. Then, cells were washed 

with 1X PBS and mounted with ProLong Gold. Slides were cured overnight at 4 °C and visualized 

the next day. Images were recorded using a Zeiss AxioImager and images were analyzed using the 

Zen software (Zeiss, USA). 

3.5.7.4 Flow cytometry studies 

 

Cells were seeded (5E+5 cells) in 6-well plates in keratinocyte medium. Samples were then 

added 1.5 µM total DNA and incubated with the cells for 24 hours. Cells were then fixed with 4% 

PFA and washed with 1X PBS. Subsequently, cells were resuspended in 1X PBS + 0.1% sodium 

azide prior to imaging. Samples were then processed using FACS FORTESSA. All measurements 

were performed in triplicates for error analysis. 

 

3.5.8 Increasing the serum stability of DNA nanoparticles 

 

3.5.8.1 FBS assay 

 

Same conditions were used as Chapter 2, Experimental Section 2.5.10.   
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3.5.9 Nanoparticle interaction with serum proteins 

 

3.5.9.1 HSA binding studies 

DNA nanoparticles (composed of DNA-HE12 conjugates) were prepared as a 10 µM 

solution by thermal annealing 95 °C – 4 °C over 4 hours. For binding studies, 1 µL of HSA stock 

(526 µM) was added to 10 µL of DNA nanoparticles and incubated for 2 hours prior to analysis 

by agarose gel electrophoresis. For control experiments, 10 µL of HE12-DNA micellar structures 

were denatured by the addition of denaturing solution of urea (10 µL of each of 8 M urea) and 

depletion of magnesium cations prior to HSA addition in an EDTA containing TBE buffer, 

exposing their long aliphatic chains. Titrations of human serum albumin (HSA) prepared at 526 

µM were added to the denatured DNA nanoparticle solution to yield final HSA dilutions of 1/1000, 

1/100, 1/50, 1/10, 1/5, 1/2 and undiluted excess HSA (526µM stock). The samples were analyzed 

under denaturing 20% PAGE.  

As another control, DNA nanoparticles were incubated with 10% FBS for different time 

points, and subsequently denatured with 2x formamide (without the addition of proteinase K 

enzyme). The structures were then run under 20% denaturing PAGE (Experimental Figure 3.26). 

 

Figure 3.26 – PAGE analysis of denatured HE12-DNA conjugate strands incubated with 10% 

FBS.  Incubation times: 0 mins, 1 hour, 2 hours, 4 hours. Lanes 1-4 are in the presence of 10% FBS, 

lanes 5-8 in the absence of FBS.  
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Figure 3.27 – DNA nanoparticle binding studies with human serum albumin (HSA). a) 

Preparation of Nile Red-loaded nanoparticles. b) Agarose gel electrophoresis of DNA nanoparticles 

prior to (Lane 1) and post incubation (Lane 2) with HSA. The gels were visualized under Gel Red 

DNA stain channel (left panel), Commassie Blue protein stain (middle panel) and Nile Red channel 

(right panel).  

The effect of HSA on the release of encapsulated drug was investigated. This would 

provide some indication as to how our drug-loaded structures would behave in vivo. Our studies 

were conducted by initially preparing Nile Red-loaded DNA nanoparticles (Experimental Figure 

3.27).  These structures would allow to study both: the release of Nile Red upon HSA addition, 

and the direct interaction of DNA nanoparticles with HSA. Following HSA addition (5x molar 

excess) and incubation for 2 hours, the products were analyzed by agarose gel electrophoresis 

AGE. As illustrated in Experimental Figure 3.27, upon incubation, no interaction is observed 

between the DNA nanoparticles and HSA protein. These results are further confirmed in the Nile 

Red channel, where two distinct populations of DNA particles and HSA are observed. The analysis 

of AGE data was complicated because under the gel electrophoretic conditions, the dye molecules 

diffused out of the DNA particles, and remained in the gel wells. Thus, it was difficult to use AGE 

data to determine Nile Red release. If we assume that the non-penetrating band that is not 
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associated with HSA represents Nile Red originally encapsulated in the nanoparticle, then the data 

would suggest that only a small fraction of Nile Red is released upon HSA addition, and was bound 

to protein, possibly to the HSA hydrophobic binding pockets.  

 

Figure 3.28 – HSA binding studies of DNA nanoparticles and the effect on encapsulated cargo. 

a) Generation of Nile Red-loaded unlabeled and Cy3-labeled DNA nanoparticles. b) AGE of Nile Red-

loaded cyanine-labeled nanoparticles incubated with HSA protein visualized under FRET channel 

(excitation 546 nm, emission 650 nm) and GelRed DNA stain. Lanes 1 &2: unlabeled DNA 

nanoparticles, Lanes 3&4: Cy3-labeled nanoparticles, pre-and post HSA incubation. 

To further investigate the interaction with HSA, we designed a Nile Red-loaded Cy3-DNA 

nanoparticle system (Experimental Figure 3.28). Due to the spectral overlap between Cy3 and Nile 

Red, simultaneous observation of released Nile Red molecules bound to HSA and the labeled DNA 

nanoparticles is possible under one fluorescence channel. In other experiments, we found that 

under gel electrophoretic conditions Nile Red molecules diffused out of the nanoparticle core, and 

a small portion of the dye molecules was found associated with HSA (Experimental Figure 3.27). 

These findings would hence allow us to track the mobility shift of the HSA protein by monitoring 

Nile Red fluorescence. Thus, the spectral overlap between Nile Red and Cy3 would then allow 

direct observation of HSA and Cy3 nanoparticles under a detection channel common for both Nile 

Red and Cy3.  As illustrated in Experimental Figure 3.28, the lack of interaction between labeled 

DNA particles and HSA is demonstrated through the presence of two populations with different 

mobility shifts. Additionally, the amount of DNA was observed to remain mostly unchanged after 

HSA incubation (GelRed channel).  
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3.5.9.2 Preparation of PEGylated-DNA nanoparticles 

 

100 µL of 10 µM DBCO-DNA-HE12 conjugates in water were suspended in TAMg buffer 

and assembled through a heat/cool cycle (95 °C – 4 °C, over 4 hours). PEG-azide or PEG-acetal-

azide were prepared as a 2.4 mM stock solution in water. For 4x molar excess, 1.67 µL of 2.4 mM 

PEG stock solutions was added to 100 µL of nanoparticles containing 10 µM DBCO-DNA-HE12 

and incubated for 24 hours at room temperature. The structures were then analyzed by AGE and 

AFM as described in Experimental Section 3.5.5.3. For denaturing PAGE analysis of DBCO-

DNA-HE12 PEGylation in water, the mixtures were loaded to an 18% polyacrylamide/urea gel. 

The gel was run at 250 V for 30 minutes followed by 500 V for 60 minutes with 1x TBE as the 

running buffer. 

 

3.5.10 Cross-linking of DNA nanoparticles 

 

3.5.10.1 Preparation of cross-linked DNA nanoparticles 

 

DNA-DS-DS-DS-HE21 conjugates were generated by solid-phase synthesis. Disulfide-

modified DNA nanoparticles were prepared by mixing 100 µL of 10 µM DNA-DS-DS-DS-HE12 

strands in 1xTAMg buffer (final) followed by thermal annealing (95 °C – 4 °C over 4 hours). DTT 

was prepared as a 100 mM stock in water. Different dilutions of DTT in water were prepared for 

titration experiments. After the addition of DTT, the structures were incubated overnight at room 

temperature and analyzed by denaturing PAGE (conditions of denaturing PAGE are mentioned in 

Experimental section 3.5.9.2).  
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Preface 

In Chapters 2 and 3, sequence-defined DNA polymers were examined in the context of drug 

delivery. Chapter 4 presents a new application in materials science and describes their importance in 

giving rise to new supramolecular self-assembled structures with interesting properties and function. 

A discovery is reported wherein the site-specific introduction of a single Cyanine dye (Cy3) molecule 

to DNA-polymer conjugates causes a drastic morphological shift in their self-assembly from spheres 

to one-dimensional rods. A strategy to generate rods with controlled length is presented. Additionally, 

an unprecedented supramolecular growth mechanism of DNA fibers with controlled 

dimensionality is discovered. Due to their change in optical properties upon assembly/disassembly, 

these structures could be used as fluorescent bioanalytical tools. Finally, examples are described 

for the templation of nanomaterials on DNA fibers and the site-specific alignment of fibers along 

DNA origami en route toward complex hybrid architectures with sophisticated function. 

 

 

 

 

From Cheeky to Geeky…. 
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4 
 

Cyanine-mediated DNA Nanofiber Growth with 

Controlled Dimensionality 

 

 

 

 

This chapter is composed mainly of work published as “Cyanine-mediated DNA Nanofiber 

Growth with Controlled Dimensionality” by Danny Bousmail, Pongphak Chidchob and Hanadi F. 

Sleiman. Journal of the American Chemical Society, 2018, 140 (30), 9518-9530. 
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designed the project, guided interpretation of data and discussion of results. Danny Bousmail and 
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4.1 Abstract 
 

Supramolecular one-dimensional (1D) architectures are of high interest in drug delivery 

and templation of complex linear arrays due to their high aspect ratio and rigidity. A particular 

desire is the access of 1D nanostructures with high functionality and biorelevance, which opens 

the door to their applications in materials science and nanomedicine. In this chapter, we report the 

discovery that the site-specific introduction of a cyanine (Cy3) dye unit in sequence-defined DNA 

amphiphiles causes a complete shift of the overall structure from spheres to 1D DNA nanofibers 

in aqueous media. We show that the generation of DNA nanofibers is dependent on the presence 

of cyanine units and their position within the DNA polymer hybrid. We further demonstrate an 

example of stimuli-responsive shape-shifting DNA nanofibers to highlight the role of the dye in 

the overall assembly. Notably, we show the preparation of fibers with controlled length by seeded-

growth mechanism. Additionally, the DNA nanofibers exhibit a change in Cy3 dye optical 

properties upon assembly, typical of cyanine dye aggregation, which can be used to monitor the 

fiber growth process. To demonstrate the functionality of these structures, we show the templation 

of gold nanoparticles (AuNP) along the fiber length and demonstrate the directional templation of 

DNA nanofibers on rectangular DNA origami. Our findings provide a method for generating 

functional nanomaterials and hierarchical complex architectures and show promise as a platform 

for biosensing and targeted drug delivery. 

 

4.2 Introduction  
 

Supramolecular assembly of nanomaterials into functional one-dimensional (1D) 

architectures has drawn considerable interest from both applied and fundamental viewpoints.1,2 

Over the past few decades, several molecular building blocks for supramolecular polymers have 

been utilized which include block copolymers containing poly(ferrocenyl dimethylsilane) units,3 

platinum(II) complexes,4 polythiophenes,5 proteins,6 peptides,7 and hexabenzocoronenes.8,9 

Particular interest has been directed toward block copolymer self-assembly, which has offered a 

powerful and versatile bottom-up synthetic route for the realization of various 1D and 2D 

morphologies with well-defined shape and functionalities.10−12 
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Under thermodynamic equilibrium, supramolecular polymerization most commonly 

occurs via two mechanisms: noncooperative isodesmic or cooperative nucleation-elongation chain 

growth.13 The latter requires a thermodynamically unfavorable initial nucleation step, followed by 

favorable chain elongation, bearing resemblance to chain-growth covalent polymerization defined 

by initiation and propagation steps.14 In the case where the monomer continuously attaches to the 

reactive ends of the growing chain without termination or transfer steps, it presents the possibility 

of achieving a kinetically controlled polymerization displaying “living” character.15 A defining 

feature of this growth is that the length of chain depends linearly on the amount of monomer added, 

a property resembling the behavior of living covalent polymerization. Kinetic control in 

supramolecular polymerization has allowed the generation of a range of out-of-equilibrium 

nanoscale structures with different morphologies and functions.16−21 In the context of living 

polymerization, a process termed living “crystallization-driven self-assembly” has recently been 

reported as a method to readily prepare 1D and 2D structures with controlled lengths in organic 

media.22−24 Several other examples of living supramolecular polymerization have also been 

reported and have allowed ready access to polymers and complex architectures with narrow size 

distributions.25−31 These elegant reports have greatly broadened our capability for preparing 

various 1D, 2D, and 3D hierarchical architectures from block copolymers. Of high interest are 1D 

supramolecular polymers in aqueous media. While less abundant than assemblies in organic 

solvents, a few examples have been reported and could see applications in biomedicine.7,32−36 A 

particularly attractive goal would be to extend this capability to functional architectures with 

biological relevance. 

DNA has emerged as a highly controllable material for nanotechnology.37 The self-

assembly of DNA can be tailored with great precision, offering well-defined nanostructures with 

unique programmability.38,39 However, while highly programmable, the four-letter code assembly 

language of DNA gives rise to structures with relatively short-range order.40 On the other hand, 

block copolymer self-assembly has resulted in predictable morphologies with long-range order 

using a large number of interactions such as hydrophobic, electrostatic, and π−π interactions.41 

Combining the assembly language of block copolymers with DNA, as in DNA block copolymers, 

can result in long-range organization and give rise to a new class of DNA-based nanostructures 

through a number of different orthogonal interactions, expanding the library of self-assembled 

DNA nanomaterials.42−51  
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DNA block copolymers have been used to shift between various long-range morphologies 

(spherical to rod-shaped) with externally added DNA strands or enzymes.52,53 A controllable 

strategy using amphiphilic DNA conjugates has also been utilized to prepare 2D and 3D 

assemblies in aqueous solution.54−56 Reversible switching between spherical micelles and rods has 

also been reported with DNA−dendron hybrids.57 Additionally, DNA rods have been obtained 

through kinetic micellization of nucleic acid−polymer amphiphiles and have been used as drug 

delivery vehicles.58,59 These approaches have added valuable tools to the field of DNA 

nanotechnology with respect to programmed structure manipulation and drug delivery. More 

recently, an efficient and versatile method to generate DNA block copolymers via solid-phase 

synthesis has been reported by our group and others.60−65 This method, unlike conventional 

synthetic polymer conjugation, yields DNA−polymer conjugates that are fully monodisperse and 

sequence-defined. These polymers have been used to decorate 3D DNA nanostructures to allow 

their hierarchical self-assembly, as well as create hydrophobic pockets in DNA cubes for potential 

drug delivery applications.43,44 Self-assembly of sequence-defined DNA block copolymers has 

also been used to produce spherical micellar systems in which the DNA block forms a corona in 

aqueous media, while hydrophobic sections form bulk-like nonpolar phases.66−68 These spherical 

DNA micellar systems have seen applications in materials chemistry and drug 

delivery,42,43,62,63,69−76 due to the unique programmability, ease of functionalization, and specific 

recognition properties of DNA. Despite the recent advances, controlling the dimensionality of 

DNA block copolymers is still limited.77,78 Particularly, to our knowledge, no examples of DNA 

amphiphile-based supramolecular polymerization with a seeded growth mechanism and controlled 

length have been reported. This type of growth is very desirable, as it allows access to structures 

with controlled length and narrow size dispersity and also complex assemblies such as block co-

micelles.22,79 Moreover, the DNA component of these structures allows ready functionalization 

with a variety of biomolecules and materials. Thus, there is a compelling need to expand the library 

of functional supramolecular 1D DNA architectures. 

In this chapter, we report the discovery that the site-specific introduction of a single cyanine 

dye molecule into sequence-controlled DNA amphiphiles results in a complete morphological 

switch from spheres to 1D fibers. Fiber formation displays dependence on the position of cyanine 

dye, where the dye location in the DNA−polymer conjugate is critical for the overall morphology. 

We further show an example of stimuli-response shape-shifting fibers to highlight the role of the 
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dye in the resulting morphological change. Moreover, we show seeded growth of DNA fibers and 

size control of the grown fiber by varying the concentration of monomer added. The use of cyanine 

dyes allows monitoring fiber growth through the change in optical properties and can be used as a 

bioanalytical tool to diagnose fiber structural integrity. Finally, we show that the presence of DNA 

as the fiber corona allows hierarchical organization of polyvalent gold nanoparticles (AuNPs) and 

site-specific directional binding to DNA origami tiles through base pairing. This finding 

significantly expands the range of supramolecular 1D polymers and, to our knowledge, is the first 

example of seeded supramolecular polymerization of DNA block copolymers with controlled 

dimensionality. The ready access to DNA nanofibers in biologically relevant solvents could enable 

applications as analytical tools in biosensing, stimuli-responsive vehicles for drug delivery and in 

guided fiber growth using DNA nanostructures, to create optoelectronic wires with arbitrary 

geometries. 

 

4.3 Results and Discussion 
 

4.3.1 Synthesis and characterization of DNA nanofibers 
 

The original goal of our approach was to generate dye-labeled spherical DNA nanoparticles 

for cellular uptake studies. As commonly used in biological studies, Cyanine 3 (Cy3) was selected 

as the dye of choice. Toward this end, a novel Cy3–modified DNA−polymer conjugate was 

synthesized, which consisted of a 19-mer DNA segment at one end, attached to 12 hexaethylene 

(HE) units, to which one or two units of Cy3 dye were appended at the opposite end 

(Cy3−HE12−DNA conjugate for one Cy3 dye addition, Cy3Cy3−HE12−DNA for two Cy3 dye 

additions, Figure 4.1). The strands were synthesized by solid-phase synthesis using 

phosphoramidite chemistry, which offers monodisperse DNA amphiphiles in high yields and 

provides control over the length and the sequence of the monomer in the final structure. The HE 

units added at the 5′ end of the DNA segment are each spaced by phosphodiesters, as is the case 

for the Cy3 molecules. The self-assembly of DNA−polymer conjugates into nanostructures was 

achieved in buffers containing magnesium cations, which can stabilize the unfavorable repulsion 

of negatively charged phosphodiesters in the overall assembly. In previous studies, we have shown 
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that HE12−DNA conjugates self-assemble into highly monodisperse spherical nucleic acid 

particles in aqueous media containing divalent cations (Figure 4.1). Based on these observations, 

we predicted that the Cy3-labeled monomers would display similar assembly behavior, generating 

spherical DNA nanoparticles with the dye molecules embedded in their core. However, 

surprisingly, the introduction of a single cyanine dye molecule at the end of the sequence-

controlled DNA amphiphile resulted in a complete morphological switch from spheres to 1D DNA 

nanofibers. 

 

 

Figure 4.1 – Synthesis of sequence-controlled Cy3-HE12-DNA or Cy3Cy3-HE12-DNA conjugates 

and their self-assembly behaviour. Phosphoramidite monomers were attached at the 5′-end of a 

growing DNA strand on controlled pore glass (CPG) in a stepwise and sequence-controlled manner. 

The 19-mer DNA was first built from the support, followed by 12 hexaethylene monomer additions 

(HE12). Self-assembly of HE12−DNA conjugates generates spherical DNA nanoparticles. However, the 

site-specific introduction of one or two units of Cy3 phosphoramidite as a final coupling step, followed 

by self-assembly in aqueous media, results in a complete change of morphology into 1D DNA 

nanofibers. 

 

For our assembly process, Cy3-labeled structures were generated by mixing 

Cy3−HE12−DNA or Cy3Cy3−HE12−DNA monomers in aqueous buffer containing divalent 

cations, followed by thermal annealing (95 °C to 22 °C) and aging overnight at room temperature. 
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In this report, we will highlight one system containing Cy3Cy3−HE12−DNA monomers with two 

Cy3 units. Similar results were obtained for the system with a single Cy3 unit and are found in the 

Experimental Sections 4.5.7 and 4.5.12.  

As an initial test, different ratios of Cy3Cy3−HE12−DNA were mixed with unlabeled 

HE12−DNA followed by annealing and overnight aging at room temperature. The resulting 

mixtures were analyzed by agarose gel electrophoresis (AGE), atomic force microscopy (AFM), 

and transmission electron microscopy (TEM) (Figure 4.2, Experimental Figures 4.22-4.25). 

Notably, at 100% Cy3Cy3−HE12−DNA in the assembly mixture, a nonpenetrating band with AGE 

was observed (Figure 4.2b). Structural analysis of this population by AFM and TEM under dry 

conditions revealed the formation of extended DNA nanofibers of average length Ln = 200 nm, Lw 

= 209 nm, Lw/Ln = 1.05 (σ/Ln = 0.17), width = 36 nm and height = 10 nm by AFM analysis, and 

Ln = 262 nm, Lw = 291 nm, Lw/Ln = 1.11 (σ/Ln = 0.31) and width = 32 nm by TEM measurements 

(Ln is the number-average contour length, Lw is the weight-average contour length, and σ is the 

standard deviation) (Figure 4.2d,e, Experimental Figures 4.22-4.25). The structures exhibited 

narrow-size distribution and a predominant stiff linear architecture. As the concentration of 

unlabeled HE12−DNA was increased in the mixture, thus disrupting dye−dye interactions, the 

structures reverted to spherical nanoparticles, which was observed as a tight penetrating band with 

AGE and nearly monodisperse spherical nanoparticles on the surface by AFM analysis (Figure 

4.2b, Experimental Figures 4.26-4.28). Interestingly, when an excess amount of 

Cy3Cy3−HE12−DNA was added to spherical populations and reannealed, the structures switched 

back from spheres to 1D nanofibers, likely due to restored dye−dye interactions (Figure 4.2c). The 

assembly of the DNA nanofibers in liquid environments was then investigated using fluid AFM 

and dynamic light scattering (DLS). Fluid AFM analysis showed the presence of long extended 

structures on the surface under liquid conditions (Experimental Figure 4.29), and DLS revealed 

the presence of structures with much larger hydrodynamic radii in solution as compared to their 

spherical counterparts (Experimental Figure 4.30).  
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Figure 4.2 – Structural characterization of Cy3Cy3−DNA nanofibers. (a) Schematic representation 

of the assembly of Cy3Cy3−HE12−DNA monomers into DNA nanofibers in aqueous conditions. (b) 

Agarose gel electrophoresis (AGE) analysis describing the morphological shift of structures made from 

mixing varying ratios of Cy3Cy3−HE12−DNA with unlabeled HE12−DNA strands followed by thermal 

annealing. L: Ladder, lane 100: 100% Cy3Cy3−HE12−DNA in the mixture, lane 75: 75% 

Cy3Cy3−HE12−DNA/25% HE12−DNA, lane 50: 50% Cy3Cy3−HE12−DNA/50% HE12−DNA, lane 25: 

25% Cy3Cy3−HE12−DNA/75% HE12−DNA, lane 0: 100% HE12−DNA. The gel was imaged under a 

Cy3-selective channel (left panel) and a DNA-selective channel (right panel). (c) AGE analysis of 

structures pre- and post addition of excess Cy3Cy3−HE12− DNA monomer (Cy3-selective channel). 

Lane 1: Structures assembled at 75% Cy3Cy3-HE12-DNA/25% HE12-DNA, lane 2: structures from 

lane 1 after the addition of excess Cy3Cy3-HE12-DNA monomer, lane 3: structures assembled at 50% 

Cy3Cy3-HE12-DNA/50% HE12-DNA, lane 4: structures from lane 3 after the addition of excess 

labeled monomer. (d) Transmission electron microscopy (TEM) of DNA nanofibers. (e) Atomic force 

microscopy images of DNA nanofibers on the surface under dry conditions. (f) Height and length 

analysis of Cy3Cy3−DNA fibers from AFM measurements. 

 

Cy3Cy3−DNA fibers were also stable at room temperature for over 1 week and could also 

be prepared by simply mixing monomer strands in assembly buffer followed by overnight room 

temperature incubation. The resulting fibers, however, exhibit wider length dispersity as well as 

lower height when compared to ones by thermal annealing (Figure 4.3). These observations 

demonstrate the role of the dye in dictating the resulting morphology and highlight a route for 

controlling the overall architecture by varying the ratio of dye-labeled to unlabeled monomers in 

the assembly. 
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Figure 4.3 – AFM images of Cy3Cy3-DNA fibers generated at room temperature. Cy3Cy3-HE12-

DNA monomers were mixed with assembly buffer followed by room temperature overnight 

incubation. 

  

 With the Cy3Cy3−DNA fibers characterized, the packing mode of the hydrophobic core in 

DNA fibers was investigated (Figure 4.4). TEM data of single-stranded and fully double-stranded 

DNA fibers showed similar average radii of 16 nm, which suggested that the DNA in the corona 

was extended. This obtained width is consistent with the tight packing of the dyes and HE chains 

in the core surrounded by a charged corona made up of DNA. Assuming the linear DNA geometry 

(6.1 nm) and the cross-section of the dye (∼1.7 nm), this suggests that the HE12 chain (1.9 nm per 

HE unit if stretched) is folded on itself multiple times and potentially adopts a “concertina” 

structure analogous to that of phospholipid bilayers (Figure 4.4a-b). 
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Figure 4.4 – Proposed packing mode of DNA nanofibers. Molecular model (left) and chemical 

structure (right) of Cy3Cy3−HE12−DNA highlighting the three key structural features and their relative 

dimensions. (h) Proposed model of self-assembly of Cy3Cy3−HE12−DNA into DNA fibers. The HE12 

chain folds on itself multiple times, potentially adopting a “concertina” structure. 
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 As for fibers made from Cy3−HE12−DNA, similar results to Cy3Cy3−DNA fibers were 

obtained where the introduction of a single Cy3 unit caused the formation of Cy3−DNA 

nanofibers. The presence of long extended fibers by AGE, AFM, and TEM was observed upon the 

introduction of a single Cy3 unit at the end of HE12−DNA conjugates followed by assembly and 

is highlighted in Experimental Figures 4.31-4.35. For Cy3−DNA fibers, unlike Cy3Cy3−DNA 

fibers, after 2 days of aging, the formation of dense interconnected networks of fibers was observed 

by surface measurements (Experimental Figure 4.35). 

 With these promising results, we then proceeded to investigate if fiber formation is 

sequence-dependent on the Cy3Cy3 units, i.e. if the position of the Cy3Cy3 units on the polymer 

chain influences the overall morphology. Taking advantage of the ease of sequence manipulation 

using our solid-phase synthetic approach, four sets of Cy3-labeled monomers were generated, each 

bearing the Cy3 units at a different position with respect to the DNA−polymer hybrid (Figure 4.5). 

Structures were assembled by the addition of assembly buffer containing divalent cations, followed 

by thermal annealing and overnight incubation at room temperature. AFM analysis was used to 

test the effect of dye position on the resulting architecture. When the dye was flanked by two 

hydrophobic units, or positioned at the DNA−polymer interface, spherical nanoparticles were 

predominantly observed (Figure 4.5b,c). This could be due to steric hindrance of the surrounding 

chains hampering efficient dye−dye interactions. Interestingly, positioning the dye units at the 5′ 

end of the DNA−polymer conjugate, resulted in the formation of DNA fibers. (Figure 4.5d). We 

then studied the sensitivity of fiber formation by varying the number of hydrophobic units 

surrounding the dye. The self-assembly of HE−Cy3Cy3−HE11−DNA strands (where the dye 

position was shifted by one HE unit from the terminus) was characterized by AFM. Interestingly, 

DNA fibers were solely observed on the surface, which suggested that dye−dye interactions could 

withstand the induced steric of a neighboring 12 carbon chain (Figure 4.5e).  
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Figure 4.5 – AFM analysis showing the sequence-dependence of DNA nanofibers on Cy3 units. 

The position of Cy3 was varied at the monomer level to study the effect of dye position on the overall 

morphology. Spherical nanoparticles were observed (a) in the absence of Cy3 units, (b) when the dye 

was flanked between the hydrophobic chains, or (c) when the dye was positioned at the DNA−polymer 
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interface. (d) DNA nanofibers were observed when the dye unit was added at the 5′ end of the 

DNA−polymer conjugate. (e) The structures maintained the fiber architecture when the dye unit was 

shifted by one HE unit from the terminus. 

 

The effect of the length of ssDNA and hydrophobic chain on the overall morphology was 

then studied (Figure 4.6, Experimental Figure 4.36). Long DNA strands (19-mer) and short 

hydrophobic chains (6 units of HE) resulted in spherical nanoparticles. Increasing the length of the 

hydrophobic chain to 12 HE units gave DNA fibers both for 19- and 38-mer DNA (the width of 

the 38-mer fibers was larger than that of the 19-mer) (Figure 4.6, Experimental Figure 4.36). 

Interestingly, with short DNA (8-mer) and long hydrophobic chain (12 HE units), DNA nanosheets 

were observed. These results indicate that the dye position and assembly conditions are critical for 

the obtained morphology and could provide another way of dictating the overall structure by 

merely changing the position of the dye units in the monomer strands or manipulating the length 

of DNA/ hydrophobic units. 

 

 

Figure 4.6 – Diagram and AFM images showing the different self-assembly modes of Cy3Cy3− 

polymer−DNA conjugates with varying length of DNA and polymer chain. 
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4.3.2 Shape-shifting Cy3Cy3-DNA nanofibers 

 

Nanoparticles that undergo defined changes in morphology in response to stimuli are 

desirable for a wide range of applications, including targeted drug delivery and detection.80 In our 

case, we were interested in introducing selective user-defined morphological transformations in 

the DNA nanofiber system. Additionally, bearing in mind that Cy3Cy3 association was the likely 

factor dictating fiber morphology, we hypothesized that selective cleavage of the dye unit from the 

structure should cause a shift in morphology back into spherical DNA nanoparticles. Toward this 

end, a photocleavable linker unit (PCL unit) was introduced between the HE12 and Cy3Cy3 units 

during synthesis yielding Cy3Cy3−PCL−HE12−DNA monomers (Figure 4.7a). The assembly 

process was monitored by AGE and AFM analysis. Prior to photoirradiation, Cy3Cy3−DNA 

nanofibers containing photocleavable units were generated and characterized (Figure 4.7b,c). 

Upon irradiation for 1 h and subsequent incubation at room temperature for 12 h, a complete 

morphological shift was observed from 1D rods to nearly monodisperse spherical structures. The 

cleavage process, though 95% efficient (Experimental Figure 4.37), was sufficient to cause a 

morphological shift, likely producing dye-labeled spherical structures (faint band observed in the 

Cy3 channel in Figure 4.2b). These results corroborate AGE data in Figure 4.2b which revealed 

spherical architectures at a low ratio of Cy3Cy3-monomers.  
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Figure 4.7 – Stimuli-responsive shape-shifting of photocleavable Cy3Cy3−DNA nanofibers. (a) 

A photocleavable linker (PCL) was introduced between the HE12 and Cy3Cy3 units during the 

synthesis of the monomer strand. Cy3Cy3-fibers containing PCL units were generated upon self-

assembly in aqueous buffer. Upon irradiation with a 365 nm light, the Cy3Cy3 units were cleaved from 

the structure resulting in a morphological shift to spherical nanoparticles. (b) Agarose gel 

electrophoresis analysis of the structures prior to and post irradiation. L: ladder, lane 1: photocleavable 

Cy3Cy3−DNA fibers prior to irradiation, lane 2: fibers post irradiation. (c, d) AFM images of 

photocleavable Cy3Cy3−DNA fibers prior to and post irradiation 

As a control, Cy3Cy3−DNA fibers (lacking a photocleavable unit) were subjected to the 

same stimulus, and their cylindrical morphology remained unchanged (Figure 4.8).  
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Figure 4.8 – AFM images of Cy3Cy3-DNA nanofibers (lacking a photocleavable unit) before 

and after irradiation with a 365 nm light source. 

 

Additionally, when Cy3Cy3−PCL−HE12−DNA monomers were first subjected to 

photoirradiation, followed by assembly in aqueous buffer, spherical nanoparticles were observed, 

exclusively (Experimental Figure 4.37). This was a further indication that the shape-shift behavior 

was likely due to the loss of Cy3Cy3 units. The controlled aggregation behavior of amphiphilic 

cyanine dyes has been previously investigated. These molecules are some of the most studied self-

aggregating dyes and can form H and J-aggregates that exist as 1D assemblies in solution.81,82 For 

example, amphiphilic cyanine dyes have been shown to self-assemble into chiral double-walled 

nanotubes and rod-like assemblies in solution.83−85 Our findings suggest that the driving force of 

the rod-like structures is likely due to dye stacking, transferring the well-studied modes of 

molecular assembly of amphiphilic cyanine dyes into the overall supramolecular architecture. 

 

4.3.3 Growth mechanism of DNA nanofibers 

 

DNA amphiphile-based fibers have been reported previously;52,53 however, no length 

control or investigation of fiber growth mechanism has been described. As a first step to study the 

growth mechanism of DNA nanofibers, the average contour length of the assemblies was measured 

as a function of different monomer concentrations by atomic force microscopy (Figure 4.9, 

Experimental Figures 4.38, 4.39). Different concentrations of monomers dispersed in water in 

their molecular non-aggregated state were mixed with assembly buffer containing magnesium ions 

and followed by a heat/cool cycle (95 °C to 22 °C) to yield DNA fibers. Notably, fiber length 

increased with increasing monomer concentration and showed linear dependence of contour length 

on the concentration of monomer, suggesting a chain-growth rather than step-growth mechanism. 

Additionally, the interaction between dye molecules appeared to withstand significant variations 

in monomer concentration, ranging from nanomolar to micromolar concentrations. This property 

is useful for applications that require maintained structural integrity upon sudden dilution and 

changes in assembly concentrations. This feature also provides a simple approach for controlling 
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dimensions of DNA nanofibers through simply predefining the monomer concentration prior to 

assembly. 

 

Figure 4.9 – Investigating the effect of monomer concentration on fiber length. (a) AFM analysis 

of Cy3Cy3−DNA fibers grown from different monomer concentrations. (b) Plot showing the linear 

dependence of DNA nanofiber length on monomer concentration. Table: Data of average contour 

length of DNA fibers vs monomer concentration. Error bars represent mean standard deviation. 

 

Earlier reports on controlled supramolecular polymerization have been described by 

Manners, Winnick, and co-workers.3 In these studies, seeded growth of cylindrical micelles was 

demonstrated where the addition of fresh monomer to nanosized cylindrical micelles in 
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tetrahydrofuran resulted in their growth to micrometer long fibers. Inspired by these earlier reports, 

we sought to investigate the growth mechanism of DNA fibers and test whether the addition of 

monomer units would extend the growth of DNA nanofibers. To do this, we examined whether we 

could generate short DNA seed assemblies that could act as nuclei for fiber growth. Given that the 

monomer strands are punctuated by negatively charged phosphate groups, we studied the effect of 

varying the amount of magnesium in solution on the overall assembly. Initial studies on the effect 

of magnesium concentration on fiber assemblies showed that the fibers shortened as a result of 

decreased magnesium ions in solution (Figure 4.10a). Interestingly, keeping the monomer 

concentration constant, at low magnesium (3.125 mM Mg2+), monodisperse short assemblies were 

observed on the surface (Figure 4.10a, Experimental Figure 4.40). These structures could then be 

used as seeds to nucleate the growth process with the addition of monomer (Figure 4.10b). 

Following the assembly at 3.125 mM Mg2+, different ratios of monomer in water were added to 

the preformed seeds, followed by incremental increase in magnesium concentration in solution to 

12.5 mM throughout an overnight incubation period at room temperature (Figure 4.10b,c, 

Experimental Figures 4.41-4.45). Interestingly, through AFM analysis, we observed that the 

preformed seeds exhibited a difference in height compared to the growing chain, which allowed 

direct tracking of the growth process (Figure 4.10c, Experimental Figure 4.44). As illustrated in 

Figure 4.10c, fibers of different lengths were prepared through seeded growth from short fiber 

seeds by varying the amount of added monomer. The length of grown fibers was linearly correlated 

to the ratio of monomer added to preformed seeds (Experimental Figure 4.45). Additionally, we 

observed that fiber growth from the seeds propagated at an angle, forming structures resembling 

“hockey sticks”. The molecular mechanism behind this interesting observation is currently under 

investigation; however, it could be due to a different mode of packing exhibited by the fiber seeds 

under such low magnesium conditions. 
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Figure 4.10 – Seeded growth of DNA nanofibers. (a) AFM analysis studying the effect of magnesium 

concentration on DNA nanofiber length. Fiber length narrows with a decreasing concentration of 

magnesium ions in solution. (b) Schematic representation of DNA nanofibers grown from 

monodisperse seeds in aqueous media. (c) AFM analysis showing DNA nanofiber growth from fiber 

seeds and the effect of monomer:seed ratio on fiber length. Seeded growth of DNA nanofibers was 

achieved by the addition of different equivalents of monomer to DNA fiber seeds. The average length 

of grown DNA nanofibers increased linearly with an increasing ratio of monomer:seed. DNA 

nanofibers were observed to grow from fiber seeds at an angle, resembling DNA “hockey sticks”. 

 

4.3.4 Optical Properties of Cy3Cy3-DNA Nanofibers 

 

The presence of Cy3 units as part of the structure allows monitoring of fiber formation as 

a result of changes in dye optical properties. Accordingly, the UV−vis absorption of 

Cy3Cy3−DNA nanofibers was monitored, which showed a red-shift of the maximum absorption 

from 551 to 561 nm upon fiber formation (Figure 4.11a). The fluorescence intensity of Cy3Cy3-

fibers was then measured and showed a 90% decrease upon fiber assembly (Figure 4.11b). These 

phenomena are typical characteristics of self-aggregation of cyanine dyes, which results in energy 

transfer between the dye molecules and quenching.86 Notably, full fluorescence recovery was 

achieved by denaturation of the structures to monomer units, indicating that the decrease in 

fluorescence was a direct result of the self-assembly process, and the structural and electronic 

properties of the dyes remained unaltered (Figure 4.11c). The change in Cy3 optical properties 

also allowed for studying the kinetics of fiber assembly by monitoring the decrease of Cy3 

fluorescence over time (Figure 4.11d, Experimental Figure 4.46). Rapid assembly behavior was 

observed with a calculated fiber formation half-life of ∼100 min. The predicted change in Cy3 

fluorescence properties upon fiber formation/disassembly could also be useful for biological 

applications, as fluorescence enhancement can report on the fate of these structures in the cellular 

environment. 
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Figure 4.11 – Optical properties of Cy3Cy3−DNA fibers. (a) Absorption spectra and (b) 

fluorescence spectra of Cy3Cy3-fibers measured at room temperature and (c) following fiber 

denaturation into monomer units. (d) Monitoring the kinetics of fiber assembly as a result of Cy3 

fluorescence decrease over time. 

 

Supramolecular nanostructures can display dynamic behavior. This feature has been 

recently used to control protein templation.87,88 With this in mind, we sought to investigate whether 

the DNA nanofibers exhibit a dynamic character. Two separate populations of DNA nanofibers 

were generated: Cy3Cy3 and Cy5Cy5 fibers (Figure 4.12, Experimental Figures 4.47, 4.48). The 

dynamic character of such assemblies could then be evaluated by mixing preformed fibers in 

solution and monitoring strand exchange through Forster resonance energy transfer (FRET) 

between Cy3 and Cy5 donor−acceptor pairs. An exponential increase of FRET intensity was 

observed over time with a calculated half-life of ∼200 min (Figure 4.12b, Experimental Figure 

4.49). The rate and efficiency of the exchange process was evaluated by following the decrease in 
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Cy3 fluorescence over time, which showed a maximum decrease of ∼50% after 2 days, suggesting 

slow and incomplete exchange between the two populations. 

 

Figure 4.12 – Studying the dynamic properties of DNA nanofibers. a) Schematic representation of 

dynamic strand mixing between Cy3Cy3 and Cy5Cy5 fibers forming supramolecular hybrid DNA 

fibers that undergo FRET. (f) Kinetics of strand mixing as a result of FRET signal increase over time. 

Error bars represent mean standard deviation. 

 

As a control, equal concentrations of Cy3Cy3 and Cy5Cy5−HE12−DNA monomers 

dispersed in deionized water were mixed and incubated at room temperature for 24 h. No FRET 

signal was observed, which indicated the lack of interaction of the negatively charged strands in 

the absence of divalent cations (Figure 4.13a,b). To the same mixture, assembly buffer was added, 

and followed by a 24-h room temperature incubation to generate completely hybrid fibers. For 

these structures, fluorescence data showed near complete loss of Cy3 signal and the presence of a 

strong FRET signal, suggesting close association between Cy3Cy3 and Cy5Cy5− HE12−DNA 

monomers and high overlap between the FRET pair (Figure 4.13c).  
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Figure 4.13 – Cy3Cy3 and Cy5Cy5-DNA fiber mixing. a) Schematic illustration and b) fluorescence 

data showing the absence of FRET when Cy3Cy3-HE12-DNA and Cy5Cy5-HE12-DNA monomers are 

mixed in de-ionized water and incubated for 24 hours. c) Fluorescence data showing near complete 

loss of Cy3 signal and the presence of a strong FRET signal when assembly buffer is added to the 

mixture of Cy3Cy3 and Cy5Cy5-HE12-DNA strands dispersed in water causing the formation of 

completely hybrid structures. 
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These results suggest that slow strand exchange between preformed fibers could be due to 

the presence of a negatively charged DNA corona surrounding the fiber assemblies and creating 

repulsive forces during strand exchange. In reference to seeded growth experiments (Figure 4.10), 

the time frame of the experiment (overnight at room temperature) can allow for strand exchange 

between different fibers, which would be expected to affect the length of the fibers. Exchange 

kinetics could potentially be further slowed by introducing additional supramolecular interactions 

such as H-bonding and π−π stacking interactions. 

 

4.3.5 Templation of nanomaterials on Cy3Cy3-DNA nanofibers 
 

With the self-assembly properties of DNA nanofibers characterized, we then investigated 

the ability of the DNA corona to template the positioning of nanomaterials. Linear and chiral 

assemblies of gold nanoparticles (AuNPs) exhibit interesting optical and electronic properties 

useful for a wide variety of applications.89,90 1D AuNP assemblies with precise AuNP patterning 

have been reported using complex DNA nanostructures.91−93 On the other hand, block copolymers 

could be utilized for 1D AuNP templation; however, control over the length of template and degree 

of AuNP functionalization is often limited. Taking advantage of the high aspect ratio of DNA 

nanofibers, we sought to investigate the templation of 10 nm AuNPs on Cy3Cy3−DNA fibers. To 

achieve this, DNA nanofibers were prepared in aqueous media and incubated with DNA-

polyfunctionalized AuNPs bearing a sequence complementary to the DNA sequence in the 

nanofiber. The products were characterized by AFM and TEM, which showed successful DNA-

mediated templation of AuNPs on DNA fibers (Figure 4.14, Experimental Figures 4.51-4.55). 

Notably, the degree of AuNP templation could be controlled by varying the concentrations of 

AuNP and DNA fibers in the assembly mixture. At low ratios of AuNPs to DNA fibers, a low 

number of particles per fiber (2−6 AuNPs/fiber) could be achieved (Figure 4.14a,c, Experimental 

Figures 4.51-4.53). Likely, because the AuNPs can bind any complementary DNA strand 

protruding from the fiber surface without preference, some nonlinear arrangements of AuNPs are 

expected to be templated on the fiber surface. Increasing the ratio of AuNP compared to DNA 

fiber (by decreasing DNA fiber concentration) resulted in almost total decoration of fibers with 

AuNPs (Figure 4.14b,d, Experimental Figures 4.54, 4.55). Bearing in mind that the DNA fiber 

diameter is ∼32 nm, multiple AuNPs could be accommodated along the width of the fiber. 
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Figure 4.14 – Templation of 10 nm gold nanoparticles (AuNPs) on Cy3Cy3−DNA nanofibers. 

DNA nanofibers were incubated with 10 nm AuNPs functionalized with a complementary DNA 
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sequence to the nanofiber DNA strands. (a, b) AFM and (c, d) TEM images of AuNP-decorated 

Cy3Cy3−DNA nanofibers under low AuNP:DNA fiber ratio (left panel) and higher ratio of 

AuNP:DNA fiber (right panel). 

  

Upon increasing both the AuNP and fiber concentrations, the formation of AuNP-mediated 

higher order networks of DNA nanofibers was observed (Experimental Figure 4.56). The 

specificity of AuNP−fiber interaction was investigated by using AuNPs containing a scrambled 

noncomplementary sequence to the fiber DNA. Upon mixing, no binding was observed, 

highlighting the specific DNA-mediated templation of the AuNPs (Figure 4.15).  
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Figure 4.15 – DNA nanofibers mixed with 10 nm AuNP containing a non-complementary 

scrambled DNA sequence. AFM analysis demonstrated the absence of binding of the AuNPs to 

DNA nanofibers. 10 nm AuNPs on the surface were circled in green.  

 

These results demonstrate a method of utilizing DNA fibers for the hierarchical assembly 

of inorganic AuNPs and patterning of nanomaterials; notably, this could yield an efficient route to 

functional materials through seeded supramolecular polymerization and afford control over the 

length of the hybrid material. 

In the context of hierarchical DNA assemblies, DNA origami has dramatically improved 

the complexity and scalability of DNA nanostructures.94 Due to its high degree of customization 

and spatial addressability, it has provided a versatile platform with which to engineer nanoscale 

structures and functional devices. One particularly interesting application has been the use of DNA 

origami for predesigned routings to guide polymer chain positioning through DNA base-pair 

interactions.95 This method has allowed ready access to conjugated polymer assemblies with 

arbitrary geometries. Drawing inspiration from this work, we first tested whether the DNA 

nanofibers could be templated along the edges of rectangular DNA origami tiles (Figure 4.16a, 

Experimental Figures 4.57-4.59). This would serve as a starting point for guided polymer growth 

and would also demonstrate the ability to further generate more complex architectures.  

In our design, the binding of previously grown Cy3Cy3−DNA nanofibers and origami tiles 

was achieved through a 14 base-pair homology between the fiber DNA and two extension strands 

from the origami rectangle. As an initial step, DNA origami binding was characterized by AGE 

(Figure 4.16b). Strong binding was observed through a mobility shift of the DNA origami band 

(lane 4) to a nonpenetrating band (lanes 1−3) indicating association with the Cy3Cy3−DNA fibers. 
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Figure 4.16 – Templation of Cy3Cy3−DNA fibers on rectangular DNA origami tiles. (a) 

Cy3Cy3−DNA fibers were incubated with rectangular DNA origami tiles functionalized on one or two 

sides with two DNA strands complementary to the fiber DNA strands. (b) Agarose gel electrophoresis 

analysis of the binding of Cy3Cy3−DNA fibers to DNA origami tiles. L: ladder, lanes 1−3: Different 

molar ratios of Cy3Cy3-fibers mixed with DNA origami tiles. Lane 1: 1000× excess 

Cy3Cy3−HE12−DNA monomer to DNA origami tile, lane 2: 800× excess, lane 3: 500× excess, lane 4: 

DNA origami tile control, lane 5: Cy3Cy3−DNA nanofiber control 

 

 The hybrid structures were then characterized by AFM, which showed linear positioning 

of DNA fibers along the shorter rectangular origami edge as per design (Figure 4.17a-f, 

Experimental Figure 4.57). Interestingly, the fibers displayed perfect alignment along the 

rectangular origami edge. Large height difference was also observed between DNA fibers and 

DNA origami (fiber ∼9 nm vs DNA origami ∼2 nm), as predicted, from AFM analysis of both 

structures (Figure 4.17c-f), and earlier reported heights of DNA origami tiles.39  
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Figure 4.17 – Templation of DNA nanofibers on rectangular origami tiles. a,b) AFM images of 

the (a) origami tile control, (b) one-sided templation of Cy3Cy3-fibers on DNA origami tiles. c–d) 

Representative AFM images of DNA origami control and one-sided templated fibers showing the 

cross-sections used for height analysis. e,f) Height analysis showing the large height difference 

between DNA fibers and DNA origami tiles (9 nm for fiber vs. 2 nm for DNA origami) 
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We then tested the possibility to generate a two-way track along the origami tile by placing 

complementary DNA strands to the fiber on opposite edges of the rectangular tile. As a 

demonstration, we generated a two-way track of Cy3Cy3−DNA fibers sandwiching DNA origami 

rectangles (Figure 4.18a,b, Experimental Figures 4.58, 4.59). These results serve as an initial 

proof-of-concept toward building complex hierarchical DNA architectures. The high directional 

fidelity of polymer binding along DNA origami edges demonstrated through this approach is an 

important requirement for future efforts toward guiding the growth of our polymer system en route 

to creating molecular-scale optical wires with arbitrary geometries. 

 

Figure 4.18 – Templation of DNA nanofibers on rectangular origami tiles. a) Two-sided 

templation using two binding arms/edge, and (b) five binding arms/edge 

 

4.4 Conclusion  
 

In summary, we report the discovery of Cy3-mediated shape-shifting of DNA 

nanostructures to create functional 1D architectures in aqueous media. The structures were made 

from sequence-defined monomers that are completely monodisperse. We have shown that the 

position of the cyanine units and the length of DNA/polymer chain are critical for the formation 

of 1D assemblies. Furthermore, we demonstrated an example of stimuli-responsive fibers further 

highlighting the role of cyanine dyes in fiber formation. The linear dependence of DNA fiber 

length on monomer concentration provides an easy handle to predefine fiber length. Additionally, 

seeded growth of DNA fibers was demonstrated and provides an approach for controlled fiber 
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length. The mechanism behind the angled directionality in the seeded growth of fibers is the focus 

of studies underway. Additionally, the change in the optical properties of the cyanine units upon 

assembly and disassembly of the fiber could allow these structures to be used as biosensors and 

tools for monitoring the fate and integrity of structures in biological systems. As a demonstration 

of the functionality of our system, we showed the hierarchical assembly of 10 nm AuNPs on DNA 

nanofibers, and nanofiber templation on DNA origami structures. This opens the door for 

generation of complex functional architectures by combining the inherent information contained 

in each system. From a DNA nanotechnology standpoint, this work represents an interesting 

avenue toward a facile and inexpensive method for the fabrication of functional DNA hybrid 

materials and provides an approach to extend the library of “smart” DNA nanostructures. From a 

drug delivery standpoint, structures with high aspect ratio have been shown to exhibit longer blood 

circulation times and higher cellular uptake compared to spherical particles.96,97 Additionally, 

taking advantage of the DNA shell surrounding the fibers, our method is compatible with 

DNA/RNA aptamers and oligonucleotide therapeutics, whose properties can be exploited for 

targeted cellular delivery and diagnostics. The ability to obtain large populations of aptamers per 

structure has been shown to be important for polyvalent aptamer recognition.98 The ability to 

readily synthesize DNA/RNA with therapeutic capability as part of the oligonucleotide− polymer 

hybrid and the overall nanostructure is also an exciting prospect for nanomedicine and a focus of 

our future work. Finally, more in-depth photophysical studies will be conducted on the electronic 

coupling of cyanine dyes, and how its influenced by the local environment for designing potential 

efficient exciton platforms resembling natural photosynthetic systems.  

 

4.5 Experimental Section 
 

4.5.1 General 
 

The reagents and buffers used are listed in Experimental Section 2.5.1 in Chapter 2 with 

the following additions. The DNA origami ssDNA viral scaffold (M13mp18) was purchased from 

Guild Bioscience. The DNA staple strands were purchased from Bioneer and Integrated DNA 

Technologies (IDT). Gold(III) chloride trihydrate, magnesium chloride, sodium chloride, Bis(p-
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sulfonatophenyl)phenylphosphine dihydrate dipotassium salt (BSPP) and other chemicals were 

purchased from Sigma-Aldrich and used as received. 

4.5.2 Instrumentation 
 

Instrumentation used is detailed in Experimental Section 2.5.2 in Chapter 2 with a few 

additions. Confocal fluorescence microscopy was conducted using Zeiss LSM710 CLSM with 63x 

(NA=1.4, oil, DIC). 

 

4.5.3 Solid-phase synthesis and purification 
 

DNA synthesis was performed as outlined in Experimental Section 2.5.3 in Chapter 2. For 

Cy3 phosphoramidite (0.1 M, anhydrous acetonitrile) amidites, extended coupling times of 10 

minutes were used using 0.25M 5-(ethylthio)tetrazole in anhydrous acetonitrile. Following gel 

purification, the samples were analyzed by HPLC. Detection was carried out using a diode-array 

detector, monitoring absorbance at 260 nm and 556 nm. Retention times and for the products are 

shown in Figure 4.20.  

 

4.5.4 Sequences of Cy3-labeled-polymer conjugates and characterization 
 

The sequences of the Cy3-polymer-DNA conjugates are presented in Table 4.1.  

Table 4.1 – Sequences used for DNA amphiphiles and DNA controls.  (D = DMT-dodecane-diol), 

(Cy3 = Cyanine 3 phosphoramidite), (P = photocleavable linker). 

Strand Sequence (5'-xx-3') 

HE12-DNA DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

Cy3-HE12-DNA Cy3DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

Cy3Cy3-HE12-DNA Cy3Cy3DDDDDDDDDDDDTTTTTCAGTTGACCATATA 

Cy3Cy3-PCL-HE12-DNA Cy3Cy3PDDDDDDDDDDDDTTTTTCAGTTGACCATATA 

8-mer DNA, 6 HE Cy3Cy3DDDDDDTTTTTCAGT 
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38-mer DNA, 12 HE Cy3Cy3DDDDDDDDDDDDTTTTTCAGTTGACCATATAT

TTTTCAGTTGACCATATA 

  

 

Figure 4.19 – Denaturing gel electrophoresis of the Cy3-polymer-DNA conjugates. (18% 

denaturing PAGE). L: ladder, lane 1: Cy3-HE12-DNA, Lane 2: Cy3Cy3-HE12-DNA, Lane 3: HE12-

DNA. 
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Figure 4.20 – HPLC chromatograms of the crude Cy3-polymer-DNA products. HPLC signals 

were measured at 260 nm and 556 nm (Cy3-specific channel).  Elution gradient: 3-70% acetonitrile 

over 30 minutes at 60 oC. 
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Table 4.2 – LC-ESI-MS data. Calculated and experimental m/z values for synthesized DNA 

amphiphiles including the unmodified oligonucleotide controls. 

Molecule Calculated m/z  Found m/z  

HE12-DNA 8933.77 8934.3750 

Cy3-HE12-DNA 9442.02 9445.0886 

Cy3Cy3-HE12-DNA 9949.26 9951.6272 

Cy3Cy3-PCL-HE12-DNA 10293.34 10295.47 

 

 

Figure 4.21 – MS characterization of Cy3-labeled DNA-polymer conjugates. 
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4.5.5 Preparation of Cy3 and Cy3Cy3 DNA nanofibers 
 

Cy3 or Cy3Cy3-DNA nanofibers were prepared by mixing Cy3-HE12-DNA or Cy3Cy3-

HE12-DNA monomer dispersed in water with the assembly buffer. Final volume: 50 µL, 

concentration: 5 µM in TAMg buffer [Mg2+]final = 12.5 mM (10x TAMg buffer contains 125 mM 

Mg2+, 1x TAMg contains 12.5 mM Mg2+), followed by a heat/cool cycle (95 °C to 22 °C over 1.5 

hours). Following the annealing step, the samples were aged at room temperature for 1 day to yield 

DNA nanofibers. 

4.5.6 Characterization of Cy3 and Cy3Cy3-DNA nanofibers  
 

4.5.6.1 Gel mobility Shift Assays 

 

Agarose gel electrophoresis was used to characterize Cy3 and Cy3Cy3-DNA nanofibers. 

In each case, 2.5% AGE was carried out at 4 °C for 2.5 hours at a constant voltage of 80 V. Typical 

sample loading is 30 picomoles with respect to the DNA per lane (3 μL of 10 μM DNA). The gel 

was initially imaged under a Cy3-selective channel, then stained with GelRed DNA stain and 

imaged under a DNA-selective channel. 

4.5.6.2 Dry and Fluid Atomic Force Microscopy (AFM) measurements 

 

Dry AFM was carried out using a MultiMode8™ SPM connected to a Nanoscope™ V 

controller (Bruker, Santa Barbara, CA). All images were obtained using ScanAsyst mode in air 

with AC160TS cantilevers (Nominal values: Tip radius – 2 nm, Resonant frequency – 300 kHz, 

Spring constant – 42 N/m) from Bruker. 5 µL of each sample prepared at 5 µM in TAMg buffer 

was deposited on a freshly cleaved mica surface (ca. 7 x 7 mm) and allowed to adsorb for 2-5 

seconds. Then 50 µL of 0.22 µm filtered Millipore water was dropped on the surface and instantly 

removed with filter paper. The surface was then washed with a further 100 µL of water (2 x 50 

µL), wicked with a filter paper, and the excess removed with a flow of nitrogen (or air). Samples 

were dried under vacuum for at least 3 hours prior to imaging. For statistical length analysis, a 

minimum of 120 fibers were carefully picked to determine the contour length, and histograms of 

the length distribution of fibers were constructed. The standard deviation of the length distribution 

“sigma” (σ) and the number and weight-average contour length Ln and Lw of each sample were 
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calculated according to the equations below (L = length of fiber, N = number). 

𝐿𝑛 =  
∑ 𝑁𝑖𝐿𝑖

𝑛
𝑖=1

∑ 𝑁𝑖
𝑛
𝑖=1

 

𝐿𝑤 =  
∑ 𝑁𝑖𝐿𝑖

2𝑛
𝑖=1

∑ 𝑁𝑖𝐿𝑖
𝑛
𝑖=1

 

Fluid AFM was carried out with the same instrumentation used for dry conditions. For 

sample preparation, 5 µL of sample at 5 µM was deposited directly on freshly cleaved mica 

surface, followed by injection of 60 µL of 1x TAMg buffer into the cell chamber prior to imaging. 

4.5.6.3 Confocal fluorescence microscopy  

 

10 µL of the sample and 2 µL glycerol mix (7:1 glycerol/H2O) were deposited on a 

microscope slide (Fisher Scientific, cat.# 125442). A 25x25 mm cover glass (Fisher Scientific, 

cat.# 12542C) was then lowered over the sample. The images were acquired using Zeiss LSM710 

CLSM with 63x (NA=1.4, oil, DIC) plan apochromatic objective. For an acquisition of the cross-

sectional image of the fibers, Cy3 dye was excited using 514-nm Argon ion laser (3% laser 

intensity). The emission range of 538-680 nm was collected. The image resolution was either 

1024x1024 or 2048x2048 pixels with the pixel dwell time of 0.39-0.79 µs. The pinhole was 36 

µm. 

4.5.6.4 Transmission Electron Microscopy 

 

Samples (2 μL at 5 µM with respect to total DNA) were deposited on carbon film coated 

copper EM grids for one minute, followed by blotting off the excess liquid with the edge of a 

filter paper, and washing three times with 20 µL of water, before drying under vacuum for at 

least 2 hours. The samples were imaged using a Tecnai 12 microscope (FEI electron optics) 

equipped with a Lab 6 filament at 120 kV. Images were acquired using a Gatan 792 Bioscan 1k x 

1k Wide Angle Multiscan CCD Camera (Gatan Inc.). Contrast was adjusted automatically.  

Images were analyzed using ImageJ, which required manually setting threshold levels and 

measuring the length and width and of features to ensure correct particle picking. 
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4.5.6.5 Dynamic Light Scattering 

 

Dynamic light scattering (DLS) experiments were carried out using a DynaPro™ 

Instrument from Wyatt Technology. A cumulants fit model was used to confirm the presence and 

determine the size the Cy3 and Cy3Cy3-DNA nanofibers. Sterile water and 1xTAMg buffer were 

filtered using a 0.45 µm nylon syringe filter before use in DLS sample preparation. 20 µL of sample 

(concentration: 5 µM) was used in each measurement. All measurements were carried out in 

triplicate at 25 °C. 

4.5.6.6 Additional AFM of Cy3Cy3-fibers with size analysis 

 

 

Figure 4.22 – Additional AFM images of Cy3Cy3-DNA nanofibers imaged under dry conditions. 
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Figure 4.23 – Representative AFM image of Cy3Cy3-nanofibers with length, height and 

particle distribution analysis. Average contour length: 200 ± 35 nm. Height: 10.3 ± 0.8 nm. 

Structures counted: 124 fibers.  
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Figure 4.24 – Representative AFM image of Cy3Cy3-DNA nanofibers with width analysis. 

Average width: 36 nm ± 3 nm.  
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4.5.6.7 Additional TEM images of CyCy3-fibers 

 

 

Figure 4.25 – Additional TEM images of Cy3Cy3-DNA nanofibers. 
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4.5.6.8 Atomic Force Microscopy analysis of spherical Cy3Cy3-DNA nanoparticles 

 

Figure 4.26 – Schematic representation of the formation of Cy3Cy3 spherical DNA 

nanoparticles. Structures were assembled by mixing ratios of 25% Cy3Cy3-HE12-DNA monomer 

with 75% unlabeled HE12-DNA followed by thermal annealing.  

 

 

Figure 4.27 – AFM image of the assemblies obtained from a ratio of 25%/75% of Cy3Cy3-HE12-

DNA/HE12-DNA strands. Highly monodisperse spherical particles were observed on surface with an 

average diameter of 28 nm and height of 8 nm. 
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4.5.6.9 Atomic force microscopy analysis of spherical nucleic acids 

 

 

 

Figure 4.28 – Characterization of spherical nucleic acids. a) Schematic representation of the self-

assembly of unlabelled HE12-DNA conjugates into spherical nucleic acids. b) AFM analysis of 

spherical nucleic acids generated from HE12-DNA monomer units. Nearly monodisperse spherical 

particles were observed on surface with an average diameter of 26 nm and height of 8 nm. 
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4.5.6.10 Fluid AFM studies on Cy3Cy3-DNA nanofibers 

 

 

Figure 4.29 – Fluid AFM analysis of Cy3Cy3 DNA fibers showing the presence of extended 1D 

rods under liquid conditions.  
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4.5.6.11 Dynamic Light Scattering measurements of Cy3Cy3-DNA nanofibers 

 

 

 

Figure 4.30 – Representative DLS histogram of Cy3Cy3-DNA nanofibers compared with 

unlabelled and Cy3Cy3-labeled spherical nanoparticles. The hydrodynamic radius of Cy3Cy3-

DNA nanofibers was 77 ± 4 nm. The measurements were performed in triplicates.  

 

 

 

 

 

 



218 

 

4.5.7 Characterization of Cy3-DNA nanofibers 
 

 

 

Figure 4.31 – AGE analysis of Cy3-DNA fibers. a) Schematic representation of the formation of 

Cy3-DNA fibers upon the self-assembly of Cy3-HE12-DNA in aqueous media. b) Agarose gel 

electrophoresis analysis describing the morphological shift of structures made from mixing varying 

ratios of Cy3-HE12-DNA with unlabelled HE12-DNA strands followed by thermal annealing. L: 

Ladder, Lane 100: 100% Cy3-HE12-DNA in the mixture, Lane 75: 75% Cy3-HE12-DNA/25% HE12-

DNA, Lane 50: 50% Cy3-HE12-DNA/50% HE12-DNA, Lane 25: 25% Cy3-HE12-DNA/75% HE12-

DNA, Lane 0: 100% HE12-DNA. The gel was imaged under Cy3-selective channel (left panel), and a 

DNA-selective channel (right panel). 
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AFM analysis showed fiber-like structures with lengths ranging from 100-300 nm, and an 

average length of 230 nm, average width of 30 nm and height of 8 nm (Figure 4.32a). By TEM, 

Cy3-DNA nanofibers were observed on surface with an average contour length of 210 nm and 

width of 24 nm (Figure 4.32c). In solution, DNA fibers were observed by fluid AFM (Figure 

4.32b) and DLS, which showed a population of assemblies with an average apparent 

hydrodynamic radius (Rh) of 176 nm (Figure 4.32d). 

 

Figure 4.32 – Characterization of Cy3-DNA nanofibers. Atomic force microscopy images of DNA 

nanofibers on surface under a) dry and b) fluid conditions. c) Transmission electron microscopy (TEM) 

micrograph of DNA nanofibers. d) DLS histogram of Cy3-DNA nanofibers. 
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Figure 4.33 – Additional AFM images of Cy3-DNA nanofibers. 
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Figure 4.34 – Additional TEM micrographs of Cy3-DNA fibers.  
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Figure 4.35 – Structural characterization of Cy3-DNA fiber networks generated from aging of 

Cy3 DNA nanofibers at room temperature for 2-3 days. a) TEM b) AFM and c) Confocal laser 

scanning microscopy (CLSM) images of Cy3-DNA fiber networks.   
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4.5.8 Assembly modes with different lengths of DNA and polymer  
 

 

Figure 4.36 – Additional AFM images of the different self-assembly modes of Cy3Cy3-polymer-

DNA conjugates with varying length of DNA and HE chains. 
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4.5.9 Shape-shifting of Cy3Cy3-DNA nanofibers 

 

Photocleavable DNA nanofibers were generated from Cy3Cy3-PCL-HE12-DNA 

monomers (PCL = photocleavable linker). In general, Cy3Cy3-PCL-HE12-DNA strands (volume 

= 100 µL, concentration = 5 µM) were dispersed in TAMg buffer (final [Mg2+] = 12.5 mM) under 

dark conditions and subjected to a heat/cool cycle (95 °C – 22 °C over 1.5 hours). The resulting 

products were then aged overnight in dark conditions to yield photocleavable DNA nanofibers. 

Following overnight aging, photocleavable DNA nanofibers were then photo-irradiated in a 365 

nm oven at room temperature for 1 hour prior to AFM and AGE analysis according to previously 

mentioned protocols. Controls of Cy3Cy3-DNA nanofibers (made from Cy3Cy3-HE12-DNA 

strands lacking a photocleavable linker) were assembled and analyzed in a similar fashion. 

 

As a control experiment, Cy3Cy3-PCL-HE12-DNA monomer strands dispersed in water 

were kept under dark conditions then subjected to irradiation at 365 nm for 1 hour. An aliquot of 

the resulting products was then analyzed by denaturing polyacrylamide gel electrophoresis (18% 

polyacrylamide/urea gel). The gel was run at 250 V for 30 minutes followed by 500 V for 60 

minutes with 1x TBE as the running buffer. Products of photoirradiation were then suspended in 

TAMg buffer (final [Mg2+] = 12.5 mM), followed by a heat/cool cycle ((95 °C – 22 °C over 1.5 

hours) and incubation overnight at room temperature in dark conditions. Following incubation, the 

resulting structures were analyzed by AFM under dry conditions. 
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Figure 4.37 – Irradiation of Cy3Cy3-PCL-HE12-DNA strands with 365 nm light followed by 

assembly. a) Schematic representation of the experimental procedure. Cy3Cy3-PCL-HE12-DNA 

monomers in water were first irradiated with 365 nm light causing cleavage of the Cy3Cy3 units, 

followed by assembly to generate spherical DNA micelles as a result of loss of Cy3Cy3 units. b) 

Denaturing PAGE gel showing the cleavage process. Lanes 1&2: Cy3Cy3-HE12-DNA control prior to 

and post irradiation, Lane 3-4: Cy3Cy3-PCL-HE12-DNA strand prior to and post irradiation. Cy3 

channel: Near total loss of the Cy3Cy3 unit is observed after irradiation of the Cy3Cy3-PCL-HE12-

DNA strands (Lane 4). The efficiency of cleavage was calculated ~ 95%, based on the band intensity 

of Lanes 3 and 4. This is also confirmed by the appearance of a slightly higher mobility band in the 

DNA channel (Lane 4). c) AFM image of the assembly products of Cy3Cy3-PCL-HE12-DNA post 

irradiation. Spherical DNA particles were observed on surface.  
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4.5.10 Growth mechanism of DNA nanofibers 
 

4.5.10.1 Effect of monomer concentration on fiber length 

 

 

Figure 4.38 – Additional AFM analysis of DNA nanofiber length vs. monomer concentration.  
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Figure 4.39 – Length histogram describing the structural distribution of Cy3Cy3-DNA fibers 

assembled at different monomer concentrations.  
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4.5.10.2 Seeded growth experiments  

 

DNA fibers (2.5 µM with respect to total DNA) were assembled at 0.25x TAMg (final 

[Mg2+] = 3.125 mM) under a heat/cool cycle (95 °C – 22 °C over 1.5 hours) and aged overnight at 

room temperature. The next day, different equivalents of the monomer stock in water (1x, 2.5x 

and 5x mass equivalents) were added to the preformed fiber seeds, followed by incremental 

injection of 10x TAMg buffer (containing 125 mM [Mg2+]) and incubation at room temperature 

to increase the magnesium concentration in solution to 12.5 mM (4 injections total over 1 day, 6 

hour wait between each buffer injection). The structures were then analyzed by AFM. 

 

Figure 4.40 – Additional AFM images of Cy3Cy3-DNA fiber seeds generated at a concentration 

of 3.125 mM Mg2+. 
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Figure 4.41 – Additional AFM images of Cy3Cy3-DNA fibers grown from the addition of 1x 

equivalent of monomer to fiber seeds.  
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Figure 4.42 – Additional AFM images of Cy3Cy3-DNA fibers grown from the addition of 2.5x 

equivalents of monomer to fiber seeds.  
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Figure 4.43 – Additional AFM images of Cy3Cy3-DNA fibers grown from the addition of 5x 

equivalents of monomer to fiber seeds.  
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Figure 4.44 – AFM analysis showing the difference in height between fiber seeds and the growing 

chain.  a) Fiber seeds, b) seeds + 1x monomer equivalent c) seeds + 2.5x monomer equivalent and d) 

seeds + 5x monomer equivalent. Green circles: Representative cross-sections of fiber seeds and 

growing polymer chains for height analysis. The average height of fiber seeds in all cases is ~ 9 nm, 

the average height of the growing chain is ~ 6 nm.  
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Figure 4.45 – Particle distribution analysis of seeded-growth experiments. Histograms showing 

particle analysis of a) fiber seeds b) seeds + 1 mass equivalent of monomer c) seeds + 2.5 equivalents 

of monomer and d) seeds + 5 equivalents of monomer. e) Graph showing the linear dependence of 

grown fiber length on the ratio of monomer added to preformed seeds. f) Table showing the length 

dispersity of grown fibers at different monomer:seed ratios.  
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4.5.11 Optical properties of DNA nanofibers 
 

4.5.11.1 UV-vis spectroscopy  

 

UV-vis measurements were conducted to characterize the optical properties of the Cy3 and 

Cy3Cy3-DNA fibers. For each measurement, DNA fibers (100 µL and 5 µM w.r.t. total DNA) 

were dropped on a 96-well plate reader and measured through a BioTek Synergy H4 Hybrid Multi-

Mode Microplate Reader. Data from UV-vis spectroscopy was used to confirm fiber assembly by 

comparing spectra of DNA fibers with Cy3Cy3-HE12-DNA monomers in water.  

4.5.11.2 Fluorescence spectroscopy 

 

Fluorescence scans were performed on a Cary Eclipse fluorescence spectrophotometer 

from Agilent technologies. For fluorescence measurements, DNA fibers (60 µL at 5 µM DNA 

concentration) were assembled in TAMg buffer, aged overnight and subsequently imaged. The 

structures were compared to monomer strands dispersed in water.  

For denaturation studies, each of DNA nanofibers and DNA monomer strands (60 µL at 

10 µM) were mixed with 5 µL of EDTA solution (125 mM EDTA, pH adjusted to 8.0 using Tris) 

to chelate Mg2+ ions in the buffer solution and 60 µL of 8 M Urea solution. The mixture was 

incubated for 1 hour at room temperature prior to fluorescence studies.  

To study the kinetics of fiber formation, Cy3Cy3-HE12-DNA monomers were mixed with 

TAMg assembly buffer (final [DNA] = 5 µM, Vtotal = 60 µL, final [Mg2+] = 12.5 mM) and 

immediately analyzed by fluorescence spectroscopy. The sample was left in the dark at room 

temperature between different measurement time points. The graph was analyzed using a one-

phase exponential decay model for calculation of assembly half-life.  

For studies on the dynamics of fiber strand exchange, two populations of Cy3Cy3 and 

Cy5Cy5 fibers were assembled separately ([DNA] = 5 µM, Vtotal = 50 µL). Following 1 day of 

aging of fibers, preformed Cy3Cy3 and Cy5Cy5 fibers were mixed at room temperature in equal 

volumes, and immediately analyzed by fluorescence spectroscopy (excitation = 535 nm, emission 

scan 545-750 nm). Measurements were performed over several time points and incubated at room 

temperature in dark conditions in between time points.  
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Figure 4.46 – Fluorescence spectra of Cy3Cy3 fiber formation over time. Fluorescence spectra 

were obtained following the addition of TAMg assembly buffer to Cy3Cy3-HE12-DNA conjugates 

and measured over time intervals.  

 

 

4.5.11.3 Characterization of Cy5Cy5-DNA fibers 

 

Similar to Cy3 and Cy3Cy3-DNA fibers, at 100% Cy5Cy5-HE12-DNA in the assembly 

mixture, a non-penetrating band on AGE was observed (Experimental Figure 4.47a). DLS revealed 

the presence of structures with larger hydrodynamic radius (RH = 37.1) in solution as compared to 

spherical particles (RH = 11 nm) (Experimental Figure 4.47b). DNA nanofibers were also imaged 

by AFM, however, appeared less rigid than Cy3Cy3-DNA fibers, observed as coiled structures on 

surface (Figure 4.47c). 
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Figure 4.47 – Characterization of Cy5Cy5-DNA fibers. a) Agarose gel electrophoresis analysis 

describing the morphological shift of structures made from mixing varying ratios of Cy5Cy5-HE12-

DNA with unlabelled HE12-DNA strands followed by thermal annealing. L: Ladder, lane 100: 100% 

Cy5Cy5-HE12-DNA in the mixture, lane 75: 75% Cy5Cy5-HE12-DNA/25% HE12-DNA, lane 50: 50% 

Cy5Cy5-HE12-DNA/50% HE12-DNA, lane 25: 25% Cy5Cy5-HE12-DNA/75% HE12-DNA, lane 0: 

100% HE12-DNA. The gel was imaged under a Cy5-selective channel. b) DLS histogram of Cy5Cy5-

DNA nanofibers. c) Atomic force microscopy images of DNA nanofibers on mica surface under dry 

conditions. 

 

 



237 

 

 
 

Figure 4.48 – AFM images of hybrid DNA nanofibers generated by mixing Cy3Cy3 and Cy5Cy5-

DNA fibers.  
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Figure 4.49 – Fluorescence data of Cy3Cy3 and Cy5Cy5 fibers after mixing. a) Fluorescence 

spectroscopy data measured over time intervals after mixing preformed Cy3Cy3 and Cy5Cy5 DNA 

nanofibers. b) Graph showing the decrease of Cy3 signal as a result of FRET from strand mixing over 

time. A decrease of ~ 50% of the Cy3 signal was observed after 48 hours. c) FRET signal increase over 

time as a results of fiber mixing. Error bars represent mean standard deviation.   
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4.5.12 Optical properties of Cy3-DNA nanofibers 
 

 

 

Figure 4.50 – Optical properties of Cy3-DNA fibers. a) Absorption spectra and b) Fluorescence 

spectra of Cy3-DNA fibers measured at room temperature. c) Fluoresce spectra of Cy3-fibers after 

denaturation to the monomer units. Cy3-DNA fibers showed a red-shift of the maximum absorption 

from 553 nm to 562 nm, and a decrease in fluorescence intensity by 70% upon fiber formation. 
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4.5.13 Gold nanoparticle (AuNP) templation on Cy3Cy3-DNA fibers 
 

All AuNPs used in this manuscript were prepared via standard Turkevich-Frens synthesis, 

with subsequent passivation by bis(p-sulfonatophenyl)phenylphosphine (BSPP) as described in 

previous work.100 AuNPs with poly-conjugated scrambled DNA sequences and sequences 

complementary to Cy3Cy3-fiber DNA, were synthesized according to a previously reported 

protocol.101 For AuNP templation experiments, DNA-functionalized 10 nm AuNP stocks were 

prepared at 0.2 µM or 1.06 µM. For low ratio of AuNP:DNA fiber conditions, DNA fibers (total 

DNA concentration = 5 µM) were mixed with 0.2 µM DNA-functionalized AuNP at an 8:2 v/v 

ratio and incubated at room temperature overnight. To achieve higher AuNP ratios/fiber, DNA 

fibers (total DNA concentration = 2.5 µM) were mixed with 0.2 µM DNA-functionalized AuNPs 

at an 8:2 v/v ratio and incubated at room temperature overnight. Alternatively, when DNA fibers 

(total DNA concentration = 10 µM) were mixed with 1.06 µM DNA-functionalized AuNP at an 

8:2 v/v ratio and incubated at room temperature overnight, networks of AuNP-mediated fibers 

were observed. 
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Figure 4.51 – Additional AFM images of AuNP templation on Cy3Cy3-DNA fibers at low 

AuNP ratio. In this case, 2-6 AuNPs were templated/fiber of length ~ 200 nm.  
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Figure 4.52 – Representative AFM image with height analysis of AuNP templation on Cy3Cy3-

DNA fibers. Templated AuNPs displayed an increase in height on fiber surface with measured heights 

of ~ 15 nm, compared to ~ 10 nm for Cy3Cy3-DNA fibers.  
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Figure 4.53 – Additional TEM images of AuNP templation on Cy3Cy3-DNA fibers at low 

AuNP:fiber ratio.  
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Figure 4.54 – Additional AFM images of AuNP templation on Cy3Cy3-DNA fibers at higher 

AuNP ratio. By increasing the ratio of AuNP to fiber, the number of templated AuNPs/fiber was 

further increased. 
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Figure 4.55 – Additional TEM images of AuNP templation on Cy3Cy3-DNA fibers at high 

AuNP:fiber ratio.  
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Figure 4.56 – AuNP templation on Cy3Cy3-DNA fibers at high concentrations of both AuNP and 

DNA fiber. By increasing the concentration of both AuNP and DNA fibers, gold nanoparticle-

mediated networks of Cy3Cy3-DNA fibers were observed. 
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4.5.14 Templation of Cy3Cy3-DNA fibers on DNA origami tiles 

 

4.5.14.1 Strand component of DNA tile 

 

Single-stranded M13mp18 scaffold (100 nM) was purchased from Guild BioSciences. 

Staple strands with Bio-RP purification were obtained and used without further purification from 

Bioneer, Inc. Staple strands 1-216 were used in the assembly of all rectangle designs. The 

modifications of staple strands required for DNA rectangles with polymer-DNA binding sites are 

listed in Table 1. The modified strands were used in place of unmodified strands of the same 

number for the assembly of functionalized rectangles. 

Table 4.3 – Staple strands for DNA tiles 

Tile Staple strand modifications 

T2 A’101, A’110 

S102, S111 

T2,2 A’101, A’110, A’206, A215 

S102, S111, S207, S216 

T5,5 A’102, A’104, A’106, A’108, A’110, A’206, A’208, A’210, A’212, A’214 

S103, S105, S107, S109, S111, S207, S209, S211, S213, S215 

 

4.5.14.2 Tile assembly and purification 

 

The assembly of DNA tiles was based on the method reported by Rothemund.39 The tiles were 

assembled in one-pot annealing at 3.5 nM of M13mp18 scaffold and 52.5 nM of individual staple 

strands in 1xTAMg buffer. The mixtures were then heated to and held at 95 oC for 5 minutes and 

slowly annealed to 20 oC with a gradient of 1 oC per minute. To remove excess staple strands, the 

samples were purified with 100 kDa Amicon centrifugal filters (Millipore). First, 500 µL samples 

were centrifuged at 6000 rpm at 4 °C for 5 mins. Then, 400 µL 1xTAMg was added and the 

samples were centrifuged at 5000 rpm at 4 °C for 5 mins. This filtration step was repeated two 

more times. Approximately 50-100 µL samples were recovered, which can be stored at 4 °C up to 

a week before use.  To determine the accurate concentration of purified DNA tiles, the absorbance 
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at 260 nm was measured. The extinction coefficient of different tile designs can be approximated 

by equation (1), adapted from the report by Hung et al.102  

𝜀 = 6700ds + 10000ss      (1) 

where ds is the number of double-stranded bases and ss is the number of single-stranded bases. 

The rectangle concentrations were then calculated by Beer-Lambert’s law (A260 nm = 𝜀bc, b=1cm).  

 

Unmodified staple strands  

1 CAAGCCCAATAGGAACCCATGTACAAACAGTT 

2 AATGCCCCGTAACAGTGCCCGTATCTCCCTCA 

3 TGCCTTGACTGCCTATTTCGGAACAGGGATAG 

4 GAGCCGCCCCACCACCGGAACCGCGACGGAAA 

5 AACCAGAGACCCTCAGAACCGCCAGGGGTCAG 

6 TTATTCATAGGGAAGGTAAATATTCATTCAGT 

7 CATAACCCGAGGCATAGTAAGAGCTTTTTAAG 

8 ATTGAGGGTAAAGGTGAATTATCAATCACCGG 

9 AAAAGTAATATCTTACCGAAGCCCTTCCAGAG 

10 GCAATAGCGCAGATAGCCGAACAATTCAACCG 

11 CCTAATTTACGCTAACGAGCGTCTAATCAATA 

12 TCTTACCAGCCAGTTACAAAATAAATGAAATA 

13 ATCGGCTGCGAGCATGTAGAAACCTATCATAT 

14 CTAATTTATCTTTCCTTATCATTCATCCTGAA 

15 GCGTTATAGAAAAAGCCTGTTTAGAAGGCCGG 

16 GCTCATTTTCGCATTAAATTTTTGAGCTTAGA 

17 AATTACTACAAATTCTTACCAGTAATCCCATC 

18 TTAAGACGTTGAAAACATAGCGATAACAGTAC 

19 TAGAATCCCTGAGAAGAGTCAATAGGAATCAT 

20 CTTTTACACAGATGAATATACAGTAAACAATT 

21 TTTAACGTTCGGGAGAAACAATAATTTTCCCT 

22 CGACAACTAAGTATTAGACTTTACAATACCGA 

23 GGATTTAGCGTATTAAATCCTTTGTTTTCAGG 

24 ACGAACCAAAACATCGCCATTAAATGGTGGTT 

25 GAACGTGGCGAGAAAGGAAGGGAACAAACTAT 

26 TAGCCCTACCAGCAGAAGATAAAAACATTTGA 

27 CGGCCTTGCTGGTAATATCCAGAACGAACTGA 

28 CTCAGAGCCACCACCCTCATTTTCCTATTATT 

29 CTGAAACAGGTAATAAGTTTTAACCCCTCAGA 

30 AGTGTACTTGAAAGTATTAAGAGGCCGCCACC 

31 GCCACCACTCTTTTCATAATCAAACCGTCACC 

32 GTTTGCCACCTCAGAGCCGCCACCGATACAGG 

33 GACTTGAGAGACAAAAGGGCGACAAGTTACCA 

34 AGCGCCAACCATTTGGGAATTAGATTATTAGC 
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35 GAAGGAAAATAAGAGCAAGAAACAACAGCCAT 

36 GCCCAATACCGAGGAAACGCAATAGGTTTACC 

37 ATTATTTAACCCAGCTACAATTTTCAAGAACG 

38 TATTTTGCTCCCAATCCAAATAAGTGAGTTAA 

39 GGTATTAAGAACAAGAAAAATAATTAAAGCCA 

40 TAAGTCCTACCAAGTACCGCACTCTTAGTTGC 

41 ACGCTCAAAATAAGAATAAACACCGTGAATTT 

42 AGGCGTTACAGTAGGGCTTAATTGACAATAGA 

43 ATCAAAATCGTCGCTATTAATTAACGGATTCG 

44 CTGTAAATCATAGGTCTGAGAGACGATAAATA 

45 CCTGATTGAAAGAAATTGCGTAGACCCGAACG 

46 ACAGAAATCTTTGAATACCAAGTTCCTTGCTT 

47 TTATTAATGCCGTCAATAGATAATCAGAGGTG 

48 AGATTAGATTTAAAAGTTTGAGTACACGTAAA 

49 AGGCGGTCATTAGTCTTTAATGCGCAATATTA 

50 GAATGGCTAGTATTAACACCGCCTCAACTAAT 

51 CCGCCAGCCATTGCAACAGGAAAAATATTTTT 

52 CCCTCAGAACCGCCACCCTCAGAACTGAGACT 

53 CCTCAAGAATACATGGCTTTTGATAGAACCAC 

54 TAAGCGTCGAAGGATTAGGATTAGTACCGCCA 

55 CACCAGAGTTCGGTCATAGCCCCCGCCAGCAA 

56 TCGGCATTCCGCCGCCAGCATTGACGTTCCAG 

57 AATCACCAAATAGAAAATTCATATATAACGGA 

58 TCACAATCGTAGCACCATTACCATCGTTTTCA 

59 ATACCCAAGATAACCCACAAGAATAAACGATT 

60 ATCAGAGAAAGAACTGGCATGATTTTATTTTG 

61 TTTTGTTTAAGCCTTAAATCAAGAATCGAGAA 

62 AGGTTTTGAACGTCAAAAATGAAAGCGCTAAT 

63 CAAGCAAGACGCGCCTGTTTATCAAGAATCGC 

64 AATGCAGACCGTTTTTATTTTCATCTTGCGGG 

65 CATATTTAGAAATACCGACCGTGTTACCTTTT 

66 AATGGTTTACAACGCCAACATGTAGTTCAGCT 

67 TAACCTCCATATGTGAGTGAATAAACAAAATC 

68 AAATCAATGGCTTAGGTTGGGTTACTAAATTT 

69 GCGCAGAGATATCAAAATTATTTGACATTATC 

70 AACCTACCGCGAATTATTCATTTCCAGTACAT 

71 ATTTTGCGTCTTTAGGAGCACTAAGCAACAGT 

72 CTAAAATAGAACAAAGAAACCACCAGGGTTAG 

73 GCCACGCTATACGTGGCACAGACAACGCTCAT 

74 GCGTAAGAGAGAGCCAGCAGCAAAAAGGTTAT 

75 GGAAATACCTACATTTTGACGCTCACCTGAAA 

76 TATCACCGTACTCAGGAGGTTTAGCGGGGTTT 

77 TGCTCAGTCAGTCTCTGAATTTACCAGGAGGT 

78 GGAAAGCGACCAGGCGGATAAGTGAATAGGTG 

79 TGAGGCAGGCGTCAGACTGTAGCGTAGCAAGG 

80 TGCCTTTAGTCAGACGATTGGCCTGCCAGAAT 

81 CCGGAAACACACCACGGAATAAGTAAGACTCC 

82 ACGCAAAGGTCACCAATGAAACCAATCAAGTT 

83 TTATTACGGTCAGAGGGTAATTGAATAGCAGC 
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84 TGAACAAACAGTATGTTAGCAAACTAAAAGAA 

85 CTTTACAGTTAGCGAACCTCCCGACGTAGGAA 

86 GAGGCGTTAGAGAATAACATAAAAGAACACCC 

87 TCATTACCCGACAATAAACAACATATTTAGGC 

88 CCAGACGAGCGCCCAATAGCAAGCAAGAACGC 

89 AGAGGCATAATTTCATCTTCTGACTATAACTA 

90 TTTTAGTTTTTCGAGCCAGTAATAAATTCTGT 

91 TATGTAAACCTTTTTTAATGGAAAAATTACCT 

92 TTGAATTATGCTGATGCAAATCCACAAATATA 

93 GAGCAAAAACTTCTGAATAATGGAAGAAGGAG 

94 TGGATTATGAAGATGATGAAACAAAATTTCAT 

95 CGGAATTATTGAAAGGAATTGAGGTGAAAAAT 

96 ATCAACAGTCATCATATTCCTGATTGATTGTT 

97 CTAAAGCAAGATAGAACCCTTCTGAATCGTCT 

98 GCCAACAGTCACCTTGCTGAACCTGTTGGCAA 

99 GAAATGGATTATTTACATTGGCAGACATTCTG 

100 TTTTTATAAGTATAGCCCGGCCGTCGAG 

101 AGGGTTGATTTTATAAATCCTCATTAAATGATATTC 

102 ACAAACAATTTTAATCAGTAGCGACAGATCGATAGC 

103 AGCACCGTTTTTTAAAGGTGGCAACATAGTAGAAAA 

104 TACATACATTTTGACGGGAGAATTAACTACAGGGAA 

105 GCGCATTATTTTGCTTATCCGGTATTCTAAATCAGA 

106 TATAGAAGTTTTCGACAAAAGGTAAAGTAGAGAATA 

107 TAAAGTACTTTTCGCGAGAAAACTTTTTATCGCAAG 

108 ACAAAGAATTTTATTAATTACATTTAACACATCAAG 

109 AAAACAAATTTTTTCATCAATATAATCCTATCAGAT 

110 GATGGCAATTTTAATCAATATCTGGTCACAAATATC 

111 AAACCCTCTTTTACCAGTAATAAAAGGGATTCACCAGTCACACGTTTT 

112 CCGAAATCCGAAAATCCTGTTTGAAGCCGGAA 

113 CCAGCAGGGGCAAAATCCCTTATAAAGCCGGC 

114 GCATAAAGTTCCACACAACATACGAAGCGCCA 

115 GCTCACAATGTAAAGCCTGGGGTGGGTTTGCC 

116 TTCGCCATTGCCGGAAACCAGGCATTAAATCA 

117 GCTTCTGGTCAGGCTGCGCAACTGTGTTATCC 

118 GTTAAAATTTTAACCAATAGGAACCCGGCACC 

119 AGACAGTCATTCAAAAGGGTGAGAAGCTATAT 

120 AGGTAAAGAAATCACCATCAATATAATATTTT 

121 TTTCATTTGGTCAATAACCTGTTTATATCGCG 

122 TCGCAAATGGGGCGCGAGCTGAAATAATGTGT 

123 TTTTAATTGCCCGAAAGACTTCAAAACACTAT 

124 AAGAGGAACGAGCTTCAAAGCGAAGATACATT 

125 GGAATTACTCGTTTACCAGACGACAAAAGATT 

126 GAATAAGGACGTAACAAAGCTGCTCTAAAACA 

127 CCAAATCACTTGCCCTGACGAGAACGCCAAAA 

128 CTCATCTTGAGGCAAAAGAATACAGTGAATTT 

129 AAACGAAATGACCCCCAGCGATTATTCATTAC 

130 CTTAAACATCAGCTTGCTTTCGAGCGTAACAC 

131 TCGGTTTAGCTTGATACCGATAGTCCAACCTA 

132 TGAGTTTCGTCACCAGTACAAACTTAATTGTA 
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133 CCCCGATTTAGAGCTTGACGGGGAAATCAAAA 

134 GAATAGCCGCAAGCGGTCCACGCTCCTAATGA 

135 GAGTTGCACGAGATAGGGTTGAGTAAGGGAGC 

136 GTGAGCTAGTTTCCTGTGTGAAATTTGGGAAG 

137 TCATAGCTACTCACATTAATTGCGCCCTGAGA 

138 GGCGATCGCACTCCAGCCAGCTTTGCCATCAA 

139 GAAGATCGGTGCGGGCCTCTTCGCAATCATGG 

140 AAATAATTTTAAATTGTAAACGTTGATATTCA 

141 GCAAATATCGCGTCTGGCCTTCCTGGCCTCAG 

142 ACCGTTCTAAATGCAATGCCTGAGAGGTGGCA 

143 TATATTTTAGCTGATAAATTAATGTTGTATAA 

144 TCAATTCTTTTAGTTTGACCATTACCAGACCG 

145 CGAGTAGAACTAATAGTAGTAGCAAACCCTCA 

146 GAAGCAAAAAAGCGGATTGCATCAGATAAAAA 

147 TCAGAAGCCTCCAACAGGTCAGGATCTGCGAA 

148 CCAAAATATAATGCAGATACATAAACACCAGA 

149 CATTCAACGCGAGAGGCTTTTGCATATTATAG 

150 ACGAGTAGTGACAAGAACCGGATATACCAAGC 

151 AGTAATCTTAAATTGGGCTTGAGAGAATACCA 

152 GCGAAACATGCCACTACGAAGGCATGCGCCGA 

153 ATACGTAAAAGTACAACGGAGATTTCATCAAG 

154 CAATGACACTCCAAAAGGAGCCTTACAACGCC 

155 AAAAAAGGACAACCATCGCCCACGCGGGTAAA 

156 TGTAGCATTCCACAGACAGCCCTCATCTCCAA 

157 GTAAAGCACTAAATCGGAACCCTAGTTGTTCC 

158 AGTTTGGAGCCCTTCACCGCCTGGTTGCGCTC 

159 AGCTGATTACAAGAGTCCACTATTGAGGTGCC 

160 ACTGCCCGCCGAGCTCGAATTCGTTATTACGC 

161 CCCGGGTACTTTCCAGTCGGGAAACGGGCAAC 

162 CAGCTGGCGGACGACGACAGTATCGTAGCCAG 

163 GTTTGAGGGAAAGGGGGATGTGCTAGAGGATC 

164 CTTTCATCCCCAAAAACAGGAAGACCGGAGAG 

165 AGAAAAGCAACATTAAATGTGAGCATCTGCCA 

166 GGTAGCTAGGATAAAAATTTTTAGTTAACATC 

167 CAACGCAATTTTTGAGAGATCTACTGATAATC 

168 CAATAAATACAGTTGATTCCCAATTTAGAGAG 

169 TCCATATACATACAGGCAAGGCAACTTTATTT 

170 TACCTTTAAGGTCTTTACCCTGACAAAGAAGT 

171 CAAAAATCATTGCTCCTTTTGATAAGTTTCAT 

172 TTTGCCAGATCAGTTGAGATTTAGTGGTTTAA 

173 AAAGATTCAGGGGGTAATAGTAAACCATAAAT 

174 TTTCAACTATAGGCTGGCTGACCTTGTATCAT 

175 CCAGGCGCTTAATCATTGTGAATTACAGGTAG 

176 CGCCTGATGGAAGTTTCCATTAAACATAACCG 

177 TTTCATGAAAATTGTGTCGAAATCTGTACAGA 

178 ATATATTCTTTTTTCACGTTGAAAATAGTTAG 

179 AATAATAAGGTCGCTGAGGCTTGCAAAGACTT 

180 CGTAACGATCTAAAGTTTTGTCGTGAATTGCG 

181 ACCCAAATCAAGTTTTTTGGGGTCAAAGAACG 
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182 TGGACTCCCTTTTCACCAGTGAGACCTGTCGT 

183 TGGTTTTTAACGTCAAAGGGCGAAGAACCATC 

184 GCCAGCTGCCTGCAGGTCGACTCTGCAAGGCG 

185 CTTGCATGCATTAATGAATCGGCCCGCCAGGG 

186 ATTAAGTTCGCATCGTAACCGTGCGAGTAACA 

187 TAGATGGGGGGTAACGCCAGGGTTGTGCCAAG 

188 ACCCGTCGTCATATGTACCCCGGTAAAGGCTA 

189 CATGTCAAGATTCTCCGTGGGAACCGTTGGTG 

190 TCAGGTCACTTTTGCGGGAGAAGCAGAATTAG 

191 CTGTAATATTGCCTGAGAGTCTGGAAAACTAG 

192 CAAAATTAAAGTACGGTGTCTGGAAGAGGTCA 

193 TGCAACTAAGCAATAAAGCCTCAGTTATGACC 

194 TTTTTGCGCAGAAAACGAGAATGAATGTTTAG 

195 AAACAGTTGATGGCTTAGAGCTTATTTAAATA 

196 ACTGGATAACGGAACAACATTATTACCTTATG 

197 ACGAACTAGCGTCCAATACTGCGGAATGCTTT 

198 CGATTTTAGAGGACAGATGAACGGCGCGACCT 

199 CTTTGAAAAGAACTGGCTCATTATTTAATAAA 

200 GCTCCATGAGAGGCTTTGAGGACTAGGGAGTT 

201 ACGGCTACTTACTTAGCCGGAACGCTGACCAA 

202 AAAGGCCGAAAGGAACAACTAAAGCTTTCCAG 

203 GAGAATAGCTTTTGCGGGATCGTCGGGTAGCA 

204 ACGTTAGTAAATGAATTTTCTGTAAGCGGAGT 

205 TTTTCGATGGCCCACTACGTAAACCGTC 

206 TATCAGGGTTTTCGGTTTGCGTATTGGGAACGCGCG 

207 GGGAGAGGTTTTTGTAAAACGACGGCCATTCCCAGT 

208 CACGACGTTTTTGTAATGGGATAGGTCAAAACGGCG 

209 GATTGACCTTTTGATGAACGGTAATCGTAGCAAACA 

210 AGAGAATCTTTTGGTTGTACCAAAAACAAGCATAAA 

211 GCTAAATCTTTTCTGTAGCTCAACATGTATTGCTGA 

212 ATATAATGTTTTCATTGAATCCCCCTCAAATCGTCA 

213 TAAATATTTTTTGGAAGAAAAATCTACGACCAGTCA 

214 GGACGTTGTTTTTCATAAGGGAACCGAAAGGCGCAG 

215 ACGGTCAATTTTGACAGCATCGGAACGAACCCTCAG 

216 CAGCGAAATTTTAACTTTCAACAGTTTCTGGGATTTTGCTAAACTTTT 

 

Modified staple strands 

 

A’101

 AGGGTTGATTTTATAAATCCTCATTAAATGATATTCACAAACAATTTTTTATATGG

TCAACTG 

A’110

 GATGGCAATTTTAATCAATATCTGGTCACAAATATCAAACCCTCTTTTTTATATGG

TCAACTG 

A’206 TATCAGGGTTTTCGGTTTGCGTATTGGGAACGCGCG GGGAGAGG TTTTT 

TATATGGTCAACTG 

A’215 ACGGTCAATTTTGACAGCATCGGAACGAACCCTCAG CAGCGAAA TTTTT 

TATATGGTCAACTG 

A'102 AATCAGTAGCGACAGATCGATAGCAGCACCGTTTTTTTATATGGTCAACTG 
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A'104 GACGGGAGAATTAACTACAGGGAAGCGCATTATTTTTTATATGGTCAACTG 

A'106 CGACAAAAGGTAAAGTAGAGAATATAAAGTACTTTTTTATATGGTCAACTG 

A'108 ATTAATTACATTTAACACATCAAGAAAACAAATTTTTTATATGGTCAACTG 

A'110 AATCAATATCTGGTCACAAATATCAAACCCTCTTTTTTATATGGTCAACTG 

A'214 TCATAAGGGAACCGAAAGGCGCAGACGGTCAATTTTTTATATGGTCAACTG 

A'212 CATTGAATCCCCCTCAAATCGTCATAAATATTTTTTTTATATGGTCAACTG 

A'210 GGTTGTACCAAAAACAAGCATAAAGCTAAATCTTTTTTATATGGTCAACTG 

A'208 GTAATGGGATAGGTCAAAACGGCGGATTGACCTTTTTTATATGGTCAACTG 

A'206 CGGTTTGCGTATTGGGAACGCGCGGGGAGAGGTTTTTTATATGGTCAACTG 

 

S102 AATCAGTAGCGACAGATCGATAGC 

S103 TAAAGGTGGCAACATAGTAGAAAA 

S105 GCTTATCCGGTATTCTAAATCAGA 

S107 CGCGAGAAAACTTTTTATCGCAAG 

S109 TTCATCAATATAATCCTATCAGAT 

S111 ACCAGTAATAAAAGGGATTCACCAGTCACACG  

S207 TGTAAAACGACGGCCATTCCCAGT 

S209 GATGAACGGTAATCGTAGCAAACA 

S211 CTGTAGCTCAACATGTATTGCTGA 

S213 GGAAGAAAAATCTACGACCAGTCA 

S215 GACAGCATCGGAACGAACCCTCAG 

S216 AACTTTCAACAGTTTCTGGGATTTTGCTAAACTTTT 

 

4.5.14.3 Templation experiment 

 

DNA nanofibers were prepared following a previously reported protocol (see preparation 

of DNA fibers in Experimental Section 4.5.5). 8 µL of preformed DNA fibers prepared at 2.5 or 5 

µM (total DNA) were mixed with 2 µL assembled DNA origami tiles (initial stock concentration 

of tile = 4-7.92 nM) and incubated at room temperature overnight. The samples were then analyzed 

by AFM under dry conditions. For AGE studies, DNA origami samples prepared at 5 nM were 

mixed with DNA nanofibers prepared at 5 µM (with respect to total DNA) and incubated overnight 

at room temperature. As an example, for 1000 x excess, 2.5 µL of 5 µM solution (total DNA) of 

DNA fibers was mixed with 2.5 µL of 5 nM DNA origami tiles. For 800 x and 500 x molar excess 

conditions, the volume ratio of each sample was adjusted, accordingly. 
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Figure 4.57 – Additional AFM images of one-sided templation of Cy3Cy3-DNA fibers on 

rectangular DNA origami tiles. 
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Figure 4.58 – Additional AFM images of two-sided templation of Cy3Cy3-DNA fibers on 

rectangular DNA origami tiles with 2 binding arms/edge forming a “railroad track”. 
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Figure 4.59 – Additional AFM images of two-sided templation of Cy3Cy3-DNA fibers on 

rectangular DNA origami with 5 binding arms/edge. 

 

 



257 
 

4.6 References 
 

1. Lehn, J.-M., Angew. Chem. Int. Ed. Engl. 1990, 29 (11), 1304-1319. 

2. Claessens, C. G.; Stoddart, J. F., J. Phys. Org. Chem. 1997, 10 (5), 254-272. 

3. Wang, X.; Guerin, G.; Wang, H.; Wang, Y.; Manners, I.; Winnik, M. A., Science 2007, 

317 (5838), 644-647. 

4. Strassert, C. A.; Chien, C.-H.; Galvez Lopez, M. D.; Kourkoulos, D.; Hertel, D.; Meerholz, 

K.; De Cola, L., Angew. Chem. Int. Ed. 2011, 50 (4), 946-950. 

5. Sirringhaus, H.; Brown, P. J.; Friend, R. H.; Nielsen, M. M.; Bechgaard, K.; Langeveld-

Voss, B. M. W.; Spiering, A. J. H.; Janssen, R. A. J.; Meijer, E. W.; Herwig, P.; de Leeuw, D. M., 

Nature 1999, 401, 685. 

6. Kashiwagi, D.; Sim, S.; Niwa, T.; Taguchi, H.; Aida, T., J. Am. Chem. Soc. 2018, 140 (1), 

26-29. 

7. Hartgerink, J. D.; Beniash, E.; Stupp, S. I., Science 2001, 294 (5547), 1684-1688. 

8. Kastler, M.; Pisula, W.; Wasserfallen, D.; Pakula, T.; Müllen, K., J. Am. Chem. Soc. 2005, 

127 (12), 4286-4296. 

9. Hill, J. P.; Jin, W.; Kosaka, A.; Fukushima, T.; Ichihara, H.; Shimomura, T.; Ito, K.; 

Hashizume, T.; Ishii, N.; Aida, T., Science 2004, 304 (5676), 1481-1483. 

10. Zhang, L.; Eisenberg, A., Science 1995, 268 (5218), 1728-31. 

11. Groschel, A. H.; Walther, A.; Lobling, T. I.; Schacher, F. H.; Schmalz, H.; Muller, A. H. 

E., Nature 2013, 503 (7475), 247-251. 

12. Schacher, F. H.; Rupar, P. A.; Manners, I., Angew. Chem. Int. Ed. 2012, 51 (32), 7898-

7921. 

13. De Greef, T. F.; Smulders, M. M.; Wolffs, M.; Schenning, A. P.; Sijbesma, R. P.; Meijer, 

E. W., Chem. Rev. 2009, 109 (11), 5687-754. 

14. Smulders, M. M.; Nieuwenhuizen, M. M.; de Greef, T. F.; van der Schoot, P.; Schenning, 

A. P.; Meijer, E. W., Chem. Eur J. 2010, 16 (1), 362-7. 

15. O'Shaughnessy, B.; Vavylonis, D., Phys. Rev. Lett. 2003, 90 (11), 118301. 

16. Cui, H.; Chen, Z.; Zhong, S.; Wooley, K. L.; Pochan, D. J., Science 2007, 317 (5838), 647. 

17. Korevaar, P. A.; Newcomb, C. J.; Meijer, E. W.; Stupp, S. I., J. Am. Chem. Soc. 2014, 136 

(24), 8540-8543. 

18. Lohr, A.; Lysetska, M.; Würthner, F., Angew. Chem. Int. Ed. 2005, 44 (32), 5071-5074. 

19. Korevaar, P. A.; George, S. J.; Markvoort, A. J.; Smulders, M. M. J.; Hilbers, P. A. J.; 

Schenning, A. P. H. J.; De Greef, T. F. A.; Meijer, E. W., Nature 2012, 481, 492. 

20. Aliprandi, A.; Mauro, M.; De Cola, L., Nat. Chem. 2015, 8, 10. 

21. Hao, C.; Zehuan, H.; Han, W.; Jiang‐Fei, X.; Xi, Z., Angew. Chem. Int. Ed. 2017, 56 (52), 

16575-16578. 

22. Gilroy, J. B.; Gädt, T.; Whittell, G. R.; Chabanne, L.; Mitchels, J. M.; Richardson, R. M.; 

Winnik, M. A.; Manners, I., Nat. Chem. 2010, 2 (7), 566-570. 



258 
 

23. Hudson, Z. M.; Boott, C. E.; Robinson, M. E.; Rupar, P. A.; Winnik, M. A.; Manners, I., 

Nat. Chem. 2014, 6 (10), 893-898. 

24. Qiu, H.; Hudson, Z. M.; Winnik, M. A.; Manners, I., Science 2015, 347 (6228), 1329-1332. 

25. Mukhopadhyay, R. D.; Ajayaghosh, A., Science 2015, 349 (6245), 241-242. 

26. Kang, J.; Miyajima, D.; Mori, T.; Inoue, Y.; Itoh, Y.; Aida, T., Science 2015, 347 (6222), 

646-651. 

27. Van der Zwaag, D.; de Greef, T. F. A.; Meijer, E. W., Angew. Chem. Int. Ed. 2015, 54 (29), 

8334-8336. 

28. Huang, Z.; Yang, L.; Liu, Y.; Wang, Z.; Scherman, O. A.; Zhang, X., Angew. Chem. 2014, 

126 (21), 5455-5459. 

29. Ogi, S.; Sugiyasu, K.; Manna, S.; Samitsu, S.; Takeuchi, M., Nat. Chem. 2014, 6 (3), 188-

95. 

30. Ogi, S.; Stepanenko, V.; Sugiyasu, K.; Takeuchi, M.; Würthner, F., J. Am. Chem. Soc. 

2015, 137 (9), 3300-3307. 

31. Zhang, K.; Yeung, M. C.; Leung, S. Y.; Yam, V. W., Proc. Natl. Acad. Sci. U. S. A. 2017, 

114 (45), 11844-11849. 

32. Krieg, E.; Bastings, M. M. C.; Besenius, P.; Rybtchinski, B., Chem. Rev. 2016, 116 (4), 

2414-2477. 

33. Dankers Patricia, Y. W.; Hermans Thomas, M.; Baughman Travis, W.; Kamikawa, Y.; 

Kieltyka Roxanne, E.; Bastings Maartje, M. C.; Janssen Henk, M.; Sommerdijk Nico, A. J. M.; 

Larsen, A.; van Luyn Marja, J. A.; Bosman Anton, W.; Popa Eliane, R.; Fytas, G.; Meijer, E. W., 

Adv. Mater. 2012, 24 (20), 2703-2709. 

34. Hule, R. A.; Nagarkar, R. P.; Hammouda, B.; Schneider, J. P.; Pochan, D. J., 

Macromolecules 2009, 42 (18), 7137-7145. 

35. Nazemi, A.; Boott, C. E.; Lunn, D. J.; Gwyther, J.; Hayward, D. W.; Richardson, R. M.; 

Winnik, M. A.; Manners, I., J. Am. Chem. Soc. 2016, 138 (13), 4484-4493. 

36. Arno, M. C.; Inam, M.; Coe, Z.; Cambridge, G.; Macdougall, L. J.; Keogh, R.; Dove, A. 

P.; O'Reilly, R. K., J. Am. Chem. Soc. 2017, 139 (46), 16980-16985. 

37. Seeman, N. C., Annu. Rev. Biochem 2010, 79, 65-87. 

38. Aldaye, F. A.; Palmer, A. L.; Sleiman, H. F., Science 2008, 321 (5897), 1795-9. 

39. Rothemund, P. W. K., Nature 2006, 440 (7082), 297-302. 

40. Seeman, N. C.; Sleiman, H. F., Nat. Rev. Mater. 2017, 3, 17068. 

41. Mai, Y.; Eisenberg, A., Chem. Soc. Rev. 2012, 41 (18), 5969-85. 

42. Serpell, C. J.; Edwardson, T. G. W.; Chidchob, P.; Carneiro, K. M. M.; Sleiman, H. F., J. 

Am. Chem. Soc. 2014, 136 (44), 15767-15774. 

43. Chidchob, P.; Edwardson, T. G. W.; Serpell, C. J.; Sleiman, H. F., J. Am. Chem. Soc. 2016, 

138 (13), 4416-4425. 

44. Edwardson, T. G. W.; Carneiro, K. M. M.; McLaughlin, C. K.; Serpell, C. J.; Sleiman, H. 

F., Nat. Chem. 2013, 5, 868. 



259 
 

45. Vyborna, Y.; Vybornyi, M.; Rudnev, A. V.; Häner, R., Angew. Chem. Int. Ed. 2015, 54 

(27), 7934-7938. 

46. Alemdaroglu, F. E.; Alemdaroglu, N. C.; Langguth, P.; Herrmann, A., Macromol. Rapid 

Commun. 2008, 29 (4), 326-329. 

47. Banga, R. J.; Meckes, B.; Narayan, S. P.; Sprangers, A. J.; Nguyen, S. T.; Mirkin, C. A., 

J. Am. Chem. Soc. 2017, 139 (12), 4278-4281. 

48. Cottenye, N.; Syga, M.-I.; Nosov, S.; Muller, A. H. E.; Ploux, L.; Vebert-Nardin, C., Chem. 

Commun. 2012, 48 (20), 2615-2617. 

49. Kim, C.-J.; Hu, X.; Park, S.-J., J. Am. Chem. Soc. 2016, 138 (45), 14941-14947. 

50. Wilks, T. R.; Bath, J.; de Vries, J. W.; Raymond, J. E.; Herrmann, A.; Turberfield, A. J.; 

O’Reilly, R. K., ACS Nano 2013, 7 (10), 8561-8572. 

51. List, J.; Weber, M.; Simmel, F. C., Angew. Chem. Int. Ed. Engl. 2014, 53 (16), 4236-9. 

52. Ding, K.; Alemdaroglu, F. E.; Börsch, M.; Berger, R.; Herrmann, A., Angew. Chem. Int. 

Ed. 2007, 46 (7), 1172-1175. 

53. Chien, M.-P.; Rush, A. M.; Thompson, M. P.; Gianneschi, N. C., Angew. Chem. Int. Ed. 

2010, 49 (30), 5076-5080. 

54. Chao, Z.; Yiyang, Z.; Yuanchen, D.; Fen, W.; Dianming, W.; Ling, X.; Dongsheng, L., 

Adv. Mater. 2016, 28 (44), 9819-9823. 

55. Zhiyong, Z.; Chun, C.; Yuanchen, D.; Zhongqiang, Y.; Qing‐Hua, F.; Dongsheng, L., 

Angew. Chem. Int. Ed. 2014, 53 (49), 13468-13470. 

56. Yuanchen, D.; Yawei, S.; Liying, W.; Dianming, W.; Tao, Z.; Zhongqiang, Y.; Zhong, C.; 

Qiangbin, W.; Qinghua, F.; Dongsheng, L., Angew. Chem. Int. Ed. 2014, 53 (10), 2607-2610. 

57. Wang, L.; Feng, Y.; Yang, Z.; He, Y.-M.; Fan, Q.-H.; Liu, D., Chem. Commun. 2012, 48 

(31), 3715-3717. 

58. Jia, F.; Lu, X.; Tan, X.; Zhang, K., Chem. Commun. 2015, 51 (37), 7843-7846. 

59. Tan, X.; Li, B. B.; Lu, X.; Jia, F.; Santori, C.; Menon, P.; Li, H.; Zhang, B.; Zhao, J. J.; 

Zhang, K., J. Am. Chem. Soc. 2015, 137 (19), 6112-6115. 

60. Edwardson, T. G.; Carneiro, K. M.; Serpell, C. J.; Sleiman, H. F., Angew. Chem. Int. Ed. 

Engl. 2014, 53 (18), 4567-71. 

61. Lutz, J.-F.; Ouchi, M.; Liu, D. R.; Sawamoto, M., Science 2013, 341 (6146), 1238149. 

62. Li, Z.; Zhang, Y.; Fullhart, P.; Mirkin, C. A., Nano Lett. 2004, 4 (6), 1055-1058. 

63. Alemdaroglu, F. E.; Ding, K.; Berger, R.; Herrmann, A., Angew. Chem. Int. Ed. Engl. 2006, 

45 (25), 4206-10. 

64. Immoos, C. E.; Lee, S. J.; Grinstaff, M. W., J. Am. Chem. Soc. 2004, 126 (35), 10814-

10815. 

65. de Lambert, B.; Chaix, C.; Charreyrex, M.-T.; Laurent, A.; Aigoui, A.; Perrin-Rubens, A.; 

Pichot, C., Bioconjugate Chem. 2005, 16 (2), 265-274. 

66. Schnitzler, T.; Herrmann, A., Acc. Chem. Res. 2012, 45 (9), 1419-1430. 

67. Hong, B. J.; Eryazici, I.; Bleher, R.; Thaner, R. V.; Mirkin, C. A.; Nguyen, S. T., J. Am. 

Chem. Soc. 2015, 137 (25), 8184-8191. 



260 
 

68. Mirkin, C. A.; Letsinger, R. L.; Mucic, R. C.; Storhoff, J. J., Nature 1996, 382 (6592), 607-

9. 

69. Alemdaroglu, F. E.; Alemdaroglu, N. C.; Langguth, P.; Herrmann, A., Adv. Mater. 2008, 

20 (5), 899-902. 

70. Kedracki, D.; Maroni, P.; Schlaad, H.; Vebert-Nardin, C., Adv. Funct. Mater. 2014, 24 (8), 

1133-1139. 

71. Fakhoury, J. J.; Edwardson, T. G.; Conway, J. W.; Trinh, T.; Khan, F.; Barlog, M.; Bazzi, 

H. S.; Sleiman, H. F., Nanoscale 2015, 7 (48), 20625-34. 

72. Jeong, J. H.; Park, T. G., Bioconjugate Chem. 2001, 12 (6), 917-923. 

73. Rush, A. M.; Nelles, D. A.; Blum, A. P.; Barnhill, S. A.; Tatro, E. T.; Yeo, G. W.; 

Gianneschi, N. C., J. Am. Chem. Soc. 2014, 136 (21), 7615-7618. 

74. Trinh, T.; Chidchob, P.; Bazzi, H. S.; Sleiman, H. F., Chem. Commun. 2016, 52 (72), 

10914-10917. 

75. Bousmail, D.; Amrein, L.; Fakhoury, J. J.; Fakih, H. H.; Hsu, J. C. C.; Panasci, L.; Sleiman, 

H. F., Chemical Science 2017, 8 (9), 6218-6229. 

76. Cutler, J. I.; Auyeung, E.; Mirkin, C. A., J. Am. Chem. Soc. 2012, 134 (3), 1376-1391. 

77. Kwak, M.; Herrmann, A., Chem. Soc. Rev. 2011, 40 (12), 5745-5755. 

78. Pan, G.; Jin, X.; Mou, Q.; Zhang, C., Chin. Chem. Lett. 2017, 28 (9), 1822-1828. 

79. Wang, H.; Lin, W.; Fritz, K. P.; Scholes, G. D.; Winnik, M. A.; Manners, I., J. Am. Chem. 

Soc. 2007, 129 (43), 12924-12925. 

80. Du, J.; Lane, L. A.; Nie, S., J. Control. Release 2015, 219, 205-214. 

81. Jelly, E. E., Nature 1936, 138, 1009. 

82. Scheibe, G., Angew. Chem. 1937, 50 (11), 212-219. 

83. Eisele, D. M.; Knoester, J.; Kirstein, S.; Rabe, J. P.; Vanden Bout, D. A., Nat. Nanotechnol. 

2009, 4 (10), 658-63. 

84. Von Berlepsch, H.; Böttcher, C.; Ouart, A.; Burger, C.; Dähne, S.; Kirstein, S., J. Phys. 

Chem. B. 2000, 104 (22), 5255-5262. 

85. Von Berlepsch, H.; Kirstein, S.; Böttcher, C., J. Phys. Chem. B. 2003, 107 (36), 9646-9654. 

86. Markova, L. I.; Malinovskii, V. L.; Patsenker, L. D.; Haner, R., Chem. Commun. 2013, 49 

(46), 5298-5300. 

87. Wijnands, S. P. W.; Engelen, W.; Lafleur, R. P. M.; Meijer, E. W.; Merkx, M., Nat. 

Commun. 2018, 9 (1), 65. 

88. Lee, S. S.; Fyrner, T.; Chen, F.; Álvarez, Z.; Sleep, E.; Chun, D. S.; Weiner, J. A.; Cook, 

R. W.; Freshman, R. D.; Schallmo, M. S.; Katchko, K. M.; Schneider, A. D.; Smith, J. T.; Yun, 

C.; Singh, G.; Hashmi, S. Z.; McClendon, M. T.; Yu, Z.; Stock, S. R.; Hsu, W. K.; Hsu, E. L.; 

Stupp, S. I., Nat. Nanotechnol. 2017, 12, 821. 

89. Daniel, M. C.; Astruc, D., Chem. Rev. 2004, 104 (1), 293-346. 

90. El-Sayed, M. A., Acc. Chem. Res. 2001, 34 (4), 257-264. 

91. Kuzyk, A.; Schreiber, R.; Fan, Z.; Pardatscher, G.; Roller, E.-M.; Högele, A.; Simmel, F. 

C.; Govorov, A. O.; Liedl, T., Nature 2012, 483, 311. 



261 
 

92. Lau Kai, L.; Hamblin Graham, D.; Sleiman Hanadi, F., Small 2014, 10 (4), 660-666. 

93. Gür, F. N.; Schwarz, F. W.; Ye, J.; Diez, S.; Schmidt, T. L., ACS Nano 2016, 10 (5), 5374-

5382. 

94. Hong, F.; Zhang, F.; Liu, Y.; Yan, H., Chem. Rev. 2017, 117 (20), 12584-12640. 

95. Knudsen, J. B.; Liu, L.; Bank Kodal, A. L.; Madsen, M.; Li, Q.; Song, J.; Woehrstein, J. 

B.; Wickham, S. F.; Strauss, M. T.; Schueder, F.; Vinther, J.; Krissanaprasit, A.; Gudnason, D.; 

Smith, A. A.; Ogaki, R.; Zelikin, A. N.; Besenbacher, F.; Birkedal, V.; Yin, P.; Shih, W. M.; 

Jungmann, R.; Dong, M.; Gothelf, K. V., Nat. Nanotechnol. 2015, 10 (10), 892-8. 

96. Zhang, K.; Fang, H.; Chen, Z.; Taylor, J.-S. A.; Wooley, K. L., Bioconjugate Chem. 2008, 

19 (9), 1880-1887. 

97. Geng, Y.; Dalhaimer, P.; Cai, S.; Tsai, R.; Tewari, M.; Minko, T.; Discher, D. E., Nat. 

Nanotechnol. 2007, 2 (4), 249-55. 

98. Mallikaratchy, P. R.; Ruggiero, A.; Gardner, J. R.; Kuryavyi, V.; Maguire, W. F.; Heaney, 

M. L.; McDevitt, M. R.; Patel, D. J.; Scheinberg, D. A., Nucleic Acids Res. 2011, 39 (6), 2458-

2469. 

99. S. L. Beaucage, R. P. Iyer. Tetrahedron 1992, 48, 2223 

100. Wen, Y.; McLaughlin, C. K.; Lo, P. K.; Yang, H.; Sleiman, H. F., Bioconjugate Chem. 

2010, 21 (8), 1413-1416 

101. Luo, X.; Chidchob, P.; Rahbani Janane, F.; Sleiman Hanadi, F., Small 2017, 14 (5), 

1702660 

102. A. M. Hung, C. M. Micheel, L. D. Bozano, L. W. Osterbur, G. M. Wallraff, J. N. Cha, 

Nat. Nanotechnol. 2010, 5, 121-126. 

 

 

 

 



262 
 

5 
 

Conclusion and Future Work 

 

5.1 Conclusions and contributions to original knowledge 
 

 The central theme of the work described in this thesis is the design, self-assembly and 

evaluation of amphiphilic DNA polymers as functional materials in drug delivery and materials 

science. Strategies to tackle many of the limitations hindering the success of nanoparticle-based 

drug delivery systems are demonstrated, and implemented in a DNA-nanoparticle platform, 

towards developing optimized delivery systems. A key concept is that control of length and 

sequence at the monomer level translates to highly uniform self-assembled drug delivery vehicles 

and supramolecular assemblies. Overall, the methods presented in this thesis provide access to 

new functional DNA-polymer systems with predefined morphologies and optimized properties 

adapted for applications in drug delivery and materials science. 

 The research presented in Chapter 2, describes the examination of sequence-defined DNA 

polymers as drug delivery vehicles for anticancer drugs, namely BKM120, a drug used for the 

treatment of Chronic Lymphocytic Leukemia (CLL). The use of phosphoramidite solid-phase 

chemistry as a synthetic method allows for control over the sequence and length of the DNA 

polymer. Using this system, BKM120-loaded DNA particles are generated with monodispersity 

superior to other DNA-polymer based drug delivery systems. A thorough study on the stability of 

the system showed that the structures are stable for over 1 month – a highly desirable property in 

drug formulation. Additionally, these DNA nanoparticles are one of few examples of 

oligonucleotide-based nanostructures showing high cellular uptake without transfection. The in 

vitro activity of BKM120-loaded DNA nanoparticles shows their success to act as sensitizers when 

combined with other anticancer drugs, and their ability to induce programmed cellular death in 

primary CLL patient cells. Furthermore, we present the first in vivo study of a DNA-polymer 

system. Our results show full-body distribution and long circulation times of DNA nanoparticles 
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in mice, with minimal accumulation in the brain. Since BKM120 exhibits many of its neurological 

side-effects by crossing the blood-brain barrier, this finding could potentially limit the side-effects 

of this drug, or any drug exhibiting effects in the central nervous system. Additionally, DNA 

nanoparticles show high accumulation in tumors, a highly desirable property for cancer-targeted 

drug delivery. Overall, this chapter highlights the potential of sequence-defined DNA 

nanoparticles as a general platform for chemotherapeutic drug delivery. 

 Chapter 3 builds on the findings of Chapter 2 and presents several strategies to address 

challenges standing in the face of general polymeric nanocarriers, with particular emphasis on 

DNA nanoparticle-based systems. Optimization studies to our first-generation DNA polymer 

vehicles start with the introduction of targeting ligands that show enhanced structural uptake in 

cells expressing specific receptors. This is mediated through DNA hybridization, where DNA 

aptamers specific to breast cancer cells are bound to the nanoparticle corona. Targeting diseased 

cells that display specific-cellular markers, while leaving normal cells unaffected, is very 

important for the success of any potential drug delivery system. A stimuli-responsive system is 

then presented which releases an oligonucleotide cargo upon binding to a genetic marker. This 

system can be adapted to respond to any intracellular trigger, to deliver a combination of 

oligonucleotide therapeutics, or small molecule prodrugs attached to a therapeutic oligonucleotide 

through a hydrolysable linker allowing dual therapy. We then build on our previous work that 

evaluated the uptake of nanostructures in cancer cell lines. Here, studies on the cellular uptake of 

DNA nanoparticles in normal human epidermis keratinocytes show that these structures are readily 

internalized in cells displaying different plasma membrane make up from cancer cells. This 

property allows them to be used not only for anticancer drug delivery but also for delivery of 

cosmetic actives into skin cells. We then show that a simple modification to the DNA greatly 

enhances nanoparticle resistance to nucleases. Furthermore, we evaluate the interaction of DNA 

nanoparticles with a major serum protein and show a strategy to further protect structures during 

circulation and selectively release the “shield” in tumor microenvironments. Finally, we show 

strategies of enhancing nanoparticle stability through covalent cross-linking using disulfide 

chemistry. Overall, this chapter presents different strategies that are now made compatible with 

DNA nanoparticle assemblies towards an optimized drug delivery system. Compared to other 

systems, which are usually designed to address a single task due to an inherent synthetic limitation 

or incompatibility of different modifications, our versatile synthetic approach offers an advantage 
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of the added effect of several modifications in a single molecule affording sophisticated smart 

materials for increasing function. 

 The work in Chapter 4 presents a method of generating new functional materials that show 

promise in biosensing and drug delivery applications. The introduction of a single or two cyanine 

dyes to DNA polymers causes a drastic morphological shift from spheres to length-controlled one-

dimensional (1D) DNA nanofibers. Due to their high aspect ratio and rigidity, one-dimensional 

structures are particularly interesting for applications in creating complex linear arrays and drug 

delivery where they show increased uptake compared to spheres. The power of this approach is in 

the creation of 1D architectures with controlled dimensionality, where the length of fiber can be 

predefined prior to formation. Notably, the preparation DNA nanofibers with controlled length is 

demonstrated through seeded-growth mechanism, which to our knowledge has not been reported 

for DNA polymer systems. The potential application of DNA nanofibers as bioanalytical tools is 

highlighted through changes of dye optical properties upon assembly/disassembly. Templation of 

gold nanoparticles along fiber lengths with control over the ratio of bound particles, and selective 

directional templation of fibers on DNA origami, provide a method for generating functional 

nanomaterials and hierarchical complex architectures. This system will be valuable for creation of 

extended plasmonic architectures and as a platform for dual drug delivery and biosensing. 

Overall, this work reflects our efforts towards developing functional self-assembled 

structures based on this new class of DNA polymers in relation to drug delivery and 

supramolecular chemistry. This technology is envisaged to see many more applications in various 

fields of study and inspire researchers to pursue more exciting functionalities hidden in its 

potential. 

 

5.2 Suggestions for Future Work 
 

The DNA nanoparticle platform described in Chapters 2 and 3 has great potential to be 

used in biological applications. As such, future work will be focused on optimizing the system’s 

scope of anticancer drug encapsulation, which is already underway in our group. Our current 

efforts have shown the encapsulation of paclitaxel, yet, the generality of this approach with 

different small molecule drugs would be an important aspect to explore. In previous work, we have 
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shown the incorporation of antisense oligonucleotide therapeutics within this platform which cause 

gene silencing to a greater extent than antisense therapeutics delivered alone. The potential of DNA 

nanoparticles for combination small molecule and oligonucleotide therapeutics can be explored by 

modifying the DNA portion and testing nanoparticle activity in vitro and in vivo.  

As a starting point, cross-linking studies should be optimized for the DNA nanoparticle 

system. Different positions of disulfide linkages can be evaluated to arrive at an optimal 

combination of the number and spacing between groups for high reaction yields. A range of 

different reducing agents can be tested, including hydrophilic and hydrophobic molecules 

depending on the desired location of cross-linking. In relevance to drug encapsulation, the amount 

of drug leakage will be compared between cross-linked and unmodified DNA nanoparticles. Small 

molecule drugs can also be attached to DNA-polymers via cleavable linkages to minimize leakage. 

Additionally, the critical micellar concentration (CMC) of cross-linked DNA nanoparticles can be 

evaluated to measure nanoparticle stability under high dilution factors. Cross-linked nanoparticles 

can also be evaluated for in vivo biodistribution and their profile compared to our findings for 

unmodified nanoparticles. Eventually, in vivo studies on the pharmacokinetics, toxicity and 

efficacy of drug-loaded particles can be evaluated in tumor models to study the nanoparticle 

therapeutic effect. In parallel, phosphorothioated DNA which shows enhanced resistance towards 

nuclease can be incorporated as the DNA part during nanoparticle synthesis. Furthermore, PEG 

and acid-labile PEG-acetal molecules can be evaluated for increased particle stability. First, 

particle nuclease stability can be tested, then particle interaction with serum proteins can be 

evaluated. Additionally, for PEG-acetal linkers, DNA functionalization and selective cleavage of 

the PEG-moiety in acidic buffer conditions can be evaluated in analogy to acidic tumor 

microenvironments. Cleavable PEG molecules can be ultimately used as a protective “stealth 

shield” for nanoparticles in circulation that are shed in tumor microenvironments, exposing the 

active particles.  

For targeting studies, we have shown the increased uptake of structures expressing specific 

receptors. Competition studies can be performed wherein the receptors are saturated with ligands 

prior to aptamer-nanoparticle addition. This will provide additional characterization on the 

mechanism of internalization. The uptake of aptamer-DNA nanoparticles can also be evaluated in 

live cells, and if high uptake is observed then in vivo studies can be underway. It will also be 
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necessary to evaluate the effect of targeting ligand density and steric hindrance on receptor 

binding. Additionally, since cross-linking doesn’t involve any DNA manipulation, cross-linked 

aptamer-DNA micelles could be generated to compare their uptake with unmodified structures and 

test whether any structural destabilization occurs upon receptor binding. Given that different DNA-

polymers can be mixed to generate hybrid structures, particles consisting of targeting ligands and 

oligonucleotide therapeutics can be generated to test if aptamer-particles exhibit a higher 

therapeutic activity compared to structures lacking an aptamer in cell types over-expressing 

specific receptors. 

Stimuli-responsive particles show great potential for delivery to live cells since they strictly 

recognize oligonucleotide sequences present intracellularly. MicroRNA134 was used as a model 

stimulus for target differentiating skin cells, but the strategy can be modified for different genetic 

markers overexpressed in specific cell-types. Currently, in most stimuli-responsive systems, a 

recognition event leads to the release of a single therapeutic molecule. This stoichiometric delivery 

of therapeutics is limiting but can be addressed by the release of multiple drug molecules from a 

single binding event. For example, oligomers of small-molecule drugs (joined through labile 

linkers) can be attached to DNA through enzyme (or redox-sensitive) cleavable linkers to form 

prodrugs. Upon recognition, the DNA-oligo(drug) conjugate (prodrug) is released and 

subsequently cleaved releasing the now active drug molecules. The DNA strand can also be chosen 

as an antisense therapeutic oligonucleotide adding another layer of conditional therapy. 

For all the aforementioned studies, understanding the intracellular fate of structures will be 

valuable for assessing the success of these strategies and for troubleshooting. It will hence be 

necessary to understand the mechanism of uptake of structures, their intracellular trafficking and 

translocation. To tackle the limitation of endosomal trapping and recycling, agents that aid 

compartmental escape can be incorporated into the DNA-nanoparticle platform. Cell-penetrating 

peptides or pH-sensitive polymers can be conjugated to ensure endosomal disruption and 

nanoparticle availability in the cytoplasm.   

Ultimately, all the described approaches will be merged into one “smart” DNA 

nanoparticle system equipped with small-molecule drugs and oligonucleotide therapeutics, and 

that shows increased stability, enhanced blood circulation and high targeting capabilities. 
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The work in Chapter 4 reports the discovery of a different mode of self-assembly upon the 

introduction of a cyanine dye unit in DNA polymers, shifting them from spheres to length-defined 

nanofibers. Given that elongated one-dimensional morphologies show desirable behaviour both in 

vitro and in vivo, DNA fibers can be explored for drug delivery applications.  Seeded growth of 

DNA fibers was demonstrated and hierarchical architectures were obtained through directional 

templation of fibers along DNA origami. Using seeded growth, guided-growth on DNA origami 

pre-defined tracks can be investigated. The ability to precisely control the orientation of material 

at the nanoscale is a main objective of nanotechnology. By utilizing the interesting electronic 

properties of cyanine, this paves the way toward the development of electronic circuitry and optical 

wires with arbitrary geometries. The assembly of cyanine dyes in close packed structures can 

generate robust excitons between dye molecules. Additionally, other chromophores such a pyrene 

can be conjugated to DNA polymers to study their self-assembly and electronic and optical 

properties. Investigating the electronic coupling between dyes and understanding how nanoparticle 

core rigidity and the local dye environment can influence electronic coupling will be important 

towards designing exciton networks. These designs will allow the construction of efficient light-

harvesting devices mimicking natural systems, from soft supramolecular materials.  
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