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Abstract 

Alginate, a biopolymer primarily derived from brown seaweed, holds significant potential for 

various industrial applications, such as food production, pharmaceutical treatments, and 

agriculture. In its natural polymeric form, however, it is somewhat restricted in its practical use 

due to its low water solubility. Its depolymerization products, alginate oligosaccharides, on the 

other hand are much more versatile in these industrial applications because of their greater water 

solubility and variability in molecular weight. While there are many established methods of 

producing alginate oligosaccharides, each has drawbacks in aspects like waste production, water 

consumption, and affordability. This thesis explores a novel, sustainable approach to produce 

these oligomers through alginate depolymerization by alginate lyase using a mechanoenzymatic 

method (i.e.; ball-milling). By employing the enzyme under moist-solid conditions the study aims 

to reduce water waste and energy consumption while maintaining enzymatic efficiency. 

Key reaction parameters such as the liquid-to-solid ratio, milling time and frequency, incubation 

temperature, buffer pH, and enzyme loading were systematically optimized. The best 

mechanoenzymatic conditions yielded a reaction efficiency comparable to traditional aqueous 

methods, while reducing water consumption by ~680 times. The mechanoenzymatic method 

produced alginate oligosaccharides with narrow polydispersity and low molecular weights, 

comparable to those obtained in aqueous conditions. 

Overall, this research demonstrates the viability of mechanoenzymatic depolymerization as a 

greener alternative for alginate depolymerization, offering a new method of efficient alginate 

oligosaccharide production for further applications in medicine, agriculture, and food science.  
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Résumé 

L'alginate, un biopolymère principalement dérivé des algues brunes, présente un potentiel 

significatif dans diverses applications industrielles, telles que la production alimentaire, les 

traitements pharmaceutiques et l'agriculture. Cependant, sous sa forme polymère naturelle, son 

utilisation pratique est limitée en raison de sa faible solubilité dans l'eau. En revanche, ses 

produits de dépolymérisation, les oligosaccharides d'alginate, sont beaucoup plus polyvalents 

dans ces applications industrielles grâce à leur meilleure solubilité dans l'eau et à leur poids 

moléculaire variable. 

Bien qu'il existe de nombreuses méthodes établies pour produire des oligosaccharides d'alginate, 

chacune présente des inconvénients en termes de production de déchets, de consommation 

d'eau et de coût. Cette thèse explore une approche nouvelle et durable pour produire ces 

oligomères par la dépolymérisation de l'alginate à l'aide de l'alginate lyase via une méthode 

mécanoenzymatique (c'est-à-dire avec un broyeur à boulets). En utilisant l'enzyme dans des 

solides-humides, l'étude vise à réduire le gaspillage d'eau et la consommation d'énergie tout en 

maintenant l'efficacité enzymatique. 

Les paramètres clés de la réaction tels que le rapport liquide-solide, la durée de réaction, la 

fréquence de broyage, la température d'incubation, le pH, et la quantité d’enzyme ont été 

systématiquement optimisés. Les meilleures conditions mécanoenzymatiques ont permis 

d'obtenir un rendement de produit comparable aux méthodes aqueuses traditionnelles, tout en 

réduisant la consommation d'eau par un facteur d’environ 680. La méthode mécanoenzymatique 
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produit des oligosaccharides d'alginate avec une polydispersité restreinte et des poids 

moléculaires faibles, comparables à ceux obtenus avec les conditions aqueuses. 

Dans l'ensemble, cette recherche démontre la viabilité de la dépolymérisation 

mécanoenzymatique comme une alternative plus écologique pour la dépolymérisation de 

l'alginate, offrant une nouvelle méthode de production efficace d'oligosaccharides d'alginate 

pour des applications ultérieures en médecine, agriculture et science alimentaire.  
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Biopolymers have long been exploited across a broad range of applications due to their abundant 

nature, low environmental impact, and unique properties. For example, cellulose, the world’s 

most abundant biopolymer, has been relied upon for centuries for everyday use in textiles and 

stationery. Chitin, derived from the exoskeleton of arthropods, has uses as an additive in the food 

industry. In comparison, the applications of marine plant biopolymers have been somewhat 

underemphasized. Alginate, a naturally occurring polysaccharide, primarily obtained from brown 

seaweed, has been gaining popularity for its potential applications in the food, pharmaceutical, 

agricultural, and cosmetic industries, among many more.  

1.1 Alginate 

The cultivation of algae worldwide has increased exponentially over the past 70 years, and even 

more than doubled  between 2000-2022, from 11 million tonnes to 37 million tonnes.1 In 2019, 

the primary types of seaweeds employed were 51%, 48%, and 0.1% red, brown, and green 

seaweeds, respectively.2 Of these seaweed varieties, the biopolymer alginate is primarily 

extracted from brown seaweed species (Phaeophyceae class) such as Laminaria hyperborea, 

Laminaria digitata, Laminaria japonica, Macrocystis pyrifera, and Ascophyllum sp., and makes up 

about 40% of the plant’s dry matter.3,4 It is present in the hydrophilic anionic salt form and 

commonly paired with sodium, referred to as sodium alginate. Because of its anionic nature, 

alginate is easily cross-linked upon addition of divalent cations such as Ca2+ or Sr2+, forming gels 

of customizable strengths which can be used in wide applications such as in wound dressings, 

drug delivery, and tissue engineering.5,6 The polymer is composed of non-regular repeating units 

of uronic acid isomers, β-D-mannuronic acid (M) and α-L-guluronic acid (G), joined by 1,4 

glycosidic linkages (Fig. 1.1). The distribution or arrangement of the M and G monomers 
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throughout the polymer is dependent on factors such as the source species, environmental 

conditions, extraction methods etc. They contain sub-blocks of homo-M (polyM), homo-G (polyG) 

linkages, and hetero-MG linkages (polyMG) (Fig. 1.1).7 Alginates are often described by their M/G 

ratio, indicating which monomer the polymer is primarily enriched in. The majority of brown algae 

species are considered M-rich (e.g. Macrocystis pyrifera, Fucus guiryi, and Bifurcaria bifurcate); 

however, some species, such as Lessonia trabeculata and Saccharina longicruris have a higher 

ratio of G residues.8  In its native form, alginate is somewhat limited in its scope of applications 

beyond gel formation because of its varying level of water solubility and stability under 

physiological conditions.9 

 

Figure 1.1: Monomers of the alginate polysaccharide and their respective linkage types within the chains 
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1.2 Alginate Oligosaccharides 

Alginate oligosaccharides (AOS) produced from the degradation of alginate are the particular 

focus of interest when it comes to practical usages of the polymer because of their lower 

molecular weight (MW) and higher water solubility.10 These oligosaccharides have a vast array of 

uses in areas ranging from agriculture to medicine, food, and even livestock and poultry. The 

applications of specific AOS depend on structural factors such as their monomer composition, 

MW, and degree of polymerization (DP). Although the β-D-mannuronic acids and α-L-guluronic 

acids that comprise the AOS are C-5 epimers, the resulting chain conformations experience 

different spatial structures and physicochemical properties, which, in turn, result in different 

composition-dependent functionality.11 More specifically, β-D-mannuronic acids are linked 

equatorially, whereas α-L-guluronic acids are linked axially (Fig. 1.1). The equatorial conformation 

forces a more pliable stretched chain structure, while the axial conformation allows for a more 

rigid helical structure arising from hydrogen bond interactions between the carboxylate of one 

residue and the C2 hydroxyl hydrogen of the adjacent residue.11,12 A combination of these physical 

characteristics dictates the specific applications for which an oligomer is best suited. For example, 

AOS rich in guluronic acids are better suited for applications such as tissue scaffolding because of 

their more solid structure, whereas the more flexible AOS rich in mannuronic acids may be more 

applicable for drug delivery.13,14 
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1.2.1 Alginate Oligosaccharides – Applications 

1.2.1.1 Sequence Specific Applications 

The relationship between monomer sequence and function can be applied to maximize the 

useability of AOS. In a general sense, mannuronate oligosaccharides (MOS) have been found to 

influence gut microbiota and neuroinflammation. As such they have been used to treat symptoms 

of diabetes, Alzheimer’s disease (AD), and Parkinson’s disease.15 For example, a study 

investigating AD contributors found a link between dysbiosis in the gut microbiota and 

neuroinflammation, and subsequently developed a clinical treatment using an MOS-based drug 

(GV-971).16 The symptoms of AD may be exacerbated by irregular gut microbiota-related 

metabolites and their metabolic pathways. Specifically, heightened levels of phenylalanine and 

isoleucine may contribute to the progression of AD. Administration of GV-971 to patients 

effectively reduced gut phenylalanine and isoleucine levels by reconditioning the gut microbiota, 

thereby reducing the neuroinflammation that contributes to AD symptoms. In comparison, 

treatment with guluronate oligosaccharides (GOS) did not show any significant therapeutic 

benefits.16 Instead, GOS are better applied for immunoregulation and pathogenic defense.15 In 

one study, GOS were used to disrupt biofilm formation by Pseudomonas aeruginosa in vitro.17 

Bacterial biofilms contribute to bacterial resistance against antibiotics, disinfectants, and 

mammalian defense mechanisms. For example, lung infections caused by biofilm-associated 

bacteria, such as P. aeruginosa, often resist treatment and can lead to chronic disease, eventually 

causing permanent respiratory damage. GOS have been shown to disrupt biofilm production by 

inhibiting swarming and motility, and decreasing surface charge, all of which are factors 

contributing to biofilm growth.18,19 In vitro treatment of bacteria with two different antibiotics 
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combined with the alginate oligomer OligoG CF-5/20, showed up to a 128-fold reduction in 

minimum biofilm eradication concentrations (MBEC) compared to treatment with the antibiotics 

alone. The results support the suggestion that incorporation of OligoG CF-5/20 would make the 

bacteria more susceptible to antibiotics.17 This was further demonstrated in a mouse model of 

bacterial lung infection.17 In similar studies, M-rich oligomers did not show the same disruptive 

effect on biofilms.20  

1.2.1.2 Size-Specific Applications 

In addition to their specific monomer sequence, the bioactivity of AOS can be influenced by their 

MW and DP. AOS are commonly used in agriculture to promote plant growth as they have been 

found to increase root and shoot development and to promote germination.21 Many studies have 

observed a link between the DP and the resulting growth activities. For example, a study 

compared the effect of AOS of DP ranging from 2 to 7 on lettuce root growth elongation.22 Root 

lengths of lettuce seedlings which had been treated with feed mixtures containing AOS of varying 

DP were compared to those of control seedlings with no AOS treatment. Hexasaccharide mixtures 

showed the greatest promotion of root growth, with tri-, tetra-, and pentasaccharides also 

demonstrating a positive effect on root growth. Interestingly, the di- and heptasaccharides had 

little to no effect on lettuce root growth.22 Likewise, studies on barley root growth found that AOS 

with a DP of 3-4 had significant root growth activity.23,24 The DP of AOS can also influence 

germination of plants. In a study investigating the effect of AOS on faba bean plant growth, AOS 

of MWs 1.25-1900 kDa were compared to native alginate. The findings were that, as the MW 

decreased, both the percent germination and speed of emergence increased, indicating a direct 

correlation between MW and germination, and between MW and growth rate of these plants.25 
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Other studies on maize, mustard, and lettuce plants using AOS of either 11-16 kDa or 1.4 kDa, 

further support the correlation between low MW AOS and improved germination.26,27 These 

studies demonstrate the composition- and DP/MW-dependent applicability of AOS, and highlight 

the importance of controlled production methods. 

1.2.2 Alginate Oligosaccharides - Preparation 

1.2.2.1 Chemical Preparation 

Current processes for preparing AOS include chemical methods (acid hydrolysis, alkali hydrolysis, 

or oxidative degradation), physical methods (heating, ultraviolet light or microwave radiation), 

and enzymatic methods (using alginate lyase). Acid hydrolysis, which is the most common 

chemical method, uses harsh reagents such as oxalic acid, HCl, H2SO4, or formic acid in boiling 

water, followed by neutralization with large amounts NaOH.10,28,29 This results in hydrolysis of the 

1-4 glycosidic bonds to generate saturated lower MW oligomers (Fig. 1.2).30 Hydrochloric acid is 

the most commonly used acid (typically at concentrations of 0.1-1.0 M) for partial hydrolysis to 

AOS, but formic acid, although not as frequently used, has shown a better ability to generate the 

monomer.29,31–33 Although quick, hydrolysis can be costly, requires harsh conditions that can 

corrode equipment, and involves a high energy consumption, in addition to generating 

environmentally damaging waste products.11,34 
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Figure 1.2: General mechanism for acid hydrolysis of alginate 

Oxidative degradation using H2O2 is a more affordable method and has the advantage of only 

producing water as a by-product.35 The reaction mechanism is unclear but is thought to proceed 

via hydroxyl radicals. The specific products of this reaction are dependent on the conditions, such 

as temperature and concentration of hydrogen peroxide.35,36 Temperatures between 20°C to 30°C 

yield oligomers of similar MW (~75 kDa), whereas a negative exponential relationship between 

temperature and MW is seen when the temperature is increased from 40°C to 80°C.35,37 Similarly, 

increasing the concentration of H2O2 from 0 to 0.6% w/v, then to 1.2% causes a sharp decrease 

in MW by about 80%. The MW then remains constant up to an H2O2 concentration of 8% where 

it decreases to about 14% of the original alginate MW, at which it remains up to an H2O2 

concentration of 15%.35 This method produces an open-ring end group with a carboxyl group at 

the C-1 reducing end (Fig. 1.3).36,37 Although this chemical method is more environmentally 

friendly than acid hydrolysis, degradation using this process is often random and uncontrolled, 

and produces saturated AOS which have been shown to be less beneficial in biological 

applications.38,39  
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Figure 1.3: Potential mechanism for oxidative degradation of alginate by hydroxy radicals 

 

1.2.2.2 Physical Preparation 

An alternative to chemical preparation of AOS is physical degradation. This approach 

encompasses a variety of physical methods such as ultraviolet (UV), ultrasonic, or gamma (γ) 

irradiation, as well as microwave, plasma, and hydrothermal treatment.40 Of these, the most 

widely used physical method is γ-irradiation because of its high energy-efficiency, ease of 

application, dose-dependent yield, and lack of by-products.25 These methods proceed through 

free radical-induced scission to selectively break the glycosidic linkages and give the same 

products as hydrolysis.41 Many studies have demonstrated a relationship between the applied 
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irradiation dose and the resulting reduction in MW. γ-Irradiation doses from a Co-60 source at a 

strength up to 200 kGy applied to liquid-state alginate samples, or up to 500 kGy applied to solid-

state samples, both show reduction in overall MW as the dose increases.42 While liquid-state 

degradation showed a greater response than solid-state samples, it has been suggested that the 

effectiveness of solid-state degradation has greater practical applications.43 Typically, the MW 

decreases exponentially as the radiation dose increases within a low range (~0-100 kGy), but as 

the dose is increased beyond this range (~100-500 kGy), the MW of the oligosaccharides does not 

decline further.25,41,43,44 Furthermore, upon structural analysis, it has been observed that the 

irradiation dose also influences the monomer composition of AOS, where relative amounts of 

homopolymeric blocks of both MM and GG increase while M/G blocks decrease with a rising 

dose. This suggests that M-G linkages are more easily cleaved by irradiation than their M-M or G-

G counterparts.41  

Microwave irradiation is another convenient physical degradation method for AOS production. It 

is fast, efficient, environmentally friendly, and avoids the need for a desalting step in the 

purification process. Polyguluronic acid, separated from alginate has been used to produce GOS 

with DP from 1-10 in only 15 minutes under microwave irradiation of 1600 W at 130°C. This 

method produced saturated GOS in high yields and low MW with no by-products or additional 

purification beyond standard chromatography methods.45 This method, however, has not been 

explored to the same extent as the previously described physical methods. These physical 

methods are more economical than chemical methods but, like chemical methods, they produce 

only saturated AOS.46 
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1.2.2.3 Enzymatic Preparation 

The enzymatic method is the most selective and generally more environmentally friendly 

approach. It uses mild conditions to produce highly specific AOS in high yields. Notably, the AOS 

produced by enzymatic degradation contain an unsaturated terminal saccharide at the non-

reducing end, which has been found to be beneficial for biological activity. Alginate can be broken 

down into AOS by a class of enzymes called alginate lyases sourced from marine and terrestrial 

bacteria, marine algae, and marine mollusks. The degradation of alginate by this family of 

enzymes is characterized by β-elimination of the glycosidic bonds which results in a double bond 

on one side of the cleaved glycosidic linkage and a reducing sugar on the other side (Fig. 1.4).  

 

Figure 1.4: Reducing end and unsaturated end of the products of alginate depolymerization by alginate lyase 

Alginate lyases can be categorized in a variety of ways, namely, substrate specificity, mode of 

action, and primary structure. The substrate specificity of alginate lyases is described by the 

enzyme’s preference for either M-blocks or G-blocks. Depending on the enzyme’s preference, the 

resulting AOS can be either M-rich or G-rich (Fig. 1.5). The specificity depends on the source 

organism and can even vary across different enzymes from the same source organism. Some 

enzymes can act on both M- and G-blocks, however this only applies to a minority of those that 

have been characterized. The mode of action can also differ from enzyme to enzyme. Some lyases 

are endolytic, meaning that they do not cleave the very first or very last ring of the polymer chain. 
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This produces unsaturated oligosaccharides of varying DP. Some lyases, on the other hand, 

although far less common, are exolytic, meaning that they cleave the glycosidic bonds in a 

stepwise fashion from the end of the polymer, producing monomers (Fig. 1.5). The lower DP and 

unsaturated nature of AOS produced by enzymatic depolymerization typically show better 

bioactivity compared to those produced by chemical or physical methods.28,47,48 

 

Figure 1.5: Examples of various alginate oligosaccharide products resulting from various modes of degradation from 

alginate lyases of different specificities 

1.3 Alginate Lyases 

Alginate lyases fall under the umbrella of polysaccharide lyases (PL) and are classified by PL 

families. This categorization is dependent on structural homology specifically in the enzyme’s 

hydrophobic cluster.49,50 The alginate lyases that have been characterized so far fall into one of 

the following families: PL-5, -6, -7, -14, -15, -17, -18, -31, -32, -34, -36, and -39, as presented in 

the CAZy database.50–52 Further distinctions can be made based on the full three dimensional 
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structures of the enzymes. The alginate lyases for which a crystal structure has been determined 

harbor one of these tertiary structures: (α/α)n toroid fold (PL-5), β-jelly roll fold (PL-7, PL-14, PL-

18, and PL-36), β-helix fold (PL-6 and PL-31), and a (α/α)n toroid + β-jelly roll fold hybrid (PL-15, 

PL-17, and PL-39) (Fig. 1.6).53–55 The β-jelly roll is the most common fold across the alginate lyases 

that have been characterized. It is comprised of an outer concave β-sheet and an inner concave 

β-sheet running antiparallel with one another and bending almost 90° in the middle to form a 

globular shape. The catalytic site is housed in a cleft formed by the inner sheets wherein the 

alginate substrate can enter to interact with the active site.56,57 The (α/α)n toroid fold is a barrel-

like structure that is composed of many pairs of antiparallel α-helices (α-helical hairpins). 

Depending on their family, enzymes of this sub-class can harbor one or more domains. In the 

latter case, the other non-catalytic domains are present near either the N- or C-e terminus. The 

active site toroid domain contains both an inner and outer layer of helical arrangements, forming 

a tunnel wherein the substrate can bind.53,56 The alginate lyases that adopt a β-helix fold typically 

consist of at least one trio of β-sheets, each separated by a turn with the first two sheets quasi-

antiparallel and the third sheet perpendicular. The resulting domain can be described as a tower-

like consecutive helical structure which provides structural stability to the enzyme’s active site. 

While the active site is located at the N-terminus in a surface cleft, a C-terminus domain loop 

extends into the site and is essential in directing the substrate into the site.53 The AlyGC enzyme 

in this class is a unique exception in that it is a homodimer with a β-helix fold on both the N- and 

C-termini, which are described as twin-towers (Fig. 1.6).53,58 Finally, the (α/α)n toroid + β-jelly roll 

hybrid fold  varies in the relative location of the different domains. For example, a PL-17 protein 

consists of an N-terminal (α/α)6 toroid fold and a C-terminal β-jelly roll fold with additional helices 
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along the sides of the α/α barrel.59 This differs from PL-15 proteins which contain an N-terminal 

β-sheet, a central (α/α)6 toroid barrel, and another β-sheet on the C-terminus. The central barrel 

and C-terminal β-sheet form the active site via a deep substrate pocket.60  

 

Figure 1.6: Structures of alginate lyases belonging to different families, categorized by fold type. Including the 

structures of PL5 A1-III [1HV6], PL7 AlyA5 [4BE3], PL14 vAL-1 [3GNE], PL18 aly-SJ02 [4Q8K], PL36 Aly36B [6KCW], PL6 

AlyGC [5GKD], PL31 PsAly [6KFN], PL15 Atu3025 [3A0O], PL17 Aly17c [4NEI], PL39 Dp0100 [6JP4] from: 

https://www.rcsb.org/. 

Despite the differences in the active site domains amongst alginate lyase enzymes, their general 

catalytic mechanism remains largely the same. The β-elimination which breaks the glycosidic 

bonds occurs in three major steps: 1) The C5 proton is made more acidic by salt formation 

between the carboxyl anion and a positively charged residue or cation; 2) the C5 proton is then 

abstracted by a general base; 3) next, elimination of the reducing sugar enables formation of the 

PL5 A1-III

PL6 AlyGC PL31 PsAly

PL7 AlyA5 PL14 vAL-1 PL18 aly-SJ02 PL36 Aly36B

PL15 Atu3025 PL17 Aly17c PL39 Dp0100

     n toroid fold  - elly roll fold 

 -heli  fold      n toroid    - elly roll fold hybrid
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C4-C5 double bond, thus cleaving the O-glycosidic bond; and 4) finally, a proton is exchanged to 

regenerate the enzyme resting state (Fig. 1.7).53  

 

Figure 1.7: General mechanism of depolymerization of alginate polysaccharides through β-elimination by alginate 

lyase 

The first step can be further described by the nature of the cation that forms a salt with the 

carboxyl anion. This can either be through metal-assisted β-elimination (with Ca2+) or through 

His- or Tyr/Tyr-catalyzed β-elimination. The metal-assisted elimination mechanism is specific to 

members of the PL-6 family. Ca2+ is coordinated by conserved asparagine and glutamic acid 

residues and is used to interact with the -carboxylate groups of the alginate substrate, effectively 

neutralizing it to facilitate C5 proton abstraction by a lysine residue. The result is a resonance-

stabilized enolate intermediate with a weakened Cβ-O bond. Once the C5 proton is abstracted, the 

Cβ-O bond is broken. This is also facilitated by protonation of this oxygen by a nearby protonated 

arginine, generating the reducing end product (often abbreviated as the A-1 product). Upon 

cleavage of the Cβ-O bond, a C4-C5 double bond is formed on the other product (often referred to 

as the A+1 acid).58 Instead of a metal ion, the His/Tyr and Tyr/Tyr β-elimination mechanism use a 

positively charged residue such as His, Arg, Asn, or Gln to form a salt with the carboxyl in the first 

step. In the His/Tyr mechanism, a His residue acts as a general base to remove the C5 proton, 

whereas in the Tyr/Tyr mechanism, the base is a Tyr residue. In both cases, a Tyr acts as a general 
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acid to transfer a proton to the oxygen of the leaving -OH group, allowing for the β-elimination. 

Here again, a product with a reducing end and a product with a new unsaturated C4-C5 bond are 

formed, for both endotype and exotype activities (Fig. 1.7).53,60  

1.4 Using Enzymes in Moist-solid Reaction Mi tures 

1.4.1 Mechanoenzymology 

Although enzymatic transformations typically do not use harsh reactants or conditions, they are 

typically performed in large volumes of aqueous solution, which generates a large amount of 

water waste, especially on scale-up. Recently, a new approach to enzymatic reactions has directly 

tackled this issue by using enzymes in moist-solid mixtures, which are mostly solid mixtures 

containing only a minimal amount of liquid component. These moist-solids are mixed 

mechanically, hence the term mechanoenzymology. This naming arises from mechanochemistry, 

which is a discipline that employs mechanical activation to induce chemical transformations in a 

nearly solvent-free environment. The mechanical force can be applied by a variety of equipment 

such as shaker, roller, or planetary mills, as well as twin screw extruders, and even mortar and 

pestles in the most rudimentary applications.61 Milling is the most common approach and 

typically involves adding the reactants to jars made of stainless steel, Teflon, zirconia, tungsten, 

or some other durable material along with one or more small balls also made of one of these 

materials (Fig. 1.8).  
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A) B)  

Figure 1.8: Equipment often used in mechanochemistry and mechanoenzymology. A) Standard benchtop shaker and 

B) typical milling jars and balls in a variety of sizes (images from: https://formtechscientific.com/) 

Optionally, in mechanochemistry a very small amount of liquid can be added to the mixture in a 

process called liquid-assisted grinding (LAG) wherein the liquid can act as a lubricant to the 

otherwise dry reactants.62,63 The amount of liquid added is reported as a ratio of the total liquid 

used (μL) to the total weight of solids (mg) in the mixture, and is denoted by η. The amount of 

liquid added defines the reaction mixture. Neat-grinding implies a solvent-free mixture with η = 

0, while η ≤ 2 μL/mg is considered LAG, and depending on the reactants’ solubility, typically η = 

2-12 μL/mg could be a slurry, and mixtures with η > 12 μL/mg could be solutions.64,65 Other 

additives such as salts and polymers can also be supplemented to the reaction mixture to further 

induce chemical transformations. Mechanochemical methods have been applied in areas such as 

synthesis of battery cathode materials, co-crystallization studies, generation of metal-organic 

frameworks, and vast array of organic reactions, just to name a few.64–70  
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Unlike in mechanochemistry, which uses mechanical forces to trigger reactions, in 

mechanoenzymology the mechanical mixing likely serves only to contribute to the homogeneity 

of the mixtures. One important motivation for using moist-solid mixtures with enzymes lies in the 

aspect of wastewater reduction. Additionally, it is expected that such conditions might improve 

enzyme efficiency by better mimicking the natural environment of many enzymes. In nature, 

enzymes can be produced either intra- or extra-cellularly, depending on their source and function. 

Many enzymes have evolved to function naturally on surfaces exposed to air moisture.71 For 

example, bacteria and fungi that rely on plant nutrients must secrete enzymes to break down the 

surface tissues of the plants to gain access to cellulose and hemicellulose, which are 

depolymerized on the plant surface into smaller molecules to facilitate their absorption by the 

microorganism.72–74  It was therefore envisaged, that moist-solid reaction mixtures would mimic 

these surfaces exposed to air moisture and be accelerated by mechanical mixing.  

1.4.2 Applications of Mechanoenzymology 

The first reported application of an enzyme in a mechanoenzymatic context was lipase B 

from Candida antarctica employed for the enantioselective resolution of secondary alcohols.75 

Using typical solvent-free mechanochemical conditions, the study demonstrated activity of the 

enzyme even under mechanical stress, suggesting potential for additional applications of 

enzymes in this context.75 However, non-stop mechanical mixing requires that large amounts of 

enzyme be used to compensate for enzyme denaturation. To overcome this issue, the Auclair Lab 

demonstrated that either a single short period of initial mechanical mixing followed by static 

incubation (known as MAging) or multiple short periods of intermittent mixing between longer 

periods of static incubation (together known as RAging) proceed at lower enzyme loadings (Fig. 
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1.9).76 To date, mechanoenzymology has shown success in the depolymerization of biological and 

synthetic polymers, including cellulose76, hemicellulose77, chitin78, polyethylene terephthalate 

(PET)79, polyethylene naphthalate (PEN)80, and polylactic acid (PLA)81.  

 

Figure 1.9: Workflow of general mechanoenzymatic MAging and RAging methods for depolymerization of natural 

and synthetic polymers  

This was demonstrated first with the biopolymer cellulose. Using commercially available 

cellulases from Trichoderma reesei, Trichoderma longibrachiatum, or Aspergillus niger, combined 

with microcrystalline cellulose (MCC) and very minimal volumes of water (0.5-1.0 μL/mg) the 

reaction was subjected to repeated cycles of RAging (Fig. 1.9).76 Interestingly, the authors 

reported that the conversion increased as η increased from 0.5 μL/mg to 1.0 μL/mg, but then 

decreased at greater η values. This formed the basis of evidence that the enzymes are indeed 

more active without the presence of bulk water. Additionally, while non-stop milling was found 
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to be highly detrimental to enzyme activity, RAging,  using a regime of milling 5 minutes every 

hour, yielded 50% conversion of the MCC to glucose within 12 hours without pre-treatment of 

the substrate.76 This is more than twice the yield obtained under conventional aqueous 

conditions. In addition to cellulose, the mechanoenzymatic approach showed success in the 

depolymerization of another plant polymer, hemicellulose, by xylanases with up to 70% yields.77 

The cellulases process was later adapted to biomass, producing even higher yields.82,83 This area 

of research was further adapted to the depolymerization of chitin to N-acetylglucosamine by 

chitinase.78 In this case, the optimal RAging conditions consisted of milling the mixture every 12 

hours at η = 1.7 μL/mg. Under such conditions, commercial Aspergillus niger chitinases generated 

the monomeric product in yields 2-30 times greater than comparable reactions in conventional 

dilute aqueous conditions.78 The improved yields consistently observed for enzymatic reactions 

in moist-solids across different substrate/enzyme systems attests to the robustness of the 

method. 

The success obtained with biopolymer degradation led to further expansion of this technique to 

synthetic polymer hydrolysis. Because of its abundance in society and its ester bonds, PET was a 

highly attractive polymeric substrate for this new mechanoenzymatic methodology. Low-

crystallinity PET has been depolymerized in solution by a variety of enzymes, but the high-

crystalline regions require pre-treatment to amorphize the plastic. The use of moist-solid 

conditions, however, allowed the direct depolymerisation of PET, without the need for energy-

intensive amorphization.79 Using a commercial enzyme not optimized for PET depolymerization, 

Thermomyces insolens (formerly known as Humicola insolens) cutinase (HiC), on a PET powder of 

36% crystallinity with a liquid-to-solid ratio η = 1.5 μL/mg and daily milling for 5 minutes, the 
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authors reported a 20% yield of terephthalic acid (TPA) in 3 days and less than 4% of the undesired 

product mono(2-hydroxyethyl) terephthalate (MHET). By adding the enzyme in batches every 

three day, the yield was further increased to 50%, far greater than when the enzyme was used 

under standard aqueous conditions.79 Notably, the major product of the reaction in bulk water 

was the unwanted MHET. This method was later applied to polyester textile and polyester-cotton 

fabric.84 These studies demonstrate that the mechanoenzymatic method is not only applicable to 

synthetic polymer depolymerization, but also superior to comparable aqueous methods, offering 

a low-waste alternative route for plastic recycling.79  

Based on the success of these results, the mechanoenzymatic approach has also been applied to 

the synthetic polymers PLA and PEN.80,81 PLA is claimed to be biodegradable; however, in nature 

its breakdown is extremely slow, warranting its recycling.85,86 Upon subjecting untreated PLA to 

milling for 15 minutes followed by static incubation (MAging) in the presence of the HiC enzyme, 

the quantitative depolymerization to lactic acid was observed at double the rate of the equivalent 

aqueous conditions with a total yield that was 20% higher.81 PEN is a highly recalcitrant synthetic 

polymer and therefore presents greater barriers to recycling. Remarkably, when reacted with HiC 

under mechanoenzymatic conditions, the reaction yield was 30-fold greater than under 

traditional aqueous conditions. Optimized RAging conditions afforded yields of up to 56%.80 To 

our knowledge, this is the only reported example of enzymatic PEN depolymerization. Together, 

the results of these studies using enzymes in moist-solids are a testament to the applicability of 

this methodology in the depolymerization of a variety polymers, be they natural or synthetic. 

They show the potential of expanding the field of polymer recycling and functionalization in a 

low-energy, low-waste, and high-yielding way. 
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1.5 Research Ob ectives  

The work presented in this thesis intends to demonstrate a new and alternative approach to the 

depolymerization of untreated alginate into AOS in a more efficient and more sustainable manner. 

This research employs commercial alginate lyase to degrade alginate under moist-solid 

conditions. The studies involve optimization of key variables such as η value, milling time, milling 

frequency, incubation temperature, buffer pH, and enzyme loading. Relative yields are compared 

to those obtained under traditional aqueous conditions and a preliminary characterization of the 

oligomeric products is reported. The goal herein is to present a straightforward, accessible 

method of producing valuable oligomeric products from an abundant biopolymer for use in fields 

such as food production, agriculture, and pharmaceuticals. 
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2.1 Introduction to analysis method 

In order to monitor AOS product formation throughout the course of the reaction, we needed a 

rapid but reliable characterization method conducive to the format of both the aqueous and the 

moist-solid mixtures. The generation of a double bond in the AOS products for each bond broken 

between monomers allows for detection by UV absorption at a wavelength of 235 nm. This 

method was used to monitor reaction progress, both in a continuous manner for reactions under 

standard aqueous conditions, and non-continuously, to collect data at specific time points for 

mechanoenzymatic reactions. Because the specific products of the reaction are non-commercial 

and challenging to access synthetically, the structurally similar monomeric molecule 1-

cyclohexene-1-carboxylic acid was used to construct a calibration curve. The usability of this 

method was validated through secondary testing with the well-established 3,5-dinitrosalicylic 

acid (DNS) assay for reducing end sugars, one of which is produced at the opposite  end of the 

unsaturated bond in the oligomers after each reaction.87 Upon validation, most yields reported 

herein were calculated from the UV absorbances at 235 nm. It is important to note that the yields 

presented herein should be considered as underestimated. First, because the substrate is a 

mixture of polymers of different molecular weight, i.e. polydisperse, an assumption had to be 

made that the polymer is an infinitely long chain. Second, alginate consists of both G and M 

subunits, the exact sequence of which is unknown, whereas the alginate lyase used here cleaves 

only MM bonds (polyM specific), and not MG or GG bonds. Although the commercial alginate is 

listed as having an M:G ratio of 1.56 (meaning that it is only composed of approximately 60% M 

residues), which we took into consideration in our calculations, we could not account for the fact 
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that only M monomers that are adjacent to another M can be cleaved. The detailed method of 

calculation is described in section 4.5.3. 

2.2 Enzyme assay 

2.2.1 Testing the enzyme activity under standard aqueous conditions 

Because solution-based methods are the current standard in the application of alginate lyase for 

the generation of alginate oligosaccharides, it was important to establish a benchmark of the 

enzyme’s behaviour under varying parameters in aqueous conditions. We first performed a 

variety of aqueous enzymatic reactions with a polyM-selective alginate lyase (Flavobacterium sp) 

and M-rich sodium alginate to understand the enzyme’s resilience under a range of different 

temperatures and pH levels. The activity of a given enzyme is greatly affected by the specific 

conditions and is typically optimal for a narrow range of temperature and pH values among other 

variables. Based on the manufacturer’s recommendation for the standard assay of this alginate 

lyase, its activity is expected to be optimal at 37°C and at a pH of 6.3. Preliminary experiments 

were therefore performed under these conditions, at an enzyme loading of 0.04% w/w relative 

to the substrate, to confirm that the enzyme was active. Next, additional experiments under 

aqueous conditions were performed at 25°C, 50°C, and 57°C to further understand the working 

range of the enzyme (Fig. 2.1). 
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Figure 2.1: Kinetic profiles and initial rates (v) of the depolymerization of alginate by alginate lyase across a range of 

temperatures.  An alginate lyase (10 µL, 0.1 mg/mL) solution was mixed by pipette to an alginate solution (450 µL, 

1.0 mg/mL), both in phosphate buffer (0.1 M, pH 6.3) (η = 1022 µL/mg). The absorbance was measured continuously 

at 235 nm and converted to product concentration. Corresponding lighter-coloured curves represent standard 

deviations across triplicate.  

At 50°C, enzyme activity was significantly reduced, and at 57°C, the enzyme had little to no 

activity. Although the enzyme still performed well at 25°C, the maximum yield was observed at 

37°C, in addition to the initial rate being higher. Therefore, 37°C was confirmed as the optimal 

temperature under aqueous conditions.  

Next, the enzyme activity was monitored at this temperature but for diverse pH values of 5.0, 6.3, 

7.0, 8.0, and 10.0 (Fig. 2.2). The maximum yield was achieved at a pH of 6.3, as expected from the 

manufacturer’s recommendations. Much lower activity was seen at pH values of 5.0, 7.0, and 8.0, 

and at a pH of 10.0, there was no activity at all.  For these reasons, a pH of 6.3 was confirmed as 

optimal for the aqueous reaction. 
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Figure 2.2: Kinetic profiles and initial rates (v) of the depolymerization of alginate by alginate lyase under aqueous 

conditions across a range of pH values. An alginate lyase solution (10 µL, 0.1 mg/mL) and an alginate solution (450 

µL, 1.0 mg/mL), both in sodium phosphate (pH 6.3, 7.0), sodium acetate (pH 5.0), or sodium carbonate (pH 10.0) 

buffer at 0.1 M, were mixed by pipette (η = 1022 µL/mg). The progress of the reaction was monitored at 235 nm at 

37°C. Corresponding light coloured curves represent standard deviations across triplicates. 

2.3 Activity of the enzyme under mechanoenzymatic conditions 

2.3.1 Activity optimization for MAging conditions 

The goal of this study was to explore the ability of alginate lyase to produce oligosaccharides from 

its natural substrate, alginate, under mechanoenzymatic conditions, as previously shown for 

natural polymers such as chitin and cellulose.76–78,88 Unless otherwise noted, all 

mechanoenzymatic experiments were performed with 150 mg of alginate substrate and 0.33 mg 

of alginate lyase enzyme (0.04% w/w protein loading relative to the substrate). Experiments were 

all performed in 10 mL zirconia jars with a single 10 mm zirconia ball and the mixtures were milled 

at 25 Hz for 5 min, unless otherwise stated, prior to static incubation. Factors such as enzyme 
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loading, milling frequency, milling duration, static incubation temperature, amount and pH of the 

liquid, each underwent optimization.  

The initial mechanoenzymatic conditions were adapted from the best conditions found for the 

aqueous reactions above. Thus, sodium phosphate buffer (0.1 M at pH 6.3) was used to adjust 

the η value of the system, the static incubation was set to 37°C, and the enzyme loading was the 

same as in solution (0.04% w/w relative to substrate). Based on previous reports in this field and 

on instrumental capabilities,76–78,88 we selected the initial mechanical mixing conditions to include 

5 minutes of milling at a frequency of 25 Hz, in a 10 mL zirconia jar containing one 10 mm zirconia 

ball. First, we investigated the effect of varying the η value of the system, as this dictates the 

qualification of the system as “moist-solid”, an important feature of mechanoenzymology.89 Initial 

tests were conducted over 7 days to investigate the time course of the reaction under these 

preliminary conditions (Fig. 2.3). 
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Figure 2.3: Yield for the mechanoenzymatic depolymerization of alginate by alginate lyase at different η values. 

Reaction mixtures contained alginate (150 mg), alginate lyase (0.33 mg), and sodium phosphate buffer (0.1 M, pH 

6.3) to adjust η. The mixture was milled at 25 Hz for 5 min and incubated at 37°C for the indicated times. Data means 

are shown with error bars representing the standard deviation across triplicates. 

Based on these initial experiments, the enzyme activity was below the detection limit for η = 0.1 

and 0.2 µL/mg, however, activity was apparent at η = 0.5 µL/mg and further increased almost 

twofold as the η was increased to 1.0 µl/mg. In both cases where activity was observed, the 

reaction appeared to have completed within the first 24 hours. For this reason, all subsequent 

mechanoenzymatic reactions were performed over a 24-hour timeframe. Because the yield 

increased significantly between η = 0.5 and 1.0 μL/mg, higher η values were then tested to 

maximize the reaction yield, including moist-solid (η ≤ 2.0 µL/mg), slurry (η = 5.0 µL/mg), and 

aqueous ( η = 1022 µL/mg) conditions (Fig. 2.4). 
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Figure 2.4: Reaction yields for alginate depolymerization by alginate lyase under mechanoenzymatic conditions at 

different η values after 24 hours of static incubation. Reaction mixtures contain alginate (150 mg), alginate lyase (0.33 

mg), and sodium phosphate buffer (0.1 M, pH 6.3), milled at 25 Hz for 5 min and incubated at 37°C for 24 hours. Data 

means are shown with error bars representing the standard deviation across triplicates. 

While the yield continued to increase as the η was increased, the relative difference between η 

values became less significant at higher η and the yield plateaued as the value of η approached 

traditional aqueous conditions (η > 5.0 μL/mg).76,78 These result indicate that, unlike cellulases 

and cutinases, alginate lyase does not work better in moist-solid mixtures (η ≤ 2.0 μL/mg) than 

under conventional aqueous conditions, yet the gap is small enough that it might be bridged by 

further optimization. To remain within moist-solid conditions and thus minimizing the production 

of water waste, η = 1.5 μL/mg was selected for further experiments.  

The milling duration is another fundamental parameter in mechanoenzymology as some enzymes 

are more sensitive than others to prolonged mechanical forces.79,84 Milling durations ranging from 
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1 min to 60 min were tested to determine the resilience of the enzyme under mechanical stress, 

and to see if the activity could be further enhanced (Fig. 2.5). 

  

Figure 2.5: Reaction yield for the depolymerization of alginate by alginate lyase with varying milling durations before 

static incubation. The mixtures contained alginate (150 mg), alginate lyase (0.33 mg), and sodium phosphate buffer 

(0.1 M, pH 6.3, 225 µL) to adjust η = 1.5 μL/mg. The mixtures were milled at 25 Hz for the indicated time before static 

incubation at 37°C for up to 24 hours. Data means are shown with error bars representing the standard deviation 

across triplicates. 

Interestingly, as the milling time increased beyond ten minutes, there appeared to only be a slight 

decrease in enzyme activity. A similar result was observed in the mechanoenzymatic 

depolymerization of cellulose where there was no loss of activity even in milling times of up to 90 

minutes.76 A milling time of 1 minute produced lower yields throughout the reaction and upon 

visual observation,  it appeared insufficient to completely homogenize the mixture, unlike what 

was observed with longer milling durations. Five minutes was selected as optimal over 10 minutes 

because it required less energy to achieve a similar yield. 

-1

3

7

11

15

19

23

27

31

0 5 10 15 20 25

Yi
el

d
 o

f 
u

n
sa

tu
ra

te
d

 o
lig

o
m

er
s 

(%
)

Incubation Time (hours)

1 min

5 min

10 min

30 min

60 min



32 
 

Similarly, the milling frequency can affect the activity of the enzyme and/or the progress of the 

reaction. One of the roles of mechanical mixing is to produce a homogenous solid mixture.90 In 

testing frequencies of 5, 15, and 25 Hz (the maximum frequency of the instrument), we found 

that 5 minutes of milling at 5 or 15 Hz was insufficient to homogenize the mixture, and the 

maximum yield reached was still lower than that observed at 25 Hz (Fig. 2.6). Thus, 25 Hz was 

selected for all subsequent experiments. 

 

Figure 2.6: Yield for the mechanoenzymatic depolymerization of alginate by alginate lyase at varying milling 

frequencies. The reaction mixtures contained alginate (150 mg), alginate lyase (0.33 mg), and sodium phosphate 

buffer (0.1 M, pH 6.3, 225 µL) to adjust η = 1.5 μL/mg. The mixture was milled for 5 min at the indicated frequency 

and incubated statically at 37°C for up to 24 hours. Data means are shown with error bars representing the standard 

deviation across triplicates. 

Next, we were interested in seeing if adjusting the enzyme loading could improve the reaction 

yield or reduce the amount of enzyme required. Ideally one would aim to use the least amount 

of enzyme necessary without compromising product formation. Tests were performed using both 
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half and double the amount of enzyme as in previous experiments under otherwise identical 

conditions (Fig. 2.7). 

  

Figure 2.7: Yield for the mechanoenzymatic depolymerization of alginate by alginate lyase with varying enzyme 

loading reported as weight of enzyme per weight of substrate. The reaction mixtures contained alginate (150 mg), 

alginate lyase, and sodium phosphate buffer (0.1 M, pH 6.3, 225 µL) to adjust η = 1.5 μL/mg. The mixtures were 

milled at 25 Hz for 5 min and incubated at 37°C for up to 24 hours. Data means are shown with error bars representing 

the standard deviation across triplicates. 

When the enzyme loading was reduced from 0.04% w/w to 0.02% w/w, the product formation 

was decreased by approximately half. Interestingly, doubling the enzyme loading from 0.04% w/w 

to 0.08% w/w had no significant impact on the kinetics of the reaction. This was also observed in 

previous studies with both cellulases and chitinases in mechanoenzymatic transformations, and 

has been explained by crowding of the enzyme on the polymeric substrate surface, reducing the 

enzyme’s access to it.76,78 In order to avoid any unnecessary excess enzyme consumption, an 

enzyme loading of 0.04% w/w was used in following reactions. 
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It is well known that enzyme activity is highly sensitive to temperature changes. Generally, low 

temperatures reduce the kinetic energy available to promote enzyme-substrate contacts and 

lower the overall mobility of the enzyme.91 On the other hand, high temperatures lead to 

denaturing of the enzyme (i.e. loss of its 3-dimensional structure), either reversibly or irreversibly, 

and loss of activity.92 We investigated a range of temperatures (Fig. 2.8)  to determine how the 

optimal temperature of this enzyme in mechanoenzymology compares to that in aqueous 

solutions, which was determined to be 37°C (see Fig. 2.1). 

 

Figure 2.8: Yield and initial rates (v) for the mechanoenzymatic depolymerization of alginate by alginate lyase with 

varying incubation temperatures. The reaction mixtures contained alginate (150 mg), alginate lyase (0.33 mg), and 

sodium phosphate buffer (0.1 M, pH 6.3, 225 µL) to adjust η = 1.5 μL/mg. The mixture was milled at 25 Hz for 5 min 

before incubation at the indicated temperature for up to 24 hours. Data means are shown with error bars 

representing the standard deviation across triplicates. 

From this data, it appeared that 37°C is also the optimal temperature under mechanoenzymatic 

conditions. Although higher temperatures typically lead to superior initial rates, they also cause 
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faster enzyme denaturation (i.e. the plateau in the reaction yield is reached sooner), as observed 

here (Fig. 2.8). As anticipated, at a temperature of 65°C, the activity is severely impeded, with 

product formation plateauing after only 2 hours at a final yield of 9 ± 1%. In comparison, the 50°C 

trials experienced a rapid initial rate, slightly higher than that at 37°C, but the yield plateaued 

between 3-6 hours (19 ± 2%). Interestingly, the reaction was slower at 25°C but did not plateau, 

even after 24 hours. At 37°C, the initial rate is reasonable, and the reaction plateaus at a higher 

yield than any of the other temperatures tested. As such, 37°C was considered the optimal 

reaction temperature under these conditions with a final yield of 30 ± 0.5%. 

As with temperature, enzymes are typically highly susceptible to pH-dependent physical changes. 

For a given enzyme, there is a narrow working pH range within which the amino acids are in the 

necessary protonation state for substrate binding and to promote reactivity.93 The optimal pH 

under aqueous conditions was found to be 6.3 (see Fig. 2.2), which was consistent with the 

recommendation from the manufacturer. For this reason, up until this point, the liquid 

component in all mechanoenzymatic experiments was sodium phosphate buffer at pH 6.3 (0.1 

M). In order to understand how the pH can impact this mechanoenzymatic transformation, we 

tested a wide range of pH values (Fig. 2.9).   
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Figure 2.9: Yields and initial rates (v) for the mechanoenzymatic depolymerization of alginate by alginate lyase with 

varying buffer pHs. The reaction mixtures contained alginate (150 mg), alginate lyase (0.33 mg), and sodium 

phosphate (pH 6.3, 7.0, 8.0), acetate (pH 5.0), or carbonate (pH 10.0) buffer (0.1 M, 225 µL) to adjust η = 1.5 μL/mg. 

The mixture was milled at 25 Hz for 5 min and incubated at 37°C for up to 24 hours. Data means are shown with error 

bars representing the standard deviation across triplicates. 

The reaction yield for both extremes of the range, pH 5.0 and pH 10.0, were nearly identical after 

the 24 hours of incubation (23 and 24 ± 1%, respectively). Whereas at pH 10.0 this yield was 

reached within the first three hours, at pH 5.0, product formation appeared to increase over the 

entire 24 hours and attained 23 ± 1% only after roughly 24 hours. Although the initial rate 

observed at pH 7.0, 8.0, and 10.0 were very similar, this rate was highest and maintained for 

longer at pH 8.0, affording a higher product yield (33 ± 0.5%). Interestingly, except for pH 10.0, all 

pHs above 6.3 gave higher yields. This was unexpected, considering that pH 6.3 is optimal under 

standard aqueous conditions. Because of the superior rate and yield, all subsequent 

mechanoenzymatic reactions were carried out at pH 8.0. 
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We then compared the reaction yields for the best mechanoenzymatic experimental conditions 

observed so far to those of the optimized dilute aqueous reaction (Fig. 2.10).  

  

Figure 2.10: Comparison of the kinetics of both aqueous and mechanoenzymatic depolymerization of alginate by 

alginate lyase under respective optimal conditions. Both reactions were performed at 37°C at an enzyme loading of 

0.04% w/w enzyme relative to alginate. Sodium phosphate buffer (0.1 M) was added to adjust the pH to 6.3 and η = 

1022 μL/mg for the aqueous reaction, and to set the pH to 8.0 and η = 1.5 μL/mg for the mechanoenzymatic reaction. 

The later mixture was milled for 5 minutes at 25 Hz before static incubation, while the former was gently mixed by 

pipette. Light coloured curves and error bars shows standard deviations for aqueous and mechanoenzymatic 

triplicate experiments, respectively. 

The results show that the kinetics of the mechanoenzymatic reaction follows the same hyperbolic 

trend as with the aqueous experiment, with comparable yields (33 ± 1% and 40 ± 1%, 

respectively). In each case, there is a rapid initial rate over the first hour, which then slows over 

the following 2-3 hours, eventually plateauing after approximately 6 hours. This comparison 

demonstrates the transferability of the reaction from conventional aqueous conditions to a 

mechanoenzymatic process, while providing a more sustainable alternative. Indeed, for the same 
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amount of alginate, the mechanoenzymatic reaction uses 681 times less water and therefore 

produces much less excess waste and proceeds in a 681 times smaller volume.  

2.3.2 Further efforts beyond typical MAging 

2.3.2.1 Applying the RAging strategy to further optimize the reaction 

Still, even with these optimizations, the reaction yield of the mechanoenzymatic transformation 

is not superior to that of conventional aqueous mixtures, unlike what is seen with many other 

enzymes. Therefore, there is still a potential for further optimization of the mechanoenzymatic 

method. For example, the use of RAging is known to increase enzyme activity for many 

enzymes.76,78,79 From the results of the above studies, it was interesting to observe that the milling 

frequency and duration did not have a large impact on the reaction yield. Thus, the reaction 

appears highly resistant to mechanical force, making it a good candidate for repeated cycles of 

milling and aging (or RAging) to further promote product conversion.76 If an enzyme is too 

sensitive to milling, the repeated milling cycles can cause rapid enzyme denaturation. Preliminary 

exploration of RAging as a means of improving the yield was undertaken. The RAging regime 

selected consisted of milling for 5 minutes at the start of the reaction and milling again for 5 

minutes after 6 hours of incubation (Fig. 2.11). The 6-hour time point was selected based on the 

kinetic plots, which show that the MAging reaction rate decreases dramatically at that point (see 

Fig. 2.10).  
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Figure 2.11: Yield for the mechanoenzymatic depolymerization of alginate by alginate lyase in a regular MAging 

experiment compared to a two-cycle RAging experiment with milling after 6 hours. Reaction mixtures contain 

alginate (150 mg), alginate lyase (0.33 mg), and sodium phosphate buffer (0.1 M, pH 8.0) to adjust η = 1.5 μL/mg. 

The mixture was milled at 25 Hz for 5 min at the start, with an additional 5 min of milling after 6 hours of incubation 

for RAging. The samples were incubated at 37°C for up to 24 hours. The means are shown with error bars representing 

the standard deviation across triplicates. 

In other studies with biological and synthetic polymers, introducing RAging was reported to 

improve yields within even just one additional cycle.76,78,82,88 With alginate lyase, however, the 

additional milling event had no noticeable impact on the final yield. MAging and RAging reactions 

displayed reaction yields that were within error after 24 hours (33 and 32 ± 1%, respectively) (Fig. 

2.11). This result, however, cannot be used to conclude that the RAging strategy cannot be 

beneficial to this system as further testing of various RAging regimes is necessary to understand 

the real impact of RAging on this reaction. 
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2.3.2.2 Inclusion of a solid additive 

Another option to attempt to improve product yield involves adding an inert solid into the 

reaction mixture. This is a concept previously demonstrated to improve activity especially when 

the substrate is liquid or very water soluble. In such a case, the solid additive gives a more solid 

texture to the reaction mixture.94 For example, the mechanoenzymatic depolymerization of 

(water soluble) cellobiose by β-glucosidase was dramatically improved by the addition of solid 

additives.94 It was found that, although not a participant in the reaction itself, the presence of 

solids such as microcrystalline cellulose, xylan, chitin, polyethylene glycol (PEG) and polystyrene 

(PS), significantly improved conversion to glucose, even beyond the yields observed in dilute 

aqueous conditions. Although not restrained to a specific physical characteristic of the solid, it 

was proposed that the solid may help protect the enzyme from mechanically-induced 

denaturation.94 This concept was also considered for the improvement of alginate lyase activity, 

and a trial was performed with PEG as the solid additive. This synthetic polymer was selected 

because it was found to be one of the most effective additives in the cellulose study, in addition 

to being water soluble (facilitating work-up), and not absorbing at the analysis wavelength (235 

nm). The experiment tested a ratio of 2:1 alginate to PEG (Fig. 2.12). 
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Figure 2.12: Yield for the mechanoenzymatic depolymerisation of alginate by alginate lyase with and without 

addition of the inert additive PEG. Reaction mixtures contain alginate (150 mg in the absence of PEG or 100 mg in 

the presence of PEG), alginate lyase (0.04% w/w enzyme loading), PEG (0 or 50 mg), and sodium phosphate buffer 

(0.1 M, pH 6.3) to adjust η = 1.5 μL/mg. The mixture was milled at 25 Hz for 5 min and incubated at 37°C for up to 24 

hours. Data means are shown with error bars representing the standard deviation across triplicates. 

The data revealed that the presence of the inert additive had no significant effect on the progress 

or yield of the reaction. The lack of improvement could indicate that the enzyme is not being 

limited by mechanical denaturation or that the effects seen previously were more specific to the 

nature of the particular enzyme or of the additive. To verify the latter hypothesis, tests with PS 

were also attempted, however, the additive was partially broken down by the mechanical process 

and caused interference with the absorbance measurements. Furthermore, removing all of the 

PS before analysis turned out to be challenging. It would be interesting, however, to further test 

if other types of inert solid additives, such as cellulose or inorganic oxides, could be beneficial to 

this reaction. 
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2.3.3 Investigating the reaction limiting factor 

As mentioned above, the reaction of alginate lyase typically plateaus at a yield of approximately 

33 ± 1% after 9 hours, whereas that under conventional aqueous conditions reaches 36 ± 0.2% in 

the same time, and even further increases to 40 ± 1% by 24 hours. Understanding why the yield 

plateaus could help further optimize the reaction. Some preliminary testing was performed with 

the hopes of determining if the reaction is being limited by protein denaturation, by substrate 

accessibility, or some other factor. It is important to note that the alginate lyase used throughout 

this study is polyM specific, meaning it has a significant preference for MM bonds over GG or MG 

bonds, but that the sodium alginate used is a mixture of M and G monomers at an M:G ratio of 

about 1.56, meaning it contains a mixture of both monomers.  

In one experiment to verify if the reaction is limited by the substrate, the moist-solid samples 

were diluted in sodium phosphate buffer (0.1 M, pH 8.0) and aliquoted to a cuvette for analysis 

after 5 minutes of milling and 6 hours of static incubation (i.e. at the approximate time when the 

plateau is reached). An additional batch of alginate (about 2.5x the amount in the aliquot) was 

added to the reaction mixture, resulting in a new enzyme loading of approximately 0.01%. The 

absorbance was then monitored continuously for an additional 18 hours. The same experiment 

was repeated, but this time with addition of more enzyme (about 10x the amount in the aliquot), 

to give a new enzyme loading of approximately 0.5%. After correcting for the changes in 

concentration, both the samples with additional alginate and additional enzyme showed a small 

increase in yield following the additions (from 28 ± 1% to 37 ± 0.3% and 36 ± 2%, respectively), 

in contrast to the smaller increase in a comparable reaction mixture to which only buffer was 

added (from 28 ± 1% to 32 ± 1%) (Fig. 2.13).  
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Figure 2.13: Yield of mechanoenzymatic depolymerisation of alginate by alginate lyase to investigate the limiting 

factors of the reaction. To begin, reaction mixtures contain alginate (150 mg), alginate lyase (0.33 mg), and sodium 

phosphate buffer (0.1 M, pH 8.0) to adjust η = 1.5 μL/mg. The mixture was milled at 25 Hz for 5 min at the start, 

followed by 6 hours of incubation at 37°C. After 6 hours, the moist-solid mixtures were diluted with the same buffer 

to 1 mg/mL and either only buffer (100 µL), alginate lyase (100 µL, 0.1 mg/mL in sodium phosphate buffer 0.1 M pH 

8.0), or alginate (100 µL, 10 mg/mL in phosphate buffer, 0.1M pH 8.0) was added. 

One possible explanation for this result is that during the first 6 hours, the enzyme may cleave 

most, but not all, of the MM bonds of the original mixture, leaving the GG and MG bonds 

untouched. It is also possible that part of the cleavable bonds may not be physically accessible to 

the enzyme (e.g. being covered by polymer chains containing only uncleavable GG and MG 

bonds). When fresh alginate is added to the mixture, new MM bonds are available for cleavage 

by the enzyme, further increasing product formation by whatever portion of enzyme is still active. 

The fact that the reaction rate undergoes a small burst after addition of fresh enzyme suggests 

that the originally added enzyme may have also been mostly inactivated after 6 hours before 

being able to act upon all of the accessible bonds. This is also supported by the fact that doubling 
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the enzyme loading from the beginning did not appear beneficial to the final yield, so in order to 

improve overall conversion, it may be necessary to introduce additional enzyme partway through 

the reaction. Based on this, it would appear that the reaction is nearing completion. This latter 

explanation is also supported by the GPC results which showed that there still remained some 

untouched polymer left at the end of the 24 hour-period (see Section 2.4). It would be interesting 

to test a pure (much more expensive) polyM substrate in the future. 

2.4 Characterization of AOS products by gel permeation chromatography 

We next performed some basic characterization of the reaction mixtures to compare the products 

yielded under moist-solid and aqueous conditions. The samples were analyzed using gel 

permeation chromatography (GPC) which provides information about the weight average 

molecular weight (Mw), the number average molecular weight (Mn), and the polydispersity (PD) 

of oligomeric and/or polymeric samples. The Mw is calculated from the mass of each molecule 

multiplied by the fraction of total mass of molecules with that mass and adding up all the masses 

together, whereas Mn is the total mass divided by the total amount of molecules, therefore is the 

average of the molecular weights of the molecules in a sample. The ratio of Mw/Mn is PD. As a 

general reference, an example of a chromatograms is shown in Fig. 2.14A for unreacted alginate 

with peaks assigned based on their retention times (RT). The broad peak seen in Fig. 2.14A at RT 

= 24 minutes represents a group of polymer chains of similar molecular weight, in this case having 

Mw ranging from ~50,000-200,000 g/mol. Going forward, when present, this peak will be referred 

to as RT24 in analysis. The peak around 31 minutes in each chromatogram is a system peak 

generated at the end of the run, regardless of the sample. Fig. 2.14B shows the mixture of 

products following the reaction under optimal dilute aqueous conditions.  



45 
 

 

 

Figure 2.14: Sample GPC chromatograms with characteristic peaks representing unreacted commercial alginate (A) 

and depolymerization products of alginate (B). The dilute aqueous reaction consisted of alginate (450 µL of 1.0 

mg/mL solution in buffer) and alginate lyase (10 µL of 0.1 mg/mL solution in buffer. The buffer was0.1 M sodium 
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phosphate pH 6.3. The reaction mixture was mixed by pipette and incubated at 37°C for 24 hours. The peak around 

31 min in each chromatogram is a system peak generated at the end of the run, regardless of the sample. Experiments 

were conducted in single replicate.. 

The small peak around 27 minutes represents mid-sized oligomers of Mw 2000-5000 g/mol, while 

the larger peak around 28 minutes represents the smallest detectable oligomers for this machine, 

which range from between 500-700 g/mol. Analogous peaks, when present, will be referred to as 

RT27 and RT28, respectively.  

Initially, comparisons were made between a reference sample of unreacted alginate,  moist-solid 

reactions of alginate with and without enzyme (150 mg of alginate, 0.04% enzyme loading, η = 

1.5 µL/mg with 0.1 M sodium phosphate buffer  pH 8.0) after 5 minutes of milling and either 1 

hour or 24 hours of incubation, and an aqueous enzymatic reaction mixture after 24 hours under 

the optimal conditions (Fig. 2.15). The unreacted alginate sample showed a Mw of 167,000 g/mol 

and a Mn of 47,000 g/mol, indicating a relatively high PD of 3.52 (Fig. 2.15A). Analysis of the 

products of a standard aqueous reaction showed a very tall narrow peak (RT28) of Mw 610 g/mol 

and Mn 522 g/mol (PD: 1.2) as well as a much smaller peak (RT27) of Mw 3700 g/mol and Mn 

3100 g/mol (PD: 1.2). This suggests that in dilute aqueous conditions, the alginate present in the 

mixture underwent substantial depolymerization, to the point where no peak remained in the 

range of the original unreacted alginate (RT24). In addition, the small PD values of both reaction 

product peaks (both 1.2) indicate that the enzyme is capable of generating oligosaccharides of 

very narrow and specific distribution, with a significant preference for those in the 500-600 g/mol 

range (95%), as shown by their relative abundances (Fig. 2.15B). 
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Figure 2.15: Results of GPC analysis for reaction mixtures and control samples. A) Comparison of the weight average 

molecular weights (Mw),  number average molecular weights (Mn), and the corresponding polydispersities (PD) of 

the highest Mw oligosaccharide peak (RT24), mid-range Mw oligosaccharide peak (RT27) and of the lowest Mw 
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oligosaccharide peak (RT28) obtained from GPC analysis of untreated alginate, alginate under optimal 

mechanoenzymatic conditions without and with enzyme, and an optimal aqueous reaction mixture, each after 1 

hour or 24 hours of incubation; B) Relative abundances of the highest Mw oligosaccharide peak (RT24), mid-range 

Mw oligosaccharide peak (RT27) and of the lowest Mw oligosaccharide peak (RT28)  calculated from percentage of 

total area of the two peaks from the same experiments. Experiments were conducted in single replicate. 

Following milling of an alginate sample for 5 minutes without enzyme, a large proportion (97%) 

of polymer remained that has Mw 170,000 g/mol and Mn 38,000 g/mol, indicating a mostly 

unchanged structure compared to the original substrate, but with slightly increased 

polydispersity (PD: 4.5). There was, however, a very small new peak (RT28) Mw 780 g/mol and 

Mn 631 g/mol (PD: 1.2), observed after milling the alginate (~3% of total peak area), suggesting 

that a very small quantity of oligomers of nearly uniform sizes, similar to those produced under 

aqueous conditions, were generated from the milling process alone. It is also possible that the 

same amount of these small oligomers is present in the commercial alginate but hidden under 

the main peak. The optimized mechanoenzymatic reaction with enzyme also gave two peaks (Fig. 

2.15). Within the first hour of incubation with enzyme (after milling), the relative proportion of 

the larger oligomeric products (RT24) drastically drops to 32% from the 100% in the starting 

material with a Mw of the larger oligomers diminishing to an average of about 92,000 g/mol and 

the PD to 1.8. Interestingly, the smaller oligomeric product grouping (RT27) is composed of 

species with a Mw of 5200 g/mol, Mn of 2400, and PD of 2.1. The stark decrease in the proportion 

of large Mw oligomers and the rapid emergence of the mid-sized oligomers as well as their small 

PDs demonstrates both the high activity of the enzyme under these conditions, resulting in a 

highly specific oligomeric distribution within just this first hour of incubation. After 24 hours, 

these peaks consisted of a large, sharp peak, RT27, (~73%) of Mw 3434 g/mol and Mn 2065 g/mol 

(PD: 1.7) and a smaller peak, RT24, (27%) of Mw 76823 g/mol and Mn 43271 g/mol (PD: 1.8). The 
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emergence of such a large abundance of the RT27 oligosaccharides in only the samples with 

enzyme (both after 1 h and 24 h) indicates that the generation of these oligomers is the result of 

the enzymatic activity and not from the milling process. The Mw of these oligomers aligns with 

that seen for the minor product of the aqueous reaction, also indicating that the enzyme 

maintains some similar activity under mechanoenzmyatic conditions, however there is still some 

starting material remaining after 24 hours, which was not observed in the aqueous reaction 

mixture (Fig. 2.15). The Mw and PD of the RT24 peak in the moist-solid reaction are smaller than 

in both the unreacted alginate and in the mixture without enzyme, however, which confirms that 

there is significant depolymerization taking place. It is important to note that while the lowest 

Mw peak (RT28) seen in the optimal aqueous reaction is not seen in the moist-solid reaction, this 

does not necessarily imply the absence of oligomers in this range. The RT for both the mid-sized 

and smallest oligomers is very similar, and when there is a larger PD for either of these products, 

overlap is probable and the peaks cannot be resolved. It is therefore important to consider that 

there is some degree of intrinsic error involved in this analytical method, so it only serves as a 

preliminary understanding of the reaction mixture. The low PDs of the product peaks in both the 

aqueous and moist-solid reactions suggest that both methods generate oligosaccharides of highly 

specific sizes, and therefore a high degree of selectivity is possible for the mechanoenzymatic 

method, as previously reported for the aqueous method.  

Although the peak for oligomeric products with molecular weights in the 102 scale (RT28) found 

in the aqueous reaction is not seen at either 1 h or 24 h, the 2000-5000 g/mol oligomeric products 

are consistent with those observed in both the moist-solid and dilute aqueous mixtures in the 

initial testing (Fig. 2.14A). As mentioned previously, this could be a result of broadening of the 
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RT27 peak in these mixtures causing overlap of a RT28 peak, or potentially further 

depolymerization of RT28 oligomers resulting in products below the Mw detection limit of the 

instrument. Figure 16 shows the chromatogram of the product mixture after 1 hour. The peaks 

identified and characterized as RT24 and RT27 are visible with a moderate degree of resolution, 

however, a shoulder can also be seen around 28 minutes that is consistent with that seen in the 

aqueous reaction mixture as well as with the moist-solid sample without enzyme, therefore it 

cannot be concluded that there are not also smaller oligomers present in these mixtures. 

 

Figure 2.16: GPC chromatogram of mechanoenzymatic reaction mixture after 5 minutes of milling and 1 hour of 

incubation at 37°C. Mixture included 150 mg of alginate, 0.04% enzyme loading, η = 1.5 µL/mg with sodium 

phosphate buffer 0.1 M, pH 8.0. The peak around 31 min in each chromatogram is a system peak generated at the 

end of the run, regardless of the sample. Experiment was conducted in single replicate. 

The aqueous reaction shows apparent complete depolymerization to oligomers of Mw ~500-600 

g/mol (major product) and ~3100-3700 g/mol (minor product) with a respective abundance of 

~95% and 5% , whereas the moist-solid reaction shows incomplete depolymerization to oligomers 
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of ~1800-3200 g/mol (major product) and ~44,000-83,000 g/mol (minor product) (~73% and 27%, 

respectively). Although the product distributions between the dilute aqueous conditions and 

moist-solid mechanoenzymatic conditions are different, there is consistency between the mid-

sized oligomers produced in both conditions, especially considering the fact that these oligomers 

were not produced without enzyme. This is evidence that the enzyme is maintaining similar 

function under mechanoenzymatic conditions, although it is uncertain why the lowest Mw 

oligomers are so evident in the aqueous reaction and not in the moist-solid reaction. Of particular 

interest, the low PD (1.8) of the mid-sized oligomers produced in the moist-solid reaction also 

supports the evidence that the enzyme is highly selective towards these oligomeric products 

specifically under mechanoenzymatic conditions. This could be useful in applications where these 

specific Mw oligomers are desired. The presence of the high Mw oligomers remaining in the 

moist-solid mixture after the reaction is also consistent with the lower yields seen through the 

UV-vis analysis compared to the dilute aqueous conditions (Fig. 2.10).  

Ideally, the lower the proportion of high Mw AOS in the product, the more useful the AOS in 

applications. Thus, an ideal alginate depolymerization method would produce mostly low Mw 

AOS. This is because of the somewhat limited applications of high Mw AOS resulting from their 

reduced water solubility and lack of physiological stability. For this reason, only the proportion of 

the mechanoenzymatic products composed of the ~1800-3200 g/mol AOS may be useful at 

present, and further optimization is needed to transform the higher Mw fraction to lower Mw. 

The traditional aqueous method produces two types of lower Mw oligomers (~500-600 g/mol 

and ~3100-3700 g/mol) which are both be useful in biological, environmental, or nutritional 

applications. Because the potential applications of AOS vary based on their Mws, it would be most 
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desirable if the mechanoenzymatic method produced a similar product Mw distribution as the in 

aqueous process (i.e. major product Mw in the range of 102 g/mol and minor product Mw 103 

g/mol). Overall, although the results of the aqueous and mechanoenzymatic reactions show 

some differences, further optimization of the reaction in moist-solids may bridge the gap, or 

otherwise this method may give access to a new oligomeric product. 
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3Chapter 3 – General Discussion and Conclusion  
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3.1 General Discussion 

As has been demonstrated through the optimization of key mechanoenzymatic parameters, it is 

possible to achieve highly comparable alginate depolymerization yields to those obtained in 

conventional aqueous mixtures. Factors such as the milling duration or frequencies are expected 

to influence the enzyme stability during the reaction, because they can affect the temperature of 

the mixture, and extreme temperatures can lead to enzyme denaturation. In this study, none of 

the more aggressive milling conditions tested (higher duration and frequency) were found to have 

a significant impact on product formation, demonstrating the robustness of this enzyme.  

Interestingly, the optimal temperature (37°C) was the same under both aqueous and 

mechanoenzymatic conditions. The results presented show that the enzyme activity at different 

temperatures follows the same trend in aqueous and moist-solid conditions. Under 

mechanoenzymatic conditions, some activity was still seen even at 50°C, however no activity was 

observed at 57-60°C. This was expected as enzymes typically display a narrow optimal 

temperature range. As expected, at 25°C (below the aqueous optimal temperature of 37°), only 

moderate activity was seen.  

The other comparable parameter between aqueous and enzymatic conditions, the optimal pH of 

the buffer, did differ between mechanoenzymatic and aqueous conditions, being pH 8.0 and pH 

6.3, respectively. For most other enzymes studied under mechanoenzymatic conditions, the pH 

has not typically been shown to have a significant impact on enzyme activity so the pH effects 

under mechanoenzymatic conditions have not been extensively studied.76,78,79 In the case where 

an acidic, water-soluble product is generated, as in the depolymerization of polylactic acid by a 
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cutinase (Humicola insolens), a similar pH effect was seen where the optimal pH under 

mechanoenzymatic conditions (10.0) was higher than in solution (7.3).79,81 This is explained by 

the fact that the lactic acid product (pKa = 3.86) causes acidification of the moist-solid mixture by 

dissolution into the small amount of liquid component, causing the pH to fall below the enzyme’s 

working range.81 Interestingly, reaction products that are not water soluble (e.g. terepthalic acid 

from the depolymerization of PET plastics), do not seem to affect the enzyme activity.79 In contrast 

to polylactic acid, both the starting polymer, alginate, and the alginate oligomer products all 

contain carboxylic acid groups (pKa = 3.38 and 3.65 for β-D-mannuronic acid and α-L-guluronic 

acid, respectively), but the products are more water soluble than the starting material, thus 

potentially affecting the pH to a greater extent.95 This would explain the influence of pH on the 

activity of alginate lyase under mechanoenzymatic conditions. It would be interesting to confirm 

these explanations by measuring the pH of moist-solid mixtures as the reaction progresses, but 

no pH meter for solid samples were available at the time. 

As for further parameters to be investigated, the milling conditions could be further explored by, 

for example, using another type of mill, such as a roller mill, varying the ratio of ball-to-powder 

(w/w), testing reaction jars and balls of different material, or by testing other RAging regimes.  

RAging has been shown to significantly improve product formation in previous studies, both 

with biopolymers and synthetic polymers. It has proven to show a wide scope in increasing 

yields under mechanoenzymatic conditions. For example, simply adding a RAging regime into 

the mechanoenzymatic depolymerization of MCC into glucose increased conversion by 20%.76 

Similarly, mechanoenzymatic conversion of chitin to N-acetylglucosamine by chitinase was 
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improved by 50% following introduction of RAging.78 In the depolymerization of PET on the 

other hand, RAging improved the rate of the conversion by decreasing the time taken to reach 

the maximum yield from 7 days to 3 days.79 It is for these reasons that we feel further testing of 

RAging regimes for the mechanoenzymatic depolymerization of alginate could be beneficial in 

reaching the yields achieved in aqueous conditions and even surpassing its rate. 

The different types of mills available for mechanochemistry offer access to different kinds of 

motion or impact which could potentially influence the efficiency of the reaction. A roller mill, 

as the name suggests, rolls the jar in a continuous motion in the same direction, unlike the ball 

(shaker) mill which shakes the jar laterally back and forth. Another option is a planetary mill 

which has a central axis around which the jar rotates, providing additional centrifugal force to 

the motion. These are all commonly employed in mechanochemistry depending on accessibility 

of the instruments and applications of the reactions so it would be worthwhile seeing if the type 

of mechanical motion has an influence on the depolymerization of alginate. 

The ratio of the ball’s mass to the mass of the reaction mixture can also influence the type and 

scale of impacts between the ball and reactants, and between the reactants themselves, hence 

contributing another level of variability to the overall reaction conditions. In a similar vein, the 

material of the ball and jar i.e. the hardness of the material can also be manipulated to change 

the level of force or impact the reactants experience during mixing. Materials like agate or 

Teflon are less dense but have very low risk of sample contamination, whereas stainless steel is 

a harder material but can experience leeching after extended use. Zirconia is very durable and 

does not hold a risk of sample contamination, hence its selection for this study. 
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Nonetheless, it is important to consider all variables which can be tested to further improve the 

yield and efficiency of this method for alginate depolymerization in future studies. 

Notably, the respective product composition of the final reaction mixtures for the 

mechanoenzymatic and the traditional aqueous reactions remain to be studied in more depth to 

determine if they are comparable or complementary. UV-Vis analysis provided information about 

the general emergence of products, while GPC analysis provided a global picture of product 

distribution and size, yet the characterization study reported herein was limited due to a few 

factors. Firstly, the standards required for calibration testing are not commercially available. The 

unsaturated monomer, Δ (4-deoxy-l-erythro-4-hexenopyranouronate), is difficult to synthesize 

and isolate for use as a standard so instead, a structurally similar molecule was used for the UV 

analysis. 1-Hexene-1-carboxylic acid was selected because of its similarity to the monomeric 

product, including its cyclic structure, single unsaturation, its hydroxy group, and its lack of other 

functional groups. These properties allow it to absorb light at the selected wavelength to the 

same level as for the unsaturated monomers and oligomers produced during alginate 

depolymerization. The GPC analysis was limited because it was only performed in single replicate 

and by its inability to completely resolve oligomers of similar retention times, therefore 

preventing more precise Mw and Mn measurements. Typically, for more detailed 

characterization, the primary method of analysis for alginate depolymerization is high-

performance liquid chromatography (HPLC), which allows the separation of the oligomers and 

determination of their DP and their respective proportion in the mixture. This method is 

dependent on having an appropriate column for separation, which was not available at the time 

of this study. Because of their large molecular weight and anionic nature, alginate 
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oligosaccharides are limited to separation by a small selection of columns.96,97 In addition, 

complete characterization would also require oligomer standards of known lengths which are also 

not easily obtainable commercially or synthetically. To complete further analysis on the 

mechanoenzymatic product mixtures, we could attempt to develop an HPLC method adapted 

from the previous characterization of glucose or N-acetylglucosamine reported by our group.76,78 

Alginate oligosaccharides can also be analyzed by NMR to elucidate their monomer sequences, 

which is another characteristic of interest for the specific applications of alginate 

oligosaccharides.98 Characteristic shifts in proton NMR are seen based on whether the protons 

are part of a mannuronic acid or guluronic acid, in addition to the identities of the neighboring 

acids. Using 2D NMR could help to create an overall depiction of the oligomer sequences.99,100 

This could be employed after separation by HPLC to fully characterize the products obtained 

through mechanoenzymatic depolymerization and to discern their ideal applications. 

Because this is the first use of mechanoenzymology for the production of alginate 

oligosaccharides, there still lies a vast range of options to explore. The specificity of the enzymes 

in aqueous methods typically limits the scope of alginate oligosaccharide products that can be 

generated from a given alginate sample, and often a combination of alginate lyases are used to 

achieve specific distributions, or necessary to reach full conversion.100,101 Alginate lyase enzymes 

have preferences for cleaving certain bonds so the product mixtures often show prevalence of 

certain monomer sequences and DPs over others. This mechanoenzymatic method introduces 

the aspects of mechanical force as well as the solvent-free conditions, altering the environment 

in which the enzyme is acting. It is possible that further manipulation of the mechanoenzymatic 

conditions could enable access to novel oligosaccharide compositions without the need for 
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multiple enzymes or enzyme engineering. Already, interesting results were seen with different 

product distributions observed between the traditional aqueous methods and the 

mechanoenzymatic method. This would make novel alginate oligosaccharides more accessible for 

important applications such as therapeutics. The application of alginate oligosaccharides in such 

a wide variety of industries makes the introduction of this new production method a very valuable 

contribution to this area of research. 

3.2 Conclusion 

We have presented herein the first enzymatic depolymerization of alginate by alginate lyase 

through mechanoenzymology. This method employs mechanical mixing by a ball mill to 

homogenize a solvent-free mixture of substrate and enzyme with only a minimal amount of water 

acting as lubricant, followed by static incubation to allow the generation of alginate 

oligosaccharides. Previously, mechanoenzymology has been successfully used for the hydrolysis 

of biopolymers such as cellulose76, hemicellulose77 and chitin78, as well as synthetic polymers such 

as PET79, PLA81, and PEN80, but its application to the non-hydrolytic breakdown of natural or 

synthetic polymers had yet to be demonstrated. No mechanoenzymatic lyase-catalyzed reactions 

had been reported thus far. Through methodical optimization of the key parameters, such as the 

liquid-to-solid ratio, milling duration, incubation temperature, and pH, among others, we have 

shown that subjecting alginate lyase to the mechanoenzymatic approach can successfully 

generate AOS in comparable yields as in typical aqueous enzymatic conditions. Although further 

product characterization is necessary, GPC was used to demonstrate that the distribution of 

products generated through the mechanoenzymatic method showed some similarities and 
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differences to that of conventional aqueous enzymatic reactions, and importantly, that the 

mechanoenzymatic reaction is capable of producing AOS of highly specific Mw and low PD. 

As the strain on Earth’s resources escalates daily, it is vital to adapt our methods to reduce their 

negative impact on the environment. The approach presented in this thesis adheres directly to 

this goal by working with a biodegradable, renewable and non-toxic catalyst, the enzyme alginate 

lyase, and by employing it in the presence of minimal water, therefore generating minimal 

wastewater. By eliminating the need for bulk water, the reaction mixture has a greatly reduced 

volume and can use smaller facilities. Furthermore, the mechanoenzymatic method requires no 

additional pre-treatment of any of the reaction components and proceeds with mild conditions 

through a very simple workflow. Mechanoenzymology is an emergent field, and the complete 

range of possibilities is yet untapped, however, this research presents a very promising way to 

streamline the generation of alginate oligosaccharides and expand their applications, in addition 

to providing an accessible route to a greener future.  
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4Chapter 4 - Materials and Methods  
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4.1 Materials 

The water used was either from an in-lab reverse osmose (RO) water tap, or MilliQ water from a 

Millipore MilliQ system (specific resistance of ≤ 18.2 MΩ·cm at 25°C). 

The sodium alginate powder (low viscosity, from brown algae, M:G ratio = 1.56) was purchased 

from Millipore Sigma (Oakville, ON, Canada), stored at 4°C and used as purchased. The alginate 

lyase enzyme was obtained as a lyophilized powder from Millipore Sigma (Oakville, ON, Canada) 

and was used as purchased. The enzyme originates from Flavobacterium sp. and is polyM-

selective. The protein content of the commercial mixture was determined to be 18 ± 2% w/w by 

Bradford assay, and its molecular weight was confirmed by SDS-PAGE (expected ~40,000 kDa as 

noted by the manufacturer). The enzyme activity was verified using the method described in 

the section Enzyme Characterization from the manufacturer protocol. 

The 0.1 M Na2PO4 buffers (pH 6.3, 7.0, 8.0) were prepared with the appropriate amounts of solid 

sodium phosphate monobasic and sodium phosphate dibasic, both purchased from Millipore 

Sigma (Oakville, ON, Canada). The 0.1 M Na2CO3 buffer (pH 10.0) was prepared using sodium 

carbonate and sodium bicarbonate from Thermo Fisher Scientific (Waltham, MA, US). The 0.1 M 

CH3COONa buffer (pH 5.0) was prepared with sodium acetate and acetic acid from Millipore 

Sigma (Oakville, ON, Canada) and Thermo Fisher Scientific (Waltham, MA, US), respectively. 

MilliQ water was used for all of the above preparations. 

The 1-cyclohexene-1-carboxylic acid used for the monomer calibration curve was purchased from 

Thermo Fisher Scientific (Waltham, MA, US). Reagents used for the 3,5-dinitrosalicylic acid (DNS) 
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calibration and assay (potassium sodium tartrate tetrahydrate, DNS, and sodium hydroxide), were 

all purchased from Millipore Sigma (Oakville, ON, Canada). 

The Coomassie Blue solution was prepared by dissolving 0.25 g Coomassie Brilliant Blue G-250 

(Waltham, MA, US) in 90 mL of methanol:H2O (1:1, v/v). 

4.2 Equipment 

Samples were weighed either on a Mettler Toledo AB135-S/FACT DualRange analytical balance 

(linearity 0.2 mg, readability 0.01 mg/0.1 mg) or a Mettler Toledo XP105 DeltaRange analytical 

balance (linearity 0.15 mg, readability 0.01 mg/0.1 mg). Ball milling was performed using a Retsch 

MM 200 shaker mill from ATS Scientific, set to shake at frequencies of 5-25 Hz and equipped with 

two 10 mL zirconia SmartSnapTM jars each containing one 10 mm zirconia ball, all purchased from 

FormTech Scientific. Static incubation of reaction mixtures was performed in a Thermo Scientific 

Heratherm incubator set to the desired reaction temperature (25-65°C).  Product formation for 

both dilute aqueous and moist-solid mechanoenzymatic experiments was monitored using an 

Agilent Cary 60 UV-Vis spectrometer with a PCB 1500 water Peltier system accessory. Absorbance 

measurements were taken at a wavelength of 235 nm. Absorbance measurements for the 

Bradford assay and DNS calibration were conducted on a Molecular Devices SpectraMax i3x 

microplate reader equipped with clear-bottom 96-well microtiter plates. Lyophilization of 

samples for GPC analysis was achieved using a Labconco FreeZone 1 Liter Benchtop Freeze Dry 

System. GPC measurements were taken on an Agilent 1260 Infinity II GPC system equipped with 

a Shodex OHpak SB-G 6B (6 x 50 mm,10 µm) guard column, a Shodex OHpak LB 806M HQ (8 x 
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300 mm, 13 µm) analytical column and an Agilent 1260 Infinity dual, light scattering (LS) and 

refractive index (RI), detector. 

4.3 Moist-solid Mechanoenzymatic Reactions 

4.3.1 Method for MAging  milling   aging  reactions  

The method for the optimized MAging conditions is described here. Sodium alginate powder (150 

mg) was weighed into a 15 mL zirconia jar. To achieve an η of 1.5 μL/mg, 0.33 mg of the 

commercial enzyme powder (0.04% w/w enzyme:substrate loading) was dissolved in 225 μL of 

sodium phosphate buffer (0.1 M, pH 8.0) and added to the substrate. Control experiments were 

prepared the same way but without enzyme. One zirconia ball of 10 mm was added to the jar and 

the jar was closed and fixed to the ball mill before milling for 5 minutes at 25 Hz. The moist-solid 

reaction mixture was then aliquoted (~25-35 mg) by spatula into 2 mL Eppendorf tubes and then 

incubated statically at 37°C for 1, 2, 3, 6, 9, 12, 15, or 24 hours. A time zero sample was quenched 

by boiling for 5 minutes then subjected to the quantification procedure (see section 4.5.1),  

immediately after being aliquoted. The remaining reaction mixtures were rapidly quenched to 

deactivate the enzyme at the appropriate time points before quantification of the 

depolymerization products (see section 4.5.1). All experiments were conducted in triplicate. 

4.3.2 Method for MAging  milling   aging  reactions in the presence of the solid additive PEG 

Sodium alginate powder (100 mg) was weighed into a 15 mL zirconia jar with 50 mg of PEG 

powder (Millipore Sigma, Oakville, ON, Canada). To achieve an η of 1.5 μL/mg, 0.22 mg of the 

commercial enzyme powder (0.04% w/w enzyme:substrate loading) was dissolved in 225 μL of 

sodium phosphate buffer (0.1 M, pH 6.3) and added to the substrate. Control experiments were 
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prepared the same way but without enzyme. The remainder of the experiment proceeded as per 

the standard MAging method above (section 4.3.1). 

4.3.3 Method for RAging  reactive aging  reactions  

Sodium alginate powder (150 mg) was weighed into a 15 mL zirconia jar. To achieve an η of 1.5 

μL/mg, 0.33 mg of the commercial enzyme powder (0.04% w/w enzyme:substrate loading) was 

dissolved in 225 μL of sodium phosphate buffer (0.1 M, pH 8.0) and added to the substrate. For 

control replicates, 225 μL of just buffer was added without enzyme. A 10 mm zirconia ball was 

added to the jar and the jar was fixed to the ball mill and set to shake at 25 Hz for 5 minutes. 

Three aliquots of the mixture (~25-35 mg) were added to 2 mL Eppendorf tubes using a spatula 

(time zero samples) before rapidly quenching the reaction and quantifying the product (see 

section 4.5.1). The jar was then sealed with electrical tape and then incubated at 37°C for 6 hours. 

The reaction mixture was then milled for another 5 minutes at 25 Hz before collecting aliquots 

(~25-35 mg), rapidly quenching the reaction and quantifying the products (section 4.5.1). The jar 

was then re-sealed with electrical tape and incubated at 37°C for an additional 18 hours (totalling 

24 hours from the initial milling). After the final aging period, more aliquots were collected (~25-

35 mg), before quenching the reaction and analyzing the products (section 4.5.1). The 

experiments were conducted in triplicate. 

4.3.4 Method for MAging  milling   aging  reactions to determine reaction limiting components  

Sodium alginate powder (150 mg) was weighed into a 15 mL zirconia jar. To achieve an η of 1.5 

μL/mg, 0.33 mg of the commercial enzyme powder was dissolved in 225 μL of sodium phosphate 

buffer (0.1 M, pH 8.0) and added to the substrate. Control experiments were prepared the same 
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way but without enzyme. One zirconia ball of 10 mm was added to the jar and the jar was fixed 

to the ball mill and set to shake at 25 Hz for 5 minutes. The moist-solid reaction mixture was then 

aliquoted (~25-35 mg) by spatula into 4 x 2 mL Eppendorf tubes. The control reaction mixture 

was also aliquoted (3 x 2 mL Eppendorf tubes, ~25-35 mg each). One of each the enzyme-

containing and control tubes were immediately subjected to the oligosaccharide quantification 

procedure (section 4.5.1) to obtain data at time 0. The remaining tubes were incubated at 37°C 

for 6 hours. After 6 hours, one of the enzyme-containing tubes was boiled for 5 minutes to 

deactivate the enzyme before product quantification. The contents of the 3 reaction tubes and 2 

control tubes were used to prepare 1 mg/mL solutions (based on total alginate content) in sodium 

phosphate buffer (0.1 M, pH 8.0). To one control reaction and one reaction mixture, 100 µL of 

10.0 mg/mL alginate solution (in 0.1 M sodium phosphate buffer at pH 8.0) was added. To one 

reaction mixture, 100 µL of 1.0 mg/mL of enzyme solution. To the remaining control and reaction 

mixtures, 100 µL of sodium phosphate buffer (0.1 M, pH 8.0) was added. The enzymatic reaction 

was monitored at 235 nm and 37°C (for all mixtures) over an additional 18 hours. The absorbance 

of the control reaction with additional alginate was subtracted from the absorbance of the 

enzymatic reaction mixture with additional alginate before product quantification. For product 

quantification of the reaction mixtures with additional enzyme and that with additional buffer, 

the absorbance of the reaction mixture with additional buffer was subtracted. 

4.4 Method for enzyme reactions under traditional aqueous conditions 

A sodium alginate solution (1 mg/mL) was prepared in sodium phosphate buffer (0.1 M) at the 

desired pH. A solution of the commercial alginate lyase enzyme (0.1 mg/mL) was also prepared 

in the same buffer. Some of the alginate solution (450 μL) was added into a masked quartz 
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cuvette, followed by some of the enzyme solution (10 μL) before gently mixing using a pipettor. 

Immediately after, the absorbance was measured continuously across the course of the reaction 

at a constant temperature of 37°C (or other designated temperature). The absorbance reading 

was used to quantify the products based on the 1-cyclohexene-1-carboxylic acid calibration curve 

(see section 4.6.1). All experiments were conducted in triplicate. 

4.5 Characterization of Oligosaccharide Products 

4.5.1 Quantification of alginate oligosaccharide products of mechanoenzymatic reactions by 

UV-Vis spectroscopy 

To quench mechanoenzymatic reactions, 2 mL of RO water was added to each Eppendorf tube 

containing a pre-weighed moist-solid reaction mixture and the tubes were immediately immersed 

in boiling water for 5 minutes. To determine the mass of alginate and/or alginate oligosaccharides 

in the tube, the portion of the sample’s mass composed of the buffer additive (60% w/w) was 

subtracted from the total mass of mixture. The content of each Eppendorf was then further 

diluted in vials with RO water to a concentration of 1 mg/mL (relative to the solids), accounting 

for the 2 mL of water already in the tube. The absorbance of the resulting solution was measured 

by UV-Vis spectroscopy at a wavelength of 235 nm. The absorbance of the control reactions 

without enzyme were subtracted from the absorbance of each reaction mixture, and the double 

bond concentration (one double bond is generated for each lyase reaction) was determined 

based on the 1-cyclohexene-1-carboxylic acid calibration curve (described in section 4.6.1).  

Reaction samples prepared with the optimized conditions were also subjected to the DNS assay 

(see section 4.5.2) to validate the above product quantification method.  
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The % reaction yields were then calculated using the product concentration from these 

measurements and the theoretical yield calculated as described in section 4.5.3. 

4.5.2 Quantification of alginate oligosaccharide products of mechanoenzymatic reactions by 

the DNS assay 

Some of the DNS reagent solution (96 μL; see section 4.6.2.1) was transferred into a 2 mL 

Eppendorf, followed by a sample of the solution (128 μL) prepared from the moist-solid reaction 

as described in section 4.5.1. The Eppendorf tube was next immersed in boiling water for 10 

minutes. Once they had cooled down to room temperature, RO water (1.38 mL) was added to the 

tube before inverting the tube a few times to ensure homogeneity. Some of this solution (400 µL) 

was transferred into a well of a 96-well plate and the absorbance was measured at 540 nm. The 

concentration was calculated from the DNS calibration curve presented in section 4.6.2: 

Calibration curve preparation. All reactions were prepared and measured in triplicate. 

4.5.3 Appro imate calculation of the theoretical yield 

For the calculation of theoretical yield, the sodium alginate was first considered as an infinitely 

long chain of mannuronic (M) and guluronic (G) acid monomers. Using the molecular weight of 

the monomer unit (199.11 g/mol) and the mass of a molecule of monomer (3.306·10-22 

g/molecule), the maximum yield of monomers possible from the complete depolymerization of 

the initial 0.150 g sample can be calculated as 4.537·1020 molecules, or 7.534·10-4 moles of 

monomer. This is, however, an overestimate of theoretical yield based on the following factors: 

1) this method assumes complete depolymerization of the polymer, which is highly unlikely using 

this singular commercial enzyme that can only break bonds between two M monomers; 2) the 
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polymer used contains both M and G residues, and therefore MM, GG, and MG bonds, but the 

enzyme only acts on MM bonds; 3) the substrate is not composed of a singular infinitely long 

chain, but instead many polymers of varying lengths. To account for the third point, the 

approximate molar amount of polymer chains in the 0.150 g sample was calculated using Mw 

from the GPC measurement (167,000 g/mol), giving 8.982·10-7 moles. This was subtracted from 

the 7.534·10-4 moles to adjust for the infinite chain assumption, giving 7.525·10-4 moles. The 

difference between the calculations with alginate as a single molecule or as a polymer of 167,000 

g/mol is therefore considered negligible. To account for the fact that the enzyme only acts on MM 

bonds in the polymer, considering that the commercial alginate is labelled as containing a M:G 

ratio of 1.56, which translated to approximately 60% M, the 7.525·10-4 moles were then 

multiplied by the 0.6. This gives 4.515·10-4 moles. Considering that a reaction mixture of 0.150 g 

was diluted by 0.150 L to achieve the 1 mg/mL concentration for analysis (in sections 4.3.4 and 

4.5.1), this equates to a concentration of 3.01 mM as the theoretical yield. However, not all M 

monomers are adjacent to another M unit, and since MG bonds are not cleaved by this enzyme, 

this calculation still underestimates the possible theoretical yield for this enzyme. Therefore, all 

percent yields reported herein should be considered largely underestimated. 

4.5.4 GPC characterization of alginate polymers and oligosaccharides 

For GPC analyses, experimental reaction mixtures or unreacted alginate were lyophilized 

overnight. The solid samples were then used to prepare aqueous solutions with a concentration 

of 1 mg/mL in 200 mM NaNO3 and 10 mM sodium phosphate. They were allowed to dissolve 

overnight at room temperature, before filtration with 0.22 μm filters and transfer into 

autosampler vials. Standard solutions of pullulan ranging from 180 g/mol to 404,000 g/mol were 
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prepared by the same method. They were injected (100 µL) and analyzed at a flow rate of 0.4 

mL/mL and at 40°C. A calibration curve was generated from the pullulan standards and used to 

calculate the weight average molecular weight (Mw), the number average molecular weight (Mn), 

and the polydispersity (PD) of the polymer and oligosaccharide samples. 

4.6 Calibration Curve Preparations 

4.6.1 Preparation of the calibration curve for 1-cyclohe ene-1-carbo ylic acid 

The calibration curve for calculation of double bond concentration (each enzymatic reaction 

produces one double bond) was prepared using the commercially available 1-cyclohexene-1-

carboxylic acid, which is expected to absorb UV/Vis light like the alginate monomer or oligomers. 

Standard solutions ranging in concentration from 0-1.0 mM were prepared by serial dilution of a 

2.0 mM stock solution of 1-cyclohexene-1-carboxylic acid dissolved in phosphate buffer (0.1 M, 

pH 7.0). The absorbance of each standard solution was measured at 235 nm and plotted against 

the concentrations as shown in Figure 4.1 below. Each standard was prepared and measured in 

triplicate. 
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Figure 4.1: Calibration curve for the calculation of alginate oligosaccharide double bond concentration by UV/Vis 

spectroscopy. The curve was prepared from standards of 1-cyclohexene-1-carboxylic acid. The data shows the means 

with error bars representing the standard deviation for measurements performed in triplicate. 

4.6.2 Preparation of the calibration curve for the DNS assay 

The calibration curve for the DNS assay was constructed using standards of glucose dissolved in 

sodium phosphate buffer (0.1 M, pH 7.0) ranging in concentrations from 0-1.0 mM.  Some of the 

DNS reagent solution (96 μL; see section 4.6.2.1) was first transferred into a 2 mL Eppendorf, 

followed by a known amount (128 μL) of a glucose standard solution. The Eppendorf tube was 

next immersed in boiling water for 10 minutes. Once the mixtures had cooled to room 

temperature, RO water (1.38 mL) was added to the tubes before inverting them a few times to 

ensure homogenous dilution. Some of each standard (400 µL) was next transferred into a 96-well 

plate. The absorbance was measured at 540 nm and plotted against concentration as shown in 

Figure 4.2 below. All standards were prepared and measured in triplicate. 
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Figure 4.2: Calibration curve for quantifying the reducing ends of alginate oligosaccharides. Standards of glucose 

dissolved in sodium phosphate buffer (0.1 M, pH 7.0) were used at different concentrations. The data shows the 

means with error bars representing the standard deviation for measurements performed in triplicate. 

4.6.2.1 DNS Reagent Preparation 

DNS (1 g) was dissolved into 50 mL of MilliQ water. Sodium potassium tartrate tetrahydrate (30 

g) was introduced to the DNS solution in small portions while stirring continuously. A sodium 

hydroxide solution (20 mL, 2 M) was added. Next, the mixture was pipetted into a 100 mL 

volumetric flask and RO water was added to the 100 mL mark. The mixture was stirred for 10 

minutes then filtered through cotton into an amber bottle and stored at 4°C. 
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4.7 Enzyme Characterization 

4.7.1 Protein content of the commercial alginate lyase 

Total protein concentration of the commercial enzyme powder was determined by Bradford 

assay. The commercial Pierce™ Bovine Serum Albumin Standard Ampule (2 mg/mL) was used to 

prepare the protein standards at concentrations of 0-2000 µg/mL in sodium phosphate buffer 

(0.1 M, pH 7.3). An aliquot of each (10 µL) was mixed with Coomassie blue reagent (300 µL) in a 

well of a 96-well plate and left standing for 10 minutes before measurement. The plate was 

shaken for 30 seconds in the plate reader before measuring the absorbance at 595 nm. The 

absorbance was plotted as a function of the concentration to give the calibration curve of Figure 

4.3. Triplicate samples of enzyme solution (1 mg/mL) were subjected to the same treatment and 

the protein content was calculated from the standard curve. 
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Figure 4.3: Calibration curve of bovine albumin serum standards for the calculation of protein content in commercial 

alginate lyase. The data shows the means with error bars representing the standard deviation for measurements 

performed in triplicate. 

4.7.2 Confirmation that the commercial alginate lyase is active 

The activity assay was performed by preparing a solution of the sodium alginate powder in 

phosphate buffer (0.1 M, pH 6.3) to a concentration of 1 mg/mL (0.1% w/v) and a solution of the 

alginate lyase powder to 0.03 mg/mL (~ 1 U/mL). In a quartz cuvette, 450 µL of the sodium 

alginate solution was pipetted followed by 15 µL of the enzyme solution. The absorbance was 

measured continuously at 235 nm and at 37°C for 30 minutes. 

4.7.3 SDS-PAGE analysis of the commercial alginate lyase 

SDS-PAGE was performed to confirm the identity and analyse the purity of the commercial 

alginate lyase. Enzyme solutions (10 µL of ~4 µM, ~2 µM, and ~1 µM) in sodium phosphate buffer 

(0.1 M, pH 7.0) were each mixed with 4x Laemmli buffer (15 µL, 0.25 M Tris base, 0.28 M SDS, 

40% v/v glycerol, and 20% v/v β-mercaptoethanol). The samples were boiled for 10 minutes, and 

then a sample of each (10 µL) was loaded onto a 4-20% mini-PROTEAN® TGXTM 12-well pre-cast 

protein gel (Biorad). Some (4 µL) Thermo Scientific™ PageRuler™ Prestained Protein Ladder (10 

to 180 kDa) was loaded into the first well. Electrophoresis was conducted at 120 V for 1.5 h before 

staining with the Coomassie blue solution (see section 4.1) for 20 minutes with gentle shaking. 

Two rounds of 30 minutes destaining were performed with destaining solution (50% v/v 

methanol, 10% v/v acetic acid, and 40% v/v MilliQ). Finally, the gel was left in MilliQ water 

overnight to remove excess dye before imaging with a Bio-Rad ChemiDoc MP imaging system 

(Hercules, California, USA). 
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