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Abstract 

 

   In the central nervous system, chemical synapses are highly specialized 

junctions that are known to be critical for communication between neurons. The 

ability of synapses to change their physiological and structural properties, known 

as synaptic plasticity, is important for storing information in neural connections. 

Dendritic spines are small protrusions on dendrites where the majority of 

glutamatergic synapses form in the brain. In general, a dendritic spine has an 

enlarged head region that is connected to the dendritic shaft by a narrow neck. 

This geometry allows spines to function as individual biochemical compartments 

and control postsynaptic signaling events. Recent evidence indicates that 

structural remodeling of spines and the formation of new synaptic contacts may 

lead to long-term changes in synaptic function including long-term potentiation 

(LTP) and long-term depression (LTD). These forms of synaptic plasticity are 

believed to contribute to cognitive processes such as learning and memory. 

Interestingly, the actin cytoskeleton is enriched in dendritic spines and its turnover 

contributes to spine shape and motility. A variety of signaling proteins associate 

with the actin cytoskeleton and are likely critical for controlling the 

morphological plasticity of spines. However, the molecular mechanisms that 

regulate actin-based spine dynamics remain unclear. My studies revealed novel 

pathways downstream of the EphA class of receptor tyrosine kinases that are 

important for regulating spine plasticity. I showed that PLCγ1 physically interacts 

with the EphA4 receptor tyrosine kinase and links EphA4 to the downstream actin 

depolymerizing/severing protein, cofilin. PLCγ1 signaling is critical for 

maintaining spine morphology and PLC activity is required for spine retraction 

caused by ephrin ligand binding to EphA4. Remarkably, the amount of cofilin 

associated with the cell membrane is regulated by PLC and EphA4 activity. 

Furthermore, I found that ephrin binding to EphA receptors cause the 

dephosphorylation and activation of cofilin through the phosphatases slingshot 
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(SSH) and calcineurin. Both of the phosphatases are needed for EphA-mediated 

reorganization of actin filaments and dendritic spine remodeling. These studies 

contribute new insight into the intricate signaling mechanisms downstream of 

EphA receptors that control the local remodeling of the actin cytoskeleton in 

dendritic spines and structural plasticity of excitatory synapses in the central 

nervous system. 
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Résumé 

 

   Les synapses chimiques sont des jonctions hautement spécialisées du système 

nerveux central ayant un rôle déterminant pour la communication entre les 

neurones. Ces dernières sont capables de changer leurs propriétés structurales et 

physiologiques. Ce  phénomène, appelé la plasticité synaptique, est important 

pour le stockage de l’information. Les épines dendritiques sont de petites saillies 

sur les dendrites des neurones où la majorité des synapses glutamatergiques du 

cerveau se forment. De manière générale, une épine dendritique se compose d’une 

large tête connectée à l‘arbre dendritique par une structure plus étroite appelée cou. 

Cette géométrie permet le fonctionnement des épines comme des compartiments 

biochimiques indépendant, pouvant ainsi contrôler les événements de 

transmission synaptique localement, soit au niveau postsynaptique. De récentes 

évidences expérimentales indiquent que les réarrangements structurels des épines 

et la formation de nouvelles synapses qui en découle pourraient induire des 

changements persistant du fonctionnement de la synapse. Ces changements sont 

de deux types : la potentialisation à long terme (PLT) et la dépression à long terme 

(DLT). Ce sont deux formes de plasticité synaptique connues pour contribuer aux 

processus cérébraux de la cognition tels que l’apprentissage et la mémoire. Il est 

intéressant de noter que le cytosquelette d’actine est très dense dans les épines 

dendritiques et que son turnover contribue à la morphologie ainsi qu’à la motilité 

de ces dernières. Une grande variété de protéines de signalisation sont connues 

pour s’associer avec le cytosquelette d’actine et ont donc probablement un rôle 

crucial pour le contrôle de la plasticité morphologique des épines. Néanmoins, les 

mécanismes moléculaires qui régulent la dynamique des épines basée sur le 

cytosquelette d’actine restent obscurs à ce jour. La présente étude révèle de 

nouvelles voies de signalisation moléculaire en aval de la classe EphA des 

récepteurs à la tyrosine kinase ayant un rôle dans la régulation de la plasticité des 

épines dendritiques. Cette étude montre que la PLCγ1 interagit physiquement 



 xiv

avec le récepteur EphA4 tyrosine kinase et relie, en aval, EphA4 à la cofiline, une 

protéine ayant un pouvoir polymérisant ou dépolymérisant sur les filaments 

d’actine. De plus, elle démontre que la PLCγ1 est essentielle pour le maintien de 

la morphologie des épines car la rétraction de celles-ci observée lors de la liaison 

de l’ephrine à son récepteur EphA4 nécessite une activité des PLC. La quantité de 

cofiline s’associant à la membrane cellulaire est apparue comme étant régulée de 

façon remarquable par l’activité de la PLC et du EphA4. Finalement, la 

démonstration que la liaison de l’ephrine à son récepteur EphA cause la 

déphosphorylation et l’activation de la cofiline par la phosphatase slingshot (SSH) 

et la calcineurine a été effectuée. Ces deux phosphatases sont apparues 

essentielles pour la réorganisation des filaments d’actines et des modifications 

morphologiques des épines dendritiques induites par EphA. Cette étude contribue 

donc à la compréhension des mécanismes de signalisation complexes prenant 

place en aval des récepteurs EphA lors des modifications structurales des épines 

observées lors des phénomènes de plasticité des synapses excitatrices du système 

nerveux central. 
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1.1 Purpose of the thesis 

   In the brain, neurons communicate through complex sites of interaction called 

synapses. A typical synapse is a structure composed of three main components: 

the presynaptic bouton, the synaptic cleft, and the postsynaptic terminal. 

Neurotransmitter is released from the presynaptic bouton and crosses the synaptic 

cleft to activate neurotransmitter receptors on the postsynaptic terminal. 

Interestingly, studies have shown that the postsynaptic terminal is not a static 

structure but can show remarkable structural plasticity in the developing and adult 

central nervous system. This has opened up an exciting and active area of research 

investigating how morphological changes at synapses may be related to 

information processing and storage in the brain.  

   Much research on this topic is focused on understanding how structural 

modifications in postsynaptic compartments of synapses, known as dendritic 

spines, relate to brain plasticity. Dendritic spines are micrometer-sized structures 

attached to the main dendritic shaft that are enriched with cell surface receptors, 

signaling proteins, and cytoskeletal elements. However, exactly how these 

molecules are networked together to regulate the properties of spines remains 

unclear. Understanding how cell surface receptors on spines transduce 

extracellular signals to alter spine morphology will likely offer insights into 

mechanisms underlying brain development, learning and memory, and 

neurological disorders.  

   This dissertation investigated the role of a specific family receptors (Eph 

receptors) and their downstream signaling pathways in regulating dendritic spine 

morphology. In the Chapter 1, I will review background literature related to the 

development and plasticity of dendritic spines. In Chapter 2, I will provide an 

overview of the molecular mechanisms of spine plasticity that are related to the 

studies in Chapters 3 and 4. Chapter 5 summarizes the thesis, suggests overall 

implications of the findings, and discusses potential future directions. 
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1.2 Models of Spinogenesis 

   There are several different models on the origin of dendritic spines (Ethell & 

Pasquale 2005). The first model is that spines form from dendritic filopodia. 

Filopodia are highly dynamic structures that rapidly extend and retract from 

dendrites, especially during early stages of brain development (Dailey & Smith 

1996; Korkotian & Segal 2001). Live imaging of developing neurons in the 

hippocampus and neocortex has shown that many filopodia are replaced by 

dendritic spines, supporting the hypothesis that filopodia transform into spines 

(Dailey & Smith 1996; Maletic-Savatic et al 1999; Marrs et al 2001; Okabe et al 

2001; Trachtenberg et al 2002). A more recent study using electron microscopy in 

the adult barrel cortex has shown that newly formed filopodial-type spines lack 

synapses. However, new protrusion that persists for several days form synapses 

on existing presynaptic boutons, suggesting that spines form before actual 

synapses have been established (Knott et al 2006). A second model suggests that 

spines arise from synapses that form on dendritic shafts (Miller & Peters 1981). 

This model arose because of the observation that the majority of synapses on 

15-day-old hippocampal neurons are located on dendritic shafts (Harris et al 

1992). Consistent with this, live imaging has recorded the emergence of mature 

spines from dendritic shaft synapses in hippocampal neurons (Dailey & Smith 

1996; Marrs et al 2001). A combination of the first two models has also been 

suggested, where filopodia retract after contacting an axon. This generates a shaft 

synapses from which a dendritic spines arises (Fiala et al 1998; Marrs et al 2001). 

A final model is that spines form through an intrinsic mechanism in neurons and 

in the absence of axonal contact. Cerebellar Purkinje cells are known to form 

immature-looking spines prior to the establishment of contact with presynaptic 

parallel fibers from granule cells (Sotelo et al 1990; Takacs et al 1997). The 

models presented here are probably not mutually exclusive. Neuronal type and 

experimental context (i.e. brain region and developmental stage being analyzed) 

likely play a major role in determining the cellular events involved in dendritic 

spine formation. 
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1.3 Morphology of dendritic spines 

   More than a century ago, by using early light microscopic techniques, Ramon 

y Cajal discovered small thorn-like structures projecting from dendrites which he 

called “espinas” (Ramon y Cajal 1893). Later he described dendritic spines with 

different shapes and sizes. This discovery was confirmed by more modern-day 

studies with serial electron microscopy (SEM). Using SEM, Harris and colleagues 

have shown that dendritic spines have diverse morphologies even along the same 

dendrite, and especially across different neuron types in the brain (Bartlett & 

Banker 1984; Chicurel & Harris 1992; Harris & Stevens 1989). “Mushroom”, 

“stubby”, “thin”, and “branched” spines have been described based upon the size 

of their heads and degrees of constriction of the neck region (Harris et al 1992; 

Hayashi & Majewska 2005; Parnass et al 2000; Sorra & Harris 2000). In general, 

a “mushroom” spine is characterized by a large head that is connected to a narrow 

neck. “Thin” spines are similar to mushroom spines but have smaller heads. 

“Stubby” spines lack a constriction in the neck region. “Filopodia” are considered 

relatively long and thin spines without bulbous heads, representing a group of 

motile protrusions that may become spines or not and potentially serve as spine 

precursors. Consistent with this, filopodia-like spines are abundant in early 

development when synapses are formed (Hering & Sheng 2001; Zuo et al 2005). 

Although more rare, other types of spines including “branched” spines with two 

or more heads have also been described (Comery et al 1996). Some studies using 

in vivo repeated imaging techniques have supported the concept that spines 

initially grow as filopodia-like protrusions and progressively mature into 

mushroom-shaped spines (Knott et al 2006; Mattila & Lappalainen 2008).  

 

1.4 Intracellular components of spines 

   The special architecture of spines enables them to compartmentalize 

biochemical signals at synapses. The dendritic spine neck, in particular, is an 

important barrier for small molecules and ions (such as calcium), preventing 
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unregulated dissipation from the spine head to the dendritic shafts (Hayashi & 

Majewska 2005; Kennedy & Ehlers 2006). The ability of spines to confine signals 

is believed to help store the activation history of synapses and allow for the 

expression of synaptic plasticity (Alvarez & Sabatini 2007; Bloodgood & Sabatini 

2005; Kennedy & Ehlers 2006; Tada & Sheng 2006).  

   Inside a dendritic spine is a complex network of cytoskeleton and organelles 

(Spacek & Harris 1997). Actin serves as the primary structural scaffold of 

dendritic spines and provides a core for the assembly of many protein complexes 

at synapses. Smooth endoplasmic reticulum (SER) functions as an internal 

calcium store in some spines (Berridge 2002). More than 80% of large mushroom 

spines contain stacks of SER (Nimchinsky et al 2002; Spacek & Harris 1997), 

suggesting a function role of the SER in maintaining the function of mature 

synapses. Interestingly, less than 50% of small spines, regardless of age, contain 

SER, suggesting that other mechanisms (such as cytoplasmic buffers) regulate 

calcium fluxes within their small volumes (Spacek & Harris 1997). 

Polyribosomes have been found at the base of spines, suggesting local protein 

translation occurs near some synapses (Steward & Levy 1982). Local protein 

synthesis is believed to modify the protein composition at synapses, and 

contribute to processes such as long-term potentiation (LTP) consolidation 

(Bramham 2008). 

 

1.5 Functional implications of spine remodeling 

   Accumulating evidence suggests a strong correlation between the size of the 

spine head and synaptic strength. Ultrastructural analysis has shown that the 

surface area of the postsynaptic density (PSD), which provides a structural 

framework for localizing neurotransmitter receptors and ion channels at synapses, 

correlates well with the volume of the spine head. Furthermore, PSD size is also 

directly proportion to the amount of AMPA-type glutamate receptors at synapses 

(Harris & Stevens 1989; Lisman & Harris 1993; Schikorski & Stevens 1997; 

Takumi et al 1999). Two-photon uncaging of glutamate at individual synapses 

further demonstrates that AMPA and NMDA receptor currents correlate linearly 
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with spine head size. Thus, larger spines pass more current after synaptic 

activation (Beique et al 2006; Matsuzaki et al 2001; Noguchi et al 2005). These 

studies show a close structure-function relationship at spines.  

 

1.6 Spine remodeling 

1.6.1 Spines in activity/experience-dependent plasticity in vivo 

   Dendritic spines are highly dynamic structures. Imaging studies on green 

fluorescent protein (GFP)-labelled neurons show that spines undergo various 

changes in shape, including elongation, ‘morphing’ of the head region, retraction, 

splitting and merging with other spines over several minutes (Dunaevsky et al 

1999). The observed spine motility is highly dependent on the reorganization of 

actin content in spines as drugs that disrupt actin polymerization rapidly arrest 

spine motility (Fischer et al 1998). Interestingly, spines are highly motile during 

early development when new synapses are being formed and motility is reduced 

in mature neurons. However, a significant number of spines retain their ability to 

show dynamic changes over short time periods (Dunaevsky et al 1999; Lippman 

& Dunaevsky 2005). 

   Studies also show that dendritic spines undergo rapid and extensive changes in 

shape and number in response to environmental challenges such as sensory 

experience and learning (Bailey & Kandel 1993; Buonomano & Merzenich 1998; 

Trachtenberg et al 2002; Zuo et al 2005). Long-term repeated imaging studies 

using 2-photon microscopy in adult barrel cortex demonstrated that about 50% of 

spines of pyramidal neurons are stable, lasting over a month, whereas ~20% of 

spines undergo rapid turnover (Trachtenberg et al 2002). Other studies show that 

some dendritic spines in the cortex enlarge after the animals experience a novel 

sensation (Holtmaat et al 2006) while other spines remain stable for weeks 

(Grutzendler et al 2002; Trachtenberg et al 2002). New spines also form after 

novel experience. However, only ~3% of the newly formed spines remain over 

weeks. Since changes in spine number and shape potentially lead to modifications 
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in synaptic connectivity and strength between neurons, spines may provide a 

structural basis for memory retention throughout the life of an animal (Holtmaat 

et al 2006; Yang et al 2009).  

 

1.6.2 Alterations in dendritic spine morphology induced by LTP and LTD 

   Long-term potentiation (LTP) and long-term depression (LTD) are a long 

lasting increases and decreases in synaptic strength, respectively, and represent 

the best electrophysiological correlates of learning and memory to date (Bliss & 

Collingridge 1993; Bliss & Lomo 1973; Bourne & Harris 2007; Malenka & 

Nicoll 1999). The induction and expression of LTP or LTD require many 

molecular components including NMDARs, AMPARs, calcium-dependent kinase 

II (CAMKII), calcineurin, and protein kinase C (PKC) (Byrne 2008). Extensive 

research suggests a strong link between LTP/LTD and learning/memory (Byrne 

2008). For example, blocking LTP induction with NMDAR antagonists impairs 

spatial learning (Davis et al 1992). Knock-out mice of various protein kinases that 

cause LTP deficits also block spatial memory (Abeliovich et al 1993; Frankland et 

al 2004; Grant & Silva 1994; Kang et al 2001; Silva et al 1992a; Silva et al 

1992b). Also, forebrain specific calcineurin transgenic mice that have deficit in 

LTD and LTP have impairments in working, spatial memory (Li et al 2006; 

Malleret et al 2001; Zeng et al 2001). LTD in the cerebellum is also believed to 

contribute to motor learning since several lines of knock-out mice, including 

mGluR1 (metabotrophic GluR1) knock-out mice, have impairments in parallel 

fiber LTD and motor learning (Aiba et al 1994; Chen & Tonegawa 1997; 

Whitlock et al 2006).  

   Recent studies suggest that dendritic spines modify their size during LTP and 

LTD. Glutamate uncaging studies reveal that high frequency stimulation of 

synapses (which is known to induce LTP) results in spine enlargement (Matsuzaki 

et al 2004). This spine enlargement is associated with an increased in AMPA 

receptor-mediated currents and is NMDA receptor-dependent (Matsuzaki et al 

2004). Other studies using quanta-like release of glutamate induce a transient 
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increase in the size of large spines and a persistent enlargement of small spines. 

This suggests that small spines may be ‘learning spines’, whereas large spines 

represent ‘memory spines’ and contain physical traces of long-term memory 

(Alvarez & Sabatini 2007; Kasai et al 2003; Matsuzaki et al 2004). In contrast, 

induction of LTD has been shown to cause spine retraction (Nagerl et al 2004; 

Okamoto et al 2004). Remarkably, the reduction in spine size can be reversed by 

subsequent high frequency stimulation (Zhou et al 2004). These studies provide a 

link between physiological function and spine morphology.  

   It needs to be mentioned that some studies have failed to link LTP/LTD with 

changes in spine size. Bagal et al. reported that LTP induction by glutamate 

uncaging is not accompanied by spine expansion (Bagal et al 2005). Another 

study examining parallel fiber-Purkinje cell synapses in the cerebellum showed 

that LTD is not associated with spine shrinkage or elimination (Sdrulla & Linden 

2007). The discrepancies between these studies and those described above may be 

related to different experimental set-ups and procedures. Complicating this issue 

is the possibility that LTP/LTD-associated changes in synapse morphology might 

not occur at all spines. 

 

1.7 Spine morphology and diseases 

   Many studies suggest that disrupted spine size and shape lead to abnormal 

properties of excitatory synapses (Fiala et al 2002). Indeed, a number of 

neurological diseases are associated with substantial alterations in either spine 

morphology or density, including Down’s and Fragile-X syndromes, 

schizophrenia, Parkinson’s disease, autism, and Alzheimer’s disease (Blanpied & 

Ehlers 2004; Irwin et al 2000; Kaufmann & Moser 2000; Sawa & Snyder 2002; 

van Spronsen & Hoogenraad 2010). Patients with Fragile X syndrome have an 

abundance of abnormally long, thin, and immature filopodia-like spines (Pfeiffer 

& Huber 2009). Interestingly, spine loss is also found to accompany many 

psychiatric diseases including schizophrenia (Fiala et al 2002) and addiction 

(Robinson & Kolb 1999). Thus abnormal spine structure is highly correlated with 

diseases where patients experience impaired cognitive function. However, it 
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remains to be determined if spine alterations directly cause abnormal cognitive 

function or are a consequence of diseases.  
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Chapter 2  Signaling pathways that regulate dendritic 

spine morphogenesis 
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2.1 Actin cytoskeleton in spines 

   Spines are highly actin-rich structures that are almost devoid of microtubules 

and intermediate filaments (Matus 2000; Peters et al 1991). EM analysis has 

shown that actin filaments are organized into a meshwork in the dendritic spine 

head, whereas they are found in longitudinal bundles within the spine neck 

(Fifkova & Delay 1982; Hirokawa 1989). The F-actin meshwork in the spine head, 

composed of highly branched actin filaments, supports the structure of the spine 

head and helps organize molecules within spines (Cingolani & Goda 2008; Matus 

2000; Matus et al 2000). Some actin filaments in the spine head are attached to 

the PSD, while others some run parallel to the PSD (Fifkova & Delay 1982). 

Ultrastructural analysis of dissociated hippocampal neurons extracted with 

detergent to reveal cytoskeletal components show that actin filament bundles in 

the spine neck or filopodia are not homogenous but contain branched filaments 

and linear filaments of variable lengths (Korobova & Svitkina 2010). In the spine 

base, actin filaments converge from a broad area in the dendrite toward the neck 

in a delta-shaped organization (Korobova & Svitkina 2010). Unlike traditional 

filopodial protrusions from the cell membrane which contain F-actin bundles 

connected by actin crosslinkers, filopodia spines contain branched actin filaments 

and loosely bundled actin filaments with various length (Korobova & Svitkina 

2010). Thus, actin filaments serve as the primary cytoskeletal scaffold of spines. 

 

2.1.1 Actin dynamics in the spine 

The actin in spines consists of only β and γ cytoplasmic isoforms (Kaech et al 

1997). It exists in two states: monomeric actin (globular, G-actin) or polymerized 

helical filaments (F-actin). Under steady-state conditions and with a given G-actin 

concentration, G-actin monomers are added to the barbed ends (plus ends) of actin 

filaments and dissociated from pointed ends (minus ends). This creates a net flow 

of newly acquired G-actin through the filament, referred to as actin treadmilling, 

and results in the turnover of actin filaments while preserving the overall filament 
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length (Sekino et al 2007; Star et al 2002). Time-lapse imaging of GFP-tagged 

actin in hippocampal neurons shows that the actin in spines undergoes rapid 

remodeling over a time scale of minutes (Fischer et al 1998). Indeed, a study 

using FRAP (fluorescence recovery after photobleaching) analysis shows that the 

majority of actin subunits in dendritic spines are in a constant state of dynamic 

equilibrium, cycling between filamentous (F)-actin and globular (G)-actin (Star et 

al 2002).  

   More recent work using two-photon microscopy combined with 

photo-activatable GFP-labelled β-actin suggests that there are two pools of F-actin 

inside spines. A dynamic pool exists at the spine tip with a turnover time of about 

40 seconds, and a more stable pool at the base of the spine head with turnover 

time of approximately 17 minutes (Honkura et al 2008). The dynamic pool of 

F-actin located at the spine tip undergoes rapid treadmilling behavior in order to 

generate an expansive force that supports changes in spine shape. The size of the 

stable pool of F-actin at spine head base, on the other hand, correlates with spine 

head volume.  

   In the neck of mushroom-shaped spines, F-actin forms axial bundles having 

unique polarity with their barbed growing ends towards the spine head. This 

suggests that spines grow at their tip (Rao & Craig 2000). A more recent study 

using GFP-labelled actin showed that the addition of actin monomers to the 

barbed end of F-actin also occurs at the base of filopodia-like spines, suggesting 

F-actin bundles in the spine neck have mixed polarity with a smaller fraction of 

actin filaments with barbed end facing away from the spine tip (Hotulainen et al 

2009; Korobova & Svitkina 2010). However, a smaller percentage of mature 

mushroom spines are believed to have G-actin added to F-actin at the base of 

spines. Interestingly, in the spine head, F-actin may not be uniformly spread 

throughout the entire spine head but may be restricted to localized regions near 

the spine head surface (Hotulainen et al 2009). These results suggest that actin 

organization and dynamics are highly regulated in the dendritic spines.  
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2.1.2 Actin remodeling in spines and neural plasticity 

   Increasing evidence suggests that long-term synaptic plasticity is associated 

with a rapid and persistent reorganization of the actin cytoskeleton in spines. 

Electrical stimulation used to induce LTP/LTD has been shown to change 

reorganization of the actin cytoskeleton and induce changes in spine anatomy. 

Consistent with this, studies have reported that LTP-inducing stimuli in the 

hippocampus increase the F-actin content in spines (Fukazawa et al 2003; Lin et 

al 2005). Synaptic activation through local glutamate uncaging also induces a 

rapid shift in the actin subunit equilibrium from G-actin toward F-actin in spines. 

This occurs in parallel with spine enlargement (Okamoto et al 2004). Interestingly, 

studies using inhibitors of actin polymerization show that LTP relies on actin and 

its dynamic reorganization. LTP fails to stabilize upon application of latrunculin 

A, a drug that blocks the incorporation of G-actin into polymerizing actin 

filaments (Kim & Lisman 1999). Induction of LTD is also associated with spine 

shrinkage (Nagerl et al 2004; Zhou et al 2004) and loss (Bastrikova et al 2008; 

Monfils & Teskey 2004). The activity of cofilin, an actin 

severing/depolymerisation protein, is involved in the spine shrinkage associated 

with LTD (Zhou et al 2004).  

 

2.2 Actin filament regulatory proteins 

   There are a variety of actin-binding proteins expressed by neurons that can 

directly regulate the structure and organization of the actin cytoskeletal network 

and hence may contribute to the structural plasticity of spines. Actin-binding 

proteins modify actin structures in different ways including promoting actin 

filament bundle formation by crosslinking actin filaments (such as alpha-actinin, 

drebrin, spinophilin, epsin, synaptopodin); inducing nucleation and branching 

(such as Arp2/3, profilin II, cortactin, neurabin, Abp1) and promoting actin 

depolymerisation (such as cofilin, gelsolin, profilin I) (Ethell & Pasquale 2005). 

The functions of several of theses actin-binding proteins in regulating dendritic 

spine morphology have been recently revealed. For example, over-expression of 
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alpha-actinin increases the length of dendritic spines and the number of 

filopodia-like spines (Nakagawa et al 2004). Expression of Arp2/3, which 

promotes F-actin nucleation and branching, induces spine head expansion (Racz 

& Weinberg 2008). Cortactin also functions to stabilize F-actin and promotes 

F-actin branching (Hering & Sheng 2003). Over-expression of cortactin induces 

spine elongation, whereas knock-down of cortactin protein using RNAi leads to 

spines loss (Hering & Sheng 2003). Thus, actin-regulatory proteins serve many 

roles in modulating spine structure. 

 

2.2.1 Cofilin and dendritic spines 

   Among actin regulator proteins, cofilin/ADF (actin depolymerization factor) 

family members are enriched in spines (Chen et al 2007; Racz & Weinberg 2006). 

These proteins mediate rapid turnover of actin filaments in different ways. They 

can directly depolymerize actin filaments by promoting actin monomer 

dissociation from the pointed ends and also sever F-actin to promote actin 

filament disassembly or provide more barbed ends. The ADF/cofilin family 

proteins have three forms in mammals: ADF (also known as destrin), cofilin-1 

(the major form in non-muscle tissue) and cofilin-2 (the major form in muscle). 

ADF and cofilin-1 have similar activities in actin regulation (Bernstein & 

Bamburg 2010). The activity of cofilin is negatively regulated by phosphorylation 

at N-terminal serine-3 in the N-terminus of the protein (Agnew et al 1995; Aizawa 

et al 2001) by LIM-kinases (Nunoue et al 1995) or testicular protein kinases 

(TESKs) (Toshima et al 2001). ADF is also negatively regulated by LIMKs 

(Bernstein & Bamburg 2010). Dephosphorylation of cofilin by Slingshot (SSH) 

family proteins (Niwa et al 2002) or Chronophin phosphatase (CIN) (Gohla & 

Bokoch 2002) reactivates cofilin. Cofilin plays key roles in various cellular 

activities, including in cell division, motility and the formation and maintenance 

of specialized actin-rich structures (Arber et al 1998; Sidani et al 2007). For 

example, cofilin is important for maintaining and extending lamellipodial 

protrusions at the leading edge of migrating cells (Bailly & Jones 2003; Dawe et 
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al 2003). Complete knock-out of the cofilin-1 gene in mice is embryonic lethal 

suggesting it plays a critical role in many tissues (Bernstein & Bamburg 2010). 

   Cofilin is implicated in regulating the development and morphological 

plasticity of spines (Fedulov et al 2007; Hotulainen et al 2009; Shi et al 2009; 

Zhou et al 2004). Indeed, direct manipulation of cofilin function perturbs 

spinogenesis and the maintenance of spines (Hotulainen et al 2009; Shi et al 2009). 

Reduction of endogenous cofilin expression in dissociated neurons by RNAi 

results in spines with aberrantly long necks or neurons with abnormal 

filopodia-like protrusions (Hotulainen et al 2009). These neurons also have a 

modest reduction in the frequency of miniture excitatory postsynaptic currents 

(mEPSCs), suggesting a slight decrease in the number of active excitatory 

synapses (Hotulainen et al 2009). In these spines, the F-actin turnover rate is 

decreased threefold. Interestingly, over-expression of wild-type cofilin does not 

affect spine head sizes suggesting that signaling mechanisms exist in spines to 

suppress cofilin activity. Expressing a non-phosphorylated form (constitutively 

active form) of cofilin (S3A; serine-3 mutated to alanine) in mature neurons does 

result in longer, immature-looking spines (Shi et al 2009). Furthermore, 

over-expression of phosphomimetic form (an inactive form) of cofilin (S3D; 

serine-3 mutated to aspartic acid to mimic phosphorylation) causes a decrease in 

spine length, shifting the spine head-to-length ratio toward a more mature spine 

phenotype. The ability of cofilin S3D to alter the spine head size suggests that it 

may be acting in a dominant-negative fashion by competing with endogenous 

regulators of cofilin (Shi et al 2009). These studies suggest that cofilin activity is 

important in maintaining proper spine morphology.  

   Cofilin phosphorylation/dephosphorylation are believed to be involved in 

spine expansion/shrinkage in response to LTP/LTD induction, respectively. 

Studies suggest that LTP induction in the dentate gyrus of the hippocampus 

increases cofilin phosphorylation in dendritic spines while blocking 

phosphorylation of cofilin impairs LTP (Fukazawa et al 2003). More detailed 

studies show that induction of LTP by theta-burst stimulation (TBS) increases the 

levels of phospho-PAK (a Rac effector) and phospho-cofilin and this has been  
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implicated in spine enlargement (Chen et al 2007). Interestingly, rats subjected to 

learning paradigms have a higher percentage of spines containing 

phospohorylated cofilin in hippocampal pyramidal neurons (Fedulov et al 2007) 

and the phospho-cofilin-positive spines are associated with larger synapses 

(Fedulov et al 2007). In contrast, blocking the dephosphorylation of cofilin by 

infusing a synthetic peptide into neurons with a patch electrode, which mimics the 

substrate region of either cofilin or phosphorylated cofilin abolishes the spine 

shrinkage induced by low frequency stimulation (Zhou et al 2004).  

   Cofilin can be also be regulated by other mechanisms including the binding to 

phosphoinositides. In particular, cofilin has been shown to bind to the 

phosphoinositides PIP2 (phosphatidylinositol 4,5-bisphosphate) (Bamburg 1999). 

Cofilin has multiple binding sites for direct binding to PIP2, which are also 

binding sites for F-actin (Yonezawa et al 1991a; Yonezawa et al 1990). Binding 

to PIP2 inhibits the ability of cofilin to bind to F-actin and cofilin-PIP2 interactions 

modulate cofilin activity by tethering non-phosphorylated cofilin to the cell 

membrane (DesMarais et al 2005; Nagaoka et al 1996; Nagaoka et al 1995).  

 

2.2.2 Enzymes that inhibit cofilin function (LIM and Tes Kinases)  

   Proteins of the LIM-kinase family (LIM is an acronym for three 

homeodomain-containing proteins, Lin-11, Isl-1, and Mec-3) include LIM-kinase 

1 (LK1) and LIM-Kinase 2 (LK2) (Mizuno et al 1994; Okano et al 1995) and are 

known to regulate cofilin activity. LIM kinases are composed of two N-terminal 

LIM domains, an internal PDZ domain, and a C-terminal serine-theronine kinase 

domain. There are several splice variants of LK1 and LK2 that vary in size and 

domain composition (Ikebe et al 1997). To date, the only substrate identified for 

LKs is cofilin (Yang et al 1998). LK1 and LK2 inactive cofilin by 

phosphorylation at Ser-3 (Arber et al 1998; Sumi et al 2001; Sumi et al 1999), and 

hence serve as upstream regulators of cofilin function. Interestingly, LK1 and 

LK2 are downstream of pathways associated with the Rho-family of small 

GTPases. It has been suggested that LK1 can be activated by PAK, an effector of 
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the small GTPases Rac, whereas LK2 acts downstream of Rho and Cdc42, but not 

Rac (Sumi et al 1999). Furthermore, LK2 can be phosphorylated and activated by 

the RhoA effector Rho-associated kinase, ROCK (Sumi et al 2001).  

   In situ hybridization for LK1 and LK2 has shown that both proteins are 

expressed in the brain during development. LK1 mRNA is particularly enriched in 

the brain as opposed to other tissues in the rodent (Mori et al 1997). LK2 mRNA, 

in contrast, is more ubiquitous than LK1 and found throughout many tissues 

during development. LK2 is highly expressed in the hippocampus at postnatal day 

7 and only weakly detected in the adult rat brain.  

   Interestingly, LK1 knock-out mice have reductions in cofilin phosphorylation 

levels and abnormal dendritic spine morphology. The spine head sizes are reduced 

and spine necks are thicker (Meng et al 2002). Physiological recordings in LK1 

knock-out mice have shown that the basal synaptic transmission is normal, 

however, the knock-out mice have elevated LTP when compared to control mice. 

At the behavioural level, LK1 knockout mice have impaired fear conditioning 

responses and disrupted spatial learning. Remarkably, a mutation in LK1 is 

associated with Williams syndrome, a neurodevelopmental disorder characterized 

by mental retardation and visuospatial cognitive defects (Frangiskakis et al 1996; 

Meng et al 2002). LK2 knockout mice, in contrast, show normal cofilin 

phosphorylation levels (Meng et al 2004). The normal levels of cofilin 

phosphorylation in the LK2 knock-out mice are believed to be explained by 

compensating effects of LK1. Indeed, LK1 and LK2 double knockout mice have 

more severely reduced endogenous cofilin phosphorylation levels when compared 

with LK1 knockout mice (Meng et al 2004). To date, spine morphology in LK2 

knock-out mice has not been studied. However, LK1/LK2 double knock-out mice 

show altered basal synaptic transmission and LTP, further suggesting the critical 

role of both LKs in synaptic regulation (Meng et al 2004). All of these results 

suggest that LK1 and LK2 are critical players in regulating synaptic plasticity, 

possibly through the remodeling of the actin cytoskeleton in dendritic spines. 

 



 20

2.2.3 Enzymes that enhance cofilin activity (Slingshot and Chronophin) 

   To maintain normal levels of cofilin-mediated actin turnover, cofilin needs to 

be re-activated by dephosphorylation. Slingshot phosphatase composes one major 

family of phosphatases that serve this role. Slingshot phosphatases were first 

identified and characterized in Drosophila. Slingshot mutant flies show a bristle 

and hair bifurcation phenotype (Niwa et al 2002). Loss of the ssh gene also causes 

a prominent elevation in phospho-cofilin and F-actin levels. In mammals, three 

genes encode SSH proteins (SSH-1, -2 and -3). In human, each SSH protein has a 

long (L) and short (S) isoforms by alternative splicing, whereas in mouse, each 

SSH has only one isoform whose structure is similar to the long form of SSH in 

humans (Ohta et al 2003). In situ hybridization analysis indicates that all three 

SSH genes are highly expressed in the hippocampus, cerebellum, and olfactory 

bulb of the adult mouse brain (Ohta et al 2003). Knock-outs for SSH1 and SSH2 

have not been reported. However, SSH3 knock-out mice develop normally, 

suggesting a possible compensatory mechanisms between different SSH members 

(Kousaka et al 2008). 

   All mouse SSH family members contain N-terminal A and B domains and a 

protein phosphatase domain (P domain) and C-terminal serine-rich domain (S 

domain)(Ohta et al 2003). The signature motif (H/V)CX5(S/T) in the active-site 

in the P domain is conserved across protein tyrosine phosphatases (PTPs) in 

general. The A domain of SSH protein is required for F-actin-induced 

enhancement of phosphatase activity while the B and P domains are essential for 

phospho-cofilin substrate recognition and cofilin-phosphatase activity of SSH1 

(Kurita et al 2008). A phosphatase-inactive CS mutant of SSH1, in which the 

catalytic Cys residue is replaced by Ser, forms a stable enzyme-substrate complex 

with phospho-cofilin, and functions as a dominant-negative protein (Kurita et al 

2008). SSH activity is strongly increased by its binding to F-actin (Eiseler et al 

2009; Kurita et al 2008) suggesting an important requirement for F-actin for SSH 

to dephosphorylate cofilin.  

   Slingshot activity itself is regulated by several mechanisms including 

phosphorylation/dephosphorylation. Pulldown experiments show that 



 21

phosphorylation of SSH1 by PAK4 at serine 978 and serine 937 on the 

C-terminus decreases its phosphatase activity (Soosairajah et al 2005), and 

increases the binding of the regulatory protein 14-3-3 to the phosphorylation 

sites (Nagata-Ohashi et al 2004). Protein kinase D (PKD1), a serine/threonine 

kinase known to regulate cell motility, phosphorylates SSH on serine 978 

downstream of RhoA activation (Eiseler et al 2009). This phosphorylation on 

SSH dissociates it from actin filaments and allows the binding to 14-3-3 

regulatory proteins. This causes SSH to be sequestered away from actin filaments 

and active cofilin at the leading edge of a cell. Phosphatidylinositol 3-kinase 

(PI3K) has also been shown to inhibit SSH activation and cofilin 

dephosphorylation downstream of insulin signaling (Nagata-Ohashi et al 2004), 

although it remains unclear if PI3K directly phosphorylates SSH proteins.  

   SSH1 can be reactivated by calcineurin (PP2B)-mediated dephosphorylation 

in cell-free assays and HeLa cells, suggesting that Ca2+ signals activate SSH1 and 

result in cofilin dephosphorylation. The cofilin dephosphorylation can be blocked 

by calcineurin inhibitors, expression of dominant negative calcineurin, or 

transfection of SSH1 siRNA (Wang et al 2005). Interestingly, activation of 

dopamine D4 receptors in GABAergic interneurons in prefrontal cortex causes 

activation of SSH1 through calcineurin activation. This leads to cofilin activation 

and actin depolymerization. The disruption of actin filaments interferes with 

myosin-dependent GluR1 transport and decrease AMPAR current in these 

neurons (Yuen & Yan 2009). 

   Besides slingshot, chronophin (CIN) has also been shown to be a phosphatase 

for cofilin (Gohla et al 2005). CIN is a member of the haloacid dehalogenase 

(HAD) family of phosphatases, whose involvement in mammalian signal 

transduction pathways is poorly understood. CIN over-expression decreases basal 

cofilin phosphorylation levels in HeLa cells, whereas catalytically-inactive CIN or 

CIN depletion by siRNA causes enhanced phospho-cofilin levels.  
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2.3 Eph receptors  

   Dendritic spines contain a variety of cell surface receptors that influence spine 

properties in response to external signals (Sheng & Hoogenraad 2007; Tada & 

Sheng 2006). Cell surface receptors regulate spines by modulating cell adhesion 

and promoting differential signaling events that ultimately control actin dynamics. 

Some of the cell surface molecules are located at the synaptic cleft and are critical 

for trans-synaptic signaling process that regulates the development and 

maintenance of spines. Receptors such as neurexins/neuroligins, the 

Ig-superfamily protein SynCAM, extracellular leucine-rich repeats (LRRs) 

containing proteins, and cadherins are known to stabilize points of axon–dendrite 

contact and induce bi-directional signals that promote pre- and post-synaptic 

development (Biederer & Stagi 2008; Sheng & Hoogenraad 2007). Many of these 

adhesion molecules contain PDZ-binding motifs at the intracellular portion, which 

interacts directly with synaptic scaffolding proteins such as PSD-95, and allows 

them to facilitate the recruitment of synaptic proteins during development.  

   In addition to these adhesion-type of molecules, Eph receptors and their 

ephrin ligands have been shown to play important roles in spine morphogenesis 

and maintenance as well as modulating synaptic plasticity (Klein 2009; Pasquale 

2008). Ephs/ephrins were originally identified as molecular cues involved in axon 

guidance and topographic map formation in the visual system (McLaughlin & 

O'Leary 2005; Scicolone et al 2009). Eph receptors typically serve as repulsive 

cues in growth cone guidance and are important in establishing patterns of 

connectivity in several regions of the central nervous system (Flanagan & 

Vanderhaeghen 1998). However, more recent studies show that Eph receptors can 

both promote and inhibit neurite growth, depending on the level of receptor 

activation along ephrin gradients (Hansen et al 2004). 

 

2.3.1 The structure of Eph receptors and ephrin ligands 

   In mammals, Eph receptors comprise a large family of receptor tyrosine 

kinases (RTKs), including both EphA (EphA1 to A8, and EphA10) and EphB 
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(EphB1 to B4 and EphB6) receptors based on sequence homology and preference 

for ephrin ligands (Klein 2004). Although promiscuity exists, EphA class 

receptors typically bind to A-type ephrins (ephrin-A1 to A5), which are bound to 

the cell membrane through a GPI (glycosyl phosphatidylinositol) anchor. EphB 

receptors preferentially bind to B-type ephrins (ephrinB1 to B3), which are 

transmembrane proteins that have cytoplasmic domains. Both A- and B- type 

ephrin ligands are localized in lipid raft microdomains and shown to transduce 

their own “reverse” signals in cells (Kullander & Klein 2002). Eph receptors are 

composed of an extracellular ligand-binding domain, two fibronectin-like type III 

repeats, a conserved cytoplasmic juxtamembrane region, tyrosine kinase domain, 

sterile alpha motif (SAM) domain and a C-terminal PDZ domain binding motif 

(found in most Eph receptors). In the absence of ligands, the tyrosine kinase 

domain of the Eph receptor is stabilized and inhibited by the juxtamembrane 

region in the absence of ephrin binding. Ligand-receptor interactions induce 

receptor multimerization and phosphorylation of conserved tyrosines in the 

juxtamembrane region. This allows the receptor to undergo a conformation 

change that promotes its autophosphorylation ability (Binns et al 2000) and allows 

for the recruitment of SH2-domain containing proteins through various 

phosphorylated tyrosine residues in the C-terminus (Wybenga-Groot et al 2001) 

and promotes its ability to phosphorylate other proteins (Bourgin et al 2007; Fu et 

al 2007).  

 

2.3.2 Eph receptors and dendritic spines  

   In the hippocampus, several Eph receptors localize to dendrites and spines. 

Recent studies point to a critical role of Eph receptors in regulating dendritic spine 

morphology. EphB2, by phosphorylating the proteoglycan syndecan-2, promotes 

spine morphogenesis in cultured hippocampal neurons (Ethell et al 2001). EphB2 

and ephrinB signaling also induces phosphorylation of the Rho-GEF, Kalirin, and 

causes its recruitment to the PSD. This, in turn, enhances local activation of Rac 

and PAK and the Rac1 guanine exchange factor (GEF) Tiam1, and leads to 
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rearrangement of the actin cytoskeleton and spine morphogenesis (Penzes et al 

2003; Tolias et al 2007). Interestingly, activated EphB2 receptors interact with 

and help to cluster NMDA receptors (NMDARs) at synapses and lead to synaptic 

specializations in cultured neurons, suggesting that EphB2 could be important for 

synapse formation in early development (Dalva et al 2000). Moreover, EphB2 

activation by ephrinB2-Fc increased NMDAR-dependent calcium influx in 

primary cortical neurons through Fyn, a Src family tyrosine kinase (Dalva et al 

2000; Takasu et al 2002). Other than EphB2, EphB1 and EphB3 may also play 

roles in spines. There appears to be some redundant function for EphB receptors 

at dendritic spines as generation of double and triple knock-outs of EphB1, EphB2 

and EphB3 are required to detect decreases in spine density and alterations of 

spine morphology in the brain. Interestingly, filamentous actin (F-actin) is 

accumulated in dendritic shafts rather than in spines in the triple knock-out 

mutants, suggesting that EphB receptors may influence the targeting of actin to 

spines (Henkemeyer et al 2003a).  

 

2.3.3 EphA4 and downstream signals that control spine morphology 

   To date, the only A class Eph receptor found to play a critical role in 

modulating spine morphology is EphA4. EphA4 is highly expressed in the 

developing and adult mouse hippocampus (Murai et al 2003a). One of its ligands, 

ephrinA3, is concentrated to the tips of astrocytic processes which surrounding 

synapses. Activation of EphA4 in hippocampal slices by ephrin-A3-Fc leads to 

spine retraction and loss in hippocampal slices (Murai et al 2003a). However, 

treating hippocampal slices with EphA4 Fc, which inhibits the interaction 

between endogenous EphA4 and ephrins results in irregular and disorganized 

spines, suggesting that EphA receptor signaling is important for maintaining spine 

morphology and organization (Murai et al 2003a). Consistent with this, EphA4 

knock-out mice have abnormal spines that are elongated and distorted in shape 

(Murai et al 2003a) and ephrin-A3 knock-out mice also have disorganized spines 
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with significantly longer necks. This results in an increased number in 

mushroom-shaped spines and a loss of stubby spines (Carmona et al 2009). A 

transgenic mouse line that over-expresses ephrin-A3 in astrocytes from the GFAP 

promoter also shows a significant loss of spines (Filosa et al 2009). 

   EphA4 likely signals through several proteins to alter spine morphology. It is 

known to interact with Cdk5, a proline-directed serine and threonine kinase, that 

is highly expressed in postsynaptic densities and activates p35 in a 

ephrin-dependent manner (Fu & Ip 2007). Ephrin-A1 stimulation (the ephrin 

ligand with the highest affinity to EphA4) (Flanagan & Vanderhaeghen 1998), 

leads to activation of Cdk5 and causes a decrease in spine density in hippocampal 

slices (Fu et al 2007). Cdk5 knockdown blocks the ephrin-A1-induced dendritic 

spine retraction in dissociated hippocampal neurons, suggesting that Cdk5 

mediates the ephrinA-induced effects. Further biochemical studies show that upon 

EphA4 activation, activated Cdk5 helps Src tyrosine kinase to phosphorylate and 

activate ephexin1, a Rho GTPase exchange factor. Ephexin-1 activates RhoA and 

regulates actin reorganization in spines. EphA4 activation also regulates dendritic 

spine remodeling through inhibiting 1 integrin signaling pathways that stabilize 

dendritic spines (Bourgin et al 2007).   

 

2.4 PLCγ1  

Downstream of receptor tyrosine kinases (RTK) is an array of signaling 

proteins. Among these are proteins of the phospholipase C family (Patterson et al 

2005). Phospholipase C (PLC) is known to be important for phosphoinositide 

metabolism, cell morphology, and synaptic function (Rebecchi & Pentyala 2000). 

PLC hydrolyzes phosphatidylinositol 4,5-bisphosphate (PIP2) to generate inositol 

1,4,5-triphosphate (IP3) and 1,2-diacylglycerol (DAG). Mammalian PLCs contain 

12 different isoforms, including β (β1–β4), γ (γ1 and γ2), δ (δ1–δ4), and ε and ζ 

(Poulin et al 2005). PLCγ1 is a multi-domain signaling protein, containing two 

tandem Src Homology 2 (SH2) domains, a SH3 domain, a split pleckstrin 

homology (PH) domain, and a split catalytic lipase domain (Rebecchi & Pentyala 
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2000). It has been suggested that activation of PLCγ1 by RTKs leads to an 

association of PLCγ1 protein with the activated receptor, which then 

phosphorylates PLCγ1 (Rebecchi & Pentyala 2000). The RTK then 

phosphorylates PLCγ1 on 3 tyrosine residues, Y771, Y783, and Y1253. 

Phosphorylation on Y783, in particular, has been shown to correlate with the level 

of activated PLCγ1 protein (Kim et al 1991; Poulin et al 2005).  

Previous electrophysiological studies have shown that postsynaptic inhibition 

of PLC prevents induction of NMDAR-dependent LTD in hippocampus 

(Reyes-Harde & Stanton 1998). Recent studies demonstrate that stimulation of 

NMDAR leads to activation of PLC and a rapid decrease in PIP2 levels in 

hippocampal neurons (Horne & Dell'Acqua 2007). Inhibition of PLC activation 

prevents decreased postsynaptic scaffold proteins localization to dendritic spines, 

decreased AMPAR surface expression, and decreased spine F-actin content 

during chemical LTD (Horne & Dell'Acqua 2007). Other studies show that 

hippocampal LTP is supported by TrkB-mediated PLCγ signaling (Gartner et al 

2006). Blocking PLCγ produces a significant reduction in LTP that is comparable 

with the effects seen in TrkB or BDNF knock-out mice. These results together 

suggest important roles of PLC in synaptic plasticity.  
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Chapter 3 EphA4 signaling regulates phospholipase Cγ1 
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Abstract 

   Specialized postsynaptic structures known as dendritic spines are the primary 

sites of glutamatergic innervation at synapses of the central nervous system. 

Recent studies have shown that spines rapidly remodel their actin cytoskeleton to 

modify their shape and this has been associated with changes in synaptic 

physiology. However, the receptors and signaling intermediates that restructure 

the actin network in spines are only beginning to be identified. We recently 

reported that the EphA4 receptor tyrosine kinase regulates spine morphology. 

However, the signaling pathways downstream of EphA4 that induce spine 

retraction upon ephrin ligand binding remain poorly understood. Here, we 

demonstrate that ephrin stimulation of EphA4 leads to the recruitment and 

activation of phospholipase C γ1 (PLCγ1) in heterologous cells and in 

hippocampal slices. This interaction occurs through an SH2-domain of PLCγ1 and 

requires the EphA4 juxtamembrane tyrosines. In the brain, PLCγ1 is found in 

multiple compartments of synaptosomes, and is readily found in postsynaptic 

density fractions. Consistent with this, PLC activity is required for the 

maintenance of spine morphology and ephrin-induced spine retraction. 

Remarkably, EphA4 and PLC activity modulates the association of the actin 

depolymerizing/severing factor, cofilin, with the plasma membrane. Since cofilin 

has previously been implicated in the structural plasticity of spines, this signaling 

may enable cofilin to depolymerize actin filaments and restructure spines at sites 

of ephrin-EphA4 contact.
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Introduction 

   Dendritic spines are specialized protrusions from the dendritic shaft where 

excitatory synapses are formed in the brain. The stereotypic spine has an enlarged 

head that is connected to the dendritic shaft by a constricted neck. This 

morphology creates a biochemical compartment that accommodates the 

postsynaptic density (PSD), a dense region of ion channels and receptors that are 

complexed with scaffolding and other signaling proteins (Kim & Sheng 2004). 

Remarkably, spines change their morphology within minutes (Dailey & Smith 

1996; Dunaevsky et al 1999; Fischer et al 1998) and this may adjust the 

physiology of synapses during processes such as learning and memory formation 

(Segal 2005). Recent studies indicate that this structural plasticity relies on the 

dynamics of actin filaments, which are concentrated in spines and serve as their 

primary structural scaffold (Matus 2000). 

 Among molecules that may control actin rearrangements in spines are 

proteins of the cofilin/ADF (actin depolymerization factor) family (Bamburg 1999; 

Racz & Weinberg 2006). Cofilin/ADF proteins bind, depolymerize, and sever 

actin filaments (Bamburg 1999). Cofilin activity is negatively regulated by 

kinases (Lim Kinase 1/2 and Tes kinase) (Arber et al 1998) and positively 

regulated by phosphatases (slingshot and chronophin) through phospho-cycling 

on a serine residue (Huang et al 2006). Cofilin is also modulated by 

phosphoinositides, especially PIP2 (phosphatidylinositol 4,5-bisphosphate). 

Cofilin has multiple binding sites for PIP2 (Yonezawa et al 1991a; Yonezawa et al 

1990) and cofilin-PIP2 interactions tether cofilin to the cell membrane (DesMarais 

et al 2005; Nagaoka et al 1996) and modulate cofilin activity (Nagaoka et al 1995). 

The cofilin-PIP2 interaction also inhibits the enzyme PLCγ1 from cleaving PIP2 

when PLCγ1 is not tyrosine phosphorylated (Yonezawa et al 1991a). PLCγ1 is 

activated by receptor tyrosine kinases (RTKs), enabling it to hydrolyze PIP2 into 

IP3 and DAG (Rebecchi & Pentyala 2000). Cofilin and PLCγ1 are important 

regulators of cell morphology and implicated in synaptic plasticity (Meng et al 

2002; Micheva et al 2001; Reyes-Harde & Stanton 1998; Zhou et al 2004). 
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However, the receptors that control these proteins at synapses remain to be fully 

described. 

 Several classes of RTKs may regulate PLCγ1 and cofilin including those of 

the Eph family. Eph receptors are divided into EphA and EphB subtypes 

(Kullander & Klein 2002). In general, EphA receptors bind GPI-anchored 

ephrin-As, whereas EphB receptors respond to transmembrane ephrin-Bs. Eph 

receptors are important for spine morphogenesis and maintenance in vitro and in 

vivo (Ethell & Pasquale 2005). Several signaling mechanisms have been 

elucidated for EphB receptors in spines, however, those downstream of EphA 

receptors remain to be described. 

 Here, we identify an EphA4 signaling pathway that regulates spine 

morphology. We show that EphA4 triggers PLCγ1 activation through an 

SH2-domain interaction with the juxtamembrane tyrosines of EphA4. PLC 

signaling is necessary for maintaining spine morphology and for ephrin-induced 

spine retraction. Remarkably, EphA4 and PLC signaling alters the membrane 

association of cofilin. We propose that EphA4 promotes PLCγ1 signaling to allow 

cofilin translocation away from the cell membrane, enabling it to depolymerize 

actin filaments in spines at sites of ephrin-A/EphA4 contact. 
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Materials and Methods 

 

DNA constructs 

Full-length mouse PLCγ1 was cloned from an EST vector (IMAGE Clone 

ID# 6854923; Open Biosystems, Huntsville, AL) through polymerase chain 

reaction and ligated in-frame into pcDNA3 with a V5 epitope tag (Invitrogen, 

Carlsbad, CA). The lipase-inactive PLCγ1 mutant (H335Q) (Huang et al 1995; 

Rong et al 2003; Ronnstrand et al 1999) and EphA4 juxtamembrane tyrosine 

mutants (Y596E and Y602E) were created using standard PCR-based mutagenesis 

(Cowan et al 2005; Zisch et al 2000). The EphA4 kinase-dead construct has been 

described previously (Murai et al 2003a). The N- and C-terminal SH2 domains of 

PLCγ1 were cloned into pGEX-4T1 (Promega, San Luis Obispo, CA) and used 

for GST fusion protein production using standard procedures.  

 For RNAi constructs, a short hairpin sequence directed against mouse PLCγ1 

(Patterson et al 2002) was cloned into pSUPER (OligoEngine, Seattle, WA) 

containing the H1 promoter for driving the expression of a short-hairpin RNA and 

a PGK promoter for expressing GFP.  In order to more thoroughly delineate 

dendritic spines, the GFP sequence was replaced with membrane-targeted EGFP 

(EGFPf; BD Biosciences, San Jose, CA).  To generate RNAi plasmids, two 

complementary oligos containing the PLCγ1 shRNA were annealed (Sequence: 

5’GATCCCCAAACAACCGGCTCTTCGTCTTCAAGAGAGACGAAGAGCC

GGTTGTTTTTTTTA3’ and 

5’AGCTTAAAAAAAACAACCGGCTCTTCGTCTCTCTTGAAGACGAAGAG

CCGGTTGTTTGGG3’) and cloned into the BglII and HindIII sites of pSuper.  

A shRNA vector containing a scrambled sequence of the PLCγ1 shRNA sequence, 

which did not show homology to the mouse genome, was cloned in a similar 

fashion and used in control experiments (Sequence: 

5’GATCCCCTAGACCTATATCCCTGCGCTTCAAGAGAGCGCAGGGATATA

GGTCTATTTTTA3’ and 

5’AGCTTAAAAATAGACCTATATCCCTGCGCTCTCTTGAAGCGCAGGGAT
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ATAGGTCTAGGG3’). 

 

Antibodies and Recombinant Proteins  

 The following antibodies were used in this study:  mouse PLCγ1 (mouse 

monoclonal; Millipore, Upstate Division, Billerica, MA); PLCγ1 (rabbit 

polyclonal; Cell Signaling Technologies, Danvers, MA); pY783 PLCγ1 (Cell 

Signaling Technologies, Danvers, MA); pY771 PLCγ1 (Cell Signaling 

Technologies, Danvers, MA); pS1248 PLCγ1 (Millipore, Upstate Division, 

Billerica, MA); EphA4 (Murai et al 2003a; Soans et al 1994); pY20 (BD 

Biosciences, San Jose, CA); SNAP25 (a generous gift from Dr. P. McPherson, 

Montreal Neurological Institute), synaptophysin (Sigma, St. Louis, MO); PSD95 

(BD Biosciences, San Jose, CA); NR1 (BD Biosciences, San Jose, CA); cofilin 

(Cell Signaling, Danvers, MA and Cytoskeleton, Denver, CO), V5 (Sigma, St. 

Louis, MO), transferrin receptor (Invitrogen, Carlsbad, CA), GAPDH (Abcam, 

Cambridge, MA), anti-rabbit and mouse HRP (GE Healthcare, Amersham 

Biosciences Division, Fairfield, CT), and control mouse IgGs (Jackson 

Immunochemicals, West Grove, PA). The following recombinant proteins were 

used:  human IgG Fc (Jackson Immunochemicals, West Grove, PA), EphA4 

kinase domain (Cell Signaling Technologies, Danvers, MA) and ephrin-A3 and 

-A5 Fc (R & D Systems, Minneapolis, MN). 

 

Immunoprecipitation and Western Blot Analysis  

 For COS7 cell experiments, EphA4 and juxtamembrane mutants were 

transfected with Lipofectamine 2000 (Invitrogen, Carlsbad, CA) and 24 hours 

later stimulated for 45 minutes with dimeric control Fc, ephrin-A3 Fc or 

ephrin-A5 Fc.  Cells were lysed in modified RIPA buffer (1% Triton X-100; 1% 

sodium deoxycholate; 0.1% SDS; 20 mM Tris; 150 mM NaCl; 1 mM EDTA) 

containing protease inhibitors and orthovanadate. Lysates were subjected to 

immunoprecipitation using 2 mg of mouse anti-PLCγ1 or mouse IgG control and 

coupled to protein-G sepharose (GE Healthcare, Amersham Biosciences Division, 
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Fairfield, CT). The degree of phosphorylation was determined using an antibody 

against pY783 and a protein-A HRP secondary antibody.  The amount of 

immunoprecipitated protein was detected by stripping and reprobing membranes 

with rabbit anti-PLCγ1. Alternatively, transfected cell lysates were directly probed 

with anti-pY783, pY771 or pS1248 and stripped and reprobed for PLCγ1. For 

densitometry, the amount of phosphorylation was quantified using ImageJ and 

was normalized against the total PLCγ1 levels. Data was collected over three 

independent experiments. 

 For biochemistry involving hippocampal tissue, slices (300 μm thick) were 

prepared as described previously (Murai et al 2003a) and kept in vitro for 

approximately 2–5 min before stimulation with Fc fusion proteins (9.5μg/ml). 

Following stimulation for 45 min, slices were lysed in RIPA buffer. Lysates were 

immunoprecipitated with either anti-EphA4 or anti-PLCγ1 antibodies coupled to 

protein-A or protein-G sepharose, respectively. Phosphorylation of EphA4 was 

detected using an anti-phosphotyrosine antibody (PY20) coupled to HRP. PLCγ1 

phosphorylation was detected with an anti-pY783 and protein-A HRP. Blots were 

stripped and reprobed by immunoblotting with anti-EphA4 or rabbit anti-PLCγ1 

antibodies and anti-rabbit HRP to confirm that equal amounts of protein were 

immunoprecepitated from each condition.  

 The following procedure was used to co-immunoprecipitate EphA4 and 

PLCγ1 from mouse hippocampus. Hippocampi were dissected from the mouse 

brain at postnatal day 21 and homogenized in Triton lysis buffer (20 mM Tris pH 

7.4, 137 mM NaCl, 25 mM β-glycerophosphate, 2 mM EDTA, 1% Triton X-100, 

10% glycerol, supplemented with protease inhibitors and sodium orthovanadate) 

using a dounce homogenizer and lysed on ice for 15 minutes. Lysates were 

centrifuged at 13,000 rpm for 10 minutes at 4ºC to pellet cell debris. Lysates were 

precleared for 1 hour with protein-G sepharose, then subjected to 

immunoprecipitation using 5μg of mouse IgG control or mouse anti-PLCγ1 

coupled to protein-G sepharose for 5 hours at 4ºC. Immune complexes were 

washed three times with lysis buffer, boiled in 40μl 3X SDS sample buffer and 

resolved by SDS-PAGE. The association of EphA4 and PLCγ1 was detected by 
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immunoblotting with a rabbit anti-EphA4 antibody.    

 

GST Pulldown Assays 

 GST fusion proteins were prepared as described in Zisch et al., 1998. GST 

fusion proteins (GST, N-terminal SH2 PLCγ1, or C-terminal SH2 PLCγ1) coupled 

to agarose beads were incubated with transfected COS7 cell lysates (EphA4, 

EphA4 Y596E, or EphA4 Y602E solubilized in 1% Brij97 (Sigma, St. Louis, MO) 

in PBS with protease inhibitors and orthovanadate) overnight at 4 degrees. The 

beads were subsequently washed with 1% Brij97/PBS (with protease inhibitors 

and orthovanadate), diluted with sample buffer, and boiled for 5 minutes. 

Supernatants were subjected to SDS-PAGE and blotted using anti-EphA4 

antibodies and anti-rabbit HRP as described previously.  

 

In Vitro Kinase Assay 

For in vitro kinase assays, endogenous PLCγ1 from COS7 cells was 

immunoprecipitated as previously described. PLCγ1 immunoprecipitates were 

resuspended in kinase buffer containing 25 mM Hepes (pH7.4), 25 mM 

b-glycerophosphate, 25 mM MgCl2, 0.1 mM Na3VO4, 0.5 mM DTT, 1 mM ATP. 

0.5μg of recombinant EphA4 kinase domain was used in conditions that included 

the activated kinase. The reaction mixture was incubated at 30o C for 30 min with 

gentle agitation every 10 min. The reaction was stopped by adding 25μl 3X SDS 

sample buffer and boiled for 5 min. Phosphorylation of PLCγ1 at Y783 was 

detected by Western blot analysis using pY783 and protein A-HRP. The total 

amount of PLCγ1 immunoprecipitated was determined by stripping and reprobing 

membranes with rabbit anti-PLCγ1. Data were collected from three independent 

experiments and quantified as described previously. 

 

Synaptosome Preparations  

 Synaptic proteins were purified as described in the Supplemental Data 

section. 
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Cell Membrane Preparations 

 Cell membrane fractionation experiments were performed as described (Cote 

et al 2005). Briefly, cells were collected in PBS, centrifuged at 800g for 5min, and 

then resuspended in 300μl of buffer A (20mM Tris-HCl pH 7.5, 150 mM NaCl, 5 

mM NaF, 1 mM Na3VO4, 10 mg/ml protease inhibitors). The cells were then 

subjected to a single freeze/thaw cycle in liquid nitrogen and a 37 ºC water bath 

and the membranes were pelleted using centrifugation at 16,000g for 10 min. The 

pellet was then washed with 500μl of Buffer A and extracted with buffer B (buffer 

A + 1% Triton X-100). Equal amounts of proteins were resolved by SDS-PAGE 

and the levels of membrane-associated cofilin analyzed by immunoblotting with 

cofilin antibodies. Equal loading between samples was confirmed by blotting for 

the transferrin receptor. For PLC inhibitor experiments, COS7 cells were seeded 

at a density of 1x106 cells/ml and the next day were treated with either the PLC 

inhibitor U73122 (EMD Biosciences, La Jolla, CA) or control compound U73343 

(EMD Biosciences, La Jolla, CA) at a final concentration of 10 μM for 3 hours 

prior to collecting the cells. For ephrin stimulation experiments, cells were seeded 

at a density of 1x105 cells/ml and the next day transfected with the cDNA for 

EphA4 using Lipofectamine 2000 (Invitrogen, Carlsbad, CA). 24 hours following 

the transfection, the cells were treated with 8 μg/ml recombinant control Fc or 

ephrinA5-Fc fusion proteins for 40 min at 37 ºC. Membranes were then 

fractionated as described above. For densitometry, the amount of cofilin in each 

condition was quantified using ImageJ and normalized against the amount of 

transferrin receptor. Data was collected over three independent experiments. 

For membrane fractionation in hippocampal slices following ephrin 

stimulation, 300μm slices were made from postnatal day 10 mice and placed into 

stimulation media containing Fc or ephrin-A5 Fc proteins (9.5 μg/ml). After 

45min of stimulation, slices were coarsely homogenized, and then subjected to a 

single freeze/thaw cycle followed by the procedure described above. Data were 

collected from three independent experiments and quantified as described above.  
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Immunofluorescence in Heterologous Cells  

 For immunofluorescence studies in heterologous cells, COS7 cells were 

plated onto chambered slides (LabTek) and transfected as previously described. 

Cells were fixed with 4% paraformaldehyde/0.1M phosphate buffer for 30 

minutes, rinsed with TBS and incubated for 1 hour in blocking solution (5% goat 

serum/0.1%Triton X-100 in TBS (Tris-buffered saline)). Cells were then 

incubated overnight (at 4ºC) with anti-pY783 in blocking solution. The next day, 

the cells were washed with 0.1%Triton-X100/TBS and incubated with a goat 

anti-rabbit Alexa 568 secondary (Invitrogen, Carlsbad, CA) for 1 hour at room 

temperature. After washing cells with 0.1%Triton-X100/TBS, cells were 

coverslipped for microscopy. 

 

Semliki Forest Virus Plasmid Construction and Virus Preparation 

For expressing PLCγ1 constructs and fluorescent proteins in hippocampal 

slices, Semliki Forest virus (SFV) constructs were created (Ehrengruber et al 

1999). PLCγ1 and membrane-targeted farnesylated EGFP (EGFPf; Clontech, 

Cambridge, UK) genes were each cloned 3’ to a viral subgenomic promoter in 

modified SFV vectors (Lundstrom et al 2003). Viral particles were produced as 

previously described (Haber et al 2006). SFV particles were injected into 

hippocampal slices with a Picospritzer (General Valve, Fairfield, NJ). 

 

Hippocampal Slice Preparation 

 Organotypic hippocampal slices were prepared as described (Murai et al 

2003a). Briefly, 300µm slices from postnatal 6-7 day (P6-7) mouse pups were 

made using a McIllwain tissue chopper (Stoelting, Kiel, WI) and transferred onto 

semi-porous tissue culture inserts (0.4 µm pore size; Millipore, Bedford, MA) 

containing media (50% Minimum Essential Medium / 25% Horse Serum/25% 

Hanks Balanced Salt Solution / 6.5mg/ml D-glucose / 0.5% penicillin / 

streptomyosin, pH~7.2). Media was replaced every two days and slices were 

cultured for 1 week before viral gene delivery. 16-20 hours post-infection, slices 
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were fixed and mounted for confocal imaging. 

For imaging hippocampal slices following stimulation, 300m slices were 

made from mice approximately 3 months of age and placed into stimulation 

media containing dimeric Fc or ephrin-A5 Fc and U73122 (PLC-inhibitor) or 

U73343 for 45 minutes. The slices were then fixed with 4% 

paraformaldehyde/0.1M phosphate buffer for 30 minutes. CA1 pyramidal cells 

were labeled using diolistics. Briefly, 1.3µm tungsten particles (BioRad, Hercules, 

CA) carrying the lipophilic dye, DiI (Invitrogen, Carlsbad, CA), were coated onto 

the inner portion of plastic tubing, cut into cartridges, loaded into a Helios Gene 

Gun (BioRad, Hercules, CA), and propelled into hippocampal slices at 120psi 

using helium gas. The DiI was allowed to transport for 16 hours in fixative before 

imaging by confocal microscopy.  

 For RNAi experiments, shRNA plasmids (see DNA constructs section) were 

delivered using biolistic gene transfer with a Helios Gene Gun (BioRad, Hercules, 

CA). Briefly, PLCγ1 shRNA and control shRNA plasmids were precipitated onto 

1.6μm gold microcarriers and deposited on the inner lining of Tefzel tubing 

(BioRad, Hercules, CA) to generate bullets. Hippocampal slices were prepared as 

described above from postnatal day 5 mice and cultured for 9-10 days before 

propelling gold microcarriers onto hippocampal slices at 100psi using helium gas. 

To improve the efficiency of CA1 pyramidal cell transfection, a 3.0μm membrane 

filter (Millipore, Bedford, MA) was placed between the gene gun nozzle and the 

hippocampal slices. The shRNA constructs were allowed to express for 72 hours 

before fixation and imaging by confocal microscopy.  

 

Confocal imaging 

 Confocal imaging was performed with a Yokogawa spinning disk confocal 

system (Perkin-Elmer, Wellesley, MA) connected to a Nikon Eclipse TE2000 

(Nikon, Tokyo, Japan). Z-stacks were collected using Metamorph imaging 

software (Molecular Devices Inc., Palo Alto, CA). 
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Image analysis 

 For analysis of dendritic spine morphology, images of dendrites were taken 

for each condition (control, PLCγ1 wt, or PLCγ1 lipase inactive mutant (LIM) or 

PLCγ1 shRNA or control shRNA) from 3 independent experiments. Each image 

contained a Z-stack maximum projection of a primary apical dendrite from a CA1 

pyramidal cell taken approximately 100µm from the cell body (Control = 16 

dendritic segments with 568 spines total; PLCγ1 wt = 26 dendritic segments with 

886 spines total; PLCγ1 LIM = 22 dendritic segments with 603 spines total). For 

RNAi experiments, 33 dendritic segments (with 889 spines) were used in the 

control shRNA condition and 41 dendritic segments (with 918 spines) in the 

PLCγ1 shRNA condition. All images were normalized for EGFPf signal intensity 

and thresholded in Photoshop (Adobe Systems, Seattle, WA). Geometric 

measurements of spine parameters (length, head width, area, and density) were 

acquired using the Reconstruct computer program 

(http://synapses.bu.edu/tools/index.htm). Spines were defined as any protrusion 

from the dendritic shaft that is not a dendrite branch. The dividing line of the 

spine head and neck was determined subjectively using the contours of the 

dendritic spine head. For spines without clearly defined head portions (i.e. stubby 

or elongated spines), the spine head area was considered equal to the total spine 

area and spine head width equal to the neck width. For each dendritic segment, 

the spine parameters were combined to generate an average value which was then 

used for comparisons. All quantifications were performed by an investigator blind 

to the experimental conditions. Using a computer to sort spines according to the 

measured parameters, spines were classified into four types (i.e. mushroom, 

stubby, elongated, or other). The ‘mushroom’ category corresponds to spines that 

have enlarged head regions with a constricted neck. ‘Stubby’ spines lack neck 

regions. The ‘elongated’ category includes filopodia-like spines and long spines 

with small, but well formed head regions. The ‘other’ category includes spines 

with abnormal dimensions, such as those with large heads and highly branched 

spines that do not fit into the three other categories. Differences between samples 

were performed using a t-test or analysis of variance (ANOVA) with a 
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Student-Newman-Keuls post-hoc comparison. 

For stimulation experiments, images of dendrites were acquired similar to 

as described above over three independent experiments. 35 dendritic segments 

(with 752 spines) were used for the Fc + U73343 condition; 33 segments (with 

752 spines) were used for the Fc + U73122 condition; 33 segments (with 686 

spines) were used for the ephrin-A + U73343 condition; and 31 segments (with 

704 spines) were used for the ephrin-A + U73122 condition. Quantifications were 

performed by an investigator blind to the experimental conditions and differences 

between samples were performed using a Kolmogorov-Smirnov test or analysis of 

variance (ANOVA) with a Student-Newman-Keuls post-hoc comparison. 

Results 

EphA4 activates PLCγ1 in heterologous cells and hippocampal slices 

 We recently reported that EphA4 activation with ephrin-A ligands induces 

dendritic spine retraction (Murai et al 2003a). However, the downstream signaling 

cascades of this receptor remain to be fully described. Using GST pulldown 

assays from hippocampal lysates, we initially found that EphA4 bound well to an 

SH2 domain of PLCγ1, a protein known to be important for phosphoinositide 

metabolism, cell morphology, and synaptic function (Rebecchi & Pentyala 2000). 

To follow up on this observation, we transfected EphA4 into COS7 cells (which 

have little endogenous EphA4) while over-expressing PLCγ1 (Figure 1A). EphA4 

caused an increase in the phosphorylation of tyrosine 783 of PLCγ1, which is 

critical for PLCγ1 activity and is an indicator of its level of activation (Kim et al 

1991; Poulin et al 2005). This phosphorylation event, however, was not detected 

after transfection of a kinase-dead form of EphA4, suggesting that 

kinase-dependent signaling is required for PLCγ1 activation downstream of 

EphA4.   

 We next were interested in determining if stimulation of EphA4 transfected 

COS7 cells with recombinant ephrin-A (versus control Fc) proteins would lead to 

an elevation in the phosphorylation of endogenous PLCγ1. In these experiments, 

we utilized endogenous PLCγ1 as we found there is high basal level of PLCγ1 in 
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COS7 cells. As shown in Figure 1B, ephrin-A stimulation caused a significant 

activation of PLCγ1 as indicated by its phosphorylation on tyrosine 783. This 

effect was observed with both recombinant ephrin-A3 Fc and ephrin-A5 Fc fusion 

proteins, but not control Fc (Fc vs. ephrin-A3 Fc, p < 0.05; Fc vs. ephrin-A5 Fc, p 

< 0.01; ANOVA). We further determined the specificity of this effect using lysates 

from EphA4 transfected cells stimulated with Fc or ephrin-A5 Fc and found that 

ephrin treatment caused a significant increase in PLCγ1 activation (pY783, 260% 

of control Fc stimulation; p = 0.016; two-tail t-test) (Figure 1C). Phosphorylation 

on tyrosine 771, a residue whose phosphorylation is not correlated with PLCγ1 

activity (Kim et al 1991), or serine 1248 which is potentially an inhibitory 

phosphorylation site for protein kinases C and A (Park et al 1992) were not 

significantly changed (pY771; p = 0.78 two-tail t-test; pS1248; p = 0.091 two-tail 

t-test) (Kim et al 1991; Kim et al 1990). Consistent with these biochemical studies, 

we detected an increase in pY783 labelling of EphA4 transfected COS7 cells 

stimulated with ephrin-A Fc using immunofluorescence microscopy (Figure 1D). 

Increased labelling was especially apparent as clusters on the cell body and 

processes of stimulated cells. These combined results show that EphA4 

stimulation with ephrin ligands induces PLCγ1 activation by specifically 

enhancing its phosphorylation on tyrosine 783. 

 To determine if ephrin stimulation could activate PLCγ1 signaling in the 

mouse hippocampus, we stimulated hippocampal slices with ephrin-A Fc and 

monitored the phosphorylation of EphA4 and PLCγ1. Similar to the experiments 

using COS7 cells, we found that ephrin-A Fc treatment caused an increase in 

phosphorylation of PLCγ1 on tyrosine 783 (Figure 2A). To examine the 

time-course for this activation, we stimulated slices for varying time periods and 

found that PLCγ1 activation was significantly increased after 45 minutes of ephrin 

stimulation (Figures 2B and 2C). These results demonstrate that ephrin-A 

stimulation can activate endogenous EphA4 and PLCγ1 signaling in slices derived 

from the hippocampus. However, based on these results we cannot conclude if 

PLCγ1 is activated earlier (i.e. between 15 and 45 minutes) after the onset of 

ephrin stimulation. Furthermore, we cannot exclude the possibility that EphA4 
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activates PLCγ1 through an intermediary protein or that other proteins are 

activated in parallel (i.e. a counteracting phosphatase) that cause the delayed 

kinetics of PLCγ1 activation. 

 

EphA4 binds the C-terminal SH2 domain of PLCγ1 through juxtamembrane 

tyrosines 

 PLCγ1 is a multi-domain signaling protein that contains, in addition to 

functional catalytic regions, two SH2 domains (N- and C-terminal) and an SH3 

domain.  The SH2 domains of PLCγ1, in particular, have been shown to play an 

important role in regulating its function through protein interactions with 

activated receptor tyrosine kinases (Rebecchi & Pentyala 2000). We were 

interested in testing if EphA4 may interact with PLCγ1 through binding its SH2 

domains. Indeed, EphA4 has been reported to recruit SH2 domain containing 

proteins including Fyn, Src, and Vav2 through its highly conserved 

juxtamembrane tyrosine residues (Cowan et al 2005; Kalo & Pasquale 1999). To 

address if EphA4 binds PLCγ1 through an SH2 domain interaction, we performed 

GST pulldown experiments using the SH2 domains of PLCγ1 fused to GST and 

EphA4 transfected COS7 cell lysates. We found that the C-terminal SH2 domain 

of PLCγ1 bound strongly to ephrin-A stimulated EphA4 expressing COS7 cells 

(Figure 3A). We could not detect binding of the N-terminal SH2 domain to 

EphA4. The binding to the C-terminal SH2 domain, however, was severely 

diminished after mutating either of the conserved juxtamembrane tyrosines of 

EphA4 to glutamic acid (Y596E or Y602E). Glutamic acid mutations have been 

shown to eliminate SH2 domain interactions of Eph receptors without interfering 

with kinase activity (Cowan et al 2005; Zisch et al 2000). We did observe very 

weak binding of the EphA4 Y596E mutant to the C-terminal SH2 domain of 

PLCγ1 upon long film exposures (data not shown), but no binding to the Y602E 

mutant. Phosphorylation of these tyrosines may function cooperatively to recruit 

PLCγ1. 

 We further extended these findings by investigating the requirement of the 
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EphA4 juxtamembrane tyrosines for PLCγ1 activation upon ephrin stimulation. 

We found that both the Y596E and Y602E mutants were compromised in their 

ability to activate PLCγ1 above control Fc treatment levels in the presence of 

ephrin stimulation (Figure 3B). However, the Y596E mutant appeared to have 

higher basal ability to cause PLCγ1 phosphorylation in the absence of ephrin, 

suggesting that this mutation may mimick phosphorylation on EphA4 and lead to 

a partial activation of PLCγ1 in the absence of ligand. The Y602E mutant, in 

contrast, only weakly phosphorylated PLCγ1 in the presence of ephrin, indicating 

that phosphorylation of tyrosine 602 of EphA4 is important for activating PLCγ1. 

Altogether, these results suggest that EphA4 utilizes juxtamembrane tyrosines to 

interact with the C-terminal SH2 domain of PLCγ1. 

 We also further tested the interaction between EphA4 and PLCγ1 by 

co-immunoprecipitation experiments, in vitro kinase assays, and double-label 

immunofluorescence in hippocampal slices. We found that EphA4 

co-immunoprecipitated with PLCγ1 from lysates derived from COS7 cells (data 

not shown) and adult mouse hippocampus (Figure 3C). The EphA4 kinase domain 

was also able to phosphorylate Y783 of PLCγ1 (Figure 3D) in in vitro kinase 

assays. Furthermore, we found that EphA4 and PLCγ1 co-localized on at least a 

subset of spines (Supplemental Figure 2). However, we could not rule out the 

possibility that we did not detect the full extent of these proteins since 

immunofluorescence is not a sensitive method to detect the subcellular location of 

proteins in tissues. Thus, these proteins may be more prevalent than what is 

observed in Supplemental Figure 2. Synaptosome fractionation, a more sensitive 

technique, was carried out to further characterize the postsynaptic localization of 

PLCγ1.  

  

PLCγ1 is localized in several compartments of brain synaptosomes and 

co-fractionates with postsynaptic density proteins 

 Several reports have implicated PLCγ1 in synaptic transmission and plasticity 

(Gartner et al 2006; Micheva et al 2001; Reyes-Harde & Stanton 1998). It also has 
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been shown that PLCγ1 is detected in the adult brain and hippocampus (CA1-3 

regions) through in situ hybridization and immunohistochemistry (Gerfen et al 

1988; Ross et al 1989). One report suggested that PLC isoforms function 

postsynaptically to block long-term synaptic plasticity (Reyes-Harde & Stanton 

1998). This was observed after infusion of the PLC inhibitor, U73122, into CA1 

pyramidal cells which blocked the induction of hippocampal long-term depression. 

However, it remains unclear whether PLCγ1 is positioned to influence the 

postsynaptic terminal, including dendritic spines. To pursue this issue, we purified 

brain synaptosomes and further separated them into pre- and postsynaptic 

elements (Phillips et al 2001). We found that PLCγ1 is found in multiple synaptic 

compartments, showing co-fractionation with presynaptic active zones and 

extra-junctional regions. However, similar to PSD-95, PLCγ1 was readily 

apparent in postsynaptic density fractions, including the triton-insoluble “core” 

PSD fraction (PSD III; see supplemental methods) (Figure 4). These results 

indicate that PLCγ1 is localized to various regions of the synapse including 

postsynaptic terminals and could play a role in regulating postsynaptic properties 

including dendritic spine structure. 

 

PLC signaling maintains dendritic spine morphology 

Since PLCγ1 is found in postsynaptic fractions of synaptosomes and is 

known to be involved in synaptic function, we were interested in testing whether 

PLCγ1 activity may influence postsynaptic dendritic spine morphology. To test 

this possibility, we used Semliki Forest viruses to introduce wild type PLCγ1 or a 

lipase-inactive mutant of PLCγ1 (PLCγ1 LIM) into CA1 pyramidal cells of 

organotypic hippocampal slices (Figure 5A). The latter of which has been shown 

to function as a dominant-negative protein (Huang et al 1995; Rong et al 2003; 

Ronnstrand et al 1999). We analyzed the morphology of CA1 pyramidal cell 

spines following 20 hours of expression. No apparent changes in overall dendrite 

length, branching or signs of dendritic pathology were observed in any of the 

conditions. Overexpression of wild type PLCγ1 did not significantly affect the 
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structural properties of dendritic spines when compared to EGFPf controls.  

Interestingly, the PLCγ1 LIM induced profound changes in spine morphology. In 

particular, spines showed a significant increase in length and area while the 

number of spines per unit length was reduced (Figure 5). In some cases, the spines 

showed an abnormal phenotype, having multiple head portions with a very 

complex architecture. However, most spines in this condition retained a bulbous 

appearance with an enlarged head portion attached to the dendritic shaft through a 

narrow neck region. This was further corroborated by classifying spines into 

mushroom, stubby, elongated, or other-type morphologies. We found that 

expression of the PLCγ1 LIM caused a significant loss of stubby spines. Although 

expression of wild type PLCγ1 did slightly reduce the amount of stubby spines, 

this effect was not significant when compared to the control. These results suggest 

that PLCγ1 signaling is required for spine stability and maintaining dendritic 

spine architecture, especially those with a stubby, retracted appearance.  

In a separate set of experiments, we also tested the requirement of PLCγ1 in 

maintaining dendritic spine morphology. To investigate this, we performed RNA 

interference (RNAi) by biolistically delivering a plasmid to CA1 pyramidal cells 

that simultaneously induces the expression of a short-hairpin RNA directed 

against PLCγ1 (Supplemental Figure 1) and drives the expression of EGFPf.  

The sequence used for RNAi has been previously characterized and shown to 

selectively knock-down PLCγ1 expression, while leaving the expression of the 

closely related family member, PLCγ2, intact (Patterson et al 2002). A plasmid 

that drives the expression a scrambled sequence of the PLCγ1 shRNA was used as 

a control. Consistent with the experiments above using the PLCγ1 LIM, 

knock-down of PLCγ1 expression significantly reduced the density of dendritic 

spines. However, we could not detect significant changes in overall spine 

morphology or classification (data not shown). A potential explanation for this 

may be that the RNAi experiments were performed following 72 hours of 

knock-down in CA1 cells (versus 20 hours for the PLCγ1 LIM experiments).  It 

is possible that spines with perturbed morphology collapsed during the 72 hour 

period of PLCγ1 knockdown which, in turn, caused the reduction in spine density.   
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We attempted to rescue the spine phenotype using a mutated form of PLCγ1 

(with the RNAi site mutated in 4 wobble positions) but this was not successful 

(data not shown). However, many technical issues could have complicated the 

rescue. One reason may be due to the timing of expression of the PLCγ1 shRNA 

and the rescue protein, which utilize different promoters (H1 RNA pol III and 

CMV, respectively) and different cellular mechanisms for their production. Based 

on our experiments with PLCγ1 RNAi in NIH3T3 cells (which found that 72 

hours was needed for efficient PLCγ1 knock-down), we assessed spine 

morphology and density in CA1 neurons in hippocampal slices following 72 

hours of expression. However it was unclear if the lack of rescue was due to 

insufficient levels of the rescue protein present during PLCγ1 knock-down.   

 

PLC signaling is necessary for ephrin-induced spine shrinkage 

We next wanted to determine if PLCγ1 signaling was required for 

transmitting signals downstream of EphA4 in dendritic spines. Previously, we 

showed that EphA4 is localized on dendritic spines and 45 minutes of ephrin 

treatment of hippocampal slices induced spine retraction in a kinase-dependent 

manner (Murai et al 2003a). We further showed that EphA4 is the main EphA 

class receptor mediating these effects. Furthermore, stimulation of EphB receptors 

only induced small changes in dendritic spines in area CA1 of the hippocampus. 

To address if PLC signaling was required for the acute effects of ephrin treatment 

on dendritic spine morphology, we incubated hippocampal slices with either 

ephrin-A or control Fc proteins in the presence of either the PLC inhibitor U73122 

(see methods) or control analog U73343 (Figure 6). We found that incubation of 

slices with control Fc proteins along with the PLC inhibitor did not significantly 

affect the individual parameters of dendritic spines. The PLC inhibitor, however, 

caused a significant reduction in mushroom-type spines when compared to the 

control condition (Fc with control analog) (Figure 6E), while not affecting the 

percentage of stubby, elongated, or other-type spines. This result differs from what 

we observed previously after longer-term expression of the PLCγ1 LIM and may 

reflect differential effects on spines under acute (PLC inhibitor) or prolonged 
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(PLCγ1 LIM) blockade of PLC signaling. Similar to what was reported previously 

(Murai et al 2003a), acute ephrin-A treatment induced spine retraction 

(Kolmogorov-Smirnoff two sample test; p < 0.05) and significantly promoted the 

generation of stubby spines (Figure 6E). The generation of these spines was likely 

at the expense of mushroom-type spines as overall spine density was not 

significantly perturbed in any of the treatments. Remarkably, simultaneous 

treatment of slices with U73122 along with ephrin blocked the effects of ephrin 

on inducing the stubby dendritic spine phenotype (Figure 6D and 6E). The 

percentage of both mushroom and stubby type spines was similar between 

conditions composed of the U73122 with either Fc or ephrin-A. These results 

suggest that PLC signaling is necessary for the effects of ephrin-A-induced 

generation of stubby and retracted dendritic spines. It should be noted that 

U73122, although specific for PLC enzymes, can inhibit multiple PLC isoforms 

(Smith et al 1990). However, the only other PLC isoform that is known to signal 

downstream of RTKs other than PLCγ1 is PLCγ2, whose expression is restricted 

to the anterior lobe of the pituitary and the cerebellum (Tanaka & Kondo 1994). 

However, we cannot rule out the possibility that Eph receptors can signal through 

other PLC proteins (i.e. PLC forms that are not commonly associated with RTKs) 

and that this signaling would be blocked by U73122. 

 

PLC signaling regulates the localization of the actin depolymerizing and 

severing factor cofilin 

 Recent studies have proposed that PLCγ1, by generating IP3 and DAG second 

messengers from cleavage of PIP2, plays an important role in regulating cell 

membrane levels of PIP2. PIP2 itself can have dramatic effects on cell behavior 

and cytoskeletal-plasma membrane adhesion (Raucher et al 2000). PIP2 may act 

as a second messenger by binding and modifying the activity state of various 

proteins including ion channels and actin binding proteins such as cofilin, a 

protein recently implicated in the structural plasticity of spines (Zhou et al 2004). 

Cleavage of PIP2 by PLCγ1 may thus serve to modulate PIP2-protein interactions. 

It has been shown that PIP2 tethers gelsolin to the cell surface and releases it upon 
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EGF stimulation and PLCγ signaling (Chou et al 2002). We were interested in 

investigating the possibility that EphA4 and PLCγ1 signaling regulates cofilin 

association with the cell membrane since cofilin is highly expressed in dendritic 

spines, binds PIP2, and has been implicated in mediating the effects of dendritic 

spine shrinkage upon low-frequency, LTD-inducing stimuli (Racz & Weinberg 

2006; Zhou et al 2004). In order to test this, we performed cellular fractionation 

experiments where we isolated membrane components of COS7 cells following 

U73122 or control analog treatment. We found that blocking PLC activity with 

U73122 significantly enhanced the level of cofilin that was associated with the 

cell membrane (Figure 7A). This is in contrast to the transferrin receptor, a 

non-raft localized receptor associated with the cell membrane, whose membrane 

association was not altered by U73122 treatment. These results are in accordance 

with other reports that indicate that a portion of cofilin is associated with the cell 

periphery (Heyworth et al 1997; Suzuki et al 1995). Interestingly, we also found 

that transfection of EphA4 alone could reduce the levels of cofilin found in the 

membrane fraction. We could also further decrease this amount with ephrin-A 

stimulation (Figure 7B).  Similarly, ephrin stimulation of hippocampal slices 

derived from postnatal day 10 mouse brain, also significantly caused a reduction 

in the level of cofilin associated with the cell membrane (Figure 7C). However, 

because we are using hippocampal tissue, the effects that we observed may be 

complicated by cofilin located in other cell types besides neurons that are found in 

slices such as oligdendrocytes and astrocytes. 

 These collective results suggest that EphA4 signaling and PLC activation 

contribute to the release of a pool of cofilin associated with the cell membrane. 

Removal of the membrane tethering of cofilin may release it from inhibition and 

allow it to bind and depolymerize actin filaments (DesMarais et al 2005). 

 

Discussion 

The structural properties of dendritic spines are believed to be closely linked 

to the physiology of excitatory synapses (Segal 2005). Spine anatomy is also 
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disrupted in several diseases affecting the brain including Down, Fragile-X, and 

Williams syndromes, suggesting altered synapse morphology is related to 

cognitive impairments (Sawa & Snyder 2002). Recent studies have elucidated the 

molecular composition of spines and mechanisms that govern their morphology 

(Tada & Sheng 2006). However, few reports have revealed the signaling cascades 

that couple receptors to direct regulators of the actin-rich cytoskeleton in spines. 

Here we report a novel signaling pathway downstream of the EphA4 receptor 

tyrosine kinase linking PLCγ1 to the actin depolymerizing/severing protein, 

cofilin. We found that ephrin stimulation promotes the interaction between the 

juxtamembrane tyrosines of EphA4 and the C-terminal SH2 domain of PLCγ1. 

PLCγ1 signaling is critical for maintaining spine morphology and PLC activity is 

required for ephrin-induced spine retraction. Remarkably, the amount of cofilin 

associated with the cell membrane is regulated by PLC and EphA4 activity. This 

signaling may be important for the local remodeling of the actin cytoskeleton in 

spines at sites of ephrin-A/EphA4 contact.   

 Spines rely on actin filaments for their dynamics and these filaments are in a 

constant state of equilibrium, cycling between filamentous actin (F-actin) and 

globular actin (G-actin) forms. Time-lapse imaging has shown that actin is rapidly 

reorganized in spines over minutes (Fischer et al 1998). LTP-inducing stimuli 

increases F-actin in spines which occurs during spine enlargement (Okamoto et al 

2004). Low frequency stimulation, in contrast, increases G-actin levels and causes 

spine shrinkage. Furthermore, pharmacological inhibition of actin polymerization 

blocks the induction and maintenance of LTP in hippocampal slices (Kim & 

Lisman 1999) . Thus, actin filament dynamics are related to bidirectional changes 

in the structural and physiological plasticity of excitatory synapses. 

 Recent studies indicate a critical role for Eph receptors in spine 

morphogenesis and maintenance (Murai & Pasquale 2004). EphB2 induces spine 

development in hippocampal neurons by phosphorylating the proteoglycan 

syndecan-2 (Ethell et al 2001) and assembling a complex that elicits RhoA 

signaling (Moeller et al 2006). Other studies have shown that EphB2 activates the 

exchange factors intersectin and kalirin to promote spine development through 
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Cdc42 and Rac, respectively (Irie & Yamaguchi 2002; Penzes et al 2003). There is 

some redundancy for EphB receptors since only neurons from double and triple 

knock-outs of EphB1, EphB2 and EphB3 exhibit changes in spine density and 

morphology (Henkemeyer et al 2003; Hoogenraad et al 2005). Interestingly, 

F-actin is accumulated in dendritic shafts rather than spines of EphB knock-out 

mice, suggesting that EphB receptors influence the distribution of actin filaments 

(Henkemeyer et al 2003). To date, the only EphA receptor shown to modulate 

spine morphology is EphA4 (Murai et al 2003a). EphA4 is enriched in the 

developing and adult mouse hippocampus and is localized on spines (Murai et al 

2003a; Murai et al 2003b). Activation of EphA4 by ephrin-A results in spine 

retraction (Murai et al 2003a). This could be mediated by EphA4 signaling 

induced by contact with ephrins on neurons or glia. Interestingly, during the 

review of this paper, a study showed that EphA4 mediates spine development 

through the Rho-family GTPase exchange factor, ephexin-1, and the 

serine/threonine kinase Cdk5 (Fu et al 2007). In vivo, EphA4 knock-out mice 

have disorganized and abnormally shaped spines (Murai et al 2003a) and 

decreases in early phase LTP and in LTD (Grunwald et al 2004). However, mice 

with the cytoplasmic portion of EphA4 replaced by GFP appear to have normal 

LTP and LTD under standard induction paradigms. Thus, EphA4 may have 

kinase-dependent and independent functions that control the structural and 

physiological plasticity of excitatory synapses. These collective studies 

demonstrate that Eph receptors are important determinants of spine shape in vitro 

and in vivo. 

 Our findings suggest that EphA4 regulates spine morphology through a 

pathway different from what has been previously described for Eph receptors. 

Many of the events downstream of Eph receptors require activation of small 

GTPases that remodel the spine’s actin cytoskeleton. Eph receptors also interact 

with the PDZ-domain proteins, GRIP and AF6 (Hock et al 1998; Torres et al 

1998). These interactions, however, may be more pertinent to receptor trafficking 

(Hoogenraad et al 2005). Our results suggest that EphA4 likely utilizes tyrosine 

602 in the juxtamembrane region to activate PLCγ1 through its C-terminal 
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SH2-domain. Co-immunoprecipitation experiments further indicate that EphA4 

and PLCγ1 can interact directly or within the same molecular complex in the 

hippocampus. EphA4 is known to recruit and bind several proteins including Src, 

Fyn, and Vav2 through SH2 domain interactions (Cowan et al 2005; Ellis et al 

1996; Zisch et al 1998). The significance of these interactions at synapses has not 

been reported. Interestingly, cortical neurons derived from Fyn null mice show 

reduced spine density (Kalo & Pasquale 1999; Morita et al 2006). Thus, Fyn and 

PLCγ1 may similarly bind to the juxtamembrane tyrosines of EphA4 to modify 

synaptic structure. However, the delayed kinetics of PLCγ1 activation upon ephrin 

treatment and the fact that EphA4 and PLCγ1 only partially co-localize in a subset 

of spines leaves open the possibility that an intermediary protein downstream of 

EphA4 induces the activation of PLCγ1. Additional experiments are necessary to 

fully develop the direct or indirect nature of the EphA4-PLCγ1 interaction. 

 Upon activation by RTKs, phosphorylated PLCγ1 plays diverse roles in 

cellular behavior (Rebecchi & Pentyala 2000). Recent data suggests that PLCγ1 

controls the level of membrane-bound PIP2, which by itself acts as a potent 

second messenger that modifies actin-plasma membrane interactions and cell 

adhesion (DesMarais et al 2005; Raucher et al 2000). PIP2 also modulates the 

function of many proteins including potassium and TRP channels (Lopes et al 

2005; Rohacs et al 2005) and actin-binding proteins (Sechi & Wehland 2000). 

Furthermore, PIP2 actively competes with actin for binding cofilin and inhibits its 

actin depolymerizing ability in vitro (Yonezawa et al 1991a; Yonezawa et al 1990). 

Reciprocally, cofilin binding to PIP2 blocks PLCγ1-mediated cleavage of PIP2 

(Yonezawa et al 1991b). PLCγ-PIP2 interactions are known to be important for the 

dynamic regulation of the actin cytoskeleton and for cell motility upon EGF 

stimulation (Chou et al 2002). Ephrin/EphA4 signaling may provide a trigger for 

PLCγ1-dependent regulation of cofilin at the cell surface in dynamic 

compartments of neurons such as spines and growth cones. At the same time, 

generation of the second messengers IP3 and DAG by PIP2 hydrolysis may 

influence synaptic function (Lynch et al 1988; Nagase et al 2003; Taufiq et al 

2005). Further experiments are needed to determine if EphA4-PLCγ1 interactions 
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modify spine morphology and synaptic function through these second messenger 

systems. 

 Cofilin may exist in different transient states that are important for spine 

morphology. Reports have suggested that cofilin association near the cell 

membrane is enhanced when it is in the dephosphorylated, activated state 

(Mulholland et al 1994; Nagaoka et al 1996; Suzuki et al 1995). Phosphorylation 

of cofilin/ADF proteins on serine-3 also blocks their ability to bind actin (Morgan 

et al 1993; Moriyama et al 1996). Thus, PIP2 may tether cofilin to the cell surface 

and maintain it in a “primed” (dephophorylated but inactive) state awaiting RTK 

autophosphorylation. Upon PLCγ1 activation by EphA4, cofilin may be released 

to depolymerize and sever actin filaments in the spine (Matus 2000). Cofilin may 

need to be released from PIP2 inhibition and from the outer membrane perimeter 

of the spine in order to play a role in the “core” of the spine to alter its structure 

(Racz & Weinberg 2006).  

 Following release, Lim and Tes kinases may decrease cofilin activity through 

phosphorylation on serine-3. Indeed, Lim kinase 1 (LK1) knockout mice have 

reductions in cofilin phosphorylation and spine size (Meng et al 2002). This is 

consistent with cofilin promoting actin filament disassembly and spine shrinkage 

(Zhou et al 2004). Physiological recordings and behavioural analysis of LK1 

knock-out mice have shown that basal synaptic transmission is normal, however, 

the mice have elevated LTP and impairments on memory tasks (Meng et al 2002). 

Additionally, a microRNA that reduces the translation of LK1 is modulated by 

BDNF and blocks spine development (Schratt et al 2006). Cofilin is reactivated 

by slingshot proteins through dephosphorylation of serine-3 (Niwa et al 2002) and 

the mRNAs for these proteins are found in the developing and adult mouse brain 

(Ohta et al 2003). The role of SSH proteins in regulating spine morphology, 

however, remains unknown. Remarkably, a recent study suggests that cofilin 

phosphorylation/dephosphorylation events are not necessarily required for cofilin 

activity in dynamic leading edges of carcinoma cells in response to EGF treatment 

(Song et al 2006). In this context, translocation of cofilin is likely critical for its 

function in cellular remodeling. This supports the hypothesis that cofilin exists in 
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different states and is regulated at multiple levels to control its localization and 

activity.  

 In summary, our results provide new insight into how EphA receptors control 

spine morphology. The combinatorial control over multiple downstream targets of 

activated EphA and B receptors, including signaling through PLCγ1, ephexin-1, 

Rho-family GTPases and cofilin, is likely required for proper spine development 

and maintenance. 
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Figure 3-1. EphA4 activates PLCγ1. (A) Transfection of EphA4 increased the 

phosphorylation of overexpressed PLCγ1 on tyrosine 783, a site known to 

correlate with PLC activity. Expression of a kinase-dead form of EphA4, however, 

did not elevate PLCγ1 phosphorylation. Note that transfection of PLCγ1 alone led 

to a slight increase in phosphorylation over the control transfected condition 

(pcDNA3). Shown are blots of lysates derived from cells transfected with the 

indicated constructs. (B) Stimulation (Stim) of EphA4 transfected COS7 cells for 

45 minutes with ephrin-A3 Fc or ephrin-A5 Fc induced phosphorylation of 

endogenous PLCγ1. PLCγ1 was immunoprecipitated after stimulation of cells 

with control Fc, ephrin-A3 Fc or ephrin-A5 Fc and probed for phosphorylation on 

tyrosine 783. The membrane was subsequently stripped and reprobed for PLCγ1. 

Control IgG’s were used to confirm the specificity of the immunoprecipitation. 

Quantification of these changes showed that both ephrin-A3 Fc and ephrin-A5 Fc 

significantly increased PLCγ1 phosphorylation (*p < 0.05; ANOVA). (C) 

Immunoblots of lysates of cells stimulated with control Fc or ephrin-A Fc. 

Ephrin-A stimulation caused a significant increase in phosphorylation of Y783, 

but not Y771 or S1248 of PLCγ1 (*p < 0.02, t-test). (D) Immunofluorescence 

labeling showing increased labeling of EphA4 transfected COS7 cells with the 

anti-pY783 antibody. Note that the labeling was seen as clusters on the cell body 

(arrow) and processes (arrowhead) of EphA4, but not control transfected cells 

(EGFP-f). KD, kinase-dead, Scale bar, 30 m. Error bars indicate SEM.  
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Figure 3-2. Ephrin stimulation induces the activation of PLCγ1 in 

hippocampal slices. (A) Stimulation (Stim) of hippocampal slices with ephrin-A 

Fc induced phosphorylation of endogenous EphA4 and PLCγ1. After 45 min of 

ephrin-A Fc or control Fc stimulation of slices, EphA4 or PLCγ1 were 

immunoprecipitated and blotted for phosphotyrosine (pY20) or pY783 of PLCγ1, 

respectively. Control IgGs were used to confirm the specificity of the 

immunoprecipitation (IP). Membranes were subsequently stripped and reprobed 

for either EphA4 or PLCγ1 to ensure that equal amounts of protein were initially 

immunoprecipitated. (B,C) Time-course analysis showing PLCγ1 phosphorylation 

following 45 min of stimulation. Quantification of these changes showed a 

significant increase in phosphorylation at 45 min (**p < 0.01; ANOVA). Error 

bars indicate SEM. 
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Figure 3-3. EphA4 interacts with PLCγ1.  (A) GST pulldown assay using the 

N- (N-SH2) and C-terminal SH2 domains (C-SH2) of PLCγ1 and lysates from 

COS7 cells transfected with wild type EphA4, Y596E EphA4 mutant, or Y602E 

EphA4 mutant and stimulated with ephrin-A Fc. EphA4 strongly bound the 

C-terminal SH2 domain of PLCγ1. We observed very weak binding of the 

C-terminal SH2 domain to the Y596E mutant upon long film exposures. Lysates 

to the right (representing only 0.4% of total input) confirm the expression of the 

transfected receptors in each of the conditions used for the pulldown experiments. 

(B) Stimulation of transfected (trans) COS7 cells expressing wild-type, Y596E, or 

Y602E mutants of EphA4 with ephrin-A Fc showed that both Y596E and Y602E 

EphA4 mutants have compromised ability to activate PLCγ1 upon ephrin-A 

stimulation. PLCγ1 was immunoprecipitated after stimulation of cells with control 

Fc or ephrin-A Fc and probed for phosphorylation on tyrosine 783. The membrane 

was subsequently stripped and reprobed for PLCγ1. The Y596E mutant appeared 

to have higher basal ability to activate PLCγ1. The Y602E mutant showed only 

low levels of PLCγ1 activation upon ephrin-A stimulation. (C) EphA4 

co-immunoprecipitated with PLCγ1 from postnatal day 21 mouse hippocampus. 

PLCγ1 or control IgG immunoprecipitates were blotted for EphA4. (D) PLCγ1 

immunoprecipitates were subjected to in vitro kinase assays with or without a 

recombinant EphA4 kinase domain. The EphA4 kinase domain phosphorylated 

PLCγ1 on tyrosine 783. The blots were subsequently stripped and reprobed for 

PLCγ1 protein (*p < 0.05; t-test). Error bars indicate SEM. 
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Figure 3-4. PLCγ1 is found in multiple compartments of synaptosomes, but is 

enriched in postsynaptic density fractions. (A) PLCγ1 was found in 

non-synaptic fractions (cytosolic and microsomal) and in synaptic membranes and 

vesicles in the adult mouse brain as shown by immunoblotting with the 

anti-PLCγ1 polyclonal antisera. Antibodies against NR1 and synaptophysin were 

used as synaptic membrane and synaptic vesicle markers, respectively. (B) PLCγ1 

was present on both sides of the synapse. PLCγ1 was detected in presynaptic 

active zones and extra-junctional membrane fractions and was readily apparent in 

the PSD fraction. SNAP25 and PSD95 were used as presynaptic and post-synaptic 

density markers, respectively. (C) PLCγ1 is strongly associated with PSDs. 

PLCγ1 was insoluble to 1% Triton X-100 (PSD I and II) and 3% sarcosyl (PSD III) 

and remained associated with the “core” PSD (PSD III; see supplemental 

methods). 
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Figure 3-5. PLCγ1 activity is necessary for maintaining CA1 dendritic spine 

morphology. (A) Examples showing abnormal dendritic spine morphology after 

expression of the PLCγ1 LIM (lipase-inactive mutant) when compared to control 

CA1 cells expressing membrane-targeted EGFPf. (B) Quantification of spine 

parameters showed that spine density was significantly reduced following 

expression of the PLCγ1 LIM when compared to control. Significant increases in 

area and length of spines were also found. Spine width, although on average 

larger in the PLCγ1 LIM condition, was not significantly different among groups. 

No prominent changes were observed after overexpressing wild type PLCγ1 (*p < 

0.05, ** p < 0.01, ANOVA with Student-Newman-Keuls post-hoc comparisons). 

(C) Expression of the PLCγ1 LIM also induced a significant decrease in the 

number of stubby-type spines (*p < 0.05, ** p < 0.01, ANOVA with 

Student-Newman-Keuls post-hoc comparisons). (D) RNAi in organotypic slices 

following biolistic delivery of a vector expressing a PLCγ1 shRNA showed that 

PLCγ1 is necessary for maintaining spine density (*p <0.05. t-test). Scale Bars: A, 

5 m, high magnification images of individual spines, 1 m. Error bars indicate 

SEM.  
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Figure 3-6. PLC activity is necessary for ephrin-A induced dendritic spine 

retraction. DiI-labeled CA1 dendritic spines in hippocampal slices stimulated 

with Fc and control analog (A), Fc and PLC inhibitor (B), ephrin Fc and control 

analog (C), or ephrin Fc and PLC inhibitor (D). Note the retracted appearance of 

dendritic spines in (C). Classification of spines showed that application of the 

PLC inhibitor blocked the ability of ephrin to induce a retracted, stubby spine 

phenotype. Treatment of slices with Fc or ephrin Fc with the PLC inhibitor 

significantly decreased the percentage of mushroom shaped spines, suggesting 

that blocking PLC activity alone can destabilize mushroom-type spines (*p < 0.05, 

**p < 0.01, ANOVA with Student-Newman-Keuls post-hoc comparisons). Scale 

Bars: 5 m in (A) and 0.5 m in high magnification. Error bars indicate SEM. 
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Figure 3-7. PLC activity and ephrin stimulation alter the membrane 

association of the actin depolymerizing/severing protein cofilin. (A) 

Application of the PLC inhibitor (3 hrs) increased the levels of cofilin associated 

with the cell membrane of COS7 cells. The transferrin receptor (TfR) was used to 

ensure equal loading among lanes. (B) EphA4 expression in COS7 cells reduces 

the membrane-association of cofilin. This association was further reduced by 

ephrin stimulation (*p < 0.05; ANOVA with Student-Newman-Keuls post-hoc 

comparisons; **p < 0.01; t-test or ANOVA with Student-Newman-Keuls post-hoc 

comparisons). (C) Ephrin treatment of postnatal day 10 hippocampal slices also 

reduced the level of cofilin associated with the cell membrane (*p < 0.05; t-test). 

Error bars indicate SEM. 
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Supplemental Figure 3-1. Knock-down of PLCγ1 expression using RNAi. A 

pSUPER plasmid inducing the expression of a short-hairpin RNA directed against 

PLCγ1 and driving EGFPf was used for RNAi in NIH3T3 cells. The sequence 

used for RNAi has been previously characterized and shown to selectively 

knock-down PLCγ1 expression, while leaving the expression of the closely 

related family member, PLCγ2, intact (Patterson et al 2002). A plasmid that drives 

the expression a scrambled sequence of the PLCγ1 shRNA and EGFPf was used 

as a control. To verify the efficacy of the PLCγ1 RNAi, 10μg of control or PLCγ1 

shRNA plasmid was transfected into NIH3T3 cells. 72 hours following 

transfection, the cells were lysed and the level of PLCγ1 protein detected by 

western blot. Blotting for GAPDH verified approximate equal loading between 

lanes. In the mock transfection lane, cells were subjected to the same 

experimental conditions except the DNA was omitted.  
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Supplemental Figure 3-2. EphA4 and PLCγ1 partially colocalize in CA1 

pyramidal cell dendritic spines. Max projection of an EGFPf-infected 

organotypic hippocampal CA1 pyramidal neuron apical dendrite (green) 

immunolabeled for EphA4 (red) and PLCγ1 (green). (TOP) Shown are individual 

channels in grayscale for EphA4, PLCγ1 and EGFPf, respectively.  (BOTTOM) 

Merged image showing a composite of the three channels above. Masked image 

refers to the same field shown to the left following a three-dimensional "masking" 

procedure to preserve only the EphA4 and PLCγ1 punctae found within the 

volume of the dendrite. High magnification images show spines that reveal 

co-expression of both EphA4 and PLCγ1. Asterisks label example spines that 

have EphA4 only (or low levels of PLCγ1) and arrowheads show spines that do 

not have (or have low levels of) EphA4 or PLCγ1. Scale bars, 1 µm. 
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Supplemental Material and Methods 

 

Synaptosome Preparations 

Brain fractions were prepared according to the method described in (Huttner 

et al 1983). Briefly, 3-4 adult mice were anesthesized with Halothane, decapitated 

and the forebrains dissected out on ice. All the procedures necessary to prepare 

the brain fractions were done at 0-4°C and aliquots of all brain fractions were 

saved for western blot purposes. The forebrains were homogenized with 9 

up-and-down strokes at 900 rpm in 10 volumes (w/vol.) of an ice-cold 

sucrose/HEPES buffer (0.32M Sucrose, 10 mM HEPES and protease inhibitors 

(100 µg/ml Benzamidine, 0.5 µg/ml aprotonin, 0.5 µg/ml leupeptin and 20 µg/ml 

PMSF), pH 7.4). The nuclear material (P1) was removed by centrifugation at 

1,000xg for 10 min and the supernatant (S1) was centrifuged at 17,500xg for 30 

min. The resulting supernatant (S2) was used to prepare S3 (cytosol) and P3 

(microsomes) fractions (see below). The pellet P2 (crude synaptosomal fraction) 

was resuspended with sucrose/HEPES buffer and layered on top of a 

discountinous sucrose gradient (2.6, 1.2 and 0.8 M). The gradient was 

ultracentrifuged as described in (Corera et al 1996). 6ml of a fraction, collected at 

the 0.8/1.2M interface, was washed by addition of 2 volumes of sucrose/HEPES 

buffer followed by a centrifugation at 20,000 x g for 20 min. The final pellet P2’ 

(purified synaptosomal fraction) was resuspended in approximately 2 ml of 

sucrose/HEPES buffer. 

One to 1.5 ml of P2’ was osmotically lysed in 10 volumes of HEPES buffer 

[10 mM HEPES and the above mentioned protease inhibitors, pH 7.4], 

homogenized with 3 up-and-down strokes at 2,000 rpm and centrifuged at 33,000 

x g for 20 min. The pellet LP1 (total membrane fraction) is resuspended in 

sucrose/HEPES buffer whereas the supernatant (LS1) as well as the S2 fraction 

were ultracentrifuged at 260,000 x g for 2 h to obtain respectively LP2 (crude 

synaptic vesicle fraction) and P3 pellets. Protein concentrations were determined 

with the BCA protein assay kit (Pierce), using BSA as a standard. 
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Presynaptic, postsynaptic and “extra-junctional” proteins were separated 

according to the method previously described in (Phillips et al 2001) with some 

modifications. Briefly, 1 volume of purified synaptosomes (P2’) was diluted 1:10 

with ice-cold 0.1 mM CaCl2 solution, and an equal volume of 2 X solubilization 

buffer (2% Triton X-100, 40 mM Tris, pH 6.0) was added to the suspension. At 

pH 6, the synaptic junctional complexes can be isolated in high yield and purity. 

Membranes were incubated for 30 min on ice with gentle agitation and the 

insoluble synaptic junctions were pelleted (40,000 x g, 30 min). The supernatant 

(“extra-junctional” fraction) was decanted and proteins precipitated with 6 

volumes acetone at -20°C, and recovered by centrifugation at 18,000 x g for 30 

min. The pellet was washed twice in pH 6.0 solubilization buffer, resuspended in 

pH 8.0 solubilization buffer (1% Triton X-100, 20 mM Tris, pH 8.0; 10 volumes 

of the initial P2’ suspension) and incubated for 30 min on ice with gentle agitation, 

and centrifuged at 40,000 x g for 30 min. This pH elevation (6 – 8) solubilizes the 

extracellular matrix, releasing the presynaptic active zone (supernatant) from the 

postsynaptic densities, which remain in the insoluble fraction. The latter fraction 

was subjected to a subsequent extraction in the pH 8.0 solubilization buffer and 

centrifuged as above for a maximum recovery of the presynaptic active zone 

proteins. The two supernatants were combined, precipitated with acetone and spun 

down for 30 min at 18,000 x g. The subsynaptic fractions were solubilized in 5% 

SDS, and the protein contents quantified as above. 

PSD fractions were obtained as described in (Cho et al 1992). Briefly, P2’ 

fraction was resuspended with 50 mM Tris buffer (pH 7.4) containing 0.5% Triton 

X-100 and incubated on ice for 20 min. Solubilized P2’ was centrifuged (32,000 x 

g, 20 min) and the resulting pellet (PSD I fraction) was resuspended in 50 mM 

Tris buffer. PSD II and III fractions were obtained by solubilizing 1 volume of the 

PSD I fraction with 8 volumes of either 50 mM Tris buffer (pH 7.4) containing 

0.5% Triton X-100 or 3% sarcosyl in 50 mM Tris buffer containing 1mM EDTA, 

respectively, followed by centrifugation at 200,000 x g for 1h. The resulting PSD 

II and III fractions were solubilized in 5% SDS and the proteins quantified as 

above. Equal amount of proteins of each fraction were separated on SDS-PAGE 
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and blotted onto nitrocellulose membrane. The membranes were incubated with 

antibodies and revealed with enhanced chemiluminescence (Pierce). 
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In the previous chapter, I demonstrated that PLCγ1 regulates cofilin through controlling its 

membrane association. After it is released from the cell membrane, cofilin enters another level 

of regulation through phosphorylation/dephosphorylation by kinases and phosphatases. In 

chapter 4, I focuse on cofilin phosphatase Slingshot and its roles in regulating dendritic spine 

morphology downstream of EphA receptors.  
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Chapter 4 EphA Signaling Through Slingshot Regulates 

Dendritic Spine Plasticity 

 

The text in this chapter is a reprint from a manuscript prepared for peer review.  
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Abstract 

 The morphological plasticity of dendritic spines is believed to play an 

important role in storing information at excitatory synapses in the brain. Imaging 

studies have revealed that stimuli that drive neural circuit activation also lead to 

modifications in dendritic spines. At the molecular level, spine remodeling is 

highly dependent on actin filament reorganization. However, the upstream 

receptors and signaling pathways that provoke actin-based spine changes remain 

to be fully described. Previously we demonstrated that EphA receptor signaling 

promotes the structural plasticity of spines. We now show that EphA receptors 

signal through the slingshot 1 (SSH1) phosphatase to activate the actin filament 

depolymerizing/severing factor cofilin in heterologous cells and neurons. In the 

hippocampus, SSH1 expression is developmentally regulated and SSH1 

phosphatase activity is required to preserve normal spine morphology of CA1 

pyramidal neurons in organotypic slices and dissociated neurons. Interestingly, 

both SSH1 and the upstream phosphatase calcineurin are required for 

EphA-induced morphological changes in heterologous cells and remodeling of 

spines in hippocampal neurons. These findings indicate that EphA receptors 

facilitate the structural plasticity of synapses by activating cofilin and rearranging 

actin filaments in spines.  

 

Introduction 

 The reorganization of dendritic spines is implicated in learning and memory 

processes in the brain and many findings support the concept that spines are 

shaped by synaptic activity and experience (Kasai et al 2010). Single synapse 

analysis has shown that spines exhibit activity-dependent changes in size, 

although other studies didn’t see the same effect (Bagal et al 2005; Okamoto et al 

2004). Furthermore, spine number and turnover can be regulated in vivo by 

behavioral training (Roberts et al 2010; Xu et al 2009; Yang et al 2009). Thus, 

spine remodeling is likely an important feature of neurons that is needed for the 



 84

storage of information at synapses. 

 Spines vary in morphology and size, but typically have an enlarged head that 

is connected to the dendrite shaft by a constricted neck. This architecture helps 

compartmentalize ion channels, scaffolding proteins and other signaling 

components at postsynaptic sites. At the interface between the structural and 

molecular properties of spines is an array of actin filaments (Matus 2000). Actin 

filaments play numerous roles in regulating synapses including anchoring proteins 

to the synapse and controlling spine morphology. Several pools of actin are 

enriched in spines and in a constant state of dynamic equilibrium between 

filamentous and globular forms (Honkura et al 2008; Star et al 2002). This 

equilibrium is re-adjusted by synaptic activity (Okamoto et al 2004) and the 

recruitment of molecules that fine-tune the actin cytoskeleton (Ethell & Pasquale 

2005). Interestingly, increases and decreases in actin polymerization and spine 

size occur with LTP and LTD-inducing stimuli, respectively (Okamoto et al 2004). 

Furthermore, stabilizing actin filaments or inhibiting actin polymerization blocks 

spine dynamics and prevents the induction and maintenance of LTP in 

hippocampal slices (Kim & Lisman 1999). Thus, reorganization of the actin 

network is important for spine remodeling and associated changes in synaptic 

strength. 

One class of proteins that triggers changes in spines are receptors of the Eph 

family (Klein 2009; Lai & Ip 2009). EphAs and EphBs comprise a family of 

receptor tyrosine kinases that are activated by ligands known as ephrins (Murai & 

Pasquale 2003). Ephs activate factors that regulate actin cytotoskeletal 

reorganization (Ethell & Pasquale 2005). EphBs promote spine development and 

stability following their maturation through members of Rho-family of small 

GTPases (Henkemeyer et al 2003b; Kayser et al 2008; Shi et al 2009) while 

EphAs induce spine remodeling through several mechanisms (Murai et al 2003a; 

Zhou et al 2007). However, the direct mechanisms that enable Ephs to stabilize or 

remodel the actin cytoskeleton in spines are not well understood. Here we dissect 

the signaling pathways downstream of EphAs that regulate the structural plasticity 

of spines. We identify that EphAs activate the actin depolymerising/severing 
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factor cofilin to regulate cell morphology and spines. Importantly, EphA-induced 

cofilin activation and spine remodeling requires the function of the cofilin 

phosphatase SSH1 and its upstream phosphatase calcineurin. This study identifies 

a novel pathway utilized by EphAs to reorganize the actin network in spines. 

   

Methods 

DNA constructs. Full-length V5-tagged, human Slingshot 1 and a 

phosphatase-inactive mutant (C393S) were cloned into pcDNA3 (Hsieh et al 

2006). For Semliki Forest virus (SFV) constructs, V5-tagged SSH1 or the C393S 

mutant cDNAs were subcloned into the vector pScaPD containing a viral 

subgenomic promotor followed by farnesylated enhanced green fluorescent 

protein (EGFP-f) (Lundstrom et al 2003; Zhou et al 2007). Control plasmid 

contains only EGFP-f. 

Antibodies, recombinant proteins and inhibitors. A custom rabbit polyclonal 

antibody was raised against a synthesized peptide containing a sequence of 16 

amino acids of SSH1 (KSAPEHLKSPSRVNKS) that covers a conserved region in 

both human and mouse SSH1, but not retained in SSH2 or SSH3. Antibodies for 

the following proteins were also used: Cofilin (Cell Signaling Technology, 

Beverly, MA); phospho-Cofilin (Cell Signaling Technology); GAPDH (Abcam, 

Cambridge, MA); Actin filament (Phalloidin-Alexa 568, Invitrogen, Carlsbad, 

CA). PSD-95 (BD Biosciences, Franklin Lakes, NJ); V5 (Sigma, St. Louis, MO), 

and control mouse IgGs (Jackson Immunochemicals, West Grove, PA). The 

following recombinant proteins were used:  human IgG Fc (Jackson 

Immunochemicals); and ephrin-A3 Fc (R & D Systems, Minneapolis, MN). 

Calcineurin inhibitor FK506 (Sigma). 

RNAi. The siRNA duplexes composed of 21bp sense and antisense 

oligonucleotides were purchased from Qiagen. Control siRNA are Allstars 

Negative Control siRNA. The sequence of siRNA for mouse SSH1 used was 

GGC UUG UUUGCG UAC CAU ATT. The fluorescence tagged siRNA for both 

control and mSSH1 were the same oligo sequence except with a 3’-Alexa 488 
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modification. HT22 cells were transfected with 30pM siRNA using HiPerFect 

(Qiagen, Valencia, CA) for 72 hours. For primary neuron cultures, cells were 

transfected with 30pM siRNA for 72 hours using Lipofectamine (Invitrogen) 

before subjected to immunostaining. 

Western Blot Analysis. For HT22 cell experiments, cells were seeded day 

before, the second day, cell reached ~80% confluency. Cells were serum-starved 

for 1 hour before being stimulated with dimeric control Fc or ephrin-A3 Fc (10 

g/ml) for 5 minutes. Cells were then lysed in RIPA buffer (1% Triton X-100; 1% 

Na deoxycholate; 0.1% SDS; 20 mM Tris; 150 mM NaCl; 1 mM EDTA) 

containing protease inhibitors and orthovanadate. Lysates were then subjected to 

western blot. The degree of phosphorylation was determined using antibodies 

against phospho-cofilin antibody. Membranes were then stripped and reprobed for 

total level of cofilin using cofilin antibody. For densitometry, the amount of 

phosphorylation was quantified using ImageJ and was normalized against the total 

cofilin levels. Data was collected over three independent experiments. 

 For biochemistry involving hippocampal neurons, 14 DIV dissociated 

hippocampal neurons were treated with dimeric control Fc or ephrin-A3 Fc (10 g 

/ml) for 5 minutes, and then subjected to western blot analysis described as above.  

Cell rounding assay. For cell rounding assays, HT22 cells were plated onto 

chambered slides (Nunc, Rochester, NY) and transfected as previously described. 

Cells were fixed with 4% paraformaldehyde/0.1M phosphate buffer for 30 

minutes, rinsed with TBS and incubated for 1 hour in blocking solution (5% goat 

serum/0.1%Triton X-100 in TBS (Tris-buffered saline)). Cells were then 

incubated with phalloidin-568 in blocking solution for 1hour followed by brief 

washes with TBS/0.1%TX-100. cells were mounted for microscopy. 10 images 

were taken from randomly chosen areas for each condition. Then cell numbers of 

each morphological category for each condition were counted blinded. 

Dissociated neuronal cultures. Primary hippocampal neurons were cultured 

from P0 mice on coverslips above an astrocyte feeder layer using a modified 

method previously published (Kaech & Banker 2006). Briefly, the hippocampal 
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astrocytes for feeder layer was prepared from P2 mice, maintained in astrocyte 

media (Minimal Essential Medium containing Earles salts and L-glutamine 

supplemented with 10% Horse serum, 0.6% glucose and 1% 

penicillin/streptomycin (Invitrogen) 5 days before neuronal dissection. 

Hippocampal neurons were dissociated by papain treatment (0.1% papain, 0.02% 

BSA in Neurobasal-A medium) followed by titrations. Neurons were then plated 

on coverslips and transferred to dishes containing the astrocyte feeder layers after 

3 hours.  

 Hippocampal Slice Preparation. Organotypic hippocampal slices were 

prepared as described (Murai et al 2003a). Briefly, 300µm slices from postnatal 5 

day (P6-7) mouse pups were made using a McIllwain tissue chopper (Stoelting, 

Kiel, WI) and transferred onto semi-porous tissue culture inserts (0.4 µm pore size; 

Millipore) containing media (50% Minimum Essential Medium / 25% Horse 

Serum/25% Hanks Balanced Salt Solution / 6.5mg/ml D-glucose / 0.5% penicillin 

/ streptomyosin, pH~7.2). Media was replaced every two days and slices were 

cultured for 1 week before viral gene delivery. 16-20 hours post-infection, slices 

were either fixed and mounted for confocal imaging or fixed and subjected to 

immunofluorescence using anti-V5 antibodies. 

Semliki Forest Virus Plasmid Construction and Virus Preparation. For 

expressing SSH1 constructs and fluorescent proteins in hippocampal slices, 

Semliki Forest virus (SFV) constructs were created (Ehrengruber et al 1999). 

V5-tagged wild type SSH1 and phosphatase inactive SSH1(C393S) cDNAs were 

subcloned into a pScaPD vector containing a viral subgenomic promotor followed 

by farnesylated enhanced green fluorescent protein (EGFP-f). Control plasmid 

contains only EGFP-f (Zhou et al 2007). Viral particles were created by 

co-transfecting SFV vectors with a viral packaging vector into baby hamster 

kidney cells (DiCiommo & Bremner 1998). 

SSH1 and membrane-targeted farnesylated EGFP (EGFPf; Clontech) genes 

were each cloned 3’ to a viral subgenomic promoter in modified SFV vectors 

(Lundstrom et al 2003). SFV particles were prepared by co-transfecting SFV 

vectors with a viral helper vector into baby hamster kidney cells (DiCiommo & 
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Bremner 1998). 72 hours following transfection, the cell media was removed and 

purified on a sucrose gradient (20%, 55% W/V) by ultracentrifugation. Viral 

particles were collected and diluted with PBS and concentrated using a filter 

column (Millipore, Billerica, MA) and low-speed centrifugation. Viral particles 

were reconstituted in ice-cold PBS, activated with chymotrypsin (10mg/ml), and 

treated with aprotinin (10mg/ml). SFV particles were injected into hippocampal 

slices with a Picospritzer (Parker Hannifin, Cleveland, OH) or directly apply to 

culture media (for dissociated hippocampal neuronal cultures). 

Confocal imaging and image analysis. Confocal imaging and analysis of 

dendritic spine morphology in hippocampal slices was performed as described 

previously (Zhou et al 2007). Briefly, images of dendrites were taken for each 

condition (control, wild-type slingshot phosphatase (SSHwt), or slingshot 

phosphatase-inactive mutant (SSH(CS)) from 3 independent experiments. Each 

image contained a Z-stack maximum projection of a primary apical dendrite from 

a CA1 pyramidal cell taken approximately 100µm from the cell body (Control = 

16 dendritic segments with 568 spines total; SSHwt = 26 dendritic segments with 

886 spines total; SSH(CS) = 22 dendritic segments with 603 spines total). All 

images were normalized for EGFPf signal intensity and thresholded in Photoshop. 

Geometric measurements of spine parameters (head length, head width, neck 

length, neck width, spine area, spine density) were acquired using the Reconstruct 

computer program. 

SSH localization analysis. For the analysis of SSH protein location in neurons, 

SSHwt was introduced into hippocampal slice using SFV containing V5 tagged 

SSHwt as well as EGFP-f for 16 hours. Cells were then subjected to 

immunostaining for V5 epitope. Fluorescence intensity of V5 and EGFP-f at spine 

tip, spine neck and neighbouring dendritic shaft were measured by placing a 

measuring circle at these locations. Integrated fluorescence intensity of both 

channels from the measuring circles were obtained using Metamorph (Molecular 

Devices, Downingtown, PA). The signal for the SSH proteins (V5 fluorescence 

intensity) was normalized to the intensity of EGFP-f at the same location to 

correct for differences in signal due to volume of the structures or differences in 
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expression levels among cells.  

Immunostaining of dissociated neurons. To visualize the dendritic spines as 

well as F-actin and PSD structures in primary hippocampal neurons, 13 day old 

neurons were infected with Semliki Forest Virus containing EGFP-f only or 

SSH(CS) and EGFP-f. The second day, neurons were pretreated with FK506 for 

10min, or directly treated with Fc or ephrin-A3 Fc for 10 min. Neurons were then 

washed with ice-cold PBS and fixed with 4% paraformaldehyde/0.1 M phosphate 

buffer/2% Sucrose for 10 minutes. Cells were then briefly washed with 

PBS/Glycine, then permeabilised with PBS containing 0.2% Triton X-100 for 

15min. After blocked in 5%BSA/0.1% Triton X-100/PBS for 1 hour, neurons 

were washed and incubated with primary antibody PSD-95 (mouse monoclonal, 

1:100) for 90 min. Neurons on coverslips were washed three times with PBS 

before incubation with either goat anti-mouse Alexa 647 mixed with 

phallodin-568 (1:50) for 1 hour, then washed and imaged using confocal 

microscopy. Single plane images were taken in three channels at the same time for 

F-actin, PSD-95, and GFP. Images were cropped to the region of interest using 

Photoshop. All measurements described below were obtained using ImageJ (NIH). 

The sizes of F-actin or PSD-95 clusters were measured by the areas of the clusters. 

F-actin cluster intensity was measured by the mean gray value within the area of 

clusters. F-actin cluster circularity was measured using shape indicator in ImageJ. 

The distance of PSD-95 clusters to dendrite was measured as from the center of 

clusters to the center of dendritic shaft.  

 

Results 

EphA Signaling Promotes Dephosphorylation of Cofilin 

We previously showed that EphA receptors regulate dendritic spine 

remodeling in the hippocampus and can initiate a series of signaling events that 

facilitate spine retraction in organotypic hippocampal slice cultures (Murai et al 

2003a). We further showed that EphA activation with ephrin-A ligands alters the 

association of cofilin with the cell membrane (Zhou et al 2007). However, an 



 90

important question that remained was whether EphA activation resulted in the 

activation of cofilin, a potent regulator of actin filaments that is enriched in spines 

(Bernstein & Bamburg 2010). Cofilin is an actin-binding protein that 

depolymerises and severs filamentous (F-actin), increasing globular (G-actin) 

monomer levels and producing additional barbed ends on actin filaments. The 

activity of cofilin is tightly regulated by phosphorylation on serine-3 at the 

N-terminus of the protein (Van Troys et al 2008). Phosphorylation of serine-3 by 

LIMK and TESK proteins serve to inactivate cofilin whereas dephosphorylation 

of serine-3 by SSH and chronophin (CIN) phosphatases activate cofilin (Gohla et 

al 2005). The degree of serine-3 phosphorylation of cofilin can be probed using 

antibodies raised against the phosphorylated residue. We followed up on the 

possibility that activation of EphAs with ephrin-A ligands regulates the 

phosphorylation state of cofilin. We found that stimulation of HT22 cells, an 

immortalized mouse hippocampal cell line (Li et al 1997), with recombinant 

ephrin-A3 fused to the Fc domain of human IgG (ephrin-A3 Fc) caused a 

significant reduction in cofilin phosphorylation after 45 minutes when compared 

to control Fc (Figure 1A). Since cofilin has been shown to undergo rapid 

phosphorylation/dephosphorylation in response to various stimuli (Van Troys et al 

2008), we tested the time-course of the dephosphorylation event. Cofilin was 

dephosphorylated over the course of minutes (2 and 5 minutes shown; Figure 1B), 

suggesting rapid dephosphorylation and activation of cofilin in response to EphA 

stimulation. To determine if this signaling event occurs in neurons, we stimulated 

hippocampal neurons grown for 14 days in vitro (D.I.V.). At this stage of culture, 

many of the synapses on the neurons are mature and dendritic spines are easily 

observed. Similar to the results with HT-22 cells, stimulation of hippocampal 

neurons with ephrin-A3-Fc led to a rapid decrease in cofilin phosphorylation (5 

minute stimulation; Figure 1C). These results show that stimulation of EphA 

receptors with ephrin-A causes a rapid decrease in cofilin phosphorylation in both 

heterologous cells and neurons in culture. 

 

The Cofilin Phosphatase Slingshot 1 (SSH1) is Required for EphA-mediated 
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Cofilin Dephosphorylation and Cell Morphology Changes 

   Cofilin activity is directly related to the phosphorylation state of serine-3 in 

the N-terminus of the molecule, with the dephosphorylated molecule having 

depolymerising/severing activity (Bernstein & Bamburg 2010). To date, only 

members of the SSH and CIN family of phosphatases have been found to 

dephosphorylate and activate cofilin (Gohla et al 2005; Huang et al 2008; Kurita 

et al 2008; Niwa et al 2002). Previously it was shown that SSH family members 

(SSH1, SSH2 and SSH3) are expressed in the adult CNS including the 

hippocampus (Ohta et al 2003). Thus, we were interested in investigating if SSH 

phosphatases may contribute to cofilin dephosphorylation in response to ephrin-A 

treatment. To test the requirement of SSH proteins on EphA-mediated cofilin 

dephosphorylation, we utilized a phosphatase inactive form of SSH1 (now 

referred to as SSH(CS) that harbors a mutation (cysteine 393 replaced by serine in 

the phosphatase domain) (Niwa et al 2002). This phosphatase-inactive mutant has 

been used to interfere with endogenous SSH protein activity in cells in several 

cellular contexts (Hsieh et al 2006; Kurita et al 2008; Niwa et al 2002). Consistent 

with other reports, transfection of the SSH(CS) into heterologous cells results in 

an increase in cofilin phosphorylation (Supplemental Figure 2). We next tested the 

importance of SSH1 function in EphA-mediated cofilin dephosphorylation by 

treating SSH(CS)-transfected HT22 cells with control Fc or ephrin-A3-Fc. 

Expression of SSH(CS) effectively blocked the ability of ephrin-A3-Fc to cause 

cofilin dephosphorylation (Figure 2A). Importantly, the blockade of cofilin 

dephosphorylation upon ephrin-A stimulation was also observed in dissociated 

hippocampal neurons expressing SSH(CS) (Figure 2A). To test if the SSH(CS) 

protein caused a similar effect as direct loss of SSH protein, we reduced 

endogenous SSH1 in HT22 cells using short-interfering RNAs (siRNAs) specific 

for mouse SSH1. Double-stranded control siRNAs or SSH siRNAs (with and 

without Alexa-488 tags) were transfected into HT22 cells and endogenous SSH1 

proteins level were examined 72 hours later by Western blot. SSH1 protein levels 

in cells transfected with SSH1 siRNAs were reduced compared to cells 

transfected with the control siRNAs (Supplemental Figure 1).  Loss of SSH1 
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protein was observed with mouse N1E115 and HT22 cells and primary 

hippocampal neurons transfected with SSH1 siRNAs (Supplemental Figure 1). 

Consistent with the effect of the SSH(CS) protein, SSH siRNAs interfered with 

the ability of ephrin-A3-Fc to reduce cofilin phosphorylation levels (Figure 2B). 

These results suggest that SSH1 mediates the dephosphorylation of cofilin upon 

EphA activation. 

 Eph signaling is known to induce rapid actin remodeling and cell rounding in 

heterologous cells (Dail et al 2006; Irie et al 2008; Lawrenson et al 2002). 

Consistent with this, HT22 showed robust actin reorganization and cell rounding 

when treated with ephrin-A3-Fc for 20 minutes. This was revealed by labelling 

for actin in cells with Alexa-568 conjugated phalloidin (Figure 2C). Ephrin-A3-Fc 

treatment increased the percentage of cells showing a rounded/shrunken 

morphology from 19.6% (control levels) to 80.4% following ephrin-A3 Fc 

treatment (Figure 2C). We were next interested in determining if the loss of SSH1 

would prevent ephrin-A-induced actin reorganization and cell rounding. To do this, 

HT-22 cells were transfected with either control or SSH siRNAs and then 

stimulated with ephrin-A3-Fc for 20 minutes. We found that ephrin-A-Fc 

treatment caused about 81.3% cell rounding in control siRNA transfected cells, 

however, this was reduced to 33.1% following transfection with SSH siRNA. 

These results, along with those presented earlier, indicate that SSH1 is required 

for ephrin-A-induced cofilin dephosphorylation, actin remodeling and cell 

morphology changes.  

 

SSH1 is Expressed in the Developing and Adult Hippocampus and is 

Necessary for Normal Dendritic Spine Morphology 

SSH phosphatases were first identified in Drosophila mutants, which show a 

bifurcated bristle phenotype (Niwa et al 2002). In mammals, three genes are 

known to encode SSH proteins (SSH1, -2 and –3), with SSH1 and 2 having 

alternative splice forms (Niwa et al 2002; Ohta et al 2003). A study using In situ 

hybridization reported that all three SSH genes are expressed in the adult 
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hippocampus, cerebellum, and olfactory bulb (Ohta et al 2003).  

As a first step toward understanding the properties of SSH proteins in the 

hippocampus, we investigated the temporal expression of SSH1 in the early 

postnatal and adult hippocampus. Western blot analysis showed that SSH1 protein 

is detectable at early postnatal time points (P1-P12), prior to being found at a 

reduced level in the adult hippocampus (Figure 3A). To resolve the subcellular 

localization of the protein, we turned to dissociated neuronal cultures where 

individual neurites and synapses can be resolved more easily. Immunostaining 

dissociated hippocampal neurons at 14 D.I.V. for SSH1 showed that the protein 

was distributed as punctae along the neurites of hippocampal neurons. SSH1 was 

found in the shafts of dendrites and spines and showed partial co-localization with 

PSD-95, a marker of the postsynaptic density (Figure 3B).  

To further examine if SSH1 can be targeted to specific compartments of 

neurons, we expressed a V5-tagged version of SSH1 in organotypic hippocampal 

slices utilizing a Semliki Forest virus (SFV) expression system. The SSH proteins 

were expressed simultaneously with membrane-targeted EGFP (EGFP-f) in order 

to delineate the dendrites of CA1 cells including their spines. 16 hours 

post-infection with SFVs, slices were fixed and immunostained using an antibody 

against the V5-epitope. Similar to the endogenous SSH1 expression, we found 

that SSH1-V5 protein was highly expressed in dendrites of CA1 cells and often 

found in the spine head region (Figure 3C). We measured the localization of this 

protein by quantifying its intensity at the tip of the dendritic spine head, neck of 

the spine, and in the nearby dendritic shaft region. We found that SSH1 protein 

was concentrated in the spine tip (Figure 3D) versus the neck and dendrite. These 

findings, along with the previous immunostaining results, suggest that SSH 

proteins are found in the dendrites of neurons and can be localized in dendritic 

spines.  

Since SSH1 was detected during early postnatal development of the 

hippocampus, a time when dendritic spines are developing, we tested whether 

SSH proteins influence dendritic spine morphology. As before, Semliki Forest 

viruses were used to introduce wild type SSH1 (SSHwt) or SSH(CS) into CA1 
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pyramidal cells of organotypic hippocampal slices and EGFP-f was used to 

delineate dendritic spine morphology. 16 hours post-infection, spine density and 

morphology in CA1 pyramidal neurons were quantified (Figure 4). 

Overexpression of SSHwt did not significantly affect the structural properties of 

dendritic spines as compared to control neurons only expressing EGFP-f. 

However, the SSH(CS) protein caused significant spine changes, including an 

increase in spine head length and a reduction in spine head width (Figure 4F). 

Taking several parameters of the spines in the various conditions into account 

(including spine length, width, and ratios of these parameters), expression of the 

SSH(CS) protein in CA1 cells significantly increased the number of elongated 

spines and caused a reduction in mushroom-looking spines (Figure 4H). These 

results suggest that the activity of SSH proteins help preserve dendritic spine 

structure. 

 

Calcineurin is Required for Ephrin-A-Induced Cofilin Dephosphorylation 

and Changes in Cell Morphology 

   Previous studies have shown that calcineurin dephosphorylates SSH1 (Wang 

et al 2005b) and is responsible for activating SSH1 in developing and mature 

neurons (Wang et al 2005b; Wen et al 2007; Yuen & Yan 2009). This has 

important consequences for actin remodeling in non-neuronal cells (Wang et al 

2005b), steering growth cones of developing axons (Wen et al 2007) and AMPA 

receptor trafficking at synapses (Yuen & Yan 2009). Thus, calcineurin is an 

important upstream regulator of SSH1 in several contexts. We were interested in 

determining if calcineurin was required for EphA-dependent cofilin 

dephosphorylation and actin reorganization. To test this, we treated HT22 cells 

and dissociated hippocampal neurons with the calcineurin inhibitor FK506 for 10 

minutes prior to control Fc or ephrin-A3 Fc application. We found that FK506 

blocked ephrin-induced cofilin dephosphorylation in HT22 cells and neurons 

(Figure 5A). To determine if calcineurin was needed for EphA-mediated cell 

rounding, we treated HT22 with FK506 prior to ephrin-A3 Fc treatment and 

labelled F-actin using Alexa-568 phalloidin. We found that actin remodeling and 



 95

cell rounding was significantly blocked by application of FK506. These results 

suggest that calcineurin is required for both EphA triggered cofilin 

dephosphorylation and cell rounding (Figure 5B).  

 

EphA Receptors Regulate Dendritic Spine Morphology through SSH1 and 

Calcineurin 

 We previously reported that EphA4 activation with ephrin-A ligand induces 

dendritic spine remodeling (Murai et al 2003a). Furthermore, dendritic spine 

morphology is perturbed in EphA4 knock-out mice and following expression of a 

kinase-dead EphA4 (Murai et al 2003a). Among the ligands that activate EphA4 is 

ephrin-A3 which is found on glial cell processes in the hippocampus. Recent 

findings have found that ephrin-A3 regulates glutamate transporter levels in 

astrocytes and this is likely related to defects in LTP in ephrin-A3 knock-out mice 

(Carmona et al 2009; Filosa et al 2009). We were interested in determining if 

SSH1 and calcineurin are required for the EphA-induced spine changes in neurons. 

To avoid complications related to the regulation of glutamate transporter levels 

and neuron-glial interactions through ephrin-A3 and EphA receptor interactions, 

we turned to experiments with dissociated hippocampal neurons. This allowed us 

to investigate the effects of ephrin-A treatment on dendritic spine morphology of 

neurons in the absence of significant physical contact of neurons with glial cells 

(see methods section for culture system used). At 13 D.I.V, neurons were infected 

with Semliki Forest Viruses to drive expression of EGFP-f to reveal spine 

morphology. The next day, neurons were treated with either control Fc or 

ephrin-A3 Fc for 10 minutes prior to fixation and imaging. Spine density and 

morphology were compared in each of the conditions. Within minutes of treating 

neurons with ephrin-A3 Fc, spines showed a significant increase in length and a 

decrease in head width (Figure 6A). Using the parameters of the measured spines, 

we found that EphA activation reduced the percentage of mushroom shaped 

spines and increased the percentage of elongated/filopodial-like spines (Figure 

6E). Importantly, all of these modifications to spine morphology and classification 

upon EphA receptor activation were blocked by the presence of the calcineurin 
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inhibitor FK506 or expression of SSH(CS). One complication that needs to be 

mentioned, however, is the fact that the SSH(CS) condition produced baseline 

alterations in spine length, width, and classification (Figure 6H and 6I). Thus, we 

cannot rule out the possibility that a prior spine phenotype may preclude the 

ability of spines to respond to EphA signals. Interestingly, the baseline changes in 

spines were remarkably similar to those found in SSH(CS)-expressing CA1 

neurons of organotypic cultures (Figure 4).  

 

EphA Signaling Causes F-Actin Reorganization and PSD Repositioning in 

Spines 

 SSH1 binds F-actin through its C-terminal protein interaction domain (named 

the S domain; (Ohta et al 2003). The binding to F-actin enhances SSH1 activity to 

dephosphorylate cofilin, promoting actin remodeling (Kurita et al 2008). To 

further study how EphA-induced spine remodeling is related to the reorganization 

of the F-actin network and postsynaptic structure in spines, we investigated the 

distribution of F-actin and PSD-95 in dissociated hippocampal neurons following 

ephrin-A treatment and manipulations that block SSH1 and calcineurin function. 

As shown in Figure 6A, 10 minutes of ephrin-A application caused spines to 

elongate, leading to the loss of a defined head region on spines. Staining for 

F-actin with Alexa-568 phalloidin revealed that F-actin was redistributed within 

spines (Figure 7A). Although overall changes in F-actin cluster size or intensity 

were not detected (Figure 7B and 7C), the shape of the F-actin clusters was 

significantly altered. This was determined by calculating the degree of circularity 

of F-actin clusters using ImageJ. Normally, F-actin labeling is detected as 

round/circular structures enriched in the spine head (Matus 2000). However, 

ephrin-A treatment caused a significant elongation of F-actin clusters with a 

reduced circularity index (Figure 7D). Application of the FK506 or expression of 

SSH(CS) blocked the reorganization of F-actin by ephrin-A treatment. 

Interestingly, expression of the SSH(CS) protein in neurons alone caused an 

abnormal localization of F-actin in the spine neck and a reduction in the tip of 

spine heads (Figure 7A). These results indicate that ephrin-A treatment 
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reorganizes the F-actin cytoskeleton in spines and this activity requires the 

function of SSH1 and calcineurin. 

 We next examined the effects of ephrin-A treatment on postsynaptic 

organization by labeling for PSD-95 in spines. PSD-95 labeling is largely 

localized to the head of dendritic spines in dissociated neurons (Figure 7A). 

However, treating neurons with ephrin-A caused a significant decrease in the 

density of PSD-95 punctae (Figure 7E). Of the remaining PSD-95 sites, punctae 

size was not significantly altered (Figure 7F). We also found that the remaining 

PSD-95 clusters were significantly closer to the dendritic shaft following ephrin-A 

treatment, indicating a repositioning of postsynaptic molecules upon EphA 

activation (Figure 7G). This was measured by measuring the distance of PSD-95 

punctae to the dendritic shaft and comparing it to total spine length. Interestingly, 

ephrin-A treatment caused many PSD-95 punctae to be positioned away from the 

head of spines and in some cases near the base of spines. Importantly, the 

alterations in PSD positioning were blocked with FK506 application or expression 

of SSH(CS) protein, suggesting that calcineurin and SSH1 signaling are essential 

for this process. These collective results indicate that EphA activation causes a 

reorganization of postsynaptic sites that result in spine remodeling. 

 

Discussion   

 Eph receptors have an established role in the morphogenesis and maintenance 

of dendritic spines (Ethell & Pasquale 2005). However, exactly how these 

receptors perform these functions remains to be fully demonstrated. Our results 

reveal a novel pathway downstream of the EphA class of receptors that regulates 

spine plasticity. We show that EphA activation causes the dephosphorylation of 

cofilin, an important actin filament severing/depolymerising factor implicated in 

regulating dendritic spine development and morphology. The ability of EphAs to 

activate cofilin requires the activity of the phosphatases slingshot and calcineurin. 

Furthermore, both phosphatases are needed for EphA-mediated reorganization of 

actin filaments, PSD-95 positioning, and dendritic spine remodeling. This study 
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contributes new insight into the intricate signaling mechanisms downstream of 

EphAs that regulate the molecular and structural plasticity of excitatory synapses 

in the central nervous system. 

 Early work by Matus and colleagues showed the importance of actin filament 

dynamics in spine remodeling (for review see (Matus 2000)). Actin filaments 

serve as the primary structural scaffold of dendritic spines and provide a core for 

the assembly of many protein complexes at synapses. Recent studies have further 

revealed how actin remodeling and spine rearrangements are related to changes in 

synaptic efficacy and plasticity (Ethell & Pasquale 2005). Key to these changes is 

the recruitment of signaling proteins that refine the actin cytoskeletal network. 

Indeed, molecules that nucleate, sever, depolymerise, and cap actin filaments 

including profilin, gelsolin, Arp2/3, cortactin, and cofilin have been found to 

regulate spine development and maintenance (Star et al 2002). Thus, a complex 

network of actin filament regulatory proteins is available to control the structural 

plasticity of spines. However, the ability of upstream receptors and signaling 

proteins to recruit these proteins and coordinate the stabilization and 

destabilization of F-actin in spines remains to be fully understood. 

Our results indicate that EphAs signal to cofilin to elicit changes in spine 

morphology. Cofilin plays a central role in turning over actin filaments in many 

cell types and is implicated in regulating the development and morphological 

plasticity of spines (Fedulov et al 2007; Hotulainen et al 2009; Shi et al 2009; 

Zhou et al 2007). Indeed, direct manipulation of cofilin function perturbs 

spinogenesis and the maintenance of spines (Hotulainen et al 2009; Shi et al 2009). 

In mature neurons, expressing a constitutively active form of cofilin (S3A; 

serine-3 mutated to alanine) in hippocampal neurons results in longer, 

immature-looking spines. In contrast, overexpression of an inactive form of 

cofilin (S3D; serine-3 mutated to aspartic acid to mimic phosphorylation) results 

in a decrease in spine length. Thus phospho-cycling on serine-3 of cofilin is likely 

a key point of convergence of many signaling pathways that serve to remodel the 

actin cytoskeleton in spines through actin filament severing and depolymerization. 

Interestingly, Shi et al. also revealed a critical role of EphB receptors in stabilizing 
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dendritic spines through Fak activation and cofilin phosphorylation/inactivation in 

mature neurons. EphB receptors are key receptors that promote spine 

morphogenesis during development (Ethell et al 2001a; Henkemeyer et al 2003b; 

Penzes et al 2003) and serve to maintain spine morphology in mature neurons 

(Kayser et al 2008; Shi et al 2009). Thus, in spines of mature neurons, cofilin 

activity may be bi-directionally controlled by counterbalancing EphA and EphB 

signaling pathways. This form of Eph receptor modulation of cofilin 

phosphorylation may serve to fine-tune actin remodeling events and dendritic 

spine morphology. Further experiments are needed to determine the interaction 

between EphA and B classes in regulating the structural plasticity of synapses. 

Cofilin is known to be regulated by kinases of the LIMK and TesK family 

(Bernstein & Bamburg 2010). These proteins directly phosphorylate cofilin on 

serine-3, leading to its inactivation. This has relevance for brain plasticity as 

LIMK1 knockout mice have spine abnormalities and learning/memory deficits 

(Meng et al 2002a). Spines in LIMK1 knock-out mice have reduced spine head 

size and have a thickening of the spine neck region. The importance of LIMK1 on 

regulating spines has been further demonstrated in a study that identified a 

micro-RNA that targets LIMK1 mRNA and helps control spine development 

(Schratt et al 2006). Both LIMKs and TesKs are activated by Pak and Rho kinases, 

and integrate signaling events downstream of multiple receptor systems. While 

cofilin inactivation by LIMK1 is essential for spine development, the role of 

TesKs remains unclear.  

Cofilin inactivation by LIMKs and TesKs is counterbalanced by the 

phosphatases SSH and CIN (Van Troys et al 2008). Our results indicate that SSH1 

is required for EphAs to induce cofilin dephosphorylation and activation. 

Furthermore, we provide evidence that SSH1 activity is required for regulating 

dendritic spine morphology. Intriguingly, organotypic and dissociated 

hippocampal neurons expressing a phosphatase-inactive form of SSH1 exhibit 

spines with an irregular morphology, being thinner and elongated. This is 

consistent with the finding that F-actin is accumulated in the neck region of spines. 

One important role for SSH1 may be to control F-actin levels in the spine neck, a 
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region of the spine that has recently been shown to be critical for 

activity-dependent spine plasticity (Honkura et al 2008). The regulatory 

mechanisms of SSH1 in spines deserve further attention as SSH proteins are 

subject to various regulatory processes including phosphorylation. It has been 

reported that phosphorylation by PAK4 decreases SSH phosphatase activity 

(Soosairajah et al 2005b). Phosphorylation of SSH family proteins also increases 

their inhibition by 14-3-3 family proteins (Nagata-Ohashi et al 2004b). 

Dephosphorylation of SSH1 by calcineurin, however, serves to activate SSH1 and 

this interaction facilitates growth cone remodeling during development (Wen et al 

2007) and AMPA receptor turnover in GABAergic interneurons (Yuen & Yan 

2009). We also found that EphA signaling though SSH1 requires calcineurin. 

Calcineurin is also downstream of many signaling events at synapses including 

NMDA receptor activation, and is critical for forms of synaptic plasticity 

including LTD (Mulkey et al 1994). Future experiments will investigate how 

EphA activation upregulates calcineurin function to promote spine remodeling 

and the crosstalk of EphA signaling with other pathways. 

EphA activation is known to trigger a variety of signaling events that induce 

spine remodeling. For example, EphA signaling promotes spine changes through 

promoting Cdk5 phosphorylation of the Rho GTPase exchange factor ephexin (Fu 

et al 2007), activating PLCγ1 (Zhou et al 2007), and reducing 

1-integrin-mediated adhesion through p130CAS (Bourgin et al., 2007). 

Interestingly, these studies showed that activation of EphA signaling leads to spine 

retraction (Bourgin et al 2007; Murai et al 2003a) and loss (Murai et al 2003a) 

following prolonged EphA activation with ephrin-A ligands in organotypic slice 

cultures. We now show that EphA activation elicits spines changes over a rapid 

time scale (minutes) in dissociated hippocampal neurons. Our current model is 

that initial EphA activation promotes rapid actin cytoskeletal reorganization and 

spine remodeling in dissociated neurons. However, chronic activation causes 

spine retraction and collapse (Murai et al 2003a). Indeed, we found that two 

components of the postsynaptic terminal are reorganized under short time frames 

in spines upon EphA activation. F-actin clusters become irregular in shape and 
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PSD-95 punctae become less abundant and are found closer to the dendritic shaft. 

One possibility is that the actin skeleton which supports postsynaptic structures in 

spines undergoes restructuring which destabilizes PSD-95 clusters. Perhaps the 

fate of a remodeling spine depends on the degree of stability of postsynaptic sites. 

Future experiments will explore this possibility. 
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Figure 4-1. EphA stimulation leads to cofilin dephosphorylation and 

activation in HT22 cells and dissociated hippocampal neurons. A, Stimulation 

of HT22 cells with ephrin-A3 Fc for 45 min decreased the level of phosphorylated 

cofilin compared to cells treated with control Fc (**p<0.01, unpaired t-test). B, 

Cofilin dephosphorylation was observed 2 and 5 min after initiating ephrin-A3-Fc 

stimulation of HT22 cells (*p<0.05, **p<0.01, one-way ANOVA with Bonferroni 

test). C, Ephrin-A3 Fc treatment of dissociated hippocampal neurons (14 D.I.V) 

for 5 min caused a significant reduction in the level of phospho-cofilin as 

compared to neurons treated with control Fc (*p<0.05, unpaired t-test). 

Phospho-cofilin levels were corrected according to total cofilin levels in all graphs 

and error bars indicate SEM.  
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Figure 4-2. SSH phosphatases are required for EphA-mediated cofilin 

dephosphorylation. A, Expression of SSH(CS) blocked ephrin-A3 Fc induced 

cofilin dephosphorylation in HT22 cells and hippocampal neurons (14 D.I.V.) (5 

minute stimulation; **p<0.01, t-test). The ratio of phospho-cofilin to total cofilin 

levels was normalized to Fc control or Fc + SSH(CS) control, respectively. B, 

Knockdown of SSH1 expression with SSH1 siRNAs blocked the ability of 

ephrin-A3 Fc to reduce phospho-cofilin levels in HT22 cells (*p<0.5, one-way 

ANOVA with Kruskal-Wallis test). C, HT22 cells were treated with Fc or 

ephrinA-Fc and cell morphology and F-actin structures were visualized with 

Alexa 568-conjugated phalloidin. Graph (top right), ephrin-A3 Fc treatment 

caused a significant increase in the number of shrunken cells when compared to 

Fc treatment (***p<0.001, t-test). Graph (bottom), HT22 cells transfected with 

control siRNAs or SSH1 siRNAs for 72 hours were treated with Fc or ephrin-A3 

Fc. SSH1 siRNAs significantly reduced the percentage of shrunk cells upon 

ephrin-A3 Fc treatment (***p<0.001, t-test). Scale bar = 10 µm and error bars 

indicate SEM. 
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Figure 4-3. SSH1 is expressed in the developing and adult mouse 

hippocampus and is localized at dendritic spines. A, Western blot analysis 

showing that SSH1 protein levels peak during the first postnatal week and decline 

toward adulthood in the mouse hippocampus. B, Immunostaining of dissociated 

hippocampal neurons (14 D.I.V.) reveal SSH1 punctae localized in neuronal 

processes (green), including dendrites and spine heads. 1a-3c, SSH1 showed 

partial co-localization with PSD-95 (red). C, Expression of V5-tagged SSH1 

(SSHwt) in CA1 neurons in organotypic hippocampal slices. SSH1 was 

concentrated in the head region of the spines. D, Schematic showing the regions 

used to quantify the fluorescence intensity of SSH1 in spines. Three regions were 

measured: spine tip, neck, and dendritic shaft. SSH1 showed higher levels of 

fluorescence intensity in spine head tip compared to spine neck. Scale bars are 5 

µm in B, C and 1 µm in the inset (1a-3c) and error bars indicate SEM. 
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Figure 4-4. SSH is necessary for maintaining CA1 dendritic spine 

morphology in organotypic hippocampal slice. A-C, Examples showing 

abnormal dendritic spine morphology after expression of SSH(CS) when 

compared to control and SSHwt-expressing CA1 cells. Membrane-targeted 

enhanced green fluorescent protein (EGFP-f) was expressed alone (control) or 

co-expressed with SSHwt or SSH(CS) to visualize dendrites and spines. D-G, 

Quantification of spine parameters shows that spine properties are not affected 

with SSHwt expression. However, spine head length is significantly increased and 

spine head width is significantly decreased after expression of SSH(CS). H, 

Expression of SSH(CS) decreased the number of mushroom-shaped spines, and 

increased the number of elongated spines (*p<0.05, **p<0.01, ANOVA with 

Student-Newman-Keuls post-hoc comparison). Scale bars show 5 µm in A-C (1 

µm in the inset) and error bars indicate SEM. 
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Figure 4-5. Calcineurin is required for ephrin-induced cofilin 

dephosphorylation. A, HT22 cells or hippocampal neurons were pre-treated with 

the calcineurin inhibitor FK506 (10mM) for 10 min and then treated with Fc or 

ephrin-A3 Fc for 5 min. FK506 blocked the ability of ephrin-A3 Fc to reduce 

cofilin phosphorylation (n.s., t-test). B, HT22 cells were treated ephrin-A3 Fc in 

the absence or presence of FK506. Cell morphology and F-actin localization were 

visualized with Alexa 568-conjugated phalloidin. FK506 significantly reduced the 

ability of ephrin-A3 Fc to induce cell shrinkage (**p<0.01, t-test). Scale bar =10 

µm and error bars indicate SEM. 
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Figure 4-6. EphA receptors regulate dendritic spine morphology through 

SSH1 and calcineurin. A, Examples showing dendritic spine morphology after 

10 min Fc or ephrin-A-Fc treatment. Neurons were infected with SFV expressing 

EGFP-f to outline spine morphology or EGFP-f and SSH(CS) to disrupt 

endogenous SSH1 function. B, Spine density is not significantly affected in any 

group. C, Ephrin-A3 Fc treatment caused a significant increase in spine length 

and a reduction in spine head width (***p<0.001, **p<0.01, one-way ANOVA 

with Bonferroni post-hoc analysis). The presence of FK506 or expression of 

SSH(CS) abolished ephrin-A3 Fc-induced spine changes. E, Ephrin-A3 Fc 

treatment also reduced the proportion of mushroom-shaped spines and increased 

the proportion of elongated spines. This effect was lost in the presence of FK506 

or SSH(CS) (***p<0.001, **p<0.01, 2-way ANOVA with Bonferroni post-hoc 

comparison). Scale bar = 5 µm and error bars indicate SEM. 
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Figure 4-7. EphA and SSH activity reorganizes F-actin in dendritic spines. A, 

Examples of dendrite segments from 14 D.I.V. primary hippocampal neurons 

treated with either Fc or ephrin-A3 Fc while in the presence of FK506 or SSH(CS) 

expression. Neurons were stained with Alexa 568-conjugated phalloidin (red), and 

PSD-95 antibody (blue) to visualize F-actin and postsynaptic structures in spines. 

All neurons were expressing EGFP-f to outline dendrite and spine morphology. 

B-D, Quantitative analysis of F-actin cluster size, intensity and circularity. F-actin 

cluster size and intensity were similar in all conditions (Kruskal-Wallis test). 

However, ephrin-A3 Fc treatment significantly changed F-actin cluster circularity 

(*p<0.05, Kruskal-Wallis test with Dunn’s post comparisons). Expression of 

SSH(CS) alone, also significantly changed F-actin cluster circularity (*p<0.05, 

Kruskal-Wallis test with Dunn’s post comparisons). E-G, Analysis of PSD-95 

punctae density, size, and localization. Expression of SSH(CS) significantly 

reduced PSD-95 punctae density and altered its distribution (***p<0.001, 

Kruskal-Wallis test with Dunn’s post comparisons). Scale bars = 10 µm. Error 

bars reflect SEM. 
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Supplemental Figure 4-1. SSH1 knockdown in NIE115, HT22 cells, and 

primary hippocampal neurons. A-B, Transfection of siRNAs for SSH1 (with 

and without Alexa 488 conjugation) reduced the amount of SSH1 protein in 

mouse NIE115 (A) or HT22 cells (B) after 72 hours. C, Endogenous SSH1 protein 

levels are decreased in hippocampal neurons (14 D.I.V) following transfection of 

SSH1 siRNAs (72 hours post transfection). Scale bar = 10 µm in C.  
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Supplemental Figure 4-2. SSH(CS) increase phospho-cofilin levels in COS7 

cells. Western blot shows that expression of SSHwt did not change cofilin 

phosphorylation levels, whereas overexpression of SSH(CS) increased the 

phosphorylation level of cofilin.  
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Ephrins and Eph receptors have established roles in axon guidance of the 

developing nervous system (Flanagan & Vanderhaeghen 1998; Kullander & Klein 

2002; Orioli & Klein 1997; Palmer & Klein 2003). In several regions of the 

immature nervous system, ephrins and Eph receptors are expressed in different 

patterns that help with discrete axon target events (Lemke & Reber 2005; 

McLaughlin & O'Leary 2005; von Philipsborn et al 2006). In many cases, 

activation of signaling events downstream of these proteins causes growth cone 

retraction and repulsion (Goodman 1996; Sahin et al 2005; Wilkinson 2001). 

However, the binding between ephrins and Eph receptor can also promote cellular 

adhesion (Cooke et al 2005; Hansen et al 2004). Thus, fine control over the 

amount of ephrin and Eph receptor interactions and the degree of downstream 

signaling likely regulates how these proteins influence the connectivity of 

developing neurons (Halloran & Wolman 2006; Hansen et al 2004; 

Sela-Donenfeld & Wilkinson 2005).  

Remarkably, some Eph receptors remain highly expressed in the adult brain 

(Flanagan & Vanderhaeghen 1998; Kullander & Klein 2002; Yamaguchi & 

Pasquale 2004). For example, EphA4 receptor is highly enriched in CA1 

pyramidal neurons in the adult hippocampus and localized on dendritic spines 

(Murai et al 2003a; Murai et al 2003b). One ligand of EphA4, ephrin-A3, is 

expressed on astrocytic processes that surround dendritic spines. Astrocytes may 

play an important role in remodeling dendritic spines (Haber et al 2006; Nishida 

& Okabe 2007). Indeed, studies show that activation of EphA4 by ephrin-A3 

results in spine retraction, whereas inhibiting the interaction between EphA4 and 

ephrin ligands by EphA4-Fc fusion protein, or transfecting neurons with 

kinase-inactive EphA4, leads to disorganization of spines (Murai et al 2003a). 

EphA4 knock-out mice also show disorganized and abnormally shaped spines. 

Consistent with the importance of ephrin-A3-EphA4 interactions for spine 

morphology is the finding that EphA4 phosphorylation levels are reduced and 

dendritic spines of hippocampal pyramidal neurons are disrupted in ephrinA3 
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knock-out mice (Carmona et al 2009). Surprisingly, loss of either ephrin-A3 or 

EphA4 also leads to an increase the glial glutamate transporter levels. This causes 

an increased level glutamate removal during high-frequency stimulation of 

neurons and causes a partial impairment of LTP (Filosa et al 2009). In contrast, in 

vivo over-expression of ephrin-A3 in astrocytes decreases glutamate transporter 

levels and promotes glutamate excitotoxicity of neurons (Filosa et al 2009). Close 

contact between spines and astrocytes, may thus allow binding of EphA4 and 

ephrin-A3 and result in bi-directional signaling events. EphA4 activation is 

important for restricting dendritic spine size. At the same time, ephrin-A3 

“reverse” signaling regulates the stability of glial glutamate transporters to 

regulate extracellular glutamate levels and pre- and/or postsynaptic properties. 

Thus, communication between neurons and glial cells through EphA4-ephrin-A3 

interactions controls both synaptic morphology in neurons and glutamate 

transporter levels in astrocytes.   

Studies indicate that EphA receptors preferentially bind to ephrinAs, whereas 

EphB receptors bind to ephrinBs (Pasquale 1997). However, EphA4 is an 

exception to this rule in that it binds several ephrin-A ligands, as well as 

ephrin-B2 and ephrin-B3 ligands (Gale et al 1996; Kullander et al 2001; Pasquale 

2004; Wilkinson 2000). EphA4 may interact with ephrin-A or B’s expressed 

presynaptically, postsynaptically, or on glial membranes and hence may be 

activated by different ephrins in the brain (Fu et al 2007; Grunwald et al 2004; 

Murai et al 2003a). This is consistent with the fact that loss of ephrin-A3 in vivo 

does not completely abolish receptor phosphorylation levels (Carmona et al 

2009). 

My studies revealed novel signaling events downstream of EphA4 that 

regulate dendritic spine morphology. I showed that PLCγ1 signaling was critical 

for maintaining spine morphology and PLC activity was required for 

ephrin-induced spine retraction. More specifically, I found that the C-terminal 

SH2 domain of PLCγ1 bound to phosophorylated tyrosine 602 in the 

juxtamembrane region of EphA4. Interestingly, the amount of cofilin associated 

with the cell membrane was regulated by PLCγ1 activity, likely through PIP2 
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cleavage upon EphA4 activation. PIP2 is known to anchor cofilin to the cell 

surface and maintain it in a dephophorylated but inactive state. Upon 

EphA4-mediated PLCγ1 activation, PIP2 cleavage may locally release cofilin from 

the cell membrane in spines. This event could spatially confine actin filament 

reorganization events at the spine pheriphery. However, how the cofilin returns to 

the PIP2-tethered state on the membrane in spines is not clear but would likely 

require the function of other kinases and phosphatases that regulate 

phosphoinositides (Liu & Bankaitis 2010; Saarikangas et al 2010).  

Other recent studies have focused their attention on how EphA4 regulates 

downstream kinases including serine/thronine kinase Cdk5, and the tyrosine 

kinases Fyn and Pyk2 (Bourgin et al 2007; Fu et al 2007). In a separate, but 

related study, I found that EphA receptor activation also caused the 

dephosphorylation and activation of cofilin. This was mediated through the 

phosphatases slingshot (SSH) and calcineurin. Both phosphatases were required 

for EphA-mediated reorganization of actin filaments and dendritic spine 

remodeling. These results provide novel insight into discrete signaling cascades 

between EphA receptors and the F-actin network in dendritic spines. However, it 

remains to be tested how kinase, phosphatase, and lipase pathways intersect and 

ultimately regulate the final outcome of receptor activation. It is possible that 

signaling pathways downstream of EphA receptors that regulate cofilin 

membrane-association and phosphorylation/dephosphorylation interact 

cooperatively (Figure 5-1). Cofilin tethered on the cell membrane could serve as a 

storage pool. Upon activation of EphA receptors, release of cofilin from the cell 

membrane rapidly provides more cofilin protein to the active pool to 

depolymerize F-actin.   

Since PLCγ1 hydrolyzes phosphatidylinositol 4,5-bisphosphate (PIP2) to 

generate inositol 1,4,5-triphosphate (IP3) and 1,2-diacylglycerol (DAG), second 

messenger signaling also needs to be considered. IP3 is an important second 

messenger that binds to IP3 receptors and causes release of calcium ions from 

endoplasmic reticulum (Berridge 1995). This may be especially relevant for 

calcineurin regulation, which is a calcium dependent phosphatase (Klee et al 
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1979). It is possible that downstream calcium signaling is critical for the pathways 

that I studied. Exactly how EphA receptor activation may elicit a calcium 

transient in neurons remains unknown. My preliminary data show that members 

of transient receptor potential (TRP) C family of channels are potentially involved 

(Clapham et al 2001). TRPC channels are non-selective cation channels, 

comprised of TRPC1-TRPC7. All 7 TRPC channels are expressed in mouse brain 

(Clapham et al 2001). Intriguingly, EphA-induced cofilin dephosphorylation can 

be blocked by a function blocking antibody of TRPC1 but not TRPC3 or TRPC5 

(data not shown). It is possible that activation of EphA receptors leads to a 

calcium influx through TRPC1, which then activates calcineurin. Calcineurin then 

dephosphorylates SSH which activates cofilin to remodel dendritic spines. Future 

experiments are needed to investigate if EphA receptors activate TRPC1 and how 

this relates to spine morphology.  

My studies also revealed that EphA and EphB receptor signaling may 

counter-balance each other to regulate dendritic spine structure. Activation of 

EphA receptors leads to a dephosphorylation and activation of cofilin, which 

could be directly responsible for actin depolymerization and spine shrinkage. 

Another study shows that EphB2 activation leads to increase in cofilin 

phosphorylation through activation of LK1 pathway (Shi et al 2009). The ability 

of Eph receptors to differentially control cofilin phosphorylation could reflect 

distinct functions of A-type and B-type Eph receptors on the common target. 

Cooperative control of cofilin through EphA and EphB receptors could 

differentially regulate the extent and timing of cofilin activation and actin 

organization in dendritic spines. Future studies are needed to investigate how 

EphA and EphB receptors function to coordinate synaptic plasticity through this 

pathway.  

Recent progress in molecular and imaging techniques have provided a rapid 

increase in our understanding of the structural plasticity of spines. It is becoming 

increasingly clear that structure/function relationships exist at synapses and that 

specific molecules are needed to fine-tune the morphology of synapse. However, 

the picture is still far from complete. Determining the full network of molecules 
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present in spines and providing more detailed characterization of signaling events 

taking place will allow a greater understanding of structure/function relationships 

of synapses and likely allow important insight into brain diseases. 
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Figure 5-1. A schematic model for EphA receptors regulation of cofilin. EphA 

receptors regulate cofilin at two different levels. Upon EphA receptor activation, 

PLCγ1 modulates cofilin membrane association through PIP2 hydrolysis. After 

cofilin is released from the cell membrane, it enters another level of regulation 

through phosphorylation/dephosphorylation. SSH and calcineurin phosphatases 

are required for the ephrin-induce cofilin dephosphorylation downstream of EphA 

receptors.  
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