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Abstract 

The combination of the mechanical properties of the extracellular matrix, the cells and their 

physical arrangement influences how cells sense and respond to the microenvironment. In 

diseases such as cancer where metastatic events led by a few cells are responsible for mortality, 

characterizing how local mechanics change and influence cell behavior can provide an 

important understanding of disease progression. In this thesis, a novel sensor to measure 

internal mechanics at cellular length scales, within 3D tumor tissue models was developed. 

Fluorescently-labelled swellable microgels, called microscale temperature-actuated 

mechanosensors (µTAMs), were developed as cell-sized mechanosensors that report local 

mechanics based on their ability to expand within a matrix. These sensors were first used in 

spheroid cultures and mouse models to reveal local sites of high stiffness in invasive cancers. 

Similar trends were observed in extended spheroid cultures of a Src inducible cell line where 

high stiffnesses occurred while the oncogene was constitutively expressed and there was space 

to grow freely. Histological examination of soft versus stiff localized areas within spheroids 

revealed distinct differences in morphology suggesting differences in cellular mechanical 

responses at these regions. Finally, the µTAMs were further developed to extend their 

capabilities for cell-scale viscoelastic measurements which better describe the early cell 

response and behavior to mechanical stress. Differences in viscoelastic behaviors at the cellular 

length scale were identified between invasive and non-invasive cancer spheroids where 

invasive tissue appear to behave more elastically than viscous behaviors in non-invasive 

spheroids. Overall, the development of the µTAM sensor allows us to study optically study 

internal tissue mechanics and has identified highly localized mechanical properties 

surrounding individual cells that correlate with invasive potential.  

  



 

 

 

ii 

Abrégé 

La combinaison des propriétés mécaniques de la matrice extracellulaire, des cellules et de leur 

disposition physique influence la façon dont les cellules détectent le microenvironnement et y 

réagissent. Dans des maladies telles que le cancer, où les événements métastatiques menés par 

quelques cellules sont responsables de la mortalité, la caractérisation de la façon dont les 

mécanismes locaux changent et influencent le comportement des cellules peut permettre de 

comprendre la progression de la maladie. Dans le cadre de cette thèse, un nouveau senseur a 

été développé, appelés mécanodétecteurs actionnés par la température à micro-échelle 

(µTAMs), pour mesurer la mécanique interne à l'échelle de la longueur cellulaire, dans des 

modèles 3D de tissus tumoraux. Des microgels expansibles marqués par fluorescence ont été 

mis au point en tant que mécanodétecteurs de la taille d'une cellule, qui rendent compte de la 

mécanique locale en fonction de leur capacité à s'elargir Ces détecteurs ont d'abord été utilisés 

dans des cultures sphéroïdes et des modèles de souris pour révéler les sites locaux de grande 

rigidité dans les cancers invasifs. Des tendances similaires ont été observées dans des cultures 

sphéroïdes prolongées d'une lignée cellulaire inductible par Src où des rigidités élevées se sont 

produites alors que l'oncogène était exprimé de manière constitutive et qu'il y avait de l'espace 

pour grandir librement. L'examen histologique des zones localisées molles et rigides des 

sphéroïdes a révélé des différences morphologiques distinctes, suggérant des différences dans 

les réponses mécaniques cellulaires de ces régions. Enfin, les µTAM ont été développés pour 

étendre leurs capacités de mesures viscoélastiques à l'échelle cellulaire, ce qui permet de mieux 

décrire la réponse cellulaire précoce et le comportement aux contraintes mécaniques. Des 

différences dans les comportements viscoélastiques à l'échelle de la longueur cellulaire ont été 

identifiées entre les sphéroïdes cancéreux invasifs et non invasifs où les tissus invasifs 

semblent se comporter de manière plus élastique que les comportements visqueux des 

sphéroïdes non invasifs. Dans l'ensemble, le développement du senseur µTAM nous permet 

d'étudier optiquement la mécanique interne des tissus et a permis d'identifier des propriétés 

mécaniques très localisées entourant les cellules individuelles qui sont en corrélation avec le 

potentiel invasif.  
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Chapter 1  

1 General Introduction and Literature Review 

The following chapter begins with a comprehensive review of the relevant background and 

literature on measuring mechanics within the cellular microenvironment, with a specific 

focus on cancer mechanics and mechanobiology. The main text from section 1.1 is a 

chapter contribution towards a book titled “Micro and Nano Systems for Biophysical 

Studies of Cells and Small Organism” to be published in November 2021 by Elsevier. 

Following this, the overall rationale and objectives of the thesis are presented. 
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1.1 Probing tissue mechanics at the cellular-length scale in 
cancer microenviroments 

 

1.1.1 Abstract  

Tissues are mechanically complex composite structures, in which an organized collection 

of cells in various configurations, interwoven within a complex extracellular matrix 

maintain mechanical integrity and function.  Cellular activity in response to these local 

mechanical properties can drive considerable changes in the tissues over time. Given the 

importance of tissue mechanics in maintaining tissue homeostasis and in progressing 

disease phenotypes, understanding the relationship between the local mechanical 

microenvironment and cell behavior is therefore crucial to predict tissue health.  

Specifically, measuring complex mechanics at length-scales similar to those of a cell, in 

realistic and living tissues presents considerable challenges. In this chapter, we discuss 

conventional and emerging techniques to measure tissue mechanics in the cellular 

microenvironment, with a specific focus on measurements to better understand cancer 
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1.1.2 Introduction and current challenges in biomechanical 
characterization 

Cells are the basic unit of life and their proper function has major implications for 

development, health, and disease. The principal lens through which biologists view cellular 

systems is though the central dogma of molecular biology: reading genetic information 

stored in the nucleus to producing molecular signaling pathways that guide cell behavior. 

However, it becoming more apparent that beyond biochemical signals, cells can sense and 

respond to their physical surroundings [1–3], and these mechanical stimuli are implicitly 

present in virtually all cell and tissue cultures.  For example,  anchorage-dependent cells 

must be adhered onto a surface to survive [4], or and some cells benefit from cell-cell 

contacts to remain viable [5]. These mechanical conditions surrounding the cell are well-

established to influence cell structure and function [6].  

Mechanical conditions arise within tissues through several mechanisms, and are 

essential for tissue function.  A spatial distribution of intrinsic stress is essential maintain 

and stabilize tissue architecture, while also transducing mechanical cues from the 

microenvironment into biochemical responses [7]. The mechanical elasticity of the cell and 

surrounding tissue components dictates how local stresses result in deformations leading 

to functional changes. Direct deformation of the cell can alter both gene expression and 

molecular signaling. Most prominently, nuclear dysmorphia can alter gene accessibility 

and even damage the genome [8–10]. The stability of the nuclear envelope has also been 

associated with changes in stiffness of the surrounding tissue, highlighting the importance 

of maintaining a narrow working range of appropriate mechanical properties for proper 

function [11]. Mechanosensory mechanisms rely on the external rigidity as cells generate 

internal stress by pulling on their surroundings to trigger signaling cascades [12,13]. 

Therefore, an understanding of where and how forces are generated, reacted upon, and 

resisted may reveal new strategies to assess tissue health and disease progression in 

diseases such as cancer. 



   

 

   

 

4 

 The most prominent feature of mechanically-influenced biological systems in 

recent years has been the mechanical rigidity of tissues.  These factors are particularly 

important in considering human health, as tissue function is reliant on appropriate tissue 

mechanics, which can span 100s of pascals in the brain and lung to gigapascals in bone 

[14]. Proper tissue function relies on maintaining the tissues within a narrow range of 

appropriate mechanical properties, and deviations from this range are common signs of 

disease [15].  To quantify these tissue mechanics, early strategies used classical mechanical 

measurement techniques like rheometry, tensile testing, and mechanical indentation to 

characterize biological tissues [16,17]. However, biological samples are highly 

heterogeneous composites of different cells and extracellular matrix proteins, and classical 

characterization methods provide only a lumped measurement that fails to distinguish 

between these individual contributions.  Tissues are carefully organized to maintain 

structure and fulfill specialized functions, and changes in cell shape, ECM organization, 

and overall tissue patterns accompany disease progression [18]. These visually-observable 

changes suggest that local alterations in the tissue’s material properties evolve concurrently 

with local cell behavior. Therefore, quantifying these properties and resolving 

spatiotemporal mechanical profiles within 3D tissues is critically important to understand 

triggers for pathogenic development, and this has now been shown to be particularly 

relevant in the context of cancer [19,20].  

In terms of tissue function, spatial distribution of stresses maintain and stabilize 

tissue architecture, while also transducing mechanical cues from the microenvironment 

into biochemical responses [7]. The elasticity of the cell and overall tissue dictates how 

local stresses result in deformations leading to functional changes. Gene expression and 

molecular signaling can both be altered by direct deformations of the cell. Most 

prominently, nuclear dysmorphia can alter gene accessibility and even damage the genome 

[8–10]. The stability of the nuclear envelope has also been associated with changes in 

matrix stiffness, highlighting the importance of maintaining a narrow working range of 

appropriate mechanical properties for proper function [11]. Mechanosensory mechanisms 



   

 

   

 

5 

are reliant on the rigidity of the environment as cells require force transmissions from 

pulling on the surroundings to trigger signaling cascades [12,13]. Therefore, an 

understanding of where and how forces are generated, reacted upon, and resisted may 

reveal new metrics on assessing tissue health and disease progression, like in cancer.  

Conventional macroscale characterization techniques for testing millimeter- and 

centimeter-scale samples lack the resolution needed to characterize local mechanical 

differences within cellular constructs. Since these measurements capture mechanically 

dominant properties only, they neglect heterogeneity that exists within tissues. For 

example, with tensile testing or indentation-based methods, local soft spots would be 

masked by an overall stiff tissue, effectively limiting the ability to capture soft regions in 

the tissue. In the context of diseased tissues like cancer, the overall tumor tends to be stiffer 

than normal surrounding tissue, but cancer cells themselves are well documented to be 

significantly softer than normal cells [21,22]. Thus, the resolution and length scale of 

acquired mechanical measurements need special consideration according to the study in 

question. Furthermore, while individual cells are components in a more complex tissue, 

they acutely sense and respond to mechanics at the nano and micro length scale, which 

may differ from the global average of the whole tissue [14]. Such mechanical cues provided 

by the extracellular microenvironment will guide cells in development, differentiation, and 

disease progression [19,23,24]. Cells must first sense these cues to trigger a response, and 

they do so by extending stiff exploratory motile structures and retracting them to probe the 

mechanics of their local environment [25]. Depending on the adhesions the cell can form 

with the existing extracellular proteins and the traction force magnitude it can exert on its 

surroundings, a cell will react and adapt to these mechanical cues by physically and 

compositionally remodeling their environment [1,26,27]. Hence the local 

microenvironment surrounding a cell plays a disproportionately important role in 

maintaining or driving higher-order structural changes in the tissue. Therefore, quantifying 

the mechanical cues that a cell experiences within its local microenvironment requires 

measurement tools that apply forces at micro- and nano- length scales.  
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In addition to this requirement for high-resolution measurements, cells in vivo 

typically exist in a three-dimensional context. Cell morphology, cytoskeletal organization, 

and even survival against cytotoxic drugs have been shown to be different in 2D culture 

versus 3D culture environments [28–30], indicating the importance of this 

microenvironmental parameter on cell function. While flat 2D culture systems impose a 

flat cell morphology and defined polarity, these phenotypes may differ from those found 

in their native 3D conformation. Moreover, cells express different behaviors in 2D and 3D 

when it comes to collective rotation, geometric cues, and topographical cues. Monolayers 

of cells confined in 2D micropatterned circular islands rotate as whole sheets [31,32] 

whereas cells cultured in 3D have shown more spatially complex rotational movement [33]. 

2D cultures also lack the fibrous topography within the true ECM, where cells tend to 

migrate along the orientation of the fibers. Although grooved or protein patterned surfaces 

can be fabricated on tissue culture plastic, cells cultured in naturally extracted 3D matrices 

can alter and realign the fibers which plays a key role in homeostasis and disease 

progression [34]. 3D studies can hence be physically and physiologically more realistic 

compared to 2D cultures on hard plastic.  

Measuring mechanics at the length scale of individual cells, within large, living, 

and undamaged biological tissues remains a difficult task. Most conventional techniques 

require inducing some type of tissue damage, like sectioning, but is ultimately detrimental 

to mechanical studies. Slicing tumors to expose internal surfaces to study mechanics has 

been shown to release internal stress [35], which significantly reduces a tissues’ internal 

resistance to applied deformation. Such discrepancies have been quantified by mechanical 

testing on sections of resected tumors, measuring stiffnesses between 0.2 to 20 kPa [35,36], 

while compression testing of intact tumors shows stiffnesses of up to 60 kPa [37]. The 

mismatch between these studies demonstrates that maintaining 3D tissue integrity is 

essential when characterizing internal tissue mechanics. Furthermore, damaging tissues for 

mechanical studies prevents spatiotemporal monitoring of mechanical properties because 

the sample is destroyed after measurement.   
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1.1.3 Potential impact in cancer mechanobiology  

Cancer is an abnormal proliferation of cells that may result in benign, non-invasive tumors. 

However, they can become deadly when cancer cells gain an invasive ability to move away 

and colonize distant sites from the primary growth. This phenomenon is known as 

metastasis when it occurs between organs and is the main cause of death for individuals 

diagnosed with cancer. Understanding both the biochemical and physical cues that 

encourage cell invasion is critical in gaining insight in the metastatic mechanism and 

preventing it from occurring. The molecular genetics and signaling pathways that drive 

malignant transformation have been extensively studied [38] and are beyond the scope of 

this chapter. However, much less is known regarding the mechanical changes underlying 

this disease. While molecular biomarkers are currently the most used for cancer diagnosis 

and prognosis, physical biomarkers play an equally important role in cancer progression 

and can contribute to detect predictive markers of early malignant transformation events.  

The best way to treat cancer is to eradicate all the cancer cells as early as possible, with 

earlier detection yielding better prognostic outcomes. Mechanics may be helpful in 

classifying benign tumors from malignant ones to avoid unnecessary aggressive treatments 

that would have negative quality of life impacts for an otherwise harmless growth.[39,40] 

This is due to the instructive role of biophysical characteristics of the cancer 

microenvironment in determining the phenotype of tumor cells [41]. Normal tissue 

architecture creates microenvironments that exert suppressive forces on tumors and prevent 

metastasis, but its destabilization can promote disease progression [42,43]. In order to 

develop physical markers, we need a better understanding of the mechanical changes 

occurring throughout the disease, which requires the design and implementation of 

appropriate measurement techniques to characterize these changes. In this section, we 

highlight a selection of mechanical measurements that can be done on tumors and/or cancer 
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cells, and illustrate how biophysical changes in the cancer microenvironment can prompt 

tumorigenic behavior. 

In terms of mechanical properties, tumours stiffen their environment and are stiffer 

than their healthy tissue counterparts [15,44,45]. Aside from increasing cellular mass, 

overall tumour stiffening can be attributed to higher fluid pressures from a leaky blood 

vasculature, as well as desmoplastic stromal response, which consists of an increase in 

extracellular matrix protein deposition and crosslinking [46–48]. The distribution of such 

compressive forces within the tumour and how they are felt by individual cells remains 

unclear, despite observing phenotypical changes resulting from this mechanosensing. 

Differences in bulk tumour stiffnesses have been measured between benign tumours and 

tumours that have higher instances of metastases [49]. These differences in stiffness can 

also be seen at the cellular level where cancer cells with high migratory and invasive 

potential have been shown to be much more compliant (less stiff) than their benign 

counterparts. Various single cell and tissue monolayer studies have quantified these 

observations using magnetic tweezers and atomic force microscopy as measurement 

techniques [50,51].  

Throughout tumour growth, the extracellular matrix is remodeled and stiffened through 

increased deposition of specific matrix proteins and proteases, as well as matrix protein 

fiber realignment by the cells themselves [52]. This remodeling alters the biochemical and 

mechanical properties of the tumour environment and is implicated in promoting malignant 

transformation in breast cancer [20,53]. Additionally, tumour growth-induced solid 

stresses lead to a stiffening of the environment around the primary tumour [47,54,55], 

which in turn generates compressive stresses that stiffen local cells and may limit overall 

tumour outward growth (Figure 1.1A) [56,57]. Interestingly, this compressive force in 

cancer cells also promotes invasive behavior [58–60]. Furthermore, invading cancer cells 

have been shown to be soft themselves despite that other cell types within the tumour, such 

as fibroblasts, have been shown to match the stiffness of their culture substrate [49–
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51,56,61]. Therefore, tumour cells likely undergo dynamic changes in internal stiffness in 

response to external compressive forces throughout the overall development and 

progression of the disease. 

In terms of cancer progression, there are a number of physical barriers and forces a 

malignant cell must overcome to leave its original site to travel and establish itself in a 

distant part of the body (Figure 1.1B). The key step in initiating this invasive process lies 

in cellular reprogramming that creates a mobile phenotype. Cellular shape and mobility are 

stabilized by the cytoskeleton, which is the protein structure that maintains mechanical 

support and organelle organization. Continuous cytoskeletal reorganization enhances 

cellular mobility [62] and may be the reason why malignant cells have been found to be 

much softer than their benign counterparts [63]. In fact, the metastatic potential of a cancer 

cell has been shown to be inversely correlated with cell stiffness in both patient tumor cells 

and cancer cell lines [51]. 

 

Figure 1.1. Solid mechanical forces present during tumor expansion (A) and 

metastasis (B).  

Reproduced from Northcott JM, Dean IS, Mouw JK and Weaver VM (2018) Feeling 

Stress: The Mechanics of Cancer Progression and Aggression. Front. Cell Dev. Biol. 6:17. 

doi: 10.3389/fcell.2018.00017. 
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From a diagnostic point of view, spatiotemporal patterns in tissue stiffness can be 

indicative of cancer formation and development. Tumours are highly heterogeneous 

tissues. Recognizing this variation may help with diagnosis by guiding biopsy targets 

towards areas of the tumour where malignancy is more likely to develop. This way, the 

most aggressive parts of the tumour can be sampled and a more insightful prognosis can 

be made. Moreover, a higher degree of variation in spatial stiffness may be indicative of 

areas with higher malignant potential. Their irregular tissue structure, composition, and 

shape result in a varying mechanical landscape at the cellular scale, yielding a higher 

potential of fostering a local invasive phenotype. The ability to characterize and detect 

these variations may help predict potentially problematic areas where irregular changes in 

the mechanical properties can provide early indicators for disease development. 

 

1.1.4 Contributors to tissue stiffness in the cellular microenvironment 

The main load-bearing components of the cellular microenvironment consist of the ECM 

and neighboring cells mechanically coupled together through specialized adhesions. The 

composition and ECM-to-cell ratio varies according to tissue type. For example, 

connective tissues largely consist of ECM with few cells, but in epithelial tissues where 

the ECM is sparse, the cells themselves support mechanical loads. The ECM does not only 

provide mechanical stability and structure, but also contributes to regulating fluid pressure 

within blood and lymphatic vasculature [54,64]. In this section, we discuss how structural 

components within the ECM and cells distribute and resist mechanical stresses within the 

tissue (Figure 1.2). Understanding the composition and structure of the cellular 

microenvironment provides insight on the mechanisms for force generation and 

transmission through biological tissues, elucidating different mechanical behaviors under 

varying study conditions. 
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Figure 1.2. Cells mechanically interact with the extracellular matrix.  

Cells create pushing and pulling forces using multiple components of their cytoskeleton. 

Figure based on explanations from Chaudhuri et al., (2020) [65]. 

 

Extracellular matrix 

The tensile strength of tissues is mostly provided by fibrillar collagen in the extracellular 

matrix. At the molecular level, collagen is a long triple-stranded helical structure with three 

collagen polypeptide chains woven together like rope to form tropocollagen (1.5 nm in 

diameter) [66]. Multiple tropocollagens can then be assembled into collagen fibrils (10-

300 nm) which can further bundle together to make collagen fibers (0.5 to 3 µm) [67]. 

Collagen within the tissue is produced by fibroblast cells. Typically these matrix 

components are secreted by the cells in a naïve form and assembled into complex 

aggregates extracellularly [68]. Fibroblasts will then pull and move over deposited collagen 

fibrils to orient and compact them into patterns best suited for the tissue. The type of 

collagen, its quantity, crosslinking pattern, and organization in the ECM will alter its 

material properties [69]. Fibroblasts also secrete other matrix components to create a 

hydrating gel to fill the spaces between the collagen fibril network. This gel consists of 
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proteoglycans linked to glycosaminoglycans forming large molecules within the collagen 

meshwork, which creates an innate swelling pressure [70]. This provides additional 

material strength for resisting compression, which in turn is balanced by the tension in the 

collagen fibrils. 

Once the structural support is in place, cells can interact and adhere to the ECM 

through integrin receptors spanning the cell membrane which connect the cell’s actin 

cytoskeleton to the extracellular matrix [71]. This link is facilitated by fibronectin proteins 

that have binding sites for both collagen in the ECM and integrin receptors on the cell. Not 

only do integrins transmit passive stresses, they can also react to stress for outside-in cell 

signaling pathways by induced conformational changes of the intracellular domain [13]. 

To initiate this transmission, the cell must first bind to the ECM and pull on it [26]. A 

minimum amount of tensile force across the receptor between the ECM anchorage and the 

cell’s contractile force is needed to activate downstream responses [72]. These changes can 

expose activation sites for other molecules to stabilize the interaction by forming mature 

focal adhesions. Additionally, direct cell behaviors can be directed through downstream 

signaling pathways responsible for anchorage dependent cell survival and ECM 

remodeling [73,74].  

 

Cytoskeleton 

The cytoskeleton is an intracellular protein network composed of three main types of 

protein filaments supporting external physical stresses experienced by cells: actin 

microfilaments, intermediate filaments, and microtubules [75]. Actin filaments are ~7 nm 

in diameter are highly concentrated underneath the cell membrane, in what is called the 

actin cell cortex. There, actin filaments are crosslinked for cellular structure, shape, and 

mechanical stability [76]. Adjacent cells can join their actin cytoskeletons through 

adherens junctions to create actin rings of power for cytokinesis, epithelial cell extrusion, 
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and wound closure through a purse-string-based mechanism [77]. Actin filaments are also 

essential for cell generated forces as they can form small contractile bundles with myosin 

proteins in the cytoplasm in a similar mechanism to muscular contraction [78]. These 

bundles allow cells to extend stiff yet motile exploratory structures and retract them, similar 

to a prodding motion, to test their microenvironment [79].  

Then, intermediate filaments are most prominent within the cytoplasm of cells 

experiencing high levels of mechanical stress [80]. By knocking out intermediate filament 

genes of cells, they were found to be unable to resist physical stresses, resulting in cell 

degeneration and mechanic instability within the tissue [81]. These filaments at 10 nm in 

diameter provide mechanical support by stretching and distributing locally applied stresses 

to keep cells intact together, especially against shear stresses [82]. These stresses are 

distributed across the tissue through desmosomes that join adjacent cells through 

intermediate filaments. Similarly, in hemidesmosome junctions, intermediate filaments are 

attached to a specialized ECM sheet called the basal lamina and is exclusive to epithelial 

tissues [83,84].  

Lastly, microtubules are the largest type of cytoskeletal filament and are best known 

for their role in chromosome segregation during cell division [85]. Microtubules are rigid 

hollow tube structures, 25 nm in diameter, composed of tubulin dimers [86]. This 

configuration means they are best suited for bearing compressive forces within cells and 

tissues [87]. They can also generate pushing forces by microtubule polymerization which 

pushes against the cell membrane in the direction of elongation. Conversely, pulling forces 

can be generated by depolymerization or by molecular motor proteins running along the 

filament [88]. Considered the intracellular highway, these filaments dictate the paths which 

motor proteins, like kinesins and dyneins. can move along to organize organelles, proteins, 

and vesicles within the cellular interior [89].  
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1.1.5 Overview of mechanical characterization theory 

Solid mechanical forces result in stresses at different length scales from the molecular level 

to the multicellular tissue scale. These forces can originate from external sources or within 

the tissue itself from cell-generated forces which can undergo coordination up to the tissue 

scale.  Additionally, hydrostatic fluid pressures may also generate biologically relevant 

forces within tissues, but active distinct mechanical pathways from conventional solid 

stresses, and are not considered in this review. Solid mechanical stresses are defined as a 

pressure: the ratio of the force to the area it is applied upon.  

𝑆𝑡𝑟𝑒𝑠𝑠, 𝜎 = 𝐹𝑜𝑟𝑐𝑒/𝐴𝑟𝑒𝑎 

Depending on the material properties of the molecule, cell, or tissue, these forces are 

integrated to result in strains or deformations.  Mechanically, deformations refer to the 

relative change in size of a body due to exerted force where L0 is the initial size and L is 

the size post-deformation. This deformation is often referred to as strain and is 

dimensionless. 

𝐷𝑒𝑓𝑜𝑟𝑚𝑎𝑡𝑖𝑜𝑛, 𝜖 =
𝐿 − 𝐿0

𝐿0
 

The essential components of mechanical material analysis are an ability to apply a force, 

and to observe a deformation. The conventional techniques to achieve this includes tensile, 

compressive, shear and torsional deformations to test the material. Young’s modulus (E) 

is a measure of stiffness in units of N/m or Pa and can be determined from tensile or 

compressive tests. Tensile tests place a material under extensional tension while 

compressive tests place the material under compressive loads, both of which result in a 

stress and strain normal to the loaded surface. Linear elastic properties can be described 

using Young’s modulus of a material which is defined by the slope of stress plotted against 

strain. Elastic materials undergo strain but maintain their original shape when the applied 

force is removed, irrespective of the time under stress (Figure 1.3A). Shearing a material 
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can be used to obtain a shear modulus (G) where the stress and strain are parallel to the 

cross-section and has an angular component.  For isotropic materials that respond equally 

to all externally applied forces no matter their orientation, Young’s modulus and shear 

modulus can be related through Poisson’s ratio (v) where E = 2G(1+v). However, 

biological materials are frequently anisotropic, meaning that their mechanical properties 

can depend on the orientation of the applied stress and require more extensive 

characterization [90]. 

Biological tissues can also be viscoelastic, meaning that their response to an applied 

force will have elastic resistance to deformation under stress as well as a viscous resistance 

to flow (Figure 1.3B). While the elastic response is near instantaneous, the viscous 

properties of a material can only be determined by considering the dynamic deformation 

of a material under load. Viscoelastic characteristics can be described through stress 

relaxation and creep behaviors as well as hysteresis seen from the stress-strain curve. 

Unlike purely linear elastic materials which store energy efficiently, the viscoelastic 

samples dissipate the energy, resulting in prolonged recovery and irreversible 

deformations. Stress relaxation can be measured by maintaining an applied strain 

deformation and measuring the decreasing restorative force over time. Conversely, creep 

studies monitor the increasing strain of the material over time while maintaining a constant 

applied force. Viscoelastic measurements typically require dynamic testing to obtain both 

a storage modulus (E’) and loss modulus (E”) that respectively describe the elastic and 

viscous behaviors of the material. Generally, the loss modulus represents the permanent 

structural change or energy dissipated within the material or tissue as a result of the applied 

stress. Similarly, shear equivalent moduli can be obtained to describe this as well. 

Viscoelastic behaviors can also be described using spring-and-dashpot systems with elastic 

(spring) and viscous (dashpot) parameters arranged in various configurations. Examples 

include the Maxwell model, the Kelvin-Voigt model, or the standard linear solid model 

which is a combination of the two. Thus, characterizing the mechanics of biological tissues 

relies on an array of features including stiffness, force, and viscoelasticity. Their 
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quantification requires the design and implementation of particular techniques which will 

be discussed in the following section.   

 

Figure 1.3. Mechanical behaviors of elastic and viscoelastic materials.  

(A) Stress strain curve for an elastic material. Young’s modulus, E, can be described by 

the slope of the linear region. (B) Characteristic material responses of a viscoelastic 

material showing creep during applied constant stress, and stress relaxation for a constant 

strain. 

 

1.1.6 Techniques to measure solid mechanics in cells and tissues 

In this section, we review a variety of techniques currently used to measure solid 

mechanical properties of biological material.  We find it useful to categorize these 

techniques based on the biological complexity of the system being studied, and the spatial 

length scale at which the measurements are taken.  A summary of these techniques has 

been presented in Figure 1.4 and Figure 1.5, as a guide to rapidly identify the most 

appropriate technique for a specific biological question.  We then also describe the 

specifics of these techniques, with a specific focus on measurements made in the context 

of cancer, in each of the following subsections. 
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Figure 1.4. Overview of selected techniques used to study soft tissues based on 

measurement location and biological complexity. 

 

 

Figure 1.5. Schematic overview of selected techniques.  
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Microdroplet, cantilevers and micropillar figures based on works by Campas et al., (2014) 

, Legant et al, (2009), and Aoun et al., (2019) respectively [91–93]. 

 

Indentation  

“Pressing” upon a material is perhaps the most intuitive way to determine its’ mechanical 

properties. With indentation techniques, mechanical properties are measured by deforming 

the surface of a sample with a probe using a defined force. Knowing the applied force and 

measuring the displacement of the probe indenting the sample, stiffness can be determined. 

To extract a stiffness modulus descriptor, indentation curves are assessed by plotting 

indenter load as a function of indentation depth. The shape of this curve is largely 

determined by mechanical properties of the sample, and thus the sample’s stiffness can be 

quantified. Indentation tests have been done on trimmed millimeter-sized tumor tissues 

derived from cancer cell line inoculated animal models and clinical samples of breast 

cancer. Indentation measurements show the plasticity of these tissue, which may enable 

cancer invasion by allowing permanent deformations to form in dilating pores [94].  

Probe geometry must be appropriately designed and selected to accurately measure 

samples.  Glass-based microindenters can be microforged by melting the glass tip of a 

micropipette, yielding a probe 10 µm in diameter used to profile the changes in the 

viscoelasticity of individual cells [95]. Probe geometries can be spheres, flat cylinders, 

cones, and even needles [96], but an appropriate model based on the indenter shape is 

needed to calculate stiffness from the experiment [16]. Probe sizes range from millimeters 

to micrometers for the purposes of studying tissue mechanics, depending on sample size 

and stiffness. Indentation depths and the speed will also affect the apparent stiffness 

measured and must be reported. Biological tissues pose certain considerations for adapting 

indentation technology to measure their stiffness: the effect of capillary forces when 

working with submerged or wetted tissues [97], a non-flat or not-well defined surface to 

make even contact with the probe, and adhesive forces between the indenter and tissue. 
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Atomic force microscopy 

Atomic force microscopy is similar to the indentation method described above, except the 

probe can be fabricated to have micron-to-nanometer scale dimensions, and attached to a 

cantilever which bends and deflects as the probe moves along the surface of the material 

while scanning. A detector records the deflection and motion of the cantilever using optical 

beam deflection. AFM can operate in several ways but the most common one used for 

biological samples is the tapping mode for force mapping or force scanning [98], Force-

distance curves plotting cantilever deflection against z-distance provides stress-strain 

curves to calculate Young’s modulus and adhesion of tissue surface measurements with 

nanometric resolution (Figure 1.6). In addition to these mechanical properties, AFM can 

simultaneously provide high-resolution and non-destructive imaging of surfaces, 

generating topographical information of the sample. AFM can also be used for force 

spectroscopy to measure forces between individual interacting molecules and as a 

nanoindentor, similar to indentation testing, but with a sharp nanometer sized probe. 

 

Figure 1.6. Force distance curve for AFM.  

Force distance curve for AFM. Key events during the approach (#1-3, in purple) and 

retraction (#4-5, in red) of the cantilever probe are numbered and described. The probe is 
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vertically lowered onto a sample (1) and experiences a “snap in” or “jump in” region (2) 

where the cantilever is attracted to the surface without any load being applied. Loading 

force is applied as the cantilever is lowered further into the surface of sample and is 

deflected upwards (3). Stiffness and elasticity can be analyzed from this region. As the 

cantilever is pulled away from the sample, adhesive forces between the probe and sample 

causes the cantilever to bend downwards (4)  before separating (5). 

 

The cellular and subcellular resolution of its mechanical measurements have shown 

that despite overall tissue stiffening in cancer, individual cancer cells tend to be softer than 

normal cells [36,99]. While this may seem like contradictory measurements, tissue stiffness 

is not only regulated by cellular stiffness. In combination with fluorescence microscopy to 

label and distinguish between cells and ECM, force mapping of tissue sections show that 

the ECM, specifically collagen, stiffen during tumor progression [44]. 

AFM has been widely used because of its broad capabilities but its biggest 

limitation is that it can only be used to study exposed tissue surfaces. Although tissues can 

be cut to expose internal surfaces, slicing releases internal stress which alters the apparent 

stiffness of the interior tissue [35]. This limits the applicability of this technique in 

quantifying spatial profiles of mechanical properties in 3D tissues to better understand their 

function and architecture.  

 

Tissue incisions and laser ablation 

Making tissue incisions can be a robust and simple technique to infer the tension and solid 

stresses of the overall tissue. The tissue stresses released by cutting it can be quantitatively 

evaluated in how the tissue relaxes or retracts from the cut margins as a deformation.  After 

this tension is released, compressive forces that were within the tissue will manifest as 

bulges, the dimensions of which can be used to calculate the original tissue internal 

stresses. Macro-scale mechanics of tumours have been studied using this technique to show 
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that tumours experience growth induced solid stresses stored within neighboring cells and 

the ECM as tumour expansion compresses its surroundings [100]. The stress build-up is 

inversely proportional to the stiffness of the ECM and reducing the ECM content can 

reduce solid stress accumulation [37]. Finer, microscale mechanical characterization can 

be done using strategic cuts to release solid stresses in a controlled way and creating a 2D 

map of quantified stresses using high-resolution ultrasound imaging [35]. In this system, 

stress induced deformations manifest as depressions where areas were under tension and 

as protrusions where areas were under compression. 

While this technique requires considerable manual dexterity and experimental skill, 

laser ablation presents an alternative strategy, by using a high-powered laser to locally 

create incisions at the cellular or subcellular levels. Under a microscope, retraction 

velocities can be measured after laser incision, where higher stresses are correlated with 

higher velocities [101]. Thus, this technique is best suited for quantifying tensional forces 

at the cellular or sub-cellular scale. However, it cannot be used to resolve temporal 

variations in properties within the same sample since it is destructive to the studied tissue. 

 

Micropipette aspiration 

Micropipette aspiration has been used to study the surface tension properties of cells and 

cell aggregates. Similar to AFM, micropipette aspiration is limited to surface 

measurements but still has versatile applications. A typical experimental set up involves 

using the micropipette to apply a known suction pressure onto a cell or surface, and 

monitoring the bulge geometry of the surface at the suction tip. The suction pressure can 

be generated by an adjustable water reservoir or pump. In an adjustable water reservoir, 

suction or aspiration pressure (P) is determined by the relationship between the height 

difference (h) of the micropipette and the water level in the reservoir, along with the 

specific weight of water (pg) where P=pgh. Equilibrated or dynamic deformation of the 
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surface can be measured optically to determine stiffness, surface tension, and viscosity 

using biomechanical models [102].  

This technique is particularly versatile in that it is also possible to hold a cell or 

tissue in place with one micropipette while spatially manipulating the sample or probing it 

with another micropipette (Figure 1.7). With this type of set-up, micropipettes can be used 

to hold or mount microscopic samples for microindentation or cantilever-based studies 

similar to force probing [103]. By incorporating the ability to move the micropipette 

around, adhesion forces can be measured by using micropipette suction to hold and 

manipulate cells interacting with ECM, effectively quantifying cell-ECM interactions. 

These types of experiments have shown that cell adhesion area scales with detachment 

force [104]. Additionally, studies on cell-cell adhesions have been done by having two 

pipettes each holding one of two cells in contact and opposition [105]. Here, one pipette 

remains fixed while the other moves to provide a pulling force in an attempt to pull both 

cells apart. The suction force on the moving pipette is incrementally increased until the 

cells are pulled apart to determine their adhesion force [106]. Cell-cell adhesions have been 

shown to mechanically couple actin cortexes, therefore coupling the tension between cells 

to drive morphogenesis [107].  While this technique is limited in throughput, microfluidic 

devices for higher-throughput micropipette aspiration have been designed to increase the 

efficiency of these studies [108].  
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Figure 1.7. Micropipette aspiration applications.  

(A) Experimental setup for typical micropipette aspiration system. (B-E) Selection of 

schematics for micropipette aspiration based techniques. (B) Micropipettes can be used to 

hold a cell or cell aggregates with a microindenter force tool to deform samples. (C) 

Micropipette immobilized samples can also measure cell pulling and pushing forces by 

measuring the deflection of a small micropipette or cantilever. (D) Dual-pipette aspiration 

can be used to quantify intracellular forces between samples. (E) Surface tension can be 

mapped across surfaces of cell aggregates. Adapted from Biophysical Journal; Vol 116; 

Blanca González-Bermúdez, Gustavo V. Guinea, Gustavo R. Plaza; Advances in 

Micropipette Aspiration: Applications in Cell Biomechanics, Models, and Extended 

Studies, Pages 587-594, Copyright (2019), with permission from Elsevier. 
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Tweezers – particle traps 

Tweezing methods represent an active form of micromanipulation for biomechanical 

characterization. Its essence relies on the ability to trap and manipulate microspheres with 

a known force and precision. The method of trapping and manipulation differs between the 

types of tweezers, modifying the types of experimental set-up required. Low force outputs 

on the scale of pNs also means particularly high resolution and sensitivity to very low 

ranges of stiffness measurements. Trapped particles can be manipulated extra-cellularly or 

intra-cellularly for microrheological measurements of shear moduli or matching active 

cellular forces to quantify them.  Optical, magnetic, or acoustic methods can each be used 

to create these tweezing platforms. 

 

Optical tweezers 

Optical tweezers use laser light through an objective to trap microparticles close to the 

focus point of the beam. Once a particle is trapped within the optical trap, its position can 

be manipulated by changing the focus of the laser beam. The trap behaves like a linear 

Hooke’s spring near the focus and can be used measure and generate forces from 10s of fN 

to 100s of pN [109]. The k value of the spring, also known as the stiffness of the optical 

trap, depends on the calibration of the optical trap, with higher stiffnesses resulting in 

stronger holds on the microparticles. Movement of the trapped particle can be manipulated 

in three dimensions with the movement of the laser and its focus. Typically, polystyrene 

or silica microspheres are used as they can be functionalized with adhesion molecules 

necessary for cell binding and manipulation. A variety of configurations exist using single 

or multiple bead traps in static or dynamic approaches to measure forces and 

displacements. Static traps holding beads in place provide a resistive force against active 

biological motions such as motor protein movements in kinesin [110]. Dynamic 
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configurations manipulate the movement of the trapped bead to apply a known force and 

can be used to perform active microrheology at the cell scale within 3D tissues [111].  

Optical tweezers work best for in vitro settings although in vivo uses have been 

possible, even by trapping small organelles with the right calibration. Trap calibration is 

dependent on the physical properties of the particle being trapped (shape, size, refractive 

index) and the homogeneity of the material surrounding it. Difficulties in implementing 

this system within living 3D tissues arise from tissue heterogeneity since calibration of the 

optical tweezers needs to be done in situ. Also, the scale of force output for this method 

largely limits it to measuring molecular forces. However, optical trapping can be adapted 

to create optical stretching systems, where two laser beams trap individual particles and 

deform single cells [112]. This works well in microfluidic systems to characterize single 

cells flowed through a channel in suspension for higher throughput analysis and has been 

used to study differences in stiffness between normal and cancerous cells [113]. 

 

Magnetic tweezers 

Magnetic tweezers trap and manipulate multiple magnetic micro particles within a 

magnetic field generated by permanent magnets or electromagnets. Particle sizes can range 

from 100 nm to 100 µm and can be functionalized for cellular or extracellular adhesion. 

The magnetic force is controlled by the size and shape of the magnet, its magnetic 

orientation and its distance from the magnetic micro particle. Effectively, this means that 

a custom setup must be built to generate a specific force to be applied for a biological 

question, complexifying initial experimental set-up. However, a unique method called 

magnetic twisting cytometry (MTC) is made possible by magnetic tweezers because of 

their ability to generate twisting forces, and thus apply torque to micro particles by 

oscillating magnetic fields [114]. To create this torque, two sets of coils are required: one 

for magnetizing and one for twisting [115]. This is a type of active microrheology where 
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the torqueing of the trapped bead is used to measure the mechanics of individual cells on 

their surface [116]. Shear viscoelastic moduli of cells can thus be obtained with MTC by 

twisting micro particles on the exterior of the cell membrane. 

 

Acoustic tweezers 

Additional to light and magnetic waves, sound waves can be used to trap particles in a 

similar fashion. Many variations of acoustic tweezers are used to hold or manipulate 

particles and even cells [117]. Acoustic tweezers can induce 3D translational and rotational 

movements of multiple particles at once and is often used in applications involving cell 

sorting or patterning [118]. Its ability to easily manipulate many particles simultaneously 

makes it ideal for high-throughput application, such as force spectroscopy for single-

molecular force measurements [119,120].  

 

Microrheology – Passive and active 

Microrheology involves particle tracking of many small tracer particles, which can be 

designed from the nanometer to micron scale. Tracer particles are suspended or injected 

into a matrix of interest, including intracellular or extracellular spaces, and their motions 

are tracked to study the local environment at short length scales. In passive microrheology, 

there is no external force application, and the movement of the particles is driven by 

thermal energy or Brownian motion as well as any fluctuating forces in the environment. 

Their motions will also differ depending on the environment’s architecture: particles freely 

floating in a liquid medium will diffuse differently from those entrapped in a fibrous 

network. Considerations on the relative size of the tracers to the pore sizes of the matrix 

will also determine whether the particle is probing bulk or local properties. Due to the 

passive nature of this method, it is mostly used to study the linear response region of a 
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viscoelastic material. Alternatively, active microrheology consists of adding an externally 

controlled force to drive particle movement and is more suited in studying stiffer materials. 

Such induced forces can come from optical and magnetic tweezers as discussed previously 

[121]. 

In either type of microrheology, the mean square displacement (MSD) of the 

particles describes their local mechanics. Microscopy or dynamic light scattering are 

typical observation techniques to track their movements, but alternative methods are 

required to extract the MSD when particles are too small to resolve optically. Diffusing 

wave spectroscopy has better spatial resolution than microscopy or light scattering 

methods, effectively better suited to track smaller particles. Once MSD data is acquired, 

the generalized Stokes-Einstein relation can be used to extract the shear, storage, and loss 

moduli. Since these are internal measurements, intracellular properties can be studied in 

response to imposed microenvironmental changes. In cancer, microrheology has been used 

to measure adaptive changes within intracellular mechanics in response to matrix stiffness 

[61]. 

 

Elastography 

Elastography is a medical imaging method to map the stiffness of tissues [122,123]. There 

are many ways to perform this at different length scale resolutions but common ones 

include the use of ultrasound or magnetic resonance imaging. At the core of each method, 

a distortion is created within the tissue, and an observation is made on how the tissue 

responds to infer the mechanical properties of the tissue. These distortions can include 

pushing, deforming, or vibrating the tissue surface which can be achieved by acoustic 

radiation force impulses with ultrasound, or even distortions from normal physiology such 

as a pulse. Stiffness can be traditionally calculated based on the applied force and resulting 

strain. Alternatively, calculating differences in how fast mechanical waves propagate 
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through the tissue also quantifies stiffness, where waves travel faster in stiffer tissues in 

comparison to soft tissues.  Optical elastography provides the means to adapt traditional 

elastography to micron scale mapping of stiffness in vivo tissues. This adaptation results 

in greater sensitivity than conventional elastography, allowing it to provide higher 

resolution spatial profiles of tissue stiffness [124,125].  

 

Brillouin microscopy 

Brillouin microscopy is an example of optical elastography suited to study viscoelastic 

properties of cells and tissues non-invasively in 3D [126]. Microscopy captures the 

Brillouin light scattering phenomenon which occurs when light interacts with a material. 

Elastic vibrational waves cause light to scatter in different directions and are affected by 

material stiffness (E). While other techniques yield Young’s modulus (E), this technique 

reads out the longitudinal modulus (M) that can be related back to E by Poisson’s ratio, v, 

by M = E(1 − v)/[(1 + v)(1 − 2v)]. Thus, Brillouin microscopy is a non-invasive method 

used to map mechanical properties of cells in 2D and 3D microenvironment without 

physical contact [127]. 

 

Micropillar and microcantilever deformation 

Microfabricated structures can often be fashioned to be compliant to cell-generated forces 

since they are commonly made of PDMS and other elastomeric materials. Micropillars can 

be designed with varying dimensions of heigh and diameter at high aspect ratios to alter 

the stiffness felt by cells or microtissues bending the pillars. An array of these structures 

can be used to study traction forces in cells [128,129]. Forces exerted by growing spheroids 

can be measured by arranging the micropillars in a circle to surround a spheroid place 

within it. As the spheroid grows the outward forces can be measured based on the deflection 
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of the micropillars(Figure 8) [93]. Similarly, microtissues can be cultured in situ between 

two larger microcantilever pillars to study their contraction force by observing the extent 

of pillar deflection (Figure 1.8) [92]. These pillars can be actuated by incorporating 

magnetic particles on or within the pillar to tug on the microtissues like a tensile tester 

[130]. This mechanism also provides mechanical stimulus to the microtissues to study their 

effects on tissue contractility [131,132]. To facilitate higher throughput studies and 

enhance stretching magnitude, micropillars can also be designed with vacuum actuation to 

study cytoskeletal remodeling under dynamic stretching [132].  

 

 

Figure 1.8. Schematic of microcantilevers and micropillars to measure microtissue 

mechanics.  

(A) Microcantilevers are made of PDMS by microelectromechanical systems (MEMS) 

technology. A solution of cells in uncrosslinked ECM is cast in the well. (B) The cells self-

assemble to form a functional and contractile microtissue around the cantilevers. Beam 

deflection and geometry are used to calculate the contractile force of the tissue. This 

construct can be actuated to apply forces and measure stiffness by incorporating a magnetic 

nickel particle and using magnetic tweezers to spatially manipulate the bead. Vacuum 

actuation is also possible for higher throughput applications. Figures are based on works 

by Legant et al., (2009), Zhao et al., (2013), and Walker et al., (2018) [92,130,133]. (C) 

Micropillars are also made of PDMS by MEMS technology. A multicellular aggregate is 

loaded within the array of beams. As the tissue grows and proliferates, the beams deflect, 

providing a quantification of the tissue’s expansion forces. Figures are based on 

experiments by Aoun etal., (2019) [93]. 
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Liquid and Hydrogel Microdroplets 

A relatively recent development that seems particularly promising in measuring cellular-

scale tissue mechanics involves liquid and hydrogel deformable structures.  Stresses and 

stiffness can be measured within 3D tissues using oil droplets with magnetic particles or 

hydrogel microbeads that are incorporated into cell aggregates during tissue formation or 

injected within tissues (Figure 1.9). Magnetic particles suspended in oil can be actuated 

under a magnetic field to move the oil droplet within zebrafish embryos, actively probing 

tissue stiffness and viscosity [134]. They can also be passively deformed to measure 

anisotropic stresses [135]. This stress distinction is made due it the incompressibility of oil, 

which hydrogel microbead systems circumvent. Microbeads made of polyacrylamide or 

alginate are compressible and can measure isotropic stresses like mechanical pressure and 

tensile stresses [136,137]. Magnetic particles have also been incorporated into alginate 

hydrogels to function similarly to the magnetic oil droplets but are several millimeters in 

diameter and involve using nanoparticles [138]. Hydrogel microbeads made of a 

polyacrylamide derivative, N-isopropylacrylamide, can be used to generate local forces 

within tissues to non-invasively measure stiffness in 3D tissues without damaging the 

tissue. The mechanism behind this comes from the thermoresponsive nature of the material 

such that a slight temperature drop below body temperature conditions results in the force 

actuation of the microgel. 
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Figure 1.9. Microdroplets as mechanical sensors.  

(A) Oil microdroplets deform non-uniformly under anisotropic stresses. They are injected 

into tissues to quantify cell-generated anisotropic forces and characterize cellular-scale 

tissue mechanics. (B) Hydrogel microdroplets deform uniformly under isotropic stresses. 

They are incorporated into tissues to quantify cell-generated isotropic stresses like tension 

and compression to characterize cellular-scale tissue mechanics. Figure based on works by 

Campàs et al., (2014), and Lee et al., (2019) [91,139]. 

 

1.1.7 Picking the right technique for the right purpose 

Given the wide variety of commonly available and specialized designer techniques 

available for mechanical characterization of biological tissues, it can often be challenging 

to select the most appropriate metric for specific cases.  This selection is particularly 

important, as comparison measurements on the same cell line source show orders of 

magnitude differences in material responses, depending on the force loading profile of the 

technique used [140].  To both highlight and resolve this problem, a summary of techniques 

and their relative resolutions and length scales has been included in Table 1. Summary of 

techniques., and in this section we present a short discussion on experimental 

considerations to be made in selecting and interpreting the results from a particular 

technique. 
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Table 1. Summary of techniques. 

Method 
Spatial 
scale 

How it works 
Length 
scale 

Force 
range 

Pros Cons 

Tensile testing Global 
· Apply pulling forces pointing 

outwards from the tissue 
mm to 

cm 
N 

· Obtain overall tissue 
mechanics, 

· Easy to obtain and 
understand data 

· Large sample volumes 

· Sensitivity difficult for 
soft tissue ranges 

· Assumes homogenous 
material 

Compression 
testing 

Global 
· Apply pushing forces pointing 

inwards from the tissue 
mm to 

cm 
N 

Shear 
rheometry 

Global 
· Apply forces acting tangential to 

the surface of the tissue 
mm to 

cm 
N 

Tension 
gauge tether 

Surface 

· Ligand receptors immobilized to a 
tether (dsDNA or PEG) that 

requires different amounts of 
(known) forces to rupture 

· Observe whether there is cell 
spreading over a range of surfaces 
attached with tension tethers at one 

tension tolerance 

10-100 
nm 

10-100 
pN 

· Measure molecular 
force across single 

integrins 

· Can decouple 
tension from stiffness 

· Requires characterizing 
of each tension gauge 

and testing over multiple 
tension tolerance to 
determine one value 

FRET-based 
tension 
sensors 

Internal, 

surface 

· Insert molecular spacer with 
known rigidity (spring constant) in 
between donor and acceptor of 

FRET system 

· Fluorescence intensity depends 
on distance which measures 

elongation of molecular spring for 
tension 

10- 100 
nm 

1-100 
pN 

· Provide spatial and 
temporal maps of 

subcellular tensions 

· Unfavorable signal-to-
noise ratio in complex 3D 

tissues 
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2D and 3D 
traction force 
microscopy 

Surface 

· Gel of known elastic modulus 
containing dispersed fluorescent 

microbeads 

· Cell apply force, position of 
microbeads change 

· Track displacement to measure 
strain field and direct mapping of 

mechanical stresses 

100 nm 
to 10 
µm 

100 
pN to 
100 
nN 

· Quantitative map of 
stresses generated by 

cell 

· Calibrated in linear 
elastic regime 

· Only small deformations 
permitted 

· Mechanical constrain 
imposed by surrounding 

gel on growing tissue 

Microindenter 
and 

microplates 
Surface 

· Application of a controlled force 
(or strain) at the surface of cell or 

tissues while monitoring its 
response (deformation/force) over 

time 

100 µm 
to 10 
mm 

µN 

· Quantitative 
measurements of 

forces and mechanical 
properties 

· Contact with surface of 
sample 

· Global average of 
selected tip, tip geometry 

influences 

· Requires relatively flat 
tissues for accuracy 

Atomic force 
microscopy 

and 
cantilevers 

Surface 

· Calibrated beam or cantilever that 
deflects in contact with surface of 

material 

· Measure deflection 

· Knowing mechanical properties of 
cantilever, can quantify forces and 

mechanical properties 

10 µm nN 

· Quantitative 
measurements of 

forces and mechanical 
properties in vivo and 

in situ 

· Spatial mapping of 
elasticity assuming 
samples does not 

change over the time 
of the scan 

· Requires contact with 
surface of sample 

· Time for spatial mapping 
several minutes 

· Obtaining elastic 
modulus requires fitting 

the data to models 
involving several 

assumptions 
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Laser Ablation Surface 

· Microdissection to measure 
retraction speed of ablated 

structure 

· Initial retraction velocity of ablated 
structure provides information for 

tension state before ablation 

· Probe tension but not 
compressive loads 

10 nm 
to mm 

pN to 
nN 

· Easy integration to 
microscope set up 

(add a laser) 

· Need to estimate some 
material properties for 

quantification 

· Better suited for isotropic 
and homogenous system 
like epithelial monolayers 

(2D) 

Tissue 
Dissection 

and relaxation 

Global, 
internal 

· Ex vivo dissection of large tissue 
explants with a blade 

· Observe response (deformation) 
after dissection 

4 mm 
to cm 

mN 

· Global tissue 
mechanics (average 

tension state, 
mechanical 

properties, surface 
tension) 

· Only on large explants 

· No local information 

· Cells exposed to surface 
may reorganize to a 

non‑native state 

Micropipette 
aspiration 

Surface 

· Local aspiration of a portion of a 
cell or tissue 

· Observe deformation (length of 
aspirated portion) over time 

· Measure force and material 
properties using static and dynamic 

response of system 

2-50 
µm 

~100 
nN 

· Quantitative 
measurements of 
force (stress) and 
other mechanical 

properties 

· Applicable for in vivo 
and in/ex vivo 

· Requires constant 
contact with sample 

· Surface measurements 
only (no internal) 

Optical 
tweezers 

Internal, 

surface 

· Focused laser beam on a bead to 
control its movement and to apply 

controlled forces within sample 

0.5-2 
µm 

fN to 
100 
pN 

· Beads have 
controlled physical 

properties 

· Difficult to calibrate in 
situ of in vivo if material 

lack homogeneity (which 
most tissues do) 
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· Measure the response of the bead 
for quantitative measurement of 

mechanical properties and forces 

· For highly localized 
measurements 

Magnetic 
tweezers 

and twisting 
cytometry 

Internal, 

surface 

· Apply controlled net force on 
magnetic bead within a gradient of 

magnetic field 

· Measure the response of the bead 
for quantitative measurement of 

mechanical properties and forces 

10 – 50 
µm 

pN to 
nN 

· Can provide 
quantitative 

measurements of 
force, torque, and 

mechanical properties 
with proper calibration 

· Require steep gradient 
of magnetic field for tissue 

scales (difficult to 
generate) 

· Calibration within living 
tissue difficult 

Acoustic 
tweezers 

Surface 
· Acoustic radiation forces from 
sound waves move particles or 

cells 
10 µm 

fN to 
pN 

· Simultaneously 
apply forces to many 
microsopheres (high 

throughput); 

· Can move particles 
or cells within any 

medium 

· Spatial movements 
of cells in 3D possible 

· Limited force application 
range on cell surfaces 

· Better suited for sorting 
applications 

Microrheology 

Internal, 

surface 

· Micro-sized beads injected in cells 

· Track motion of beads by thermal 
noise or active fluctuating forces 

inside cell 

· Characterize distribution of bead 
motion 

100 nm 
to 10 
µm 

pN to 
nN 

· Quantitative 
measurements for in 

vivo and in situ 

· Passive system 
assumes only thermal 

fluctuation drives diffusive 
motion within cell (not 

necessarily true) 

· Cannot probe at larger 
supracellular scale 
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Micropillar 
arrays and 

microcantileve
rs 

 

Surface, 

global 

· Measure traction forces of a cell 
laying upon a bed of 

microfabricated post by observing 
the deflections of the posts and 

knowing micropost stiffness 

· Also scalable to engineered 
tissues deflecting microcantilever 

posts 

100 nm 
to 10 
µm 

100 
nN to 
10 µN 

· Quantitative 
measurements of 
mechanical force 

· Pillar dimensions 
can be varied for 

different length scale 
measurements 

· Requires 
microfabrication 

preparation using SU‑8 
photolithography 

(technically challenging) 

· in vitro only (single cell 
or engineered tissue 

studies) 

Oil droplet-
based 

sensors 
Internal 

· Cell-sized oil microdroplets 
microinjected between cells in a 

tissue 

· Knowledge of its interfacial 
tension and reconstruction of its 
shape in 3D allow quantitative 
measurement of mechanical 

stresses surrounding the droplet 

 

30-100 
µm 

nN 

· Quantitative 
measurements of 

endogenous stresses 
in vivo and in situ 

· spatial and temporal 
measurements within 

simple embryonic 
organisms 

· Microinjection at site 

· Can measure 
quantitative anisotropic 

stresses but cannot 
measure isotropic stress 
(tissue pressure) due to 
incompressibility of oil 

Hydrogel 
droplet-based 

sensors 
Internal 

· Cell-sized microgels integrated or 
injected within in vitro and in vivo 

animal model system 

· Fluorescent imaging deformations 
on the microgel or by the microgel 
provides information on local force 

and stiffness 

10-50 
µm 

1 µN 
to N 

· Can measure 
isotropic stresses  

generated within 3D 
complex tissues 

(mutlicellular 
spheroids) 

· Variants can 
remotely produce 

local strains to probe 
internal stiffness 

· Fluorescent readout 
within tissue limited by 

optical depth of 
microscope 
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Elastography Internal 

· Induce distortion in the tissue 
(deforming, pushing, or vibrating) 
by probe, ultrasound, or normal 

physiological processes 

· Observe the tissue's response to 
deformation by conventional 

medical imaging techniques like 
ultrasound or magnetic resonance 

100 µm 
to 10 
mm 

N/A - 
readou

ts 
based 

on 
freque

ncy 
shifts 

· Quantitative spatial 
mapping of stiffness 
within soft tissues in 

clinical settings 

· Techniques can be 
tailored to map a wide 

range of stiffness 
scales (soft tissues to 

musculoskeletal 
tissues) 

· Limited depth of 
penetration when 

mapping stiffnesses within 
the human body 

· Temporal mapping 
possible, but with limited 

spatial dimensions 

Brillouin 
microscopy 

Internal 

· Light scatter from laser source off 
solid components within sample is 

captured by a spectrometer 

· Frequency shifts from scattered 
light provide material density and 
refractive index to characterize 

material property 

100 nm 
to µm 
(light/a
coustic 
wavele
ngth) 

N/A - 
readou

ts 
based 

on 
freque

ncy 
shifts 

·No sample labeling 
required 

·Possible to obtain 
both elastic and 

viscous properties 
through the complex 

modulus' real and 
imaginary parts 

respectively 

· Can create 3D 
image reconstruction 

based on shifts in 
frequency 

· Material property given 
as complex longitudinal 

modulus (M) that is 
different from Young's 
modulus and tends to 
readout much higher 

values 

· Proper quantification to 
separate real and 

imaginary parts of M 
require exact knowledge 
of local refractive index 

and material density 
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To select appropriate techniques, it is critical to clearly establish the insight required 

from the experiment, and the advantages and limitations of the chosen technique.  For 

example, one technique may be best suited to measure a specific material property like 

stiffness and less accurate for another like viscosity.  Techniques that share the same 

physics on how the tissue is deformed produce similar modulus values and differences can 

be accounted for based on the shape geometries of the probe used. The handling of the 

material and the binding of treated surfaces for mounting samples can also contribute to 

variation in these measurements. Furthermore, the analysis involved in transforming raw 

data into the material properties can create differences depending on the assumptions used 

to fit the measurements to a particular model.  

Bulk measurements obtained from rheology and tensile/compressive testing 

provide an averaged value of the overall sample (Figure 1.4). They also assume a degree 

of homogeneity within the material which is problematic with tissues since they are 

typically heterogeneous, especially at the large volumes which are required for these 

measurement techniques. Measuring live matter is also particularly difficult in bulk 

measurement techniques and often requires explanted material (removed from the body) 

which may not be feasible considering the amount required. The mechanical properties of 

the tissue may be different outside the living organism as well since cell hypoxia and death 

begins soon after removal.  

Techniques such as atomic force microscopy, nanoindentation and micropipette 

aspiration, take surface measurements and recognize tissue heterogeneity by taking local 

measurements (Figure 1.4). They have the capacity to map material properties such as the 

stiffness of live samples through consecutive point measurements much like line by line 

printing. However, this has limited capabilities for live 3D tissue where mechanical 

properties at the surface may not reflect internal properties. When considering local 

mechanical measurements, surface mechanical properties of the tissue will also differ from 



39 

 

 

 

internal mechanical properties as well since tensile forces over solid stress will be more 

apparent near the surface of the tissue compared to the interior.  

Displacement based measurements produced by techniques like magnetic or optical 

tweezers have the capacity to take mechanical measurements within 3D tissues (Figure 

1.4). Quantitative measurements by these techniques require the application of controlled 

forces or knowing some property of the substrate material that the tracking beads are 

suspended in. Unfortunately, these techniques often require specialized equipment and 

complex analyses to generate meaningful data. Furthermore, the scale of measure for these 

techniques are often subcellular which may not be the appropriate scale to consider when 

studying tissue mechanics in relation to tissue health. The forces that the cell experiences 

are the forces that it responds to. 
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1.2 Rationale 

Changes in the mechanical properties of cells and their extracellular matrix are related to 

changes in tissue health. The effects of matrix stiffness, and compressive mechanical forces 

experienced by cells, are especially important in regulating the stability of the breast duct 

architecture as well as triggering an invasive transformation in ductal breast cancer [47,58]. 

The development of these tumors presents a complex and dynamic mechanical 

environment, with forces being generated during tumor growth in a confined tissue duct. 

Monitoring tumor-matrix mechanics may provide an important indicator of the likelihood 

of developing a life-threatening metastatic cancer in the future. However, current 

techniques are unable to monitor tissue stiffness during cancer development without 

disrupting the tissue architecture, or killing the cells with fixatives, thereby altering the 

three-dimensional environmental mechanics [141]. Furthermore, they are restricted in their 

ability to spatially resolve cellular-scale stiffness variations in 3D tissues, which would be 

critical to characterize the stiffness a cell would experience in situ. Hence, there is a need 

for techniques to study cell-environment mechanics, in real-time without disrupting living 

tissue architecture. 
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1.3 Objectives 

The specific aims to accomplish this thesis are:  

(1) to engineer smart-material probes to monitor local stiffness within engineered tissues; 

(2) to measure and track stiffness evolution within 3D engineered models of breast cancer; 

(3) to extend the capabilities of the smart-material probes to measure local viscoelasticity 

within cancer spheroids. 

 

Overall, this body of work aims to develop smart material sensors that will allow us to 

study living cell mechanics throughout their growth and without disrupting tissue 

architecture or fixing the cells. More broadly, the engineered technology will enable rapid 

and real-time stiffness measurements in model culture systems, enabling mechanical 

characterization with unprecedented resolution and sensitivity to uncover novel 

perspectives on the role of tissue microenvironment mechanics. Irregular changes in these 

mechanical elements may provide early indicators for deviations of normal physiology and 

health. 
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Chapter 2  

Local tissue mechanics influences cell behavior but are difficult to measure at the cell scale. 

Current techniques available have shown that local stiffness can vary broadly between a 

few pascals to hundreds of kilopascals depending on the method used to assess this. There 

are specific limitations to current methods that I aimed to improve upon: the first was the 

ability to measure internal cell-scale stiffnesses within intact tissues, and the second was 

to reconcile the large differences in stiffness magnitudes reported by different techniques. 

Using microgels made of thermoresponsive N-isopropylacrylamide hydrogels, I designed, 

characterized, and established the use of a novel cell-scale stiffness sensor to study the 

local cellular microenvironment. This work was published in Nature Communications on 

September 21, 2020, and reproduced here with permission. In this manuscript, I described 

the model used to relate hydrogel expansion to external stiffness and then use this model 

to study the differences in microscale stiffness that arise from spheroids generated from 

different formation techniques and different breast cancer cell lines. Furthermore, I 

demonstrated the use of this tool in long term animal studies and show differences in 

stiffness heterogeneity between tumors of different ages. 
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2 Mapping cellular-scale internal mechanics in 3D tissues 
with thermally responsive hydrogel probes 

 

2.1 Abstract 

Local tissue mechanics play a critical role in cell function, but measuring these properties 

at cellular length scales in living 3D tissues presents considerable challenges. Here we 

present thermoresponsive, smart material microgels that can be dispersed or injected into 

tissues and optically assayed to measure residual tissue elasticity after creep over several 

weeks. We first develop and characterize the sensors, and demonstrate that internal 

mechanical profiles of live multicellular spheroids can be mapped at high resolutions to 

reveal broad ranges of rigidity present within a tissue, which vary with subtle differences 

in spheroid aggregation method. We then show that small sites of unexpectedly high 

rigidity develop in invasive breast cancer spheroids, and in an in vivo mouse model for 

breast cancer progression.  These focal sites of increased intratumoral rigidity suggest new 

possibilities for how early mechanical cues that drive cancer cells towards invasion might 

arise within the evolving tumor microenvironment.   
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2.2 Introduction 

Exquisitely structured tissues and organs arise from a homogenous blastomere through 

spatial patterns of cell proliferation, migration, and differentiation, in concert with matrix 

secretion and remodeling [3,23,142,143].  Mechanical features of the local 

microenvironment are critical regulators of these cellular processes [144–151], and tissue 

stiffness is now well-established to drive fate-function relationships during development 

[24,152]; disease progression [22,153–155] and tissue homeostasis [156–158]. However, 

our technical ability to monitor and characterize tissue mechanics at the cellular length 

scale during tissue development remains severely limited, and could be critically important 

in elucidating biophysical mechanisms of tissue morphogenesis and disease. 

Conventional mechanical characterization techniques provide only a limited view 

of tissue rigidity, particularly at the meso-length scale of individual cells.  Macroscale 

measurement tools such as tensional or shear rheometry cannot capture local mechanical 

variations around cells [159], while high-resolution tools such as atomic force microscopy 

are ideally suited for sub-cellular nanoscale measurements, and are limited to measuring 

near-surface stiffness in two-dimensional or cut tissue sections. Although non-contact 

techniques such as ultrasound elastography or magnetic cytometry [160–162] provide 

limited remote access to address these issues of scale, they cannot mimic a cell’s ability to 

interrogate the surrounding tissue by applied deformations with stroke lengths of 10s of 

microns [26,163].  

Serwane et al. recently developed an intriguing strategy to measure tissue 

mechanics with injectable, cell-sized, magnetic oil droplets, that deform in response to 

applied magnetic fields to quantify local tissue mechanics in soft tissues such as zebrafish 

embryos [134].  This powerful approach provides unique insight into highly local evolution 

of tissue mechanics during development, but the small droplet volumes allow only very 

low magnetic actuation forces, limited stroke lengths, and can only measure stiffnesses of 

< 1 kPa.  Moreover, oil droplets also split apart during large scale morphogenesis, limiting 

the monitoring period.  Finally, this technique requires specialized equipment and expertise 
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for simultaneous magnetic and optical probing, which limits experiments to small, thin, 

transparent, tissues that can stimulated with a uniform magnetic field. To circumvent some 

of these limitations, we build upon recent materials-based strategies using poly N-

isopropylacrylamide hydrogels that have been used generate local deformations within 

porous materials [159]. 

Microscale temperature-actuated mechanosensors (µTAMs) can measure a wide 

range of residual tissue elasticities within 3D biomaterials, at the length-scales of individual 

cells, in engineered tissues or animal models. µTAMs are spherical, thermoresponsive 

hydrogels that remain compact at tissue culture temperatures, but swell when cooled by a 

few degrees. By measuring the degree to which they expand, the residual elasticity after 

creep of the surrounding tissue can be inferred (Figure 2.1 A). In this work, we first develop 

the design principles to optimize hydrogel formulations for soft tissue measurements; and 

then demonstrate that µTAMs can be integrated into engineered tissues and animal models. 

These studies reveal that significantly different internal residual elasticities arise in 

multicellular aggregates based on aggregation method; and that highly localized hot spots 

of considerably elevated intratumoral rigidity emerge during establishment of a metastatic 

breast tumor.   
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Figure 2.1. Conceptual overview of using µTAMs to measure local residual elasticity.  

(A) Poly N-isopropylacrylamide (PNiPAAM) hydrogel droplets reversibly expand and 

collapse based on temperature. PNiPAAM microgels can be compacted at tissue culture 

temperatures of 37 °C and embedded in tissues of interest, where they will keep their 

contracted state while the tissue is maintained in culture conditions.  Reducing the 

temperature below the lowest critical solution temperature triggers the microgels to 

expand. The degree of expansion permitted depends on the rigidity of the surrounding 

porous material.  The expansion ratio of the sensor can hence be used to determine highly 

localized measurements of internal tissue residual elasticity after creep, at or near tissue 

culture conditions.  (B)  To fabricate the hydrogels, an oil/water vortex emulsion technique 

is used to produce polydisperse spherical microscale temperature-actuated mechanosensors 

(µTAMS). (C) Swelling transitions between expanded and compacted states occur at 34°C, 

which can be (D) reproducibly observed over multiple temperature cycles. Different colors 

represent individual microgels in panels C and D. Scale bar = 50 µm. Representative 

images are consistent over three batches of µTAMs. 

 

  



47 

 

 

 

2.3 Results 

2.3.1 Design and characterization of µTAMs. 

Poly N-isopropylacrylamide (PNiPAAM) hydrogels are tunable, biocompatible, 

thermoresponsive materials that remain compact at 37 °C,  but reversibly swell at slightly 

lower temperatures when solute interactions favour hydrophilic domains of the polymer 

[164,165].  To form PNiPAAM gels into µTAM probes, microspherical droplets of 

hydrogel formulations were polymerized with a fluorescent label [139], in an oxygen-free, 

oil/water vortex emulsion (Figure 2.1B).  This produces polydisperse hydrogel particles 

with expanded diameters that range from 10 to 100 µm (Supplementary Fig. 1), which is 

comparable to the size and mechanical sensing range of many adherent cells when compact 

[166]. The fabricated µTAMs retain their ability to reversibly shrink above a lower critical 

solution temperature of ~34 °C [167] (Figure 2.1C &D). The thermoresponsive diameter 

change was independent of µTAM size, and tunable based on the hydrogel formulation 

(Supplementary Fig. 2).  Free expansion in solution was tunable between 1.92 ± 0.05 and 

3.4 ± 0.18 for the polymer formulations tested. To confirm suitability in tissue culture 

conditions, we tested µTAM expansion in physiologic protein-rich conditions, as long-

chain molecules in the cellular milieu may molecularly crowd and interfere with the 

polymer-water interactions necessary for expansion. Free expansion ratios of non-

functionalized µTAMs were not significantly altered in even 100% fetal bovine serum 

(FBS; Supplementary Fig. 2), which contains supraphysiologically high levels of soluble 

protein [168]. 

µTAMs require an adhesive matrix protein coating to support integration into 

tissues, which may impact their expansion characteristics through transport limitations or 

mechanically restrictions.  Collagen I was selected as a candidate coating for all described 

experiments, as it is the most abundant matrix in the tissues studied. Standard sulfo-

SANPAH crosslinking chemistry  [139] produced  a monomeric collagen coating on the 

µTAM surface, and did not significantly affect the free expansion ratio in standard culture 

conditions (Supplementary Fig. 2).  We did observe a small but non-significant increase in 
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expansion variability in the 100% FBS condition, likely arising from collagen interactions 

with supraphysiologically high concentrations of albumin present in FBS [168]. Since in 

vivo interstitial albumin levels are an order of magnitude lower than in this extreme case 

[169], this mechanism is unlikely to impact swelling behaviour in tissues.  Together, these 

results confirm the suitability of PNiPAAM for repeated expansion cycles in situ.   

 

2.3.2 Design and characterization principles for µTAM hydrogel 
formulations. 

To select the appropriate hydrogel formulations and model deformation, we required a 

conceptual framework with which to design µTAMs for tissues of different rigidity ranges. 

Theoretically, a complete molecular simulation from first principles could determine the 

stored energy density of various hydrogel formulations, but such approaches would require 

a combination of multiscale structural, thermodynamic and molecular-interaction 

simulations with supporting characteristic measurements. As a first approximation, we 

instead reasoned that the dimensional expansion of compacted µTAMs is a balance 

between mechanical energy stored in the compressed sensors, and the mechanical work 

required to deform the surrounding material during expansion. Compacted µTAMs can 

hence be conceptualized as springs that are pre-loaded by thermodynamic expulsion of 

water prior to embedding in the tissue.  Reducing the temperature releases this pre-strain, 

and the springs return to a new equilibrium position that is influenced by the rigidity of the 

surrounding material (Figure 2.2A).   

To develop finite element computational models, we approximated the stored 

energy density as proportional to microgel rigidity and the degree of initial compressive 

pre-strain. This approximation does treat any non-linear stiffening effects as a single 

lumped parameter, but should still provide insight into design criteria for desirable 

PNiPAAM properties. Simulated spherical µTAMs of defined stiffness were isotropically 

pre-strained and placed within an encapsulating linear elastic material.  When the pre-strain 

is released, a characteristic negative sigmoidal curve for µTAM expansion is produced as 
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a function of encapsulating tissue stiffness (Figure 2.2B).  This is reasonable, as µTAM 

expansion should asymptotically approach the free expansion ratio in sufficiently soft 

tissues, and the completely compressed size in excessively stiff tissues. Increasing the 

mechanical rigidity of the µTAMs while maintaining the pre-strain levels increases the 

stored strain energy, shifting the sigmoidal measurement curves to provide greater 

sensitivities for stiffer tissues.  Similar results were observed when increasing the pre-strain 

while maintaining µTAM mechanical rigidity.  Hence, tuning the µTAM expansion ratio 

and mechanical rigidity can together be theoretically used to optimize stored mechanical 

energy in the sensors, to make measurements with desired sensitivities to tissue stiffness. 

 

Figure 2.2. Modelling and characterization of µTAM expansion.  

(A) µTAMs can be modelled as pre-strained springs when compacted, which then deform 

the surrounding matrix when the pre-strain constraint is removed. (B) Simulations using 
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this conceptual approach indicate that µTAMs sensitivity to the stiffness of the surrounding 

matrix can be tuned based on stored strain energy in the µTAM, which depends on µTAM 

rigidity over the actuation stroke length and applied pre-strain. A characteristic sigmoidal 

curve is observed with maximized measurement sensitivities in distinct measurement 

regimes. (C) Empirical characterization data demonstrates similar sigmoidal behaviors 

base on µTAM polymer formulation (Supplementary Table 1; data presented as mean +/- 

SD; n = 6 to 11 µTAMs). Dashed line shows simulated data from a sigmoidal data fit with 

iteratively optimized parameters (Supplementary Table 3). (D) Multiple µTAM 

measurements of residual matrix elasticity are compared against rheological measurements 

of matrix stiffness to determine the precision of each measurement. A linear relationship 

between matrix stiffness (black dashed line) and measurement precision (yellow bounding 

lines) was observed, and used as a model to estimate the error in all subsequent 

measurements. 

 

2.3.3 Sensor calibration and validation in engineered tissues 

To experimentally test the trends expected through simulation, we encapsulated µTAMs in 

stiffness-tunable polyacrylamide tissue phantoms (Supplementary Table 2). 

Polyacrylamide exhibits linear elastic mechanical properties over a large strain range [139], 

making it an ideal phantom material for these tests. Although the PNiPAAM formulations 

had similarly high mechanical stiffness in their compacted states, we were unable to 

independently tune the expanded stiffness and expansion ratio of the µTAMs 

(Supplementary Fig. 3), making it difficult to predictively tune the lumped strain energy 

parameter underlying the model. However, low- and high- polymer content formulations 

were tested, and demonstrated the expected negative sigmoidal curve for increasing tissue 

stiffness (Figure 2.2C).  Based on these experimental results, we selected the 3% 

NiPAAM/0.2% bisacrylamide µTAM formulation for all described experiments, as it 

displayed the highest measurement sensitivity within the expected stiffness ranges for soft 

tissue. We then determined the error associated with each individual µTAM measurement 

by comparing the µTAM-reported residual elasticity with the known stiffness of the tissue 

phantom, and empirically found that measurement errors can be modelled as linearly 

increasing with measurement values (Figure 2.2D).   
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To verify that the µTAMs work as expected in an engineered tissue, we embedded 

them in multicellular spheroids (Figure 2.3A&B), which are commonly used to model 

three-dimensional, diffusion-limited, and high-cell density tissues [170]. A model T47D 

cell line suspension was mixed with µTAMs, and formed into spheroids by aggregation 

[171]. As a first demonstration of µTAM stiffness sensing, we measured sensor expansion 

before and after tissue crosslinking through paraformaldehyde fixation, which we verified 

would not affect µTAM operation (Supplementary Fig. 4A). Embedded µTAMs remained 

circular in both their compacted and expanded states, in both live (soft) and fixed (stiff) 

tissues, indicating that the expansion force generated is sufficiently large to overcome small 

gradients of residual elasticity that may exist around each sensor (Supplementary Fig. 4B). 

All measurements were taken after µTAMs reached their equilibrium sizes (~30 minutes, 

Supplementary Fig. 4C), and hence all measurements reported are of residual elasticity 

after viscous tissue creep.  The average residual rigidity increased significantly after 

fixation, demonstrating that the sensors function as expected (Supplementary Fig. 4D, E). 

These results confirm that water transport, even within densely crosslinked spheroids, is 

sufficient to swell the µTAMs, and that the µTAMs function as expected in an externally 

manipulated biological model system.  

 

2.3.4 Internal spheroid mechanics differ with cell aggregation method 

Since spheroid architecture can be internally heterogeneous, we asked whether µTAMs can 

be used to determine whether spheroid fabrication methods affect internal tissue 

mechanics. We hence formed 400-500 µm diameter spheroids containing 1-3 µTAMs from 

HS-5 fibroblasts (Supplementary Fig. 5A-B), using an aqueous two-phase system (ATPS) 

that confines cells to a small phase-separated liquid volume [172]; and a micropocket-

based system in which cells passively settle into and aggregate in hydrogel cavities (Figure 

2.3A) [171]. These two techniques both rely on cell-driven aggregation and compaction 

within confined volumes, and should hence produce reasonably similar structures. No 

significant differences in internal cell density patterns were found in H&E-stained 
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histology sections of the two spheroid types (Supplementary Fig. 5C-E). However, in the 

ATPS-formed spheroids, circumferential cell alignment increased (Supplementary Fig. 5F-

G) and was accompanied by a distinctive f-actin ring structure at the spheroid periphery 

(Figure 2.3B). We then asked whether µTAMs might capture mechanical differences 

arising from these observed structural differences (Figure 2.3C). Significant mechanical 

heterogeneity is observed across the spheroids in both cases, with measurements ranging 

from 0 to 13  2.7 kPa in micropocket spheroids and 0 to 22  4.6 kPa in ATPS spheroids 

(Figure 2.3D), with no clear spatial patterns observable based on position within the 

spheroid. This broad range of residual stiffness likely reflects heterogeneity of internal 

architecture at these length scales within the spheroids, which is quite consistent with 

histology sections and with previous reports of cell heterogeneity within spheroids 

[136,139]. When pooled together, spheroids formed through ATPS-induced aggregation 

exhibited significantly higher internal residual rigidity than those formed via micropocket-

based aggregation (Figure 2.3E).   

Hence, conceptually similar fabrication methods produce spheroids with distinct 

internal tissue mechanics, and while the cause of these subtle differences remain uncertain, 

they may arise from small osmotic compressive pressures exerted by the dextran on the 

spheroids in the ATPS method [64,173].  Speculatively, these differences could spatially 

influence cell behaviour within the spheroid, which may contribute to explaining why 

biological findings vary considerably between research labs that use spheroids formed via 

slightly different methods [174]. In general, these experiments establish the utility of 

µTAMs in spatially characterizing internal mechanical rigidities that arise in 3D tissues. 
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Figure 2.3. Distinct internal spheroid mechanics arise based on tissue formation 

technique.  

(A) HS-5 fibroblast spheroids can be formed using a printable aqueous two-phase system 

(ATPS), in which cells are confined within a small droplet of immiscible liquids or by 

confining cells within a small cavity in a hydrogel where they passively aggregate. (B) 

These techniques produce grossly similar spheroids, with subtle distinctions in internal 

architecture as assessed by tissue sectioning and staining (green = f-actin; blue = nuclei; 

scale bar = 100 µm). (C) PNiPAAM microgels can be randomly incorporated into 3D 

multicellular spheroid cultures during the tissue formation process. (D) Pooled µTAM 

measurements across multiple spheroids show no obvious patterns of internal residual 

elasticity based on spatial location within the spheroid. Data presented as measurement +/- 

expected error. (E) Significant differences are observed in average internal rigidity between 

the two formation techniques. Data presented as mean +/-SD. n = 48 and 56 individual 

µTAM readings across 30 ATPS and 40 micropocket spheroids respectively for panels D 

and E over 3 independent experiments. * denotes p = 0.0022 for in an unpaired two-tailed 

t-test. Representative spheroid images from one of the three independent HS-5 spheroid 

generating experiments of each method. 

 

2.3.5 Internal stiffness levels of engineered tumors vary with cell type 

We next asked whether µTAMs could resolve conflicting reports regarding the stiffness of 

metastatic and non-metastatic cancer tumors.  Invasive cancer cells themselves are well-

established to be more mechanically compliant than non-invasive cell types [51], and 

compliant tumors are associated with local recurrence and metastasis [35,49]. However, 
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clinical evidence suggests that metastatic likelihood increases with tissue stiffness 

[175,22], and external mechanical stiffness is known to promote cell migration and 

invasion in vitro [52,176,177].  Other studies suggest that the internal stiffness of invasive 

tumors is more heterogeneous than quiescent tumors [36].  In all cases, these observations 

were made using either bulk mechanical characterization, or through surface mapping of 

cut tissue sections which is known to release mechanical stress [35]. Here, we aimed to use 

the µTAMs to characterize the internal mechanical heterogeneity of live engineered tumors 

generated from differently aggressive breast cancer cell lines. 

Using the micropocket-formation method, we produced similarly-sized spheroids 

with embedded µTAMs from human metastatic breast cancer cell lines (Figure 2.4A, 

Supplementary Fig. 6) that we have previously established to be non-invasive (T47D) and 

invasive (MDA-MB-231) in collagen hydrogels over 2 days in culture [171].  While the 

residual internal elasticity of the spheroids did vary within spheroid populations, this was 

not correlated with spatial position within the spheroid (Figure 2.4B). The average residual 

elasticity was significantly greater in invasive spheroids (Figure 2.4D), and reached 

unexpectedly high values at some sites (295  62 kPa).  Grubb’s test confirmed that these 

readings were not outliers, and nearly a third of the measurements fall into a high-rigidity 

regime (Figure 2.4C).  Hence, some fraction of cells within the invasive spheroids 

experience extremely high local rigidities, perhaps resolving the contradictory needs for 

high-stiffness to prime the mechanical invasive machinery of invasive cell types, while 

allowing the cells to be sufficiently soft to invade through the surrounding matrix. 

Although these observations of residual elasticity within spheroids is significantly 

higher than previously reported, these results are quite consistent with previous studies. 

Fresh metastatic tumor tissue sections probed by atomic force microscopy were found to 

be quite heterogenous, containing stiffer regions (up to 16 kPa), compared to non-invasive 

tumors [36].  The internal mechanical stress state of tissues can be very high when 

measured in live samples [178], and tissue sectioning is well-established to release these 

stresses and disrupt the active contractility of cells [35], which would otherwise increase 
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rigidity in non-linear biological materials [179]. Our findings demonstrate the extent of this 

effect, further supporting the need for mechanical measurements without disrupting live 

tissue architecture. Furthermore, non-disruptive live techniques such as quantitative 

ultrasound have previously demonstrated internal tumor stiffness measurements up to 150 

kPa [180], albeit at considerably lower spatial resolutions.   It is therefore likely that these 

measurements reflect highly focal and considerably larger rigidities that are blurred over a 

larger region.  Hence, the measurements obtained with this technique are reasonable, and 

suggest that mechanical stimuli that promote invasion within tumors may be provided by 

small groups of cells within the spheroid population. 

  

Figure 2.4. Residual elasticities within engineered tumors varies based on cell type.  

(A) Spheroids generated from aggressively invasive MDA-MB-231 and less aggressive 

T47D metastatic breast cancer cell lines. Scale bar = 100 µm. (B) Spatial variation of 

internal residual elasticity in tumor spheroids of each cell type (data presented as 

measurement +/- expected error, pooled from 25-27 spheroids with 1-2 µTAMs embedded 

in each). (C) Histogram of measurement data demonstrates that a significant fraction of 

µTAMs in the MDA-231 spheroids register high residual rigidities. (D) The average 
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residual elasticity within spheroids are significantly different based on cell type. Box plots 

indicate the median and 25th to 7th percentiles, and the whiskers span the range. * p = 

0.0074 (unpaired two-tailed t-test, n = 33 and 28 µTAM stiffness measurements 

respectively for T47D and MDA-MB-231 spheroids for all panels over one set of 

experiments). 

 

2.3.6 Long-term measurements of internal tumor rigidity in animal 
models 

We then asked whether our findings extend to in vivo models.  Previous studies have 

demonstrated that tumors can macroscopically soften, stiffen, or stay the same compared 

to adjacent normal tissue [49], but whether this reflects macroscale tumor organization or 

microscale rigidity remains unclear. Furthermore, the surrounding stromal tissue stiffens 

with disease progression [52], and it is challenging to eliminate those contributions when 

macroscopically probing live whole-tumor mechanics.  Therefore, measuring mechanics 

within the living tumor itself, at length scales and stroke lengths relevant to individual 

cancer cells may yield new insights into tumor mechanobiology. 

We injected immune-competent BALB/c mice with collagen-functionalized 

µTAMs and a 4T1 metastatic cancer cell line that has been well-established to initially 

form local tumors in the mammary fat pad and spontaneously transition through the 

metastatic cascade with invasion to distal sites over time [181].  We confirmed that tumours 

grew rapidly in the mammary fat pad, degrading mammary gland tissue architecture by 

replacing fat tissue and lymph nodes with solid tumour, and that within 3 weeks, a 

heterogeneous architecture indicative of advanced disease was observed (Figure 2.5C; 

Supplementary Fig. 7).  While initially clustered along a well-defined wound track after 

injection, uTAMs dispersed within the tumor as the disease progressed (Figure 2.5B).  No 

signs of additional fibrosis or inflammation were observed between sham animals injected 

with PBS only, and those injected with PBS and µTAMs, suggesting excellent 

biocompatibility of the µTAMs (Supplementary Fig. 8). 

 



57 

 

 

 

Mice were sacrificed weekly, and the excised fat pads were immediately placed in 

a PBS bath to control tissue temperature for stiffness measurements (Figure 2.5A). Only 

those µTAMs away from the excision wound edge were selected for analysis, to avoid 

measurements in regions affected by tissue stress release.  These sensors were fully 

incorporated into the tumour tissue and retained their ability to swell and compact with 

temperature changes (Figure 2.5D). Although the mean measurements of internal tumor 

rigidity did not change significantly over 21 days, we observed a significantly different 

distribution of measurements as the tumor progressed from day 7 to day 21 (Figure 2.5E; 

* p = 0.022), with some sites stiffening between 25 and 50 kPa. The probability of 

measuring these high values in the sham control experiment are between 0.25% and 1.5%, 

based on descriptive z-score statistics.  Certain regions within the mouse tumors were 

therefore much more rigid than the overall tumour by day 14, which matches both our 

findings that local mechanical heterogeneity increases in invasive engineered tumors 

(Figure 2.4), and observations of increasing architectural heterogeneity and stromal 

organization as the tumor overtakes normal tissue (Figure 2.5C).   

While it must be recognized that injection-based models may create tumor 

architectures that are different from spontaneously-arising tumors, these results do 

demonstrate that significant differences in mechanical heterogeneity accompany tumor 

progression in vivo, and correlatively suggests that highly-focal sites of rigidity may be 

sufficient to provide a mechanical stimulus for disease progression. More broadly, in 

diseases such as cancer where only a few aggressive cells are required to initiate metastasis, 

the ability afforded by µTAMs to study highly localized mechanical microenvironments 

could ultimately provide an improved understanding of subpopulation-driven transitions 

between quiescent and malignant tumors.   
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Figure 2.5. Measurements of residual internal tumor elasticity in cancer mouse 

model.  

(A) µTAMs were co-injected with mCherry-labelled T41 breast cancer cells into the 

mammary fat pads of female mice, and allowed to form tumors over several weeks. At 

various time points, tumors were excised and imaged in a temperature-controlled saline 

bath. (B) µTAMs are initially clustered together after injection, but disperse as the tumor 

develops over several weeks. (C) H&E stained tissue sections of excised fat pads at week 

3 shows recovery of normal tissue architecture immediately around the needle injection 

site (sham, no cancer cells), and an absence of normal architecture in the tumor model. 

(Insets) Considerable variability in tissue cellularity is observed in distinct regions of the 

tumor after 3 weeks. (D) µTAMs are interspersed with mCherry-labeled 4T1 cells in the 

mammary fat pad, and change size when the temperature is decreased (Scale bar = 50 µm). 

(E) Comparison of residual elasticity within tumors indicates an increasing number of high-

rigidity measurements as the cancer progresses towards metastasis, and a significant 

difference in measurement distributions between Day 7 and Day 21 of tumor progression. 

Box plots indicate the median and 25th to 7th percentiles, and the whiskers span the range.  
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n = 28, 6, 20, and 33 individual µTAM stiffness measurements in sham, post-injection day 

7, 14 and 21 respectively. (* p = 0.022 by non-parametric two-tailed Mann-Whitney test to 

compare the distribution of ranks between groups). Box plots indicate the median and first 

to third quartile, whiskers span the range. Representative images derived from 6 animal 

replicates for each time point with both left and right intraductal mammary injections to 

generate separate tumors. 
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2.4 Discussion 

µTAMs provide an opportunity for high spatial-resolution measurements of residual 

elasticity after creep in a wide range of living, three-dimensional tissues. Rather than 

measurements of global tumor mechanics, as has previously been reported [37,55], the 

tunable size of these sensors allows interrogation of mechanical properties at multiple 

length scales relevant to that of a biological cell, enabling an improved understanding of 

the local microenvironment that cells would experience.   Furthermore, whereas sensitive 

analysis techniques as atomic force microscopy [182] and microrheology [183] may 

capture these spatial resolutions they do not approximate the stroke lengths generated by 

real cells, and hence measure mechanical properties of the material in a strain regime that 

may or may not be relevant to cellular mechanosensing and microenvironmental 

interrogation.  

The proof-of-concept experiments developed here together demonstrate that at 

these cell-relevant length scales, the mechanical microenvironment in 3D tumors is far 

more heterogeneous than generally expected, and our findings together suggest that 

microscale ‘hot spots’ of rigidity develop as tumors progress towards an invasive, pre-

metastatic phenotype.  Given the well-established sensitivity of cancer cells to rigidity of 

the local microenvironment [44,52,184], these studies broadly demonstrate that fine spatial 

resolution is necessary to describe the mechanical evolution of tumors as diseases progress.  

µTAMs present some limitations that require careful consideration. First, the 

measurements obtained with this technique cannot be quantitatively compared with those 

obtained from more conventional approaches, for materials that exhibit non-linear 

mechanical properties, such as viscoelastic tissues[185].  Our current measurements of 

residual elasticity after creep can only be used to extract a stiffness modulus for materials 

that deform without a time-dependent component. Similarly, more advanced 

measurements that capture both mechanical stiffness and applied strain, such as internal 

solid stress[35] also cannot be extracted. Second, µTAMs may be sensitive to confounding 

local factors such as pH. This is unlikely to affect the present experiments, as PNiPAAM 
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does not behave significantly differently between pH 5-8 [186], and tumors have internal 

pHs between 7.0 and 7.2 [187], but should be considered carefully for other tissues. Third, 

the requisite thermal cycling could itself influence tissue stiffness. Although previous 

studies have demonstrated that cellular rigidity is not significantly affected between 21°C 

and 37°C [188], repetitive expansion of the sensors may theoretically induce local 

structural changes via damage mechanisms. To mitigate these issues in this study, we only 

make single measurements from each µTAM, and additional studies would be required to 

determine if local stress changes affect the biological systems.  Fourth, the presence of 

these sensors itself may affect cell behavior, as they do provide a foreign, hard surface in 

their compacted state. In our experiments, the hard surface presented by compacted 

µTAMs recapitulate microcalcification that occurs naturally in breast cancer[189]. Hence 

the differential responses between tissues and across timepoints in our experiments still 

allows us to conclude that focal stiffening is associated with invasive phenotypes. More 

broadly, the ability to functionalize the surface with candidate matrix molecules provide 

further opportunities to minimize any foreign body response. 

We envision broad utility for this technology in understanding cell-scale stiffness 

evolution in tissues, particularly given some simple future design modifications. 

Developing polymer engineering strategies to tune stored strain energy through 

independent manipulation of expansion ratio and sensor stiffness would enable precise 

manipulation of actuation force and stroke length, to better simulate mechanical 

interrogation by specific cell types and tune the sensors for various applications.  While 

thermal activation was a relatively easy first step, other smart material triggers may be 

introduced that are faster and less disruptive, particularly for in vivo imaging. Finally, 

incorporating alternative imaging agents such as MRI or X-ray contrast agents would 

facilitate deep tissue imaging, allowing us to develop a tissue-scale cellular perspective of 

the local mechanical microenvironment during the highly complex processes of 

development and disease progression.   
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2.5 Methods 

Unless otherwise stated, all cell culture materials and supplies were purchased from Fisher 

Scientific (Ottawa, ON), and chemicals from Sigma Aldrich (Oakville, ON).   

 

µTAMs fabrication 

Separate solutions of 6% (w/v) polyglycerol polyrincinoleate surfactant (PGPR 4150; 

Palsgaard, 90415001) in kerosene; 1% (w/v) ammonium persulfate (APS) in phosphate 

buffered saline; and a prepolymerized PNiPAAM solution following Table S1 (excluding 

1% APS) were each prepared in individual glass test tubes with 1-2 mL of each solution in 

their respective tubes. Volumes within the test tubes are fairly flexible, provided there is a 

matched or excess volume within the kerosene tube to create a bath.  A magnetic stir bar 

was placed within the kerosene test tube. To purge the system of oxygen, a rubber septum 

stopper were used to seal each tube and nitrogen gas was bubbled through each liquid for 

at least 20 minutes using a 25G non-coring needle, with a second needle to vent the tubes 

to atmosphere. Microspherical gels were formed by drawing the desired amount of 1% 

APS solution into a syringe and dispensing it into the sealed test tube containing PNiPAAM 

components. The mixture was immediately vortexed and transferred into the kerosene bath 

with another syringe. An emulsion was made by vortexing the kerosene/PNiPAAM 

mixture for 5 to 10 seconds. Droplets were prevented from coalescing by gentle magnetic 

stirring for 20 minutes as the µTAMs polymerized. To facilitate washing and recovery of 

the µTAMs, the emulsion was aliquoted into several 1.5 mL microcentrifuge tubes. Each 

washing step included centrifugation at 14,800x g for 3 minutes, supernatant aspiration and 

µTAM resuspension with the appropriate solution. The µTAMs were first washed with 

fresh kerosene three times to remove the PGPR4150 surfactant, and then with PBS three 

times to recover the microgels in an aqueous phase. Finally, µTAMs were stored at 4°C in 

PBS overnight to allow gels to swell to equilibrium before further use. 
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µTAMs surface functionalization 

µTAMs were suspended in a 0.05 mg/mL solution of sulfoSANPAH (GBiosciences # 

BC38) in PBS and irradiated under 36 W UV light for 4 minutes. The solution was 

aspirated and the µTAMs were washed once with PBS before being incubated in 0.05 

mg/mL solution of collagen I (Advanced Biomatrix PureCol #5005B) in PBS overnight at 

4°C. Gels were then washed with PBS and stored at 4°C. Prior to embedding or injection 

into tissues, µTAMs were UV sterilized for 45 minutes (36W UV source). 

 

Stiffness-tunable tissue phantoms 

Polyacrylamide hydrogels were fabricated on glass coverslips with embedded µTAMs to 

calibrate sensor measurements.  Hydrogel-releasing hydrophobic glass slides were 

prepared by coating RainX onto 75 x 50 mm glass slides. Glass coverslips were silanized 

to bind polyacrylamide by immersion in a 0.4% 3-(Trimethoxysilyl) propyl methacrylate 

(MPS) in acetone for 5 minutes, washed with fresh acetone for 5 minutes, and air dried.  

To embed µTAMs into polyacrylamide tissue phantoms, polyacrylamide pre-gel 

solutions were made according to Table 2 with a small volume of PBS replaced by an equal 

volume of µTAMs in PBS.  The complete pre-gel solution with PNiPAAM microgels was 

pipetted onto a hydrophobic glass slide in multiple 127 µL drops to produce a 0.5 mm thick 

gel when a silanized 18 mm round coverslip was place on top of each drop. The solution 

was left to polymerize on a slide warmer set to 45°C for 10 minutes. This ensures that 

µTAMs enter the tissue in their compacted state. After polymerization, the coverslips with 

the attached hydrogel were peeled off the glass slide with tweezers and placed in a multi-

well plate. All hydrogels were washed 3 times with PBS and left to equilibrate overnight 

in a 37°C incubator before thermal cycling and imaging.  

 

Cell culture 
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Human HS-5 fibroblasts (ATCC CRL-11882); and T47D (ATCC HTB-133) and 

MDAMB-231 (ATCC HTB-26) breast cancer cell lines were cultured in Dulbecco’s 

modified eagle media with 10% fetal bovine serum (FBS) and 1% anti/anti (complete 

media). Cells used for mice experiments were Mouse 4T1 (ATCC CRL-2539), which were 

cultured in RPMI 1640 (Wisent) with 10% FBS, 1% sodium bicarbonate, 0.5% sodium 

pyruvate and 0.5% HEPES. When the cells reached at least 80% confluence (70% for 4T1 

cells to maintain tumorigenic characteristics), they were detached using 0.25% trypsin-

EDTA and either subcultured into a new culture vessel at a 1:10 ratio or used as a single 

cell suspension for experiments. 

 

Spheroid formation via aqueous two-phase systems 

Spheroids formed via aqueous two-phase systems (ATPS) were grown in a non-adhesive 

96-well round bottom plate following previously published techniques using a robotic 

liquid handler (Gilson PipetMax, Mandel, Guelph ON)[172,190]. Briefly, a 0.2% (w/v) 

solution of Pluronics F108 in PBS was pipetted into each well and incubated for 1 hour at 

room temperature (23°C). The solution was aspirated, and the wells rinsed with reverse 

osmosis (RO) water before air drying. Plates were sterilized under UV light for 45 minutes 

prior to use. Stock solutions of 6% (w/v) polyethylene glycol (PEG) in complete media; 

and diluted to 5.4% in water prior to use.  A cell-laden dextran (DEX) solution was 

prepared by mixing 85 µL of a 15% (w/v) dextran in PBS solution with 15 µL of a 17 x 

106 cells/mL suspension of HS-5 fibroblasts. To incorporate PNiPAAM microgels into the 

spheroids, 1-3 µL of the functionalized microgel suspension was mixed into the cell-laden 

dextran depending on the desired microgel to spheroid ratio.  50 µL of the PEG solution 

was dispensed into each well of the non-adhesive 96 well-plate, and 1 µL of cell-laden 

DEX was carefully dispensed slightly above the bottom of each well. The plates were 

carefully transferred to a cell culture incubator (5% CO2, 37 °C) for 1 hour before adding 

75 µL of complete media and growing the spheroids for two days. 
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Spheroid formation via micropocket hydrogel cavities 

Spheroids were formed in polyacrylamide micropockets using previously published 

protocols[171].  Polyacrylamide micropockets were cast using the 12 % acrylamide/0.24% 

bis-acrylamide formulation. Approximately 125 µL of the prepolymer polyacrylamide 

solution was dispensed over a 3D printed mold containing ~200 spherical structures of 0.5 

and 1 mm diameters across the surface area of a 12 mm coverslip to generously fill the 

mold. An MPS-treated 18 mm coverslip was placed on top of the mold, and the hydrogel 

was allowed to polymerize for 10 minutes. The polymerization grafted the polyacrylamide 

hydrogel to the coverslip, which was then gently separated from the 3D printed mold, and 

washed 3 times in PBS. Gels were stored at 4 °C in PBS to equilibrate overnight, and 

sterilized under UV light for 45 minutes. PBS was aspirated prior to loading the 

micropocket gels with cells. A mixture containing 100 µL of a 15 x 106 cells/mL 

suspension of the desired cell type with 1 µL of functionalized µTAM suspension was 

distributed over each hydrogel. The cells were left to settle into the micropockets for 5 

minutes before submerging the entire polyacrylamide micropocket device in complete 

media. Spheroids then formed over 2 days in a standard cell culture incubator (5% CO2, 

37 °C). 

 

Mouse breast cancer model 

Mice were housed at the Goodman Cancer Research Center animal facility in adequate 

enclosures as described in the Canadian Council on Animal Care guidelines for mice. 

Specifically, the rooms go through a 12 hour light/dark cycle from 7 am to 7 pm and 

ambient temperatures were set to 22C with humidity kept at 40%. Up to 5 adult mice are 

kept in each cage dressed with a bedding of corn and Enviro-dri (Cedarlane; Burlington, 

ON). Cages are supplied with enough food for 2 weeks with weekly top ups and water is 

freely available through water bottles fitted with animal drinking valves in the cages.  
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All procedures were performed in accordance with the animal care guidelines by 

the Canadian Council on Animal Care after obtaining ethics approval from the Animal 

Resource Centre of McGill University. For each replicate, a set of 4 female BALB/c mice 

(Charles River) at 8-10 weeks of age were randomly allocated a condition (sham, week 1, 

week 2 or week 3). Mice were anesthetized under isoflurane gas, as the 4th and the 9th 

mammary fat pads were injected using a 22G needle (Becton Dickinson) attached to a 

Hamilton syringe. Each gland was injected with a suspension of mCherry-labelled 4T1 

cells at 5 x 105 cells/mL with different concentrations of µTAMs in 25 μl of sterile PBS. 

The 4T1 tagged cells were generated using lentivirus and the lentivector pWPI-mCherry. 

Sham condition mice were injected only with a suspension of µTAMs in 25 μl of sterile 

PBS and left for 3 weeks 

Mice were euthanized by cervical dislocation under isofluorane anesthesia. At the 

indicated time points, injected mammary fat pads or tumors were surgically isolated and 

immediately rinsed in sterile PBS.  Tumors exceeding 5 mm in thickness were sectioned 

to layers 4 ±1 mm in thickness to facilitate bead visualization and rinsed 10 times in sterile 

PBS. Tissue was immersed in sterile PBS in a 2-well chambered cover glass (Nunc™ Lab-

Tek™) for immediate imaging.  

 

Temperature-controlled imaging and µTAMs size analysis 

Polyacrylamide phantoms, and multicellular spheroids were mounted in a Chamlide 

imaging chamber and submerged with 300 µL of PBS before being placed on a controlled 

stage warmer (Ibidi). Images were taken on an Olympus IX-73 microscope under 

epifluorescence (Olympus, X-CITE 120 LED), with an sCMOS Flash 4.0 Camera and 

Metamorph software (version 7.8.13.0), and automated stage (Zaber) to record and return 

to specified positions. Samples were mounted in a live-cell imaging chamber (Ibidi), and 

imaged initially at 37°C and during cool-down to room temperature at 30 minute intervals 

to ensure temperature equilibration and complete sensor size change. Live mouse tissue 
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explants were imaged with an LSM700 laser scanning confocal microscope with a 20 x 

0.8NA objective lens and ZEN software (Zeiss) in a temperature-controlled environmental 

chamber. The tissue was then incubated at 37˚C for 1 hour, and the same positions were 

re-imaged using the same imaging parameters. Images were deconvolved using the 

iterative deconvolve 3D plugin [191] and a point spread function generated by imaging 

0.19 µm green TFM beads in identical imaging conditions as the µTAMs.  

µTAMs that were damaged (missing chunk or fragment), in contact with an 

adjacent sensor, or partially exposed outside of given tissue were excluded from 

measurements. µTAMs that were less than 10 µm in diameter were excluded from stiffness 

analysis to reduce measurement error. All µTAM images were analyzed in FIJI by 

manually drawing a fitted ellipse around the µTAM and measuring the Feret’s diameter for 

the microgel size, as well as shape descriptors for the circularity of the µTAM which was 

calculated within the software as: 

𝑐𝑖𝑟𝑐𝑢𝑙𝑎𝑟𝑖𝑡𝑦 =   
4𝜋 × 𝐴𝑟𝑒𝑎

√𝑃𝑒𝑟𝑖𝑚𝑒𝑡𝑒𝑟
    (1) 

Conversion between µTAM size change ratio was done using the modelling curve and the 

iterated best fit values for parameters specified in Supplementary Table 3: 

𝐷30

𝐷37
= α −

α − 1 

1+(
𝐸𝑚𝑎𝑡𝑟𝑖𝑥

𝐸𝑏𝑒𝑎𝑑
)

−𝐵    (2) 

where D30/D37 is the observed expansion ratio between the µTAM diameter at 30 °C 

(expanded) over its diameter at 37 °C (compacted), α is the expansion ratio of µTAMs in 

free solution, Ematrix is the apparent stiffness of the matrix, Ebead is the apparent stiffness of 

the µTAM, and β is a lumped parameter estimated by curve fitting that captures friction, 

surface penetration, and other losses. 

 

Shear rheometry for bulk characterization of hydrogels 
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The stiffness of each polyacrylamide and PNiPAAM gel formulation was measured using 

a parallel plate shear rheometer (Anton-Paar, MCR 302) in strain-controlled mode. 

Hydrogels fabricated for shear rheology were made by sandwiching 113 µL of the 

complete pre-gel solution (compositions provided in Supplementary Table 2) between two 

12 mm coverslips treated with MPS as described earlier. After 10 minutes, the sandwiched 

polymerized hydrogels were placed in a multi-well plate and submerged in PBS. After 

three washes, the gels were left to swell overnight at 4°C.  During testing, excess PBS was 

dried off the top and bottom of the samples, and adhesively mounted between rheometer 

plates. Storage and loss moduli were recorded over a strain sweep that was run from 1 to 

50% at 10 Hz and verified to be plateau within this range. The moduli values were reported 

as an average of all the readings. Young’s modulus (E) was calculated using E = 2G(1 + ν) 

where G is the average storage modulus, and ν is the Poisson’s ratio of the hydrogel which 

was assumed to be 0.5 based on literature[192]. 

 

Histology and staining 

Spheroids were fixed in 4% paraformaldehyde solution for at least 24 hours at 4°C. 

Spheroids in the micropockets were extracted and transferred using a clipped P1000 pipette 

tip placed directly over the chamber opening. Spheroids formed by ATPS were pipetted 

directly with a clipped pipette tip.  Spheroids were collected into a 1.5 mL microcentrifuge 

tube with PBS embedded in paraffin blocks. Tissue blocks were sectioned at 4 µm and 

mounted on charged glass slides for histology. 

For staining, the tissue sections were deparaffinized in xylene for 15 minutes and 

rehydrated using a decreasing ethanol gradient at 100%, 90% and 80% for 2-minute 

intervals. Slides were washed twice with PBS for 5 minutes, and permeabilized in 0.1% 

Triton-X solution for 5 minutes, before two additional PBS washes. Tissue sections were 

blocked with 1% BSA in PBS for 30 minutes at room temperature (23°C). An actin 

cytoskeletal and nuclear staining mixture of FITC-conjugated phalloidin (1 µg/mL) and 
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hoescht 33258 (1 µg/mL) in 1% BSA was applied for 20 minutes. The slides were washed 

twice in PBS and once with water before coverslip mounting using Fluoromount Aqueous 

Mounting Media and sealing with clear nail polish.  

 

Histological section image analysis 

All image analyses were performed using FIJI [193].  The cross-sectional area of the 

circular spheroids were segmented into 5 annuli of equal area. Cell density in each anulus 

was quantified with an automated nuclear count by thresholding the image to isolate the 

nuclei and performing a particle analysis count with a minimum of particle size of 20 µm2.  

Nuclear orientation was analyzed by determining the difference between the expected 

angle for a circumferentially aligned nucleus (Θexpt) and the angle of the nucleus itself as 

determine by the particle analysis on FIJI. To get Θexpt, the angle at the center of a circle 

(Θr) was calculated by taking the tangent angle between the X and Y distance of the nucleus 

to the center of the spheroid.  Θexpt was calculated by assuming spherical symmetry in the 

spheroid and taking the absolute value of Θr + 90° if Θr > 0° or  Θr - 90° if Θr < 0°.     

 

Statistical analysis 

Z-scores were used to assess the probability of obtaining measurements compared to a 

control population. For non-normal distributions, log transformations were used to first 

obtain normal distributions, which were confirmed via Shapiro-Wilks tests.  Comparative 

data analyses of populations were performed without pre-specifying a required effect size. 

Datasets that were normally distributed, with similar variances between compared groups 

were analyzed using unpaired t-tests, one-way, or two-way ANOVA to test for significance 

which was set at α= 0.05. Post-hoc pairwise comparisons were conducted using the 

Bonferroni method. Datasets that were not normally distributed were analyzed using the 

nonparametric Mann-Whitney test to compare the distribution of ranks between two 
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groups, with significance values set at α= 0.05.  All statistical analyses were performed 

using GraphPad Prism v8.0.2 (San Diego, CA).    

 

Finite element modelling of µTAM expansion 

Simulations were performed using the open-source software package FEBio[194] with the 

pre-strain plugin [195] to apply compressive loads to simulated µTAMs prior to release 

within an encapsulating matrix of defined stiffness. 3D spherical geometries were used to 

simulate the µTAMs (unit radius) embedded in a 10x larger encompassing sphere, to 

simulate an infinitely large matrix. The model was meshed with hexahedral elements, and 

a mesh size sensitivity analysis was performed.  Less than 1% variation was observed in 

deformation for a mesh element size of 0.16 at the µTAM/matrix interface, for an r-ratio 

of 1.57.  Fixed displacement boundary conditions were applied to the outer matrix surface, 

and a tied contact interface was defined at the µTAM/matrix interface. Linear elastic 

material properties and initial pre-strain of the µTAMs were defined and modulated based 

on experimental data. Analyses were conducted using a dynamic large deformation 

structural mechanical analysis, and data is reported as a fold change in µTAM size for 

matrices of various mechanical stiffness. 

 

Data Availability  

Select µTAM characterization data and all µTAM stiffness measurements from spheroid 

and animal experiments are provided in supplementary tables. Additional data supporting 

the findings of this manuscript are available upon reasonable request from the 

corresponding author. 
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2.8 Supplementary Materials 

2.8.1 Supplemental Figures 

 

 

Supplementary Figure 1. NiPAAM microgel size distribution at room temperature. 

Polydispersed microgels fabricated using the oil/water emulsion technique show a normal 

distribution of sizes with a mean radius (dotted line) of 27±11 µm. Data reported for 

µTAMS in expanded state (n=59). 
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Supplementary Figure 2.  Unconfined thermoresponsive free expansion of µTAMs 

in solution.  (A) The free expansion ratio between the measured diameters of microgels 

in their expanded and contracted state varies for various tested hydrogel formulations (n= 

10, 11, 11, 8 and 9 individual µTAMs in order shown on graph). Data points show mean 

+/- SD. (B) Free expansion ratios are independent of microgel size (data presented for 

PNiPAAM formulation 9N0.6B (see Suppl. Table S1).  Red dashed line indicates linear 

trend where y= 0.-0016x +1.9707, R2 = 0.0984; n = 26). No correlation was observed 

between PNiPAAM microgel size and expansion ratio. Increased variability for smaller 

microgel sizes can be attributed to increased measurement error percentage under the 

selected imaging conditions .  (C) Representative image of a µTAM (green) 

functionalized with type I collagen (red). Scale bar = 25 µm.  (D) Comparison of free 

expansion ratios for native and surface functionalized microgels in solutions with varying 

fetal bovine serum (FBS) protein content. Functionalization with collagen I has no 

statistically significant effect in PBS, DMEM, complete media (DMEM + 10%FBS), or 

100% FBS, but some increased variability is observed in protein-rich suspensions. (Data 

presented as mean ± standard deviation, statistical analysis conducted by two-way 
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ANOVA, not significant p = 0.56, 0.47 and 0.09 for the interaction between solutions and 

surface coating, within solutions, and within coatings; n = 3 for PBS, DMEM, 

DMEM+10% FBS, and functionalized gels in FBS; n= 6 for non-functionalized gels in 

FBS). Representative images from three collagen I staining experiments from two 

separate µTAM samples. 

 

  

Supplementary  Figure 3. Mechanical characteristics of PNiPAAM obtained via 

shear rheology. (A) PNiPAAM hydrogel storage modulus and (B) loss modulus. Loss 

moduli were minimal, indicating strongly linear elastic materials behavior.  (C) 

PNiPAAM stiffness at the compact (>34 °C) and expanded (<34 °C) hydrogel state 

indicate that stiffness changes dramatically between the compact and expanded state 

depending on PNiPAAM formulation. Data reported as mean ± SD for n = 3. 
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Supplementary Figure 4. Residual elasticity distribution within engineered T47D 

multicellular aggregates before and after fixation.  T-47D mammary-derived ductal 

carcinoma cells formed spheroids over 2 days within polyacrylamide micropockets and 

fixed with 4% paraformaldehyde overnight at 37°C. (A) Fixation does not affect free 

µTAM swelling characteristics. (n = 15 µTAMs readings for each condition). (B) 

Circularity of µTAMs within live and fixed tissues. No significant differences (p = 0.061) 

in circularity between compact and expanded µTAMs in either tissue condition are seen 

based on a two-way ANOVA. Data reported for n = 16 and 17 for live and fixed tissue 

condition respectively in each µTAM state. (C) µTAM size change over time within 

T47D spheroids during cooling on our microscope stage. Temperature and size 

measurements were recorded every 5 minutes for an hour to ensure that 30 minutes was 

adequate time for µTAM expansion to equilibrate, thereby ensuring residual elasticity 

around the µTAM is measured. (D) Stiffness in fixed spheroids is significantly stiffer 

than its live pre-fixed state (n = 33 and 30 individual µTAM readings in live and fixed 

spheroids respectively; 30 live spheroids and 11 fixed spheroids were measured). 

Asterisks denotes p < 0.0001 according to unpaired two-tailed t-test with Welch’s 

correction. (E) Histogram of residual elasticity distributions between live and fixed 

spheroids. Data from panels A, B and D are presented as mean +/- SD.  
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Supplementary Figure 5. Cell count and orientation in ATPS and micropocket 

spheroids. (A) Spheroids are formed and maintained at 37 °C, where µTAMs remain 

compacted. Measurements of residual stiffness can be made by reducing the temperature 

and expanding the µTAMs. Scale bar = 100 µm. (B) Characterization of spheroid 

dimensions formed in ATPS and micropocket systems. ATPS spheroids are slightly but 

significantly larger in radius than micropocket spheroids by 44 ± 4 µm (unpaired two-

tailed t-test, p < 0.0001 for n = 20 and 17 respectively).  (C) Representative images of 

H&E stained sections show that at the edge, ATPS spheroids preferentially align along 

the circumference of the spheroid in contrast to micropocket spheroids. Scale bar = 100 

µm. (D, E) Nuclei count between the two spheroid generation methods in each annuli 

representing equal areas show no significant differences. (n = 3). (F, G) Cell orientation 

analysis show that cells along the periphery of ATPS spheroids preferentially elongate 

along the circumference of the spheroid significantly more than their micropocket 

counterparts. Asterisks denotes significance at p = 0.0022 by two-ANOVA with a 

Bonferroni test. (n = 3 spheroids for both ATPS and micropocket methods). 

Representative images show one example out of hundreds of spheroids generated with 

µTAMs incorporated over at least 6 independent HS-5 spheroid generation experiments 

for each method. Data for panels B, E and G are presented as mean +/- SD. 
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Supplementary Figure 6. Diameter of breast cancer cell line spheroids generated using 

polyacrylamide micropockets. No significant difference in spheroid size between the two 

cell types (unpaired two-tailed t-test with Welch’s correction; n.s. p = 0.383, n = 28 and 

26 for T47D and MDA-MB-231 spheroids respectively). Data are presented as mean 

values +/- SD. 
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Supplementary Figure 7.  Tumour development over three weeks.  Representative 

images of T41 tumour growth within the mammary fat pad of immunocompetent 

BALB/c mice. Scale bars = 500 µm.  Inset scale bars 100 µm.  Representative images 

showing consistent sightings among 6 BALB/c mice injected with 4T1 cancer cells + 

µTAMs in both left and right mammary ducts and 6 sham mice injected with PBS + 

µTAMs. 
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Supplementary Figure 8. Comparative histology in mouse mammary fat pads 

subjected to needle injection. Representative images of mammary fat pads that were 

injected with saline or µTAMs using a 22G needle compared to fat pads that were not 

punctured show no visual differences in histology with an H&E stain. Seen in these 

sections are normal fat cells with occasional cross and longitudinal sections of mammary 

duct structures and blood vessels. Fibrotic tissue would appear as dense areas of collagen 

which would stain pink. Scale bar = 500 µm. Two mice were tested in both left and right 

mammary ducts for n = 4 for each condition. 
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2.8.2 Supplementary Tables 

 

Supplementary Table 1. PNiPAAM microgel formulations. Highlighted row in yellow 

indicates formulation used for all in vitro and in vivo experiments.  

NiPAAM 

(%) 

Bis-

acrylamide 

(%) 

Formula 

shorthand 

20% (w/v) 

NiPAAM in 

PBS (µL) 

2% Bis-

acrylmide 

(µL) 

PBS 

(µL) 

TEMED 

(µL) 

Fluorescein o-

methacrylate 

in DMSO (100 

mg/mL) 

1% (w/v) 

APS in 

PBS (µL) 

9 0.6 9N/0.6B 450 300 147.5 1.5 1 100 

6 0.3 6N/0.3B 300 150 447.5 1.5 1 100 

6 0.1 6N/0.1B 300 50 547.5 1.5 1 100 

3 0.2 3N/0.2B 150 100 647.5 1.5 1 100 

3 0.1 3N/0.1B 150 50 697.5 1.5 1 100 
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Supplementary Table 2. Tissue phantom formulations of stiffness-tunable 

polyacrylamide. 

Acrylamide 

(%) 

Bis-

acrylamide 

(%) 

40 % 

Acrylamide 

(µL) 

2% Bis-

acrylmide 

(µL) 

PBS  

(µL) 

TEMED 

(µL) 

1 or 10% 

(w/v) 

APS in 

PBS 

(µL) 

Young’s 

Modulus 

based on 

shear 

rheology 

(Pa) 

3 0.05 75 24.5 799 1.5 100 (1%) 150 

3 0.11 75 53.5 770 1.5 100 (1%) 400 

7.5 0.05 187.5 27 694 1.5 100 (1%) 4250 

7.5 0.24 187.5 118 593 1.5 100 (1%) 9200 

12 0.24 300 120.5 478 1.5 100 (1%) 19500 

20 2 490 300 304.5 0.5 5 (10%) 245000 

20 3 485 200 204.5 0.5 5 (10%) 271000 

 

Supplementary Table 3. Best fit values for PNiPAAM expansion model.  

Asterisks show empirically measured values. Bolded values are iterated best fits 

Polyacrylamide 

Formulation 

Emicrogel (kPa) 

Expanded - 

Contracted 

Free 

expansion 

ratio 

B 

coefficient 
R2 fit 

3N0.2B 
0.48 *   -   98 

* 
2.72* N/A N/A 

 12.45 2.52 0.91 0.94 

9N0.6B 
18.6*   -   

125* 
1.92* 0.34 0.86 

 21.60 1.78 0.514 0.91 
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Chapter 3  

Mechanical stiffness is an important correlate of tumor metastasis, but little is known about 

the highly localized mechanical properties of surrounding individual cells during tumor 

development. Using the cell-sized thermoresponsive microgel sensors I previously 

developed, I analyzed stiffness profiles present within tumor spheroids formed from two 

human breast cancer cell lines with distinct levels of aggressiveness as well as one 

engineered breast cancer cell line under inducible oncogenic gene expression. Here we find 

that mechanical heterogeneity develops over time in spheroids with invasive potential.  

Furthermore cells immediately adjacent to microregions of different rigidities have distinct 

morphological responses based on invasive potential. Interestingly, the variations in 

stiffness within spheroids can be stabilized through growth in confined conditions, 

suggesting a novel regulatory mechanism between internal and external tumor mechanics 

during tumor growth. 
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3 Time and growth evolution of stiffness in cancer tumor 
models 

 

3.1 Abstract 

The mechanical microenvironment evolves with the development of cancer and metastasis. 

The literature is divided over whether cancer cells stiffen or soften over time, and whether 

growth under confinement drives metastatic behavior. To characterize tumor stiffness at 

the “meso” length scale between the sub-cellular and tissue length scales, we recently 

developed cell-sized thermoresponsive microgel sensors that can be incorporated within a 

living tissue to measure residual elasticity at highly localized regions within 3D tissues. 

Using these sensors in spheroids generated from cancer cell lines as a model for avascular 

solid tumors, we analyzed stiffness profiles present within tumor spheroids formed from 

human breast cancer cell lines with distinct metastatic potential. We first demonstrate that 

stiffness at distinct sites within spheroids do evolve, and in T47D spheroids generally 

stiffen over time. We then compared the internal tumor residual elasticity profiles of 

spheroids generated from invasive (MDAMB-231) and non-invasive cancer cell (T47D) 

lines, under unconfined and confined growth conditions. Conversely, we then asked 

whether the presence of regions of high stiffness influences internal tumor architecture, 

and examined the histological features of the cells surrounding different microregions of 

controlled stiffness. Cell arrangements immediately adjacent to these microregions show 

distinct morphologies depending on whether the local area is soft or stiff. Overall, these 

studies demonstrate that mechanical heterogeneity develops over time in spheroids and 

these local differences may provide both the mechanical activation cues and intrinsic 

mechanical properties that create a feedback loop between stiffened regions and cell 

organization required for metastasis.  
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3.2 Introduction 

Invasion and metastatic events are the main cause of death for individuals with cancer. 

Mechanical stiffness correlate to metastasis but conflicting results make it difficult to 

understand how it evolves over time [15,53]. Initial tumor cells are stiffer than normal 

tissues to displace local tissue [196]. Stromal cells near the tumor react by laying dense 

fibrotic tissue around the growth to confine it which increases the stiffness of the overall 

tumor [37]. Continued uncontrolled proliferation of cancer cells within this environment 

creates solid and compressive stresses [197,198]. In some instances, compressive stresses 

stabilize tumor growth through the induction of apoptosis to balance proliferation 

[173,197,198]. In others, this confinement increases invasive behavior. Mechanical 

compression of breast cancer cells has been shown to induce cytoskeletal changes and 

increase migration rates [58,59]. This compression-induced phenotype may be time-

dependent: individual cells from a previously confined cancer spheroid readily escape and 

migrate away from the tumor location [60]. Increasing tensile stresses have also been 

shown to contribute towards invasive potential [199]. Furthermore, at some point during 

disease progression, cancer cells must soften to navigate through extracellular matrix 

barriers and invasive cancer cells tend to be softer than their benign counterparts [51,200–

202]. The exact timeline of these cellular, tumoral, and stromal stiffness changes is unclear; 

but these seemingly disparate findings suggest that to achieve metastasis, cells need to be 

initially stiff enough to displace tissue for growth, mechanically stimulated to invade 

through increased stiffness, and then themselves become soft enough to escape the tumor 

boundaries.  

Characterizing the mechanical properties within the cellular microenvironment is 

difficult especially within cancer tissues and 3D cancer models. Spheroids are good models 

for avascular solid tumors as they share structural and functional similarities [203,204]. 

However, these samples tend to be dense and highly heterogeneous in structure and 

composition. There are limited options available to study cell-length mechanics within this 

type of intact 3D tissue. Current gold standards for these mechanical tests rely on 

mechanical indentation of an exposed or cut surface, but this has been shown to 
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significantly influence mechanical properties near the cut region [35,37]. Recently, 

injectable magnetic oil droplets have been used in zebrafish embryos to measure stiffness 

within specific parts of the organism by measuring the deformations generated by 

directional magnetic actuation of the ferromagnetic fluid [134]. However, these 

incompressible oil droplets are not suitable for extended long term culture or within larger 

complex tissues. Cell movement can lead to droplet splitting within the tissue over time 

making it difficult to observe or generate enough actuation forces within the magnetic field 

to probe local mechanics. Furthermore magnetic techniques require customized equipment 

and careful calibration to generate the specific magnetic fields to actuate the ferromagnetic 

oil microdroplets. Recently, we have developed microscale temperature-actuated 

mechanosensors (µTAMs) for measuring cell scale stiffness and successfully used them 

within cancer spheroids [205]. These measurements represent residual stiffness after all the 

viscous behaviors of the tissue have dissipated. The sensors actuate by temperature control 

and are biocompatible over long term incorporation in animal models. In this study, we 

aim to quantify and characterize the mechanical changes that occur over time within 

extended cultures of differentially invasive breast cancer spheroids.  
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3.3 Results 

3.3.1 Tracked microregions show fluctuations in residual stiffness 
throughout tumor growth 

We first looked at how T47D breast cancer spheroids changed over extended spheroid 

culture. From previous experience, these spheroids readily form well-defined borders 

within spherical micropocket wells (Figure 3.1A & Figure 3.2A) [171]. Furthermore, they 

exhibit a benign tumor phenotype as they are unable to migrate into encapsulating matrices 

including collagen I hydrogels. Individual spheroids and the µTAM sensors within them 

were tracked over 6 days after initial spheroid formation (Figure 3.1A). Sensors were 

randomly incorporated throughout the tissue during initial formation and stabilized once 

the spheroid was formed. Unsurprisingly the spheroid grew larger over time, likely due to 

proliferation of the cancer cells, and confirming cell and tissue viability (Figure 3.1B). 

Interestingly, mechanical measurements by µTAMs within the spheroids show varied 

changes, where some regions stiffen while other soften; with an overall trend towards 

increased stiffness. Since these readings are from the same individual sensors, the observed 

stiffness changes are happening at the same location over time and demonstrates that the 

spheroid architecture at individual locations within the spheroid are evolving over time 

(Figure 3.1C).  
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Figure 3.1. Tracking individual spheroids and sensor measurements over extended 

culture.  

(A) Representative images of a T47D spheroid tracked over 6 days. Scale bars = 250 μm. 

Individually tracked T47D spheroids show significant increases in spheroid diameter (B) 

and in residual stiffness and variation (C) over time. Different colored lines in panel C 

represent individual sensors. * p = 0.0078 and ** p = 0.0139 in panel B and **p = 0.0031 

in panel C from a one-way ANOVA with Tukey’s post-hoc test. n = 4 spheroids and 20 

matched stiffness measurements at each timepoint. 

 

When we studied a greater population of T47D spheroids without rigorous tracking, 

these residual stiffness trends were no longer significant. Although spheroid diameter 

increased as expected, the average residual stiffness measurements did not show significant 

differences over time. Similar trends can be seen in spheroids generated from MDAMB-

231 cells which show more invasive phenotypes in regular cell culture as they will readily 

remodel and migrate into collagen I hydrogels. Consistent with our previous studies [205], 
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MDAMB-231 spheroids have areas of extreme stiffness magnitude that do not appear in 

the less invasive T47D spheroids (Figure 3.2B&C).  

 

3.3.2 Confinement stabilizes spheroid growth in invasive spheroids  

In the previous experiments, the spheroids had enough space to grow within the 

micropocket wells and can be considered as being allowed to expand freely without 

constraint. However, tumors in vivo tend to grow in confined conditions due to a 

desmoplastic response in neighboring tissue from stromal cells reacting and interacting 

with the tumor. As confined growth has previously been implicated in the metastatic 

cascade [58,59], we replicated confined growth conditions, by embedding the spheroids in 

2% alginate hydrogels cast over on the micropocket devices.  The alginate was applied two 

days after initial spheroid formation (labelled day 0 to indicate the start of confined culture) 

and filled in the gaps between the well and the tissue (Figure 3.2A). Alginate hydrogels are 

a validated, non-toxic material permissive for cell culture growth [206–208]. Mammalian 

cells lack the ability to form adhesions to alginate and thus cannot remodel or invade 

through alginate hydrogels. Shear rheology confirmed this alginate hydrogel formulation 

produced samples with shear storage modulus of 1.7 ± 0.05 kPa. While there were no 

appreciable differences in changes of spheroid size and stiffness evolution in T47D 

spheroids grown in confinement compared to unconfined controls, considerable changes 

were observed in MDAMB-231 spheroids between the confined and unconfined growth 

conditions (Figure 3.2B&C). First, MDAMB-231 spheroid sizes seem to stabilize with 

confinement as spheroid size changes over time are no longer significant. Second, although 

the residual stiffnesses do not change, there is a stabilization of stiffness values such that 

the stiffness ranges narrow over time in confinement. This suggests that confinement in 

more aggressive cancer cells results in less spatial variations in stiffness.  
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Figure 3.2. Comparing growth and stiffness measurements between different 

spheroids generated from different breast cancer cell lines confined in alginate or 

unconfined.  

(A) Schematic overview of spheroid life cycle. Micropocket devices were seeded with a 

suspension of single cells (orange) and collagen I coated μTAMs (green) for spheroid 

formation by day 0. Baseline spheroid stiffness measurements were done on day 0 before 

spheroids were conditioned for confinement or left unconfined. Additional stiffness 

measurements were taken 3 and 6 days after encapsulation. (B)T47D spheroids grow larger 

over time whether or not it is encapsulated whereas MDA spheroids will also increase in 

size over time unless they are grown in confinement. (C) Mean and median stiffness values 

for both spheroid types do not differ significantly but in MDAMB-231 spheroids, standard 

deviations do differ significantly between time points according to Barlett’s test for 

variance. ** denotes p < 0.0001 and * denotes p = 0.0158. 
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3.3.3 Mechanical heterogeneity is stabilized through confinement 

To make a more direct comparison between non-aggressive and aggressive cells from 

similar biological backgrounds, we used an altered MCF7 cell line with a doxycycline-

inducible expression of the Src oncogene. Src is normally a regulator of cell proliferation, 

but its over expression is common within aggressive cancers and has been shown to alter 

signaling pathways related to migration, invasion, and survival implicated in disease 

progression [209,210]. Although both T47D and MDBMB-231 cell lines are derived from 

breast cancers, they are fundamentally different cells with different oncogenic drivers, 

growth rates, and responses to external stresses [211]. This system offers the most direct 

comparison between behavioral differences in aggressive and non-aggressive cancer cell 

states because the control and induced conditions will only differ between Src 

overexpression. Src expression was only activated after initial spheroid formation from day 

0 onwards. The trends in non-induced MCF7 spheroids matches with the other cell line 

behaviors where spheroid diameter increases with no change in averaged residual stiffness 

with time. When Src is expressed in these cells, they show sufficiently rapid proliferation 

to fill the entire cavity of the microwell space. By day 3, the spheroids can be considered 

growing under mechanical confinement (Figure 3.3A). Although spheroid sizes between 

control and Src activated conditions are significantly different, their final mean sizes were 

reasonably comparable at 845 ± 14 µm and 924 ± 39 µm respectively. During this growth, 

a clear increase in residual stiffness between day 0 and 3 can be seen, which is then reduced 

after extended confinement over the subsequent 3 days.  Consistent with our studies in 

MDA-MB-231 cells, this suggests that external mechanical confinement acts to reduce the 

heterogeneity within tissues (Figure 3.3B). Furthermore, during the rapid growth phase 

between day 0 and 3, a broad range of stiffnesses are observed similar to MDAMB-231 

unconfined growth. Since Src expression is induced at day 0, these spheroids required time 

to build up these stiffness variations which subsequently settle because of confined 

conditions. These results confirm our previous studies demonstrating differential 

mechanical characteristics in spheroids of different invasive potential, and also 
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demonstrate that this evolution of mechanical features is time- and environment-

dependent.   

 

  

Figure 3.3. MCF7-Src inducible spheroids offer a direct comparison between 

aggressive and non-aggressive cancer phenotypes.  

(A) After 3 days of Src oncogene expression, spheroids have occupied the entire space of 

the microwell and are confined. Scale bar = 500 µm. (B) Spheroid diameter and residual 

stiffness measurements over time. * p = 0.0094, ** p = 0.0003, *** p = <0.0001 from an 

ordinary one-way ANOVA with Tukey’s post hoc test. 

 

3.3.4 Differentially stiff microregions show distinct local tissue 
morphology 

As these regions of different stiffness likely result in differences in cell behavior and 

morphology, we then wondered whether these regions of stiffness were causing phenotypic 

changes in the cells around them. However, our sensor measurements may disturb the local 

tissue structure when they expand for stiffness measurements. Furthermore, it is very 

challenging to see what the cells are doing at these regions and simultaneously assay 
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stiffness. Therefore, to recreate defined regions of soft and stiff areas within spheroids that 

were observed, we incorporated soft or stiff polyacrylamide microgels within the spheroids 

and examined the local architecture in these regions. These formulations were validated to 

be differently stiff through shear rheology with Young’s moduli of 238 Pa for soft gels and 

9.2 kPa for stiff gels. T47D spheroids form cuboidal shapes around embedded soft 

microgels with nuclear elongation towards the microgel that is lost away from the hydrogel 

(Figure 3.4A&B). In MDAMB-231 spheroids, cells around soft embedded microgels 

showed similar round cell morphologies whereas cells around stiff microgels had a 

distinctly different stretched and elongated shape (Figure 3.4C). These distinct 

morphologies suggest differences in cell tensional states occur in response to local stiffness 

variations within the spheroid. Tensile forces promote cancer cell invasion, suggesting that 

these architectural patterns may precede early and local transformative events within the 

tissue. 
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Figure 3.4. Polyacrylamide microgel doped spheroids show unique tissue 

organization around soft versus stiff microgels mimicking local stiffness 

heterogeneity.  

(A) T47D cells within a spheroid organize around a soft (200G) fluorescein labelled 

polyacrylamide microsphere with (B) radial nuclear alignment. Colors shown are magenta 

for keratin 8 for overall cell shape, blue for DAPI, and green for the polyacrylamide bead 

that has dehydrated and deformed during histological processing. White scale bar = 50 µm. 

(C) Cells within MDAMB-231 spheroids doped with soft microgels are round and circular 

in stark contrast to (D) cells around stiff microgels which are elongated and spread tightly 

around it. Red scale bar = 25 µm. 
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3.4 Discussion 

At a given location within the spheroid local stiffness can increase or decrease over time. 

Local differences in proliferation may account for some of this variation as growth has 

been shown to contribute to the accumulation of solid stresses within the tissue but do not 

account for drops in stiffness [54]. Epithelial tissues in 2D and 3D display jamming 

transition behavior depending on cell shape, adhesion, and motility [212]. Jammed cells 

are densely packed with stabilized adhesions that prevent them from moving or flowing 

over one another within the tissue and behave as a collective [213]. In contrast, unjammed 

cells tend to move freely and individually dissociate from other cells within the tissue 

[214]. Fluidization within the tissue may better explain these stiffness fluctuations 

measured in the tracked sensor readings as random disordered movement within the tissue 

[215]. Furthermore, the evolution of mechanical heterogeneity within spheroids over time 

and the stabilization after confinement may be explained by jamming transition behavior. 

Cells within the spheroid display individualized, unjammed behavior when there is space 

to move and grow [216]. Localized heterogeneity within tumors correlated with metastatic 

potential during unconfined growth. MDAMB-231 and Src-activated MCF-7 cells have 

invasive capability to contract and move individually within the tissue to create more local 

variances whereas T47D cells are natively quite jammed due to their strong cell-cell 

adhesions through E-cadherin expression and show more uniform stiffness profiles 

[217,218]. Confinement imposes jamming upon all cells as they are crowded together and 

this reduced individualized cell movement may explain the mechanical stabilization in 

confined spheroids as jamming reduces variability in cell shapes [214,219]. 

Mechanical stabilization might underlie other changes happening within the tissue 

during confinement to maintain mechanical uniformity. Jamming is important in growth, 

plateau, and migration progression in tumors [212,215]. The density changes during 

confined growth can trigger cell extrusion mechanisms which are supposed to be a tumor 

suppressive mechanism to manage overcrowding under normal circumstances [220]. 

Pathologically, cell extrusion has been implicated as a way for cells to escape a confined 

region [221] and possibly facilitate epithelial to mesenchymal transition [222]. Cell 
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extrusion is driven by a purse-string closure mechanism achieved through collective cell 

dynamics where neighboring cells around the cell-to-be-ejected form an actin ring and 

physically push the center cell out [223]. Different morphological responses observed in 

soft versus stiff polyacrylamide microgels implanted within spheroid tissues could support 

signs of this underlying mechanical action which could be revealed through a f-actin or p-

myosin stains for tension and contractility. These micro-regional patterns within cancer 

spheroids revealed through histology could precede transformative or early invasive 

events. 

Overall, these findings resolve contradictory paradigms that tumors both soften and 

stiffen during metastasis. Heterogeneity develops as tumors have space grow and these 

local changes result in different tissue architectures that contribute to the development of 

metastasis. Stabilization due to confinement may trigger biophysical mechanisms to 

facilitate tumor invasion. Monitoring the mechanical progression of cancer cells through 

tumor growth and metastasis may provide insight into their underlying mechanisms, and 

thus aid in the development of novel prognostic indicators and therapeutic targets.  

 

  



96 

 

 

 

3.5 Methods 

Unless otherwise stated, all cell culture materials and supplies were purchased from Fisher 

Scientific (Ottawa, ON), and chemicals from Sigma Aldrich (Oakville, ON).   

 

Cell lines 

T47D, MDAMB-231 and MCF7-Src inducible human breast cancer cell lines were 

cultured in DMEM supplemented with 10% FBS and 1% anti-anti. Cells were passaged 

when 80% confluent using trypsin-EDTA and seeded in a new vessel at a 1:10 dilution to 

maintain lines. Leftover cells were used for spheroid formation.  

 

Spheroid forming in micropocket devices 

Spheroids were formed using polyacrylamide micropocket devices previously described 

[171]. Briefly, polyacrylamide hydrogels with spherical pockets 1 mm in diameter were 

fabricated using a 3D printed inverse mold. Hydrogels were cast on a 18 mm silanized 

glass coverslip for easier device manipulation. Newly fabricated devices were submerged 

and stored in PBS with 1% anti-anti overnight after 3 PBS washes before further use.  

Cells were seeded on the device by carefully pipetting 100 uL of a 107 cell/mL 

suspension on the device. To measure cell-scale internal stiffness within the spheroids, 2-

3 uL of a µTAM suspension was added to the 100 uL of concentrated cell suspension prior 

to device overlay. The cell suspension was left for at least 5 minutes to allow cells to settle 

and fill the micropockets. Afterwards, the well was filled with 2 mL with complete media. 

Stable spheroids were formed 2 days post-seeding. 

 

Extended culture and growth confinement 
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Freely grown spheroids were left in situ within the device with daily media changes for as 

long as 6 days after spheroid formation. Confined spheroids were restricted by embedding 

the entire device in alginate gelled with calcium chloride. This was done by partially 

submerging the device with 1 mL of a 4% (w/v) alginate solution dissolved in complete 

media and adding 1 mL of a 1% (w/v) calcium chloride solution for 30 seconds. The entire 

embedded device was extensively rinsed with PBS and then topped off with 1 mL of 

complete media. Media changes were done daily. 

 

Internal stiffness measurement analysis 

Local residual stiffness was measured by observing µTAM size change through a 

temperature cycle from 37C to 28C over 30 minutes under a fluorescent microscope and 

stage warmer [205]. Measurements were taken at initial spheroid formation (two days after 

device seeding) were considered day 0. After these baseline measurements, the spheroids 

were either left to grow unconfined or confined within alginate. Additional stiffness 

measurements with temperature cycling were done every 3 days afterwards. 

 

Polyacrylamide microgel fabrication 

Microgels were generated within a stirred emulsion by mixing the pre-gel mixture within 

an oil phase under an oxygen free system as previously described [139]. 1 mL of pre-gel 

solution for soft microgels consisted of: 75 µL of 40% acrylamide, 29.5 µL of 2% 

bisacrylamide, 794 µL of phosphate buffered saline (PBS), 1.5 µL of 

tetramethylethylenediamaine (TEMED), and 100 µL of 1% (w/v) ammonium persulfate 

(APS) in PBS. 1 mL of stiff microgel pre-gel solution consisted of: 300 µL of 40% 

acrylamide, 1205 µL of 2% bisacrylamide, 478 µL PBS, 1.5 µL TEMED, and 100 µL of 

1% (w/v) ammonium persulfate (APS) in PBS. 
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Spheroid tissue processing and Staining 

Spheroids were fixed in situ with the device with 4% paraformaldehyde in PBS for 24 

hours. The entire device was embedded in 1% agarose and scraped off its glass into a 

cassette. Sponges were also placed within the cassette to prevent the polyacrylamide 

hydrogel device from curling up during the paraffin embedding process. Spheroids were 

sectioned at 6 µm thickness and mounted on charged glass slides for histology. 

Sections were deparaffinized using xylene for hematoxylin and eosin staining or 

Histo-Clear II (CA101412-884, VWR) for immunostaining for 10 minutes. The sections 

were then rehydrated in sequential soakings of 100%, 90%, then 75% ethanol solutions for 

3 minutes in each before two PBS washes for 5 minutes.  

For hematoxylin and eosin stains, Mayer’s hematoxylin solution (MHS1-100ML, 

Sigma) was applied to cover the tissue for 5 minutes and subsequently washed with two 

changes of RO water. The section was then placed under running tap water for 30 seconds 

as a bluing reagent. Afterwards, the slide was dipped in 100% ethanol before an application 

of enough eosin Y solution (HT110316-500ML, Sigma) to cover the tissue for 2 minutes. 

The slide was rinsed in 100% ethanol and dehydrated through a reverse sequence of the 

rehydrating solutions described above. The slide was fully dehydrated in xylene before 

mounting with a glass coverslip using DPX new synthetic mounting media (1005790507, 

Sigma). 

For immunostaining, rehydrated slides were immersed in Tris/EDTA buffer for 

heat induced epitope retrieval using a pressure cooker (Instapot, Amazon.ca) set to a 10 

minute cook time under the porridge cook setting. Slides were left to cool and renature for 

20 minutes before three 5 minute PBS washes. Tissue sections were blocked using 5% 

donkey serum for 30 minutes. Primary antibody (rat anti-cytokeratin 8, 1:250, 

Developmental Studies Hybridoma Bank, TROMA-1-C) was applied for overnight 

incubation at 4°C. After three PBS washes, the secondary antibody solution (donkey anti-

rat IgG Alexa Fluor 647, 1:750, Abcam, ab150155) was applied for 1 hour at room 
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temperature. The sections were counterstained with 2 µg/mL of DAPI in PBS for 10 

minutes before two final PBS washes. The slides were coverslip mounted using 

Fluoromount Aqueous mounting media (F4680-25ML, Sigma) and the edges were sealed 

with generic clear nail polish.   

 

Image acquisition and analysis 

Images were taken on an Olympus IX-73 microscope under epifluorescence (Olympus, X-

CITE 120 LED), with an sCMOS Flash 4.0 Camera and Metamorph software (version 

7.8.13.0), and automated stage (Zaber) to record and return to specified positions. All 

image analyses were performed using FIJI.[193] All statistical analyses were performed 

using GraphPad Prism v8.0.2 (San Diego, CA).    
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Chapter 4  

Tissues are complex materials that can exhibit nonlinear viscoelastic behavior. In this 

chapter, I asked whether we could extend the use of µTAMs to characterize local 

viscoelasticity of the tissue microenvironment as well residual stiffness. To do this, I 

studied the temporal evolution of µTAM expansion within linear elastic polyacrylamide 

matrices and characterized the force-stroke length curve generated by the sensor to describe 

the amount of force µTAMs generate at a given strain for a given size of µTAM. Using 

this force-stroke length curve, which related µTAM force generation to sensor size and 

strain, we simulated the expansion of a sensor in a viscoelastic Kelvin-Voight model 

material and ran parameter sweeps for combinations of viscoelastic parameters to create 

strain versus time curves for each condition. By matching simulated curves to experimental 

time-expansion profiles of µTAMs within tissues, we were able to determine their 

viscoelastic properties. 
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4 Local viscoelastic measurements using 
thermoreponsive mechanosensors within cancer 
spheroids 

 

4.1 Abstract 

Matrix stiffness has been shown to influence a number of cell behaviors and determine cell 

fates during development. These studies focused on cells cultured on linear elastic 

substrates, but the cellular microenvironment is neither linear nor purely elastic. Biological 

tissues are viscoelastic materials that exhibit time dependent responses to stress and strain. 

When cells mechanically probe their local environment, they exert traction forces to gauge 

the stiffness of their environment. Therefore the apparent stiffness a cell initially 

experiences may differ from the material stiffness of the matrix. Few techniques exist 

capable of measuring cell scale viscoelasticity without probing an exposed surface of the 

tissue. Here, we adapted the use of fluorescently-labelled swellable mechanosensors to 

characterize microscale viscoelasticity within complex 3D tissues. These cell-sized sensors 

were previously used to measure local stiffness based on equilibrated sensor size changes. 

To further the technology for viscoelastic measurements, we characterized stresses 

generated by the sensors at various expansions, and found that this depends on the 

expansional state and on the size of the sensor. We then used the force-stroke curve to 

inverse finite element method to model strain time curves experimentally obtained from 

cancer spheroids. As a first application, we evaluated the viscoelastic properties of invasive 

and non-invasive tumor models, and demonstrate a significant difference in viscous 

behavior at the cellular length scale within these realistic tissue models. This technique 

provides the means to characterize viscoelasticity with cell-scale resolution at 

unprecedented tissue depths. Bridging the gap between viscoelasticity and cell behavior 

can enrich our understanding of how mechanical characteristics of the local environment 

influence cell behavior.  
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4.2 Introduction 

Cells sense and respond to their mechanical microenvironment, which can vary 

considerably between and within tissues [224,225,1]. While the effects of elastic substrate 

stiffness are quite dramatic on cell spread area [226,227], generated traction forces [228], 

cell motility [229], and stem cell differentiation [24], viscoelastic characteristics of the 

material have recently emerged as potent regulators of cell function. Viscoelasticity 

describes materials that simultaneously display both instantaneous elasticity and time-

dependent viscous behaviors in response to stress, resulting in stress relaxation and viscous 

creep occurring under load. Biological viscoelastic responses to stress arise due to protein 

unfolding, crosslink rearrangements between macromolecules, and the release of entangled 

molecules [65]. Cells generating forces to test their local microenvironment realistically 

experience some opposing stress that relaxes with time in a viscoelastic material. Indeed, 

both substrate stress relaxation and creep have been shown to affect cell spreading as well 

as stem cell growth and differentiation [230–232]. Tissue viscoelasticity, much like 

stiffness, changes with disease, and magnetic resonance elastography have demonstrated 

broad differences in viscoelasticity exist between malignant and benign tumors [233]. 

Single cell mechanical testing reveal normal and benign cancer cells exhibit higher viscous 

behaviors compared to invasive cells [234,235] However, these findings were done on 

isolated cells and  whether these local strain behavior differences at cell scale resolutions 

still exist within intact 3D tumors is unknown. Dimensionality alters cell signalling, 

adhesion and structure and preserving the 3D architecture through the use of more realistic 

3D systems represents the best way to replicate more physiologically relevant higher-order 

structures [30]. 

Characterizing local viscoelastic behavior within intact biological samples is 

difficult. Traditional mechanical tests require large sample volumes that may be difficult 

to obtain, handle, and can provide only a macroscopic material description, whereas cells 

may experience distinct localized time-dependent matrix responses [122,236,237]. Current 

tools adapted to measure cell-scale material viscoelasticity do exist through micro-

indentation or nanoscale cantilever AFM stress relaxation tests to cell or tissue surfaces 
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[238–240]. Other methods rely on culturing cells on viscoelastic 2D substrates or observing 

tissue margin retraction after dissection [241,242]. However, these techniques are not 

suited to measure properties within 3D tissue samples and cannot do so without sectioning 

or damaging the sample. To address some of these limitations, we previously developed 

cell-sized mechanosensors to measure long term residual stiffnesses with a high dynamic 

range within complex 3D tissues [205]. These mechanosensors actuate based on 

temperature and expand to exert forces, locally deforming the tissue it is within in the 

process. Residual stiffness measurements can be determined based on sensor size changes 

between its initial state and at equilibrium.  

Recently, Serwane et al. developed ferrofluid-based magnetic oil droplets, that can 

be injected intracellularly within an 8-cell zebrafish embryo to make local viscoelastic 

measurements [134]. Magnetic stresses were applied to the deform the oil droplet into an 

ellipsoid shape within a cell and strain response over time was observed to model 

viscoelastic behavior. However, this magnetic actuation produces very low forces that 

would not be able to deform stiff tissues and has limiting the probing depths based on by 

the area established by the magnetic field.  

We were inspired by this idea of tracking time dependent deformations within a 

tissue and asked whether our microscale temperature actuated mechanosensors (µTAMs) 

could be extended into the time domain to make similar measurements within cancer 

spheroids. Taking measurements within these representative cancer tissue models present 

its own unique challenges as they tend stiff and require deeper probing depths that cannot 

be accessed with magnetic actuation. Our sensors are remotely actuated by temperature, 

have a high dynamic range, and can also be used for long term studies. We expect that 

sensor expansion within a linear elastic material to be instantaneous and follow a step 

function, but within viscoelastic materials, to be gradual, only reaching a plateau over time 

(Figure 4.1A). We developed simulations based on the Kelvin-Voigt model (Figure 4.1B) 

for viscoelasticity to infer viscoelastic parameters observed when these sensors are 
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embedded within cancer spheroids generated from cell lines with different invasive 

potential to reveal potential differences in the viscoelastic behavior.  

 

 

Figure 4.1. Schematic concept of using μTAMs to characterize local viscoelasticity. 

(A) A μTAM sensor expands rapidly when taken from 37°C to <30°C and can be 

approximated as an ideal step function when embedded in an ideal elastic material (blue 

line). Sensors embedded in less (red line) versus more (green line) viscoelastic matrices 

will show time delay to reach equilibrium size. (B) Schematic representation Kelvin-Voigt 

model for viscoelasticity where E is the elastic modulus, h is viscosity, and s represents 

stress.    
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4.3 Results 

4.3.1 Developing force-stroke length curves of µTAM expansion 

Adapting µTAMs for time-based measurements presents its own problems that need to be 

addressed. Unlike conventional constant force applications used to study viscoelastic strain 

behavior, we suspected that as µTAM expansion occurs, its spring constant would be 

reduced and as a result, forces generated by the µTAM would change over its stroke length. 

Therefore, to begin characterizing local viscoelastic properties within tissues, we needed 

to characterize the stresses generated by an individual sensor, at different degrees of 

expansion by developing the force-stroke curve of a µTAM sensor. This curve would 

predict what forces are generated by the sensor at a given point over the entire expansion 

until the sensor is fully expanded.  

Previous force measurements on expanding N-isopropylacrylamide hydrogels 

confirmed that force decreases with increasing stroke length [243]. However, in that study, 

large mL volume samples were used and a cylindrical geometry, which is not relevant to 

µTAM in both size and geometry. Therefore, it is important to specifically measure µTAM 

expansion forces. We embedded µTAMs in linear elastic matrices designed to constrain 

µTAM expansion to different degrees. It is expected that when the sensor fully expands 

within the polyacrylamide hydrogel and reaches an equilibrium, there is a balance of forces 

between the sensor deformation into the hydrogel matrix and the forces generated by the 

sensor at that sensor strain. As a result, the stresses generated by the sensor can be obtained 

from the material properties of the polyacrylamide hydrogel (Figure 4.2A). Equilibrated 

sensor expansion data within different polyacrylamide hydrogels of different stiffness was 

generated to relate µTAM size to local stiffness. All the polyacrylamide stiffness 

formulations were confirmed to have linear elastic behavior up to 10% strain of the global 

hydrogel corresponding to ~1.2 mm of displacement within the matrix – far greater than 

any displacement generated by sensor expansion (Figure 4.2B).  

The sensors did not expand to the same degree, even within the same hydrogel. We 

therefore asked whether sensor size changed the level of stress that is applied. Sensor stress 



106 

 

 

 

was normalized by its initial radius to reveal a linear relationship between sensor stress and 

matrix strain for each stiffness of polyacrylamide gel formulation, as expected (Figure 

4.2C). We modelled the relationship between sensor size and applied stress using a 2D 

axisymmetric geometry in COMSOL and found that it changes for different initial sensor 

size (Figure 4.2D). For larger sensor sizes (>20 µm), the surface plot was extrapolated 

based on stress and sensor size scaling linearly as force scales linearly with displacement 

according to Hooke’s law. Stress and strain appear to follow an exponential trend, which 

is characteristic of a first-order system such as diffusion and damping phenomenon. These 

trends appear to be conserved for all initial sensor sizes as forces generated by the sensor 

are expected to be the highest at low sensor strains during initial expansion and decay with 

further strain as a fully expanded sensor is not expected to exert any stress (Figure 4.2E). 

 

 

Figure 4.2. Stress-strain characterization of µTAM sensor expansion. 

(A) Microgel expansion within polyacrylamide hydrogels of different stiffnesses provides 

the resistive force to measure sensor stress outputs at given sensor strains when expansion 

reaches equilibrium. (B) Shear rheometer characterization of polyacrylamide hydrogels 
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used to embed µTAMs to measure sensor force generation. (C) Stress generated by 

expanding sensor with polyacrylamide matrix normalized by initial compressed sensor 

radius shows linear relationship. (D) Relationship between sensor size and applied stress 

with strain. (E) Representative stress strain curve for an individual sensor size. 

 

4.3.2 Relative time independent expansion of µTAMs in linear elastic 
matrices 

In order to make viscoelastic measurements using the µTAM sensors, we also had to 

confirm that sensor expansion rate within a linear elastic matrix was faster than its rate 

within viscoelastic tissues. Having quantitatively established the stresses are generated by 

a sensor given its size, we studied the rate of sensor expansion immediately following a 

temperature shift below its lower critical solution temperature (LCST) which corresponds 

to 34ºC for these microgels. To trigger an immediate sensor expansion, pre-compressed 

sensors kept at 37ºC within an incubator were cold shocked by dropping ice into the liquid 

submerging the sensor laden polyacrylamide hydrogels. This resulted in immediate cooling 

of the system at a faster rate than what was previously done when using µTAMs to measure 

residual stiffness. (Figure 4.3A). Sensor expansion was rapid and immediate, and full 

expansion was achieved within a few seconds with µTAMS embedded in a linear elastic 

polyacrylamide phantom tissue (Figure 4.3B). We then modelled sensor expansion within 

a matrix based on the Kelvin-Voigt model for viscoelastic materials. In this model, 

materials are represented by a single dashpot and spring connected in parallel to represent 

the viscous and elastic behaviors of the material respectively (Figure 4.1B). Parameter 

sweep simulations show that in general, increases in the elastic component result in smaller 

amplitude strains while increasing viscosity leads to longer time scales to reach a given 

strain (Figure 4.4B&C). This makes sense as µTAM expansion in a soft, low viscosity 

material should have a faster expansion rate. In contrast, expansion within a stiff material 

with high viscosity which would result in less overall expansion over a longer duration.  
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Figure 4.3. Sensor conditions for viscoelastic characterization. 

(A) Temperature versus time profile between regular cool down and ice shocked cool down 

eliminates the temperature time dependency for local viscoelastic characterization. Dashed 

red line marks the temperature at which sensor size change occurs. (B) Time versus 

expansion profiles between sensor expansion within linear elastic polyacrylamide matrix 

compared to expansion with a spheroid.  

 

 

Figure 4.4. Finite element modelling of sensor expansion within viscoelastic matrices. 

Expansion time curves for different moduli (A) and viscosity (B) values obtained from 

parameter sweeps of the Kelvin-Voigt model for viscoelasticity. 
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4.3.3 Inverse finite element modeling viscoelastic behavior in cancer 
spheroids 

To study cellular length scale viscoelasticity within a biological sample, spheroids were 

generated using the micropocket device method [171]. Two breast cancer cell lines with 

different invasive capabilities were used to generate spheroids. MDAMB-231 cells are 

highly invasive within collagen gels whereas T47D cells do not migrate [171]. µTAM 

sensors were incorporated into the spheroids for viscoelastic measurements (Figure 4.5A). 

Cold shocked sensors within MDAMB-231 spheroids expansion reached an equilibrium 

faster than T47D spheroids (Figure 4.5B&C). Viscoelastic parameters were obtained by 

fitting simulated and experimental time expansion profiles for each condition (Figure 

4.5D&E). MDAMB-231 spheroids exhibit significantly less time delayed response than 

T47D spheroids, suggesting that they exhibit more elastic behavior with faster responses 

to strain while T47D spheroids tend to be more viscous and take more time to deform. In 

contrast, T47D with their high cell-cell adhesions display a coordinated whole tissue 

response to stress by slowly dissipating strains through the tissue resulting in longer strain 

rates. 
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Figure 4.5. Cellular-length scale viscoelasticity in cancer spheroids.  

(A) µTAMs are incorporated within spheroids by mixing them in the initial single cell 

suspension prior to formation. (B and C) Time course of µTAM expansion within spheroids 

of different breast cancer cell lines with model fitting. (D and E) Values for the elastic and 

viscous components of the Kelvin-Voigt model as obtained by fitting simulated time 

expansion profiles to those experimentally obtained. 
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4.4 Discussion 

Here, we demonstrate the use of µTAMs to characterize viscoelastic behavior within 

microregions of MDAMB-231 and T47D cancer spheroids. These cell-sized 

mechanosensors demonstrate that spheroids with different invasive potentials showed 

highly distinctive internal viscoelastic characteristics, where invasive MDAMB-231 

spheroids display rapid strain responses to stress, compared to less aggressive T47D 

spheroids which have a slower, more viscous deformation profile.  Interestingly, these 

distinct viscous properties arise even at sites with very similar elastic moduli.  Other 

viscoelastic studies on individual cells using AFM have also found invasive cancer cells 

exhibit significantly less viscous behaviors and their normal or benign equivalent cells 

[234,235], and these findings demonstrate that this phenotype is maintained even in 

spheroid cultures, where viscoelasticity can arise from multiple features of the three-

dimensional tissue context.  Similar results using shear wave and ultrasound elastography 

in humans tissue further support these findings as being translational to the in vivo human 

context, as malignant lesions have had lower time retardance suggesting higher eta values 

as well [244,245]. 

Viscous behavior arises from different sources within the tissue. T47D cells express 

E-cadherin proteins [217], which allows tightly coupled attachments and close cell-to-cell 

contact between neighboring cells within the spheroid.  This mechanical cell-cell coupling 

may facilitate stress dissipation throughout the tissue to elicit a cohesive and collective 

overall fluid-like time delayed strain response as observed [246]. As phenotypically 

invasive cells, MDAMB-231 cells within the spheroid do not express these cell-cell 

adhesions [247], and thus respond to local deformations with immediate local strains. Fluid 

movement may also contribute to viscoelastic behavioral differences. Cells and cellular 

aggregates have been described and modeled by poroelastic theory that describes a fluid 

phase that permeates through a solid phase [248,249]. As sensor expansion is also reliant 

on fluid flow into the sensor and time delays between spheroid types may reflect 

differences in extracellular fluid flow within the spheroids, which is tightly coupled to local 

solid deformation. Delayed sensor expansion in T47D spheroids may be due to impaired 
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fluid flow to the sensor. These cells have been shown to express intercellular tight junctions 

that normally function to create molecularly water tight barriers which could result in 

intercellular fluid flow resistance [250,251]. In contrast, MDAMB-231 cells within the 

spheroid are not as densely packed or closely adhered to one another and so fluid movement 

between the cells is faster and sensor expansion can happen faster. However, this is 

unlikely the case because mammalian cell membranes are highly permeable to water. 

Changes in osmotic pressure has been show be capable of driving large changes in cell 

volume [252,253]. Furthermore, µTAM sensor sizes average 27±11 µm in radius [205], and 

since T47D cells specifically have been reported to have a water permeability of 20 µm/s 

[254], it seems unlikely that fluid flow to the sensor is the cause of the time delays observed. 

Instead, delays in fluid flow are likely due to delayed reorganization of the tissue. The 

motile MDAMB-231 cells may display faster strain responses because they exhibit more 

movement within the tissue for an overall fluidized behavior [114,255]. 

Changes in viscoelastic responses affect how cells perceive their mechanical 

environment over time. This tool provides the ability to characterize viscoelastic 

microenvironment at the cell scale resolution better understand how time dependent 

mechanics can influence or change with cell behavior. Mechanical changes within the 

cellular microenvironment are associated with disease states and these cues can promote 

further dysfunctional cell behavior [53,256]. Thus, the ability to measure and quantify 

viscoelasticity provide the means to measure subtle time dependent differences of 

mechanical behaviors within the cellular microenvironment that a cell would experience. 
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4.5 Methods 

Unless otherwise stated, all cell culture materials and supplies were purchased from Fisher 

Scientific (Ottawa, ON), and chemicals from Sigma Aldrich (Oakville, ON).   

 

Polyacrylamide gel fabrication and mechanical testing 

Polyacrylamide hydrogel solutions were prepared as previously described [205]. Pure 

hydrogels were cast between two (Trimethoxysilyl) propyl methacrylate (MPS) coverslips 

for parallel plate shear rheometry testing (Anton-Paar, MCR 302). Hydrogels with µTAMs 

mixed in the pre-gel solution were cast between a silanized 18 mm coverslip and a Rain-X 

treated glass slide. The µTAM laden hydrogels were casted on a slide warmer set to 40ºC 

to maintain compacted sensor state. After gelation, the gels cast on 18 mm the coverslips 

were carefully released off the Rain-X treated glass slide. All newly casted gels were 

submerged in PBS and soaked overnight. Blank hydrogels were store in the fridge, but 

µTAM laden hydrogels were kept in an incubator set at 37ºC to maintain sensor 

compaction. 

 

Cell culture 

T47D and MDAMB-231 breast cancer cells were cultured in DMEM supplemented with 

10% FBS and 1% anti-anti. Cells were subcultured at 80% confluency with 0.25% trypsin-

EDTA and reseeded at a 1:10 dilution. The remaining suspension was used to form 

spheroids spheroid formation. 

 

Spheroid formation with µTAMs 
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Spheroids were made by passive confinement in polyacrylamide micropockets as 

previously described [171]. The pocket size used were 1 mm diameter spheres with a 400 

um opening. The polyacrylamide pre-gel solution was filter sterilized before use and the 

micropocket devices were cast onto a MPS treated 18 mm coverslip for ease of handling. 

Devices were washed with PBS and stored in PBS with 1% anti-anti minimally overnight 

before use. 

A 17x106 cell/mL suspension was prepared to load the micropocket devices. Each 

device was loaded with 100 uL of cell suspension plus 1-3 µL of a collagen I coated µTAM 

suspension. The device was left undisturbed for 5 minutes to allow cells to settle into the 

micropockets, after which the device was submerged in complete media. Spheroids were 

left to form over 2 days. 

 

µTAM size measurements 

All samples were mounted on Chamlide imaging chamber and submerged with 500 µL of 

PBS which was then placed on a controlled stage warmer (Ibidi). Image acquisition was 

done on an Olympus IX-73 microscope under epifluorescence (Olympus, X-CITE 120 

LED), with an sCMOS Flash 4.0 Camera and Metamorph software (version 7.8.13.0). 

Samples were maintained at 37°C until cool down was initiated. Cool down was achieved 

by either releasing temperature control and allowing the system to naturally equilibrate to 

room temperature or by dropping ice into the Chamlide chamber to cold shock the system. 

 

Finite element modeling of µTAM expansion within linear elastic and viscoelastic 

matrices 

µTAM expansion was computationally simulated as an expanding hole within a defined nearly-

infinite matrix using a two-dimensional axisymmetric finite element model built with COMSOL 

v.5.3.1.201 (Comsol Inc., Burlington, MA, USA). To obtain the µTAM force-stroke length 
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relationship, the model was first used to quantify the steady-state stresses associated with 

experimentally-observed µTAM expansion in well-characterized polyacrylamide matrices (Figure 

2). The known stiffness of these hydrogels was used to define the Young’s modulus of the linear 

elastic material model while experimental bead size measurements were used to set up the initial 

bead radius and the displacement boundary condition. The resulting stress values (σ) were then 

compiled in MATLAB R2018b (The MathWorks, Inc.) and fitted to obtain the following stress-

strain relationship for a given initial bead radius, r, (in m). 

𝜎 = 𝐴𝑟 (exp (
𝐵

1 + 𝜀
) − 1) − 𝐶   

𝑤ℎ𝑒𝑟𝑒  𝐴 = 414.9
𝑃𝑎

𝑚
, 𝐵 = 2.194 𝑎𝑛𝑑 𝐶 = 3334 𝑃𝑎 

This relationship was ultimately implemented as a pressure boundary condition in a time-

dependent study to simulate µTAM expansion within viscoelastic matrices as defined by 

the Kelvin-Voigt model (Figure 4). To estimate the viscoelastic Kelvin-Voigt parameters 

characteristic of breast cancer spheroids, parameter estimation was performed by matching 

simulated sensor expansion profiles with those obtained experimentally under an 

optimality tolerance of 0.0001 (Figure 5). For all studies, a free triangular mesh was used 

and optimized to ensure a coefficient of variation of less than 1% with mesh element quality 

larger than 0.9 at all time points. 

 

Statistics 

All statistical analyses were performed using GraphPad Prism v8.0.2 (San Diego, CA).    
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Chapter 5  

5 Final Remarks 

5.1 Original Contributions to Knowledge 

1. I developed a new method to measure tissue mechanics with a spatial resolution 

close to the size of a cell that can be broadly applied to any existing in vitro 3D 

systems like spheroids and in vivo animal models. I validated its use for residual 

stiffness measurements over a range of expected from biological soft tissues by 

calibrating the system in mechanically defined phantom biomaterials.   This system 

can be used to measure residual stiffness within intact 3D tissues to characterize the 

mechanical microenvironment that cells experience within a physiologically 

relevant condition. More importantly, this technique can uniquely be used for long-

term, deep tissue imaging. 

2. Using this technique, I discovered areas of unexpectedly high and low stiffness 

exist simultaneously within a given tissue, reconciling variations observed with 

different existing techniques attempting similar measurements. Statistical 

averaging the localized measurements across the whole tissue would mask these 

small regions and diminish their importance especially within diseases like cancer 

where one or a small cluster of highly aggressive cells drive pathogenesis further. 

3. I found localized mechanical heterogeneity develops within spheroids generated 

from highly aggressive breast cancer cells lines over time, provided that there was 

space to grow.  In contrast, under confined growth, these mechanical variations 

stabilized over time suggesting that internal mechanical conditions respond to 

external mechanical conditions. 

4. I showed that cells differentially arrange themselves around defined soft versus stiff 

microregions. These morphological differences could be the cause or the effect of 
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local stiffness variations within tissues and underly other cell behavioral changes 

in response to stiffness. 

5. I further developed the mechanosensory system to readout local viscoelasticity, 

recognizing its importance as a material trait of biological tissues. Using this new 

capability, I discovered that spheroids derived from benign cancer cell lines exhibit 

more viscous, time delayed behaviors in response to stress compared to invasive 

cell lines. These findings may reflect changes in cell movement and resultant fluid 

flow within the issue. 
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5.2 Comprehensive Discussion 

The original motivation behind these works was to characterize the mechanics within the 

cellular microenvironment. However at the time, there were no tools available that could 

do this within intact tissues and at a cell scale resolution. In the first chapter, I reviewed 

the current knowledge on how cells respond to their physical microenvironment, 

emphasizing the need to recognize and measure the heterogeneity within biological 

samples [1,257]. This was exemplified within the context of the cancer microenvironment, 

where the disease can be driven by a few aggressive cells [258]. Changes in mechanical 

state of the tissue accompany the changes in disease progression [259]. Mechanical 

differences were reported between normal and diseased whole tissues [244,260], and 

benign versus malignant cancer cells [51]. The altered cancer microenvironment may 

provide physical cues to control or promote further disease outcomes [42,259]. Initial 

mechanobiology studies at the microscale level were typically done on single cells or 2D 

cultures  – platforms that are physiologically and mechanically far removed from its native 

environment within the body [30]. I recognized the need to preserve the physical context 

of the cellular microenvironment to gain a more accurate mechanical readout of the 

physical conditions a cell would realistically experience. However at the time there were 

no tools available that could make these measurements within 3D tissues at a spatial 

resolution of a cell. Therefore, I developed µTAM sensors that could be incorporated into 

any existing 3D cell culture or animal model systems to probe the internal mechanics 

within complex tissue structures to address this need. 

 In the second chapter, I outlined the design principles, characterization, and 

validation of the µTAMs to measure cell-scale residual stiffness over a broad mechanical 

range that would be encountered within soft tissues. Then in chapter 4, I adapted the µTAM 

to be able to characterize viscoelastic behaviors of the local environment as well. These 

two applications represent a novel method with the potential to study living cell mechanics 

throughout their growth and without disrupting tissue architecture or killing the cells. This 

also provided the means to mechanically study of internal tumor stiffness and 

viscoelasticity with cell sized resolution and sensitivity over time. Measurements made 
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using µTAMs cannot be compared to other methods as it probes mechanics at the micro 

length scale within 3D tissue samples whereas comparable techniques either rely on cutting 

the tissue to expose surfaces and inadvertently release internal stresses, thus altering the 

internal mechanics, or are not comparable in spatial resolution [14,35,37].  

In chapters 2, 3, and 4, I demonstrated the broad application of µTAMs by applying 

them within model 3D culture systems and animal models for breast cancer to make 

internal mechanical measurements. In doing so, I quantified the range of mechanical 

heterogeneity that exists within these tissues and showed that stiffness in local areas 

fluctuate over time and growth. This heterogeneity only appeared in tissues derived from 

cells with high invasive potential (established 4T1 tumors, and MDAMB-231 and induced 

MCF7-Src) suggesting these changes in local stiffness were related to cell movement or 

changes in local cell arrangement. Interestingly, differences in viscoelastic behavior may 

also be explained by cell mobility within the tissue as MDAMB-231 spheroids strain faster 

to applied stresses than benign T47D spheroids. Genetic instability may also contribute to 

the mechanical variations seen in the MDAMB-231 spheroids [261] as chromosomal 

instability and aneuploidy are hallmarks of cancer that contribute to tumor evolution [262]. 

This would result in genetically varied population of cells within the spheroid as errors in 

chromosomal segregation during cell division accumulate during tissue growth leading to 

phenotypic variations as well. Histological spheroid sections showed that cells around 

areas of high stiffness are stretched and elongated whereas cells around soft regions remain 

rounded within spheroids. This morphological response is similar to what has been 

observed on soft versus stiff 2D substrates [227] but represents the first time it is observed 

within 3D tissues. Furthermore, these findings are the first to show local structural 

differences do exist around microregions of different stiffnesses in 3D cultures. At the same 

time, the elongated morphology are similar to the contractile phenotype either for 

individual cell movement  or collective cell activity for cell extrusion and may be the source 

of high stiffness [218,222]. Therefore, initial variations of stiffness within a tissue may be 

due to changes in cell movement and microregions of high stiffness may result in reactive 

local cell contractions which can lead to greater apparent stiffnesses. Currently, the results 
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are consistent with the idea that high fluidity within tissues prevent accumulation of 

microregions of stiffness because local reorganization continually alters the mechanical 

environment. Cell-cell adhesions are not as permanent or fixed and cells can move and 

flow around each other. 

Interestingly, mechanical heterogeneity appears to stabilize within confined 

growth. These measured changes in internal mechanics during this confinement have never 

been reported before. However, compressive forces have been reported to stabilize tumor 

growth but promote more invasive capability once compression is released [60,263]. 

Histological observations from chapter 3 could be visual representation of cell extrusion 

occurring. This could be the means of early metastatic cell dissemination.  
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5.3 Future Directions 

Future directions for the works presented in this thesis include studies exploring the 

underlying biology for the observations made, as well as additional technological 

developments expanding the usage of µTAMs. The collective findings thus far suggest the 

following mechanical timeline in tumor development and progression towards metastasis: 

(1) early proliferation of benign cells have a uniform mechanical landscape, (2) 

transformative events conferring cell mobility within the tissue creates areas of mechanical 

heterogeneity, (3) continued tumor growth leads to eventual confinement that reduces 

internal cell mobility and mechanical variation, (4) localized areas of immobilized high 

stiffness may trigger cell extrusion mechanisms to promote invasion and metastasis. 

Procedures could be developed to assay mechanics and then match those findings with 

immunostaining to find correlations between biological and mechanical signals. For 

example, in the current works markers of contraction or cell mechanical activity such as f-

actin or p-myosin to confirm contractile arrangement of cells around local areas of stiff and 

soft spots. Furthermore, to reinforce that cell movement is truly the cause of mechanical 

heterogeneity, cell mobility in invasive cells can be modulated with pharmacologic 

compounds targeting different regulators of actin-myosin contractility to determine 

whether they influence appearance of this heterogeneity [264].  

The mechanobiological basis linking these mechanical observations and behavioral 

cell phenotypes has not been explored in depth in the current works but presents an 

additional avenue of study. Defining the signaling pathways that are affected or that 

contribute to the phenotypes observed helps to define causation from correlation. The 

Hippo-YAP/TAZ tumor suppressor pathway is an obvious first choice to extend the current 

work [265,266]. YAP and TAZ are transcription factors downstream the Hippo signaling 

pathway and there is a correlation between high nuclear levels of these transcription factors 

in cancer with tumor progression [267,268]. Interestingly, although the Hippo pathway 

appears to drive tumor growth in cancer cells, its activity within normal healthy cells 

appears to have a tumor suppressor effect [269]. Nuclear localization of YAP/TAZ is 

influenced by mechanical cues from the cytoskeleton to drive changes in gene expression 
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influencing proliferation and cell survival [270]. Perhaps the oncogenic switch for this 

pathway is mechanically dependent. This pathway also cross talks with other 

mechanotransduction pathways such as Wnt/β-catenin signaling further implicating a role 

for mechanics in driving cell behavior [271,272]. Biomarkers suggesting activity in these 

pathways around microregions of stiffness could be observed through further histological 

analysis and then manipulated through selective inhibitors in future experiments to 

correlate cause and effects. Alternatively, various omics analysis could be used to uncover 

other regulatory pathways linking these phenotypes back to cell biology. These analysis 

would involve universally detecting differences in genes, mRNA expression, and protein 

production between different cell populations, in this case cells from defined soft or stiff 

microregions compared to cells from the rest of the spheroid [273]. 

The full size ranges of the µTAMs achievable has yet to be explored in further 

depth. Although sensor design for this thesis was aimed towards smaller, cell-length sizes, 

this does not necessarily limit the technology to these length scales. It is possible to 

generate hydrogels of larger sizes and even different geometries to probe other mechanical 

features within tissues like anisotropy. These changes would require additional hydrogel 

characterization as well as considerations with temporal, temperature dependent, and 

solvent diffusion dynamics involved in pNiPAAM hydrogel expansion. 

Although the sensors were used in spheroid models, µTAMs are broadly applicable 

to a wide variety of model systems that could not be mechanically assayed by conventional 

or existing methods. These sensors are particularly suitable within 3D sealed systems or 

inside microfluidic organ on a chip systems involving 3D hydrogels [274]. Recent 

developments in 3D cultures have produced self-organizing organoid structures 

representing different tissues from stem cells to model development and disease [275]. 

Tissue development and remodeling is influenced by mechanobiology [146]. Organoids 

are closed tissue systems surrounded by ECM. µTAMs can seamlessly be incorporated 

within either component to provide mechanical readouts of supracellular stiffness within 

the tissue and track mechanical changes during morphogenesis. Surface functionalization 
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on the µTAM sensors can be altered as well to promote tissue cohesion and uptake or even 

test local biochemical or phenotypic response to different ligands. 

The current understanding provided by the µTAMs suggest that the tissues 

themselves are  in a constant mechanical flux at the microscale level. Macroscale properties 

of the tissues alone are not enough to describe tissue conditions and may be a long-term 

outcome of microscale events that happen earlier. In the context of cancer, discrete 

microregions of highly varied stiffness could be the manifestation of cell movement within 

the tissue revealing early transformative events have occurred. This could be a predictive 

marker for metastatic competence and future disease progression. 

 

  



124 

 

 

 

5.4 Summary and Conclusion 

In this thesis, I have engineered a new technique to monitor local stiffness within 

engineered tumors by using N-isopropylacrylamide microgels as a mechanosensory that 

can be broadly utilized across existing 3D culture platforms and animal models in chapter 

2. I measured and tracked the stiffness evolution within 3D models of breast cancer by 

mixing these sensors with the cells prior to spheroid formation, and measured residual 

stiffness using sensor size change as a proxy in chapter 3. Finally, I further characterized 

temporal behavior of µTAM expansion to measure viscoelastic behavior between invasive 

and non-invasive cancer spheroids in chapter 4.  

Together, these works provide demonstrate that it is now possible to study cell-

scale mechanics within complex tissues over time. Irregular changes in tissue mechanics 

at spatial resolution of a cell may provide early indicators for deviations of normal 

physiology and health. In developing the µTAMs, these mechanics can be characterized to 

determine whether these changes can be used as potential prognostic markers linking tissue 

stiffness to disease progression. Although the thesis focuses heavily on using these sensors 

in the context of cancer in this thesis, there other physiological events where changes in 

tissue mechanics provide a guiding factor like in early development, and wound healing, 

that can be explored. 

Tissue and cells are active materials that apply and transmit forces, adapting to 

physical cues from their environment. The recent development of tools to measure tissue 

material properties and the stresses in 3D at the nano and microscale gives us the 

opportunity to isolate the mechanical contributions of every component within tissues. By 

recognizing the complex and varied mechanics involved at the cell scale, we have a better 

understanding of how local matrix material properties affect cell signaling and gene 

expression, which in turn influence cellular interactions with their environment. Despite 

current progress, there remain many unexplored opportunities to further understand the 

role of physical cues within the cellular microenvironment. It is also important to highlight 

that the cellular microenvironment is greater than the sum of its individual parts. The tools 
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and techniques described in this thesis will aid in the transition from testing simple cell 

monolayer cultures to more complex 3D systems and in vivo animal models. Ultimately, 

this will provide better physiological context to understand microscale mechanical 

behaviors in tissues and refine the applicability of such knowledge to elucidate mechanisms 

for tissue development, homeostasis, and disease progression. Furthermore, combining 

different techniques within the same experiment can further provide a more complete 

understanding of the interactive nature of mechanical behavior. The differing mechanics 

measured by a plethora of techniques used to measure differing mechanics within and 

across the length scales suggests that the physical experience within biological tissues is a 

subjective one based on time, space, and location.  
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