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Abstract 

 

Asthma affects more than 300 million people worldwide, leading to a thousand deaths daily. The 

existence of multiple asthma phenotypes requires personalized treatment plans based on patient 

specific data. Shortening velocity and contractile stress of the airway smooth muscle (ASM) have 

been useful for characterizing asthma, but are mostly investigated in tissue strips or in cells in 

culture. The access to ASM tissue strips is limited because they are usually procured through 

surgeries and autopsies, whereas cultured cells do not represent in-vivo functional levels due to 

dedifferentiation. Freshly isolated cells obtained from endobronchial biopsies collected from live 

subjects would be ideal for asthmatic phenotyping. However, the methods currently available to 

study contractility in freshly isolated ASM cells are labor-intensive, have limited throughput, or 

are inaccurate. In this thesis, several approaches were explored to meet the requirements of 

contractility measurement of single ASM cells, as would be obtained from biopsies. A protocol 

was developed to yield contractile cells from cryopreserved equine ASM tissue using enzymatic 

digestion. ASM cells with length ~ 90 μm were obtained, where ~ 15 % cells exhibited ≥ 20 % 

shortening. Microfabrication techniques were tested and compared for the development of 

microfluidic device prototypes to measure the contractility of these cells. A method was explored 

for reversible hydrodynamic immobilization of the ASM cells, to carry out isometric contractions 

followed by sudden releases for measuring the maximum unloaded shortening velocity. The effect 

of increasing load on shortening velocity and an increase in contractile potential with repeated 

contractions were observed. However, the forces generated were insufficient for isometric 

contractions. A second approach was investigated for encapsulating the freshly isolated ASM cells 

in hydrogel microdroplets for the estimation of contractile stress. Collagen micro-vehicles ~ 200-

500 μm in diameter were produced, with 5-20 ASM cells per vehicle. Contractions in the trapped 

ASM cells were observed, though no shape distortion was seen. Overall, this thesis demonstrates 

the feasibility of these contractility measurement systems for freshly isolated ASM cells. 
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Résumé 

 

L'asthme touche plus de 300 millions de personnes à travers le monde, provoquant un millier de 

décès chaque jour. L'existence de plusieurs phénotypes d'asthme nécessite des plans de traitement 

personnalisés basés sur des données spécifiques au patient. La vélocité de raccourcissement et le 

stress contractile du muscle lisse des voies respiratoires (MLVR) se sont avérés utiles pour 

caractériser l'asthme, mais sont principalement étudiés sur des bandes de tissus ou sur des cellules 

en culture. Les bandes de tissus de MLVR ne peuvent être obtenues que par des chirurgies ou des 

autopsies, et les cellules cultivées ne représentent pas les niveaux fonctionnels in vivo en raison 

de la dédifférenciation. Des cellules fraîchement isolées obtenues à partir de biopsies 

endobronchiques prélevées sur des sujets vivants seraient idéales pour le phénotypage 

asthmatique. Les méthodes actuellement disponibles pour étudier la contractilité dans les cellules 

de MLVR fraîchement isolées demandent beaucoup de travail, ont un débit très limité ou sont 

inexactes. Dans cette thèse, plusieurs approches ont été explorées pour répondre aux exigences de 

l'évaluation de la contractilité de cellules de MLVR uniques, telle qu'elles seraient obtenues à partir 

de biopsies. Un protocole a été développé pour produire des cellules contractiles à partir de tissu 

de MLVR équin cryopréservé en utilisant la digestion enzymatique. Des cellules de MLVR d'une 

longueur de ~ 90 μm ont été obtenues où ~ 15 % des cellules présentaient un raccourcissement 

≥ 20 %. Des techniques de microfabrication ont été testées et comparées pour le développement 

de prototypes de dispositifs microfluidiques pour mesurer la contractilité de ces cellules. Une 

méthode a été explorée pour l'immobilisation hydrodynamique réversible des cellules de MLVR, 

pour effectuer des contractions isométriques suivies d'une libération soudaine pour mesurer la 

vélocité de raccourcissement maximale dans les cellules de MLVR. L'effet de l'augmentation de 

la charge sur la vélocité de raccourcissement et une augmentation du potentiel contractile avec des 

contractions répétées ont été observés. Cependant, les forces générées étaient insuffisantes pour 

les contractions isométriques. Une deuxième approche a été étudiée pour encapsuler les cellules 

de MLVR fraîchement isolées dans des microgouttelettes d'hydrogel pour l'estimation du stress 

contractile. Des micro-véhicules de collagène de taille de 200-500 μm de diamètre ont été produits, 

contenant 5-20 cellules de MLVR par véhicule. Des contractions des cellules de MLVR piégées 

ont été observées, bien qu'aucune distorsion de forme des véhicules n'ait été notée. Cette thèse 
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démontre la faisabilité de ces systèmes de mesure de la contractilité pour des cellules de MLVR 

fraîchement isolées. 
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1 

Introduction 

 

A. Asthma 

Asthma is a chronic respiratory disease characterised by wheezing, coughing and reversible airway 

obstruction. It affects approximately 3 million1 people in Canada and 300 million2 people 

worldwide, and the prevalence and incidence continue to increase3-5. The last decade has seen a 

reduction in asthma related mortality, but the associated burden, costs and social impacts are still 

enormous3,6. The pathophysiology of asthma is complex and poorly understood. Both allergic7 and 

non-allergic8 origins are known, and genetic and environmental causes have been studied9-12 – all 

without a common consensus. Thus, asthma is often described as a syndrome.  

Asthma exhibits a wide clinical spectrum ranging from a mild and intermittent disease, to one that 

is severe, persistent, difficult to treat, or even fatal13. Current treatment options for asthma are 

limited to alleviating the symptoms using medications such as inhaled beta-agonists or 

anticholinergics to reverse airway constriction and corticosteroids to reduce inflammation. These 

treatments improve the quality of life for many patients, but many others develop side effects or 

see their symptoms worsen instead14-16. Several novel treatment methods have been developed that 

show promising results in select patients, but accurate predictions of the best treatment for 

individual subjects are currently not available. Thus, there is a need for improved phenotyping in 

asthma therapy17-23. 
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B. Muscle physiology and function 

There are three types of muscle tissue in mammals24: skeletal, cardiac and smooth (Figure 1.1). 

Skeletal muscle fibers make up the muscles attached to the skeleton, for instance the biceps and 

triceps; they show striations under a microscope, are under voluntary control, and are responsible 

for movement and posture. Cardiac muscle is located in the walls of the heart; it is also striated, is 

under involuntary control, and rhythmically contracts to pump blood throughout the body.  Smooth 

muscle is found in the walls of hollow organs, such as the intestines or the bladder, and in blood 

vessels and airways. Smooth muscle is made up of spindle shaped cells that appear smooth, unlike 

its striated counterparts. These cells have a central diameter of 2-10 μm and a length of 100-200 

μm25. Smooth muscle is under involuntary control, and regulates the dimension and wall stiffness 

of organs, blood vessels and airways. 

 

Figure 1.1: The types of muscle tissue in mammals26. Adapted with permission. 
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All three muscle types are specialized to perform mechanical work by contracting against a load. 

Contractions are generated by an intracellular system of thick and thin filaments, constituted 

primarily of the myosin molecular motor proteins and actin, respectively. For smooth muscle, this 

contractile machinery is activated by [Ca2+] entry or release into the cell, which sets off a pathway 

that results in myosin activation27. Upon activation, the myosin heads pull the actin filaments in a 

coordinated actomyosin interaction24 (Figure 1.2), where in brief: (1) a myosin head is energized 

in a ‘cocked’ state by hydrolyzing an adenosine triphosphate (ATP) molecule into adenosine 

diphosphate (ADP) and inorganic phosphate (Pi) (Figure 1.2[A]); (2) a myosin head forms a 

temporary attachment, called the cross-bridge, with an actin filament (Figure 1.2[B]); (3) upon 

attachment, Pi is released, triggering a conformational change of the myosin head, known as the 

power stroke, which causes it to pull the attached actin filament at the expense of stored organic 

energy (Figure 1.2[C]); (4) ADP is released, which allows an incoming ATP molecule to cause 

the myosin head to detach from the actin filament (Figure 1.2[D]); (5) the myosin head is energized 

again by ATP hydrolysis. This process repeats itself rapidly in a cyclic manner and has been named 

the cross-bridge cycle. Smooth muscle contraction is the result of a collective action from various 

myosin heads in several contractile units (Figure 1.2[E]).  Multiple rapidly cycling cross-bridges 

between myosin motor proteins and actin filaments lead to the generation of tension and result in 

shortening at the cellular and tissue levels. The power stroke in the cross-bridge cycle generates 

the force associated with muscle contractions. The cycle continues as long as [Ca2+] is present and 

ATP is available. In the absence of ATP, the cycle stops at step (3) causing rigor mortis24. 

The contractile units of thick and thin filaments are highly organised in skeletal and cardiac 

muscles in the form of sarcomeres – which gives them the characteristic striated appearance. 

Smooth muscle lacks these uniformly aligned arrays of contractile filaments. This gives it the 
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smooth appearance and makes it extensively plastic, allowing it to function efficiently over a larger 

length range. Smooth muscle can also maintain force with low energy consumption, but this unique 

feature is yet to be explained. 

 

Figure 1.2: [A-D] The cross-bridge cycle. [E] A smooth muscle cell in relaxed and contracted 

states. 

C. Airway Smooth Muscle  

Smooth muscle provides the driving force that controls organ dimension to produce a physiological 

function: bolus content is moved along the digestive tract through peristalsis, urine is emptied by 

reducing the bladder volume, blood pressure is maintained through regulation of blood-vessel 

diameter, etc. However, the function of airway smooth muscle (ASM) in healthy subjects is not 

clear. There are speculations that ASM contributes towards branching of the respiratory tree during 

lung embryogenesis28, and aids in development of the fetal airways through spontaneous 

contractions that propel lung liquid through the airway tree29. ASM might also be playing a role in 
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regulating the ventilation distribution throughout the lung, in mucus propulsion, in protecting the 

peripheral lung and stabilizing the airway structure, in enhancing the effectiveness of cough, and 

in optimizing the anatomic dead space volume30. Since these roles have never been validated, ASM 

has been dubbed ‘the appendix of the lung’. 

On the other hand, the dysfunction and pathophysiological role of ASM in asthma is well 

established31-34. Excessive contraction of ASM induces airway narrowing (bronchoconstriction), 

which causes difficulty in breathing, producing asthmatic episodes. This exaggerated 

bronchoconstriction due to nonspecific irritants, inflammatory mediators, or pharmacological 

agonists has been defined as airway hyperresponsiveness. ASM also contributes to airway 

inflammation by secretion of inflammatory mediators and recruitment and activation of immune 

cells. Additionally, an increased deposition of extracellular matrix proteins and ASM cellular 

hyperplasia and hypertrophy result in thickening of the airway walls. Figure 1.3 shows the 

representation of a healthy versus an asthmatic airway. 

 

Figure 1.3: A representative comparison of healthy vs. asthmatic airway35.  Adapted with 

permission, Copyright Massachusetts Medical Society. 
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The mechanisms and interrelationships between these phenomena of inflammation, remodelling 

and hypercontractility are poorly understood33,36. In fact, it is unclear whether asthma is a single 

disease, or if it is a grouping of various pathophysiological conditions resulting in the same clinical 

effect37,38. Regardless, ASM is the major end-effector of airway hyperresponsiveness, although 

other factors such as swelling of airway walls and mucus plugging may amplify the narrowing. 

This is also confirmed by the fact that acute exacerbation periods and dyspnea are usually 

reversible by bronchodilators that relax ASM, implying that ASM is the principal malefactor in 

asthma33.  

ASM hypercontractility in asthma can be studied by ex-vivo assessment of: (1) the contractile 

force normalized to the cross-section area, or contractile stress, and (2) the rate of contractile 

shortening, or shortening velocity. A strip of muscle tissue is mounted between a length actuator 

and a force transducer (Figure 1.4[A]). Various stimuli are then applied to induce a contractile 

response, and the contractile force or shortening velocity are recorded and dose-response curves 

are plotted. The force is normalized by the cross-section area obtained by histology to obtain 

stress39. 

Shortening velocity and contractile force (or stress) both lend useful insights into the contractile 

machinery of the muscle tissue. The contractile force is measured as the muscle tissue contracts 

against a given load. It is suggestive of the degree of muscle and myosin activation for a given 

stimulus. This indicates the number of myosin molecules involved, and if measured in a dose 

response manner, information about the sensitivity of the muscle receptors can be obtained. An 

increased contractile force of the ASM translates into increased bronchoconstriction. This has been 

reported for asthmatics compared to control subjects40-42. 
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Measuring the shortening velocity is more complex in comparison to force measurement. 

Contraction is induced in the muscle tissue under isometric condition, which ensures complete 

activation. This is followed by a sudden release to a predetermined load, and the rate of shortening 

at that load is noted. The maximum unloaded shortening velocity (Vmax) is of particular interest as 

it is believed to be indicative of the rate of cross-bridge cycling at the biomolecular level43. 

An increase in the unloaded shortening velocity in ASM tissue-strips has been noted for horse39, 

mouse44, rat45, and dog46,47 models of asthma and sensitized human airway48 tissue when compared 

to healthy control. However, no such evidence currently exists regarding the shortening velocity 

of ASM from asthmatic individuals49,50. As the airway diameter is determined by a dynamic 

mechanical equilibrium between ASM, other viscoelastic components in the airway wall, and 

tethering forces from the lung parenchyma, the rate at which the muscle arrives at its final length 

is important in the contraction dynamics of ASM40 and can determine the degree of airway 

constriction45. Certain animal models have also shown that smooth muscle possibly possesses two 

phases of contraction: an initial fast cross-bridge cycling phase, and a later sustained slower cross-

bridge cycling phase51. The amount of shortening during muscle contraction is likely determined 

by the shortening accomplished during the initial phase, before the contraction gets locked into the 

sustained slower phase. Thus, an increased shortening velocity could translate into the increased 

amount of total shortening40,45, as seen in asthmatic airways. 

The relevance of measuring shortening velocity is also understood from the transient dilation effect 

produced by deep inspiration (DI) and tidal breathing on the airways. DI has been shown to 

temporarily distend the airways of healthy and asthmatic subjects to a similar extent52. However, 

the ASM hypercontractility during asthma seems to counteract the dilatory effect of DI. Studies 

suggest that asthmatic ASM can shorten faster than normal ASM after a stretch45, which causes 



15 

 

the asthmatic airways to spend more time in a constricted state since the ASM ‘quickly’ reshortens 

between each breath, thus counteracting the relaxing effect of tidal and deep breaths53. 

Different phenotypes of asthma exist, such as one where asthmatics have increased ASM mass in 

their airways while some asthmatics are reported to have asthma symptoms without any increase 

in ASM mass54. Similarly, the lack of unequivocal evidence of changed shortening velocity in 

asthma could be because not all asthma phenotypes show an increased shortening velocity. This 

calls for studies that might establish the significance of shortening velocity in the mechanism of 

ASM hypercontractility and potentially identify more asthma phenotypes45,49,55-58. However, 

difficulties with ASM tissue availability and procurement prevent large scale investigations. 

The ex-vivo muscle tissue-strip experiments (Figure 1.4[A]) have been very useful in drug 

development and in understanding asthma, and are the best available proxy for in-vivo muscle 

mechanics. However, such studies are constrained by the availability of human airway tissue which 

can only be procured from surgical waste or post-mortem59. The bulk of surgical material is 

obtained from patients with lung carcinoma. As lung cancer is often the result of smoking, the 

airways collected even from noncancerous segments of the lung can hardly be regarded as normal. 

Post-mortem lungs need to be assessed and screened as per specific criteria60-62, after which only 

a few lungs are considered acceptable as disease representatives or as healthy controls. 

Furthermore, only sparse information is usually available for the high quality, transplant grade 

donor organs referred by procurement agencies. This poor characterization of utilizable lungs often 

results in variability in the downstream studies57.  Thus, an alternate approach that enables the use 

of ASM from live subjects is imperative if one hopes to shift from the traditional palliative 

treatments to the development of a precision-medicine-based approach, where the therapy can be 
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individually tailored to a specific asthmatic patient based on the assessment of their ASM 

hypercontractility. 

 

Figure 1.4: Experimental techniques for investigating muscle mechanics. [A] Tissue mechanics 

setup, figure kindly provided by Gijs IJpma. [B] Traction Force Microscopy method63. [C] Cell 

mechanics setup64. [D] Stimulating free floating cell65.  All adapted with permissions. 

 

D. Endobronchial biopsies and need for cell-mechanics studies 

Even though asthma is one of the most common atopic diseases and the leading cause of 

hospitalization among children and youth, it is very poorly understood66. Asthma severity has been 

difficult to define and is identified mainly by looking at an ensemble of biological, physiological, 

and functional components67. Not surprisingly, asthma is fairly underdiagnosed68. Unlike for other 

diseases, easily collected blood and other bodily fluids have thus far not proven sufficiently 

informative to phenotype asthma. Because of its central role in airway narrowing, assessing ASM 

contractility from live subjects would be of great value in phenotyping and would enable 

personalized treatments. However, as explained, obtaining ASM specimens large enough for tissue 
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mechanics studies is an arduous task and only done post-mortem. This has prevented researchers 

from conducting large scale studies with statistical power that might improve our understanding 

of the disease and aid in developing therapies.  

A potential solution for the above problems is the use of endobronchial biopsy samples. Pieces of 

the airway wall tissue can be collected by a trained pulmonologist using a bronchoscope inserted 

through the nose or mouth of live subjects. The patients are well characterised with a detailed 

medical history and there is the option of follow-up visits if required for the study. Moreover, 

samples can be collected from several patients to carry out large scale studies, such as investigating 

groups of subjects with similar disease history and background. Given that the bronchoscopy 

procedure is available close to the research laboratory, the sample collection and logistics involved 

can be simpler and more flexible than the process of lung procurement from agencies. 

Obtaining bronchial biopsy specimens has historically proven to be a useful and safe approach to 

study abnormalities of the airway tissue in asthma and related diseases69,70. Initially believed to be 

a somewhat aggressive method, bronchial biopsies are now a routine investigative tool that is 

widely used in asthma research71. Detailed study of the epithelial and submucosal layers in 

bronchial biopsies provides valuable insights into the morphology of the asthmatic airways. 

Immunohistochemical studies further enable quantification of the inflammatory cells72. 

Comparison of airway biopsy tissue obtained from healthy individuals with those from asthmatics 

has generated hypotheses and advanced our understanding of asthma pathogenesis73,74. Biopsy 

specimens have provided useful details about the efficacy and mechanisms of action for new and 

existing treatments73. 

Even though the endobronchial biopsy samples have produced a lot of information on the tissue 

structure and the presence of inflammatory cells in asthma, this approach has not been extensively 
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used for contractility studies. Bronchial biopsies cannot be utilized directly for tissue mechanics 

studies to investigate ASM hypercontractility, mainly because the collected endobronchial 

specimens do not contain enough smooth muscle tissue75 to be mounted on a tissue-strip mechanics 

setup (Figure 1.4[A]). Moreover, there is no sense of directionality in the muscle bundles of biopsy 

samples. Considering how the endobronchial biopsy sample is a valuable resource, and that the 

contractile stress and shortening velocity are important parameters for characterising ASM 

hypercontractility in asthma, it is crucial to elaborate new approaches for these mechanical 

properties to be investigated in airway tissue biopsies.  

Using ASM cells derived from biopsies for such studies has been proposed by many50,57,59, and the 

requirement of techniques that could give insights into biophysics and biochemistry of single ASM 

cells has also been highlighted59. Airway tissue biopsy samples can be enzymatically dissociated 

to yield individual ASM cells, which can be investigated thereafter. Furthermore, single cell 

studies can provide meaningful insights into the subcellular mechanisms involving various kinds 

of structural, biophysical, or biochemical phenotypic heterogeneity of the constituent cells, which 

is impossible to account for through tissue-strips50,59,76. However, it is imperative that contractility 

assessment of these isolated cells be conducted immediately, without putting them in culture. 

Cultured ASM cells are known to dedifferentiate and lose their contractile phenotype77-79, and 

hence do not represent the in-vivo levels of contractility. For instance, the contractile stress 

observed for cultured cells is ~ 100 Pa63,80,81 in traction force microscopy (TFM) studies (Figure 

1.4[B]), while that of muscle tissue-strips is ~ 200 kPa40,82.  

There have been a few reports that addressed the isolation of smooth muscle cells from biopsy 

samples83,84.  Shortening velocity and contractile force were also measured in some freshly isolated 

cells64,65,84-89. Researchers have used specially designed ultrasensitive force transducers and length 
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actuator setups87 in which individual ASM cells were attached by mounting to glass capillary 

micro-needles64,87-89 (Figure 1.4[C]). This provided a direct measurement of the contractile force, 

and also allowed controlled maneuvers to measure shortening velocity at varied loads. However, 

this method is labor intensive and can be performed on only one single smooth muscle cell at a 

time. Thus, only a limited number of data points can be collected, which prevents this technique 

from being useful for clinical research. The contractile stress measured from these freshly isolated 

cells was ~200 kPa88, which confirms the reliability of freshly isolated smooth muscle cells for 

quantifying in-vivo contractility. 

Other researchers reported shortening velocity by directly stimulating several free-floating freshly 

isolated cells in unloaded state (Figure 1.4[D]) and measuring their shortening rate65,84-86. 

However, without the isometric contraction for maximum activation, this shortening rate does not 

represent true Vmax. Instead, it is a single measurement of the combined effects of rate of flow of 

the buffer solutions, rate of diffusion of the agonist, rate of activation of the ASM cell and the 

unloaded shortening velocity itself. 

Thus, a method to accurately assess the contractile properties of freshly isolated ASM cells from 

endobronchial biopsies is required. Such a method would have utility in clinical investigation 

provided that it has high-throughput. Ultimately, such an approach can be used to better phenotype 

asthma and develop personalized treatments.  

E. Microfluidics 

Microfluidics is the study and exploitation of the unintuitive nature of physics of fluids at the 

microscale level90. Capable of handling miniscule amounts of liquids in highly organised streams 

of laminar flow, microfluidic systems offer precision engineering based technology that is 
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particularly valuable in the design of medical devices91. These microdevices are cheap and easy to 

produce in bulk, can operate with very small volumes, are highly efficient, and allow for quick 

biochemical reactions90. Working on microfluidic principles, lab-on-chip92 and tissue 

engineering93 devices find their use in biological and chemical systems94. Considering how the 

challenges here revolve around dealing with a scarce amount of sample, fast reaction times, and 

high-throughput assessments, microfluidic tools could offer the desired solution. Researchers have 

previously used microfluidic devices to investigate aspects of disease modeling95, cell migration96 

and cell damage recovery97 with cultured muscle cells. But no such methods have been developed 

to study the contractile properties in freshly isolated ASM cells. This thesis describes efforts 

towards the development of techniques that can be utilized for studying contractility of the ASM 

cells.  

F. Thesis objectives 

The goal of this work is to develop methods for single-cell contractility studies, that can be used 

with ASM cells isolated from human biopsies for asthmatic phenotyping and for future precision 

medicine investigations. To this end, the specific aims of this thesis are as follows: 

• Develop a protocol for the isolation of contractile ASM cells from ASM tissue. 

• Establish a microfabrication process for producing microfluidic device protypes. 

• Develop a high-throughput system that can carry out isometric contraction and unloaded 

shortening, so as to provide Vmax measurements for single freshly isolated ASM cells.   

• Develop a high-throughput method that can provide contractile stress values for freshly 

isolated ASM cells. 
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G. Thesis overview 

In this work, several approaches are explored to meet the requirements of contractility assessment 

of single ASM cells, as would be obtained from biopsies. The structure of the thesis is as follows: 

• Chapter 2 details a protocol that was developed to yield contractile ASM cells from 

cryopreserved equine ASM tissue using enzymatic digestion. These freshly isolated ASM 

cells were then used for the development and characterization of the mechanics assessment 

devices. This protocol may later be modified and optimized to be used with human biopsy 

samples. 

• Chapter 3 describes microfabrication techniques that were tested for developing 

microfluidic device prototypes. Mold making using 3D printing is compared to that from 

conventional photolithography technique, for producing polymeric microfluidic devices.  

• Chapter 4 explains a method that was explored for reversible hydrodynamic 

immobilization, to carry out an isometric contraction in response to agonist followed by a 

sudden release for measuring Vmax in the ASM cells. 

• Chapter 5 explains a second approach that was investigated for encapsulating the freshly 

isolated ASM cells in collagen microdroplets, to estimate the contractile stress generated 

when exposed to agonists. 

• Chapter 6 summarizes the major findings and conclusion of this thesis. 
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2 

Cell Isolation from Airway Smooth Muscle Tissue 

 

A. Background 

Isolation of smooth muscle cells (SMCs) from muscle tissue has been a tricky affair as the 

dissociated cells often lose their shape and function in the process, and no longer possess in-vivo 

levels of contractility. Thus, a major challenge in cell level mechanics studies is the initial process 

of cell isolation through enzymatic dissociation of the smooth muscle tissue, yielding dispersed 

cells that contract when stimulated. While numerous protocols have been published for the 

isolation of airway smooth muscle cells (ASMCs) from tissues, most of them only discuss 

harvesting the cells for culture in order to carry out cell-signalling and pharmacology studies98-100 

that do not necessarily rely on the contractile aspect of the cells. In general, these protocols have 

used low enzyme concentrations (0.1-1 U/ml) and long digestion times (3-12 h) to get a high yield 

(n ≈ 106) of primary cells that can be grown in culture. Such protocols produce non-contractile 

cells that are rounded instead of long-and-spindle shaped. These cells spread out during culture to 

give a typical hill-and-valley proliferation pattern101 but dedifferentiate during this process. The 

dedifferentiation and loss of contractile phenotype have been confirmed via long-term time-lapse 

microscopy102 and proteomics77-79 studies. Therefore, SMCs obtained from these protocols do not 

accurately represent the in-vivo functionality.  
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Ref. Tissue source Enzyme used Reported cell 

length 

Shortening 

(% of original length) 

X. Ma, et. 

al84 

Asthmatic human 

endobronchial biopsy 

Papain and 

Collagenase 

70±5 μm 

(n = 15) 

39.05±1.99 % 

(n = 15) 

X. Ma, et. 

al84 

Healthy human 

endobronchial biopsy 

Papain and 

Collagenase 

70±5 μm 

(n = 12) 

28.6±1.1 % 

(n = 12) 

S.P. 

Driska, 

et. al86 

Adult ovine trachea Papain 194±57 μm 

(n = 66) 

55±11 % 

(n = 10) 

S.P. 

Driska, 

et. al86 

Neonatal ovine 

trachea 

Papain 93±32 μm 

(n = 20) 

68±12 % 

(n = 10) 

S.P. 

Driska, 

et. al65 

Swine carotid artery Collagenase II, 

Papain IV 

240.4±47.4 μm 

(n = 76) 

~ 50 % 

(n = 10) 

D.W. 

Wilde, et. 

al103 

Canine carotid artery Collagenase II, 

elastase II 

96.4±3.2 μm 

(n = 47) 

6.8±1.7% 

(n = 13) 

D. M. 

Warshaw, 

et. al104 

Bovine carotid artery Collagenase I, 

elastase III 

117±11 μm  

(n = 27) 

35.98±0.02 %  

(n = 52) 

Table 2.1: Studies that investigated the contractile function of freshly isolated SMCs. 

Other protocols (Table 2.1) have used high enzyme concentration (400-1000 U/ml) and short 

digestion time (30-45 min) and confirmed that freshly isolated cells from mammalian smooth 

muscle tissue can retain features of contractility65,84,86,103,104. A moderate yield of live cells (n ≈ 
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10-100) of various lengths and shapes with different levels of contractility were reported. 

However, the number of cells that exhibited contractile responses from the total yield remained 

low65,84,86,103. These protocols made use of fresh tissues harvested from human biopsies84 or from 

euthanized animals65,86,103,104.  

The long-term objective of this work is to isolate ASMCs from human endobronchial biopsy 

tissues for asthmatic phenotyping. However, for the purpose of development and characterization 

of the systems devised in this thesis, cryopreserved equine tracheal tissue was used. The contractile 

function of cryogenically stored smooth muscle tissue has recently been shown to be mostly 

maintained105. Once procured and preserved, these cryo-stored tissue-strips can be thawed when 

needed for mechanics studies, thereby greatly expanding the number of tissue pieces that can be 

utilized from each tissue harvest. 

Preliminary experiments showed that the previous protocols that reported contractile cells isolated 

from fresh tissues65,84,86,103,104 did not produce the same results with the cryopreserved equine 

tracheal tissue. This may be because of species and organ specificity of the protocols in terms of 

enzyme type and concentration, processing time, etc., or due to the effects of cryopreservation. 

Commercial enzyme preparations often contain contaminant proteases and phospholipases that 

cause damage to cell receptors leading to a loss of contractile response106. Smooth muscle also 

seems to be sensitive to the type of serum and buffers used, and alterations affect the contractility 

of smooth muscle tissue107-110 and cause phenotypic modulation in SMCs111. Personal 

communications with authors of published articles describing cell isolations [S. Sim (University 

of Western Ontario), T.H. Shaffer (Temple University), X. Ma (National Institutes of Health), R.A. 

Panettieri Jr. (Rutgers University), A. Halayko (University of Manitoba)] indicated that it was 

typical to have high variability in yield and quality of cells, and the results strongly depended on 
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tissue source, species and enzyme batches. Obtaining contractile SMCs from smooth muscle tissue 

is thus acknowledged to be a difficult task, requiring systematic experimentation with the various 

variables involved in the process. 

Thus, a cell isolation protocol was designed in this thesis to consistently yield contractile ASMCs 

from cryopreserved equine tracheal tissue. The protocol was also tested on freshly procured equine 

tracheal tissue to compare results. Contractile ASMCs from cryopreserved tissue would serve as a 

source of functional cells, which was essential for the development of the methodologies described 

in chapters 4 and 5. 

B. Methods 

I. Solutions 

All compositions in mM, unless otherwise stated. 

Standard HBSS solution: 5.3 KCl, 0.44 KH2PO4, 137.9 NaCl, 0.336 Na2PO4, 1.77 CaCl2, 0.81 

MgSO4, 10 glucose, 12 HEPES buffer, pH adjusted to 7.4 with NaOH, aerated with 100% O2. 

Modified HBSS buffer: 5.3 KCl, 0.44 KH2PO4, 137.9 NaCl, 0.336 Na2PO4, 0.5 MgSO4, 10 glucose, 

12 HEPES buffer, pH adjusted to 7.4 with NaOH, aerated with 100% O2. 

Modified K-H tissue dissection solution: 118 NaCl, 1 MgSO4, 1.2 KH2PO4, 4.51 KCl, 25.5 

NaHCO3, 10 glucose, pH adjusted to 7.4 with NaOH, aerated with carbogen (95% O2 - 5% CO2). 

Modified K-H cell collection solution: 118 NaCl, 1 MgSO4, 1.2 KH2PO4, 4.51 KCl, 12 HEPES, 

10 glucose, pH adjusted to 7.4 with NaOH, aerated with 100% O2. 

Digestion solution I: 1 mg/mL bovine serum albumin (BSA), 10 Taurine, 0.2 CaCl2, 1 

dithiothreitol (DTT), 15 U/mL Papain (Sigma), 0.1 mg/mL DNase1 (Worthington), in modified 

HBSS buffer at pH 7.4, prepared on ice. 
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Digestion solution II: 1 mg/mL BSA, 10 Taurine, 0.2 CaCl2, 800 U/mL Collagenase II (Sigma), 

0.1 mg/mL DNase1 (Worthington), 0.1% v/v soybean trypsin inhibitor, in modified HBSS buffer 

at pH 7.4, prepared on ice. 

Agonist solution: 200 CaCl2, 1 methacholine, in modified K-H cell collection solution. 

Tissue incubation medium: 2% v/v fetal bovine serum (FBS), 1% v/v penicillin-streptomycin-

amphotericin (PSA), 1.5% v/v HEPES buffer (pH 7) in Dulbecco's Modified Eagle Medium 

(DMEM), prepared in sterile environment. 

II. Tissue collection and cryopreservation 

A section of equine trachea was acquired from the Faculty of Veterinary Medicine, University of 

Montreal (Saint-Hyacinthe, Canada). Animal studies were approved by the University of Montreal 

Animal Care Committee and performed in accordance with the guidelines of the Canadian Council 

on Animal Care.  The tracheal section was cleaned of bloody tissues and immediately placed in 

standard HBSS solution on ice. The trachea was then dissected within 3 h of acquisition. Tissues 

~ 0.5 ml in volume were cut directly from the smooth muscle slab with epithelium and connective 

tissue attached, and were either pinned onto silicone strips for cryostorage preparation or were 

immediately processed for enzymatic digestion described in section IV. Tissue used immediately 

for cell isolation has been called fresh tissue. Tissue-strips for cryostorage were placed in 2 ml 

cryostorage tubes (Fisher Scientific) with 1.5 ml of cryostorage solution consisting of 1.8 M 

dimethyl sulfoxide (DMSO, Sigma) in FBS. The tubes were placed in an ice-cold Mr. Frosty 

container (Nalgene) with isopropyl alcohol, and the containers were placed overnight in a -80 °C 

freezer to allow for a cooling rate of 1 °C/min. On the following day, the tubes were removed from 

the container and placed in liquid nitrogen105. On the day of experiments, the cryostored tube was 

first placed at -80 °C for ~ 30 min before rapid thawing in a 37 °C bath for 2-3 min. The 
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cryopreserved tissue was then moved out of the cryostorage solution and removed from the 

silicone strips. 

III. Tissue preparation for cell isolation 

The tissue to be used (fresh or cryopreserved) was transferred into cold modified K-H tissue 

dissection solution in a dissection plate on ice. Epithelium and connective tissue were removed 

and the smooth muscle was cut into longitudinal strips (~ 7 mm length × ~ 2 mm width) in the 

direction of the muscle bundles. The smooth muscle strips were pinned at the ends onto silicone, 

and were either used directly in the enzymatic digestion process described in section IV, or were 

incubated overnight in tissue incubation medium at 37 °C. The cryopreserved tissue that was 

thawed, dissected, and then used directly in the cell isolation process without overnight incubation 

was called cryo-direct tissue. The cryopreserved tissue that was thawed, dissected, and incubated 

overnight for use in the cell isolation process was called cryo-incubated tissue. After the overnight 

incubation, the cryo-incubated tissue was put into ice-cold modified HBSS buffer for 20 min 

before being used in the enzymatic digestion process described in section IV. The overnight 

incubation of cryopreserved tissue was found to be crucial to yield satisfactory results, as discussed 

in section C. 

IV. Enzymatic digestion 

Each tissue-strip was transferred into a 5 mL Eppendorf tube containing 2 mL of digestion solution 

I, kept in a 37 °C water bath for 30 min while gently turning it upside-down 2-3 times every 10 

min. The pinned strip was then washed in modified HBSS buffer for 20-30 s, after which the strip 

was transferred into a 5 mL Eppendorf tube containing 2 mL of digestion solution II, also kept in 

a 37 °C water bath for 30 min while gently turning it upside-down 2-3 times every 10 min. 

Following this, the pinned strip was washed 2-3 times in modified K-H cell collection solution. 
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The digested tissue-strip was then gently removed from the silicone using tweezers with care to 

avoid unwanted cell dissociation. The digested tissue-strip was transferred into a 1.5 mL 

Eppendorf tube containing 1 mL of modified K-H cell collection solution with 0.2 mM CaCl2, and 

0.05% v/v calcein acetoxymethyl cell-permeant dye (Calcein AM, Thermo Fisher Scientific). 

Calcein AM served as a viability stain and aided in imaging the cells. The tube was incubated at 

room temperature for 10 min with constant inversion at low rpm. Cells were then mechanically 

isolated by gently pipetting the tissue up and down 10-20 times. This cell suspension was kept on 

ice until it was utilized in the cell contraction assay described in section V or in the experiments 

described in chapters 4 and 5. The outline of this procedure is summarized in Figure 2.1. 

 

Figure 2.1: Outline of the procedure used for cell isolation from the various types of tissues. 
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V. Cell contraction assay 

Cell contraction was recorded in a 48 well-plate. Contraction was induced by the addition of 5 μL 

of agonist solution to 500 μL of cell-suspension, to get a dose of 10-5 M methacholine with 2 mM 

[Ca2+]. Contractions of the isolated cells were recorded with an inverted epifluorescence 

microscope (Olympus IX71) equipped with a CCD camera (CoolSNAP HQ2) at 10× 

magnification by imaging at various time points. Cell lengths before and 3 min after the addition 

of contracting solution were measured to determine the amount of shortening. This 3 min time 

point was chosen to ensure that the agonist diffused throughout the well and all responsive cells 

fully contracted. The relaxed (original) and contracted (stimulated with agonist) cell lengths were 

then determined from these images using ImageJ and automated image processing scripts in 

MATLAB R2021b. 

VI. Immunostaining  

Immunostaining with the alpha-smooth muscle actin antibody (αSMA, Sigma) was tested to 

confirm the purity of the SMC isolation. ASMCs were collected in modified K-H cell collection 

solution as described in section IV, with the exception that calcein AM dye was not added. 

Approximately 100 μl of the cell suspension was used to prepare the cytospin slides for 

immunostaining. Cell density was checked with the fast Diff-Quick stain according to the 

manufacturer instructions. ASMCs were fixed with a 4 % solution of paraformaldehyde for 20 

min, then washed in phosphate-buffered saline (PBS) for 5 min. The slides were airdried for 10 

min and stored at -80 °C. 

The next day, the frozen slides were thawed in PBS buffer for 5 min, and incubated for 1 h in 5 % 

H2O2 in PBS to block the endogenous peroxidase activity. After three washes in PBS for 5 min, 

the slides were blocked with 1-2 drops of protein block reagent (Dako), for 30 min. The slides 
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were then incubated with 100 μl of mouse αSMA antibody, 1:20,000 dilution overnight at 4° C 

inside a humid plastic chamber. After three washes in PBS, the slides were incubated with 100 μl 

of rabbit anti mouse biotinylated antibody (Dako), 1:200 dilution for 45 min. After washing, the 

slides were incubated with 100 μl of streptavidin-HRP (Fisher Scientific) for 45 min. All of these 

procedures were performed at room temperature. Cell nuclei were counterstained quickly with 100 

μl of diaminobenzidine substrate (DAB, Dako) and hematoxylin staining was performed according 

to the standard procedure. One drop of cystoseal-60 (Fisher Scientific) was added with a coverslip 

and the slides were observed under a microscope (Olympus IX71) 112. 

C. Results and discussion 

Cells of various lengths and shapes were obtained from the isolation process with fresh, cryo-direct 

and cryo-incubated tissues, (Figure 2.2[A-C]). These isolated cells stained positively with αSMA 

antibody during immunostaining (Figure 2.2[D]), confirming that they were SMCs. Fresh tissue 

gave a higher yield in comparison to cryo-direct and cryo-incubated tissues. Cells from the fresh 

tissue were mainly long (Figure 2.2[A]), while the cryo-direct and cryo-incubated tissues produced 

a mix of long and shortened cells (Figure 2.2[B-C]). This suggests that the cryopreservation 

process might be causing some of the cells within the tissue to contract. Long cells from the fresh 

tissue and the cryo-incubated tissue were similar in size, with 10-50% of the dispersed cells from 

both procedures producing some degree of contractile response upon addition of agonist. Some 

cells from cryo-direct tissue were much longer, but they did not produce significant contractile 

response. This observation is consistent with a previous report where the cryopreserved tissue-

strip produced a weak and irregular contractile response when used directly after thawing, but a 

stronger contractile response was noted after overnight incubation105. The weak response of 
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cryopreserved tissue can be attributed to the injury associated with the freezing and thawing 

processes113. The overnight incubation allows recovery and brings the tissue to a normalized state.  

 

Figure 2.2: Cells isolated from [A] fresh tissue, [B] cryo-direct tissue, and [C] cryo-incubated 

tissue. [D] Isolated cells positively stained with αSMA antibody during immunostaining, confirming 

that they were SMCs. 

Most of the cells from fresh tissue and cryo-incubated tissue that did not produce a contractile 

response were the ones that were short and that most likely contracted and shortened in the process 

of isolation and manipulation. Other studies also reported a mix of contracted and relaxed cells in 

their isolations114-118. No spontaneous contraction was noted in the cell contraction assay in the 

absence of agonist solution, assessed over a period of ~ 15 min. The following criteria were then 

used to define a contractile cell: long cells (cell length ≥ 40 μm) that produced significant 
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shortening (% shortening ≥ 20 %) in response to agonist. These cutoff criteria were used to 

determine the fraction of cells that are usable for each of the three tissue types (Figure 2.3).  ~ 17 

% of cells (1345 ASMCs out of total yield of 8751 cells from 3 isolations) from the fresh tissues; 

~ 3 % of cells (358 ASMCs out of total yield of 13,218 cells from 11 isolations) from the cryo-

incubated tissues; and ~ 0.1 % of cells (7 ASMCs out of total yield of 5220 cells from 5 isolations) 

from the cryo-direct tissues satisfied these criteria. Cryo-direct tissue was rejected as a candidate 

and was not considered for any further analysis due to the low number of contractile cells it 

produced. 

The selected cells according to the above criteria had a mean length of 94±36 μm (158 cells 

measured, 3 isolations) for contractile cells from fresh tissue, and 90±31 μm (358 cells measured, 

11 isolations) for contractile cells from cryo-incubated tissue. These lengths are comparable to 

those of fresh cells from previously reported studies84,86,103,104. The mean shortening compared to 

original length was found to be 29.9±10.3 % for contractile cells from fresh tissue, and 49.9±13.9 

% for contractile cells from cryo-incubated tissue. Linear regression was used to determine 

whether there was any correlation between cell length and the contractile response (Figure 2.4). A 

weak correlation was found for fresh tissue (R = 0.464, p<0.001), but not for cryo-incubated tissue 

(R = 0.069, p=0.19).  
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Figure 2.3: [A] Probability density distribution curves for all the ASMCs obtained after isolation. 

[B] Probability density distribution curves for the ASMCs selected by the cutoff criteria. [C] An 

example of cell selection based on the cutoff criteria, for ASMCs isolated from cryo-incubated 

tissue. (i) Isolated ASMCs collected in well plate. (ii) ASMCs 3 min after agonist injection. Two 

ASMCs (indicated by yellow and orange arrow) are selected and considered ‘contractile cells’, 

while the remaining ASMCs are ignored. 
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Figure 2.4: % shortening for original relaxed cell length for ASMCs isolated from fresh and cry-

incubated tissues. 

D. Remarks on the optimization process  

Success of the enzymatic digestion depended on several variables involved in the process. 

Digestive enzyme type: Various dissociative enzymes were tested during the formulation of this 

protocol. Papain and collagenase II gave the best results with fresh and cryo-incubated tissues, i.e., 

they yielded a sufficient number of long ASMCs that stained with calcein AM, confirming 

viability. Also, most of the ASMCs shortened in response to agonist, confirming contractility. 

Other enzymes such as elastase, collagenase IV, or purified collagenase, produced isolated cells 
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that did not show any contractile response, even though they were long and viable as indicated by 

the viability stain. It was also important to prepare the digestive solutions described in this protocol 

using fresh enzymes. Even though the suppliers claimed no loss of enzymatic activity in frozen 

aliquots (-20 °C), they gave irregular results. 

Enzyme concentration and duration of digestion: The sequential digestion approach yielded 

consistent results. Digestions with all the enzymes combined together produced mostly non-viable 

cells. Increasing the enzyme concentration improved the yield of the cells, but reduced the number 

of cells that exhibited contractile response to agonist. Conversely, decreasing the enzyme 

concentration reduced the yield altogether and produced insufficient number of cells. Likewise, 

increasing the digestion time gave non-viable cells, whereas decreasing it produced insufficient 

number of cells. 

Mechanical agitation: The action of regularly turning the digestion solution tubes upside-down a 

couple of times during the process was essential to ensure a uniform enzymatic environment during 

the digestion process. The action of pipetting the digested tissue up and down to dissociate the 

cells was also important, or else the yield was low. Using minced tissue instead of a whole tissue-

strip pinned onto silicone increased the yield many-fold due to the increased surface area exposed 

to the enzymes. However, only shortened cells were obtained in this case. Hence it was crucial for 

the tissue-strips to be pinned at the ends to avoid any shortening during manipulation.  

Buffer modifications: During the protocol optimization, the buffers were modified to contain low 

[Ca2+], as these ions are known to be associated with channels that activate contractile 

machinery27,119-121 which might lead to spontaneous contraction of ASMCs during the dissociation 

process. The importance of adding taurine84, and using trypsin inhibitor with commercial 
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collagenase106 was also highlighted by others. Collectively, all these minor adjustments seem 

pivotal for the successful yield of contractile ASMCs from cryopreserved tissues. 

Pre-digestion tissue treatments: Some other changes were tested to try to improve the number of 

ASMCs that are long and produce a contractile response. Specifically, the shortening of ASMCs 

happening during the process of cryopreservation, cell isolation or tissue handling, needed to be 

resolved. Pre-stretching the tissue, pre-stretching after multiple isometric contraction-relaxation 

cycles on pinned tissue-strips, treatment with muscle-relaxing agent (10-5M isoproterenol, Sigma), 

and treatment with muscle contraction-pathway blocking agent (10-5M phentolamine, Sigma) were 

all tested on the tissue before carrying out the enzymatic digestion. However, none of these 

treatments produced any significant reduction in the number of shortened cells or showed any 

increase in the overall lengths of the isolated cells. Another possibility was to artificially induce a 

temporary rigor mortis state in the smooth muscle tissue122,123. That is, removal of the free 

adenosine triphosphate (ATP) would prevent the detachment of myosin heads of the thick filament 

from the thin filament, thereby preventing any shortening24,124. This smooth muscle rigor-state 

when used in the cell-isolation process would potentially yield only long cells, which could then 

be reverted to a healthy state to conduct contractility assessment studies. The previously reported 

method of artificially inducing rigor mortis state (multiple isometric contraction-relaxation cycles 

on the tissue in a glucose-free deoxygenated K-H buffer to deplete the ATP stores of tissue122,123) 

was tested on the cryopreserved equine tracheal smooth muscle tissue, but their results could not 

be reproduced.  
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E. Conclusion 

The protocol developed in the current study produced a reasonable yield of contractile cells with 

both fresh and cryopreserved equine tracheal tissue. Fresh tissue produced a greater number of 

contractile cells, but the shortening in the contractile cells from both fresh and cryo-incubated 

tissues was comparable. Therefore, this protocol can be used with cryopreserved equine tracheal 

tissue to yield ASMCs for the development and characterization of contractility assessment 

systems. ASMCs obtained from cryo-incubated tissues were used for the experiments described in 

chapters 4 and 5. 

If required to be used with different species, tissue types, or conditions, the protocol could be 

adapted with appropriate modifications from various guides125-127. The described protocol may still 

be optimized further to improve the yield of ASMCs, the number of ASMCs that are long, and the 

number of ASMCs that produce a contractile response. A further improvement could be to use 

shape-selective sorting methods to separate the spherical contracted cells128-132, and retain only the 

long cells that would be tested in the assays. No sorting techniques were utilized in this thesis, and 

the ASMC suspension obtained from the process was used as-is in the experiments described in 

chapters 4 and 5. 
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3 

Microfabrication Techniques 

 

A. Background 

Numerous microfabrication methods are available for manufacturing microfluidic devices, such 

as chemical etching, micromachining, thermoforming, direct writing, polymer casting, etc133. 

These have evolved over the past few decades to become faster, cheaper, and easier to use134. High 

resolution microfluidic chips can now be mass produced with a variety of materials. Typical 

materials include glass, silicon, metals, polymers, and ceramics, but this list is still expanding135. 

Each material and method bring their own set of advantages and disadvantages, depending on the 

usage. 

In this thesis, a replica molding approach is used for manufacturing microfluidic devices as it is an 

easy, economic and well-established prototyping technique. Mold making with 3D printing and 

photolithography is reviewed, followed by making polymeric devices using a soft lithography 

process. For the envisioned microfluidic systems being devised in this work, the microfabrication 

processes need to produce high resolution channels with minimum dimensions for width and depth 

of ~ 50-100 μm. The surface is required to be smooth enough to not provide nucleation sites for 

air bubbles136 or pose bonding difficulties that might cause leaking137. 
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B. Mold making 

Mold making using 3D printing technique is compared with the conventional photolithography 

method. The principles for both techniques are explained and the processes are described. Molds 

obtained from these methods are then used for soft lithography replica molding described in 

section C. 

I. 3D printing 

Lately, 3D printing has gained interest as a viable technique for microfabrication138,139. The ability 

to rapidly realize a model through 3D printing allows researchers to practice a ‘fail fast and often’ 

approach140 for a moderate cost. On-demand manufacturing in three dimensions enables 

microfluidics researchers to easily envision and implement 3D manipulation of fluids141-143. This 

has previously been difficult144-146 as most of the traditional microfluidics platforms did not have 

a full 3D character, i.e., the flow channels could have varying widths but mostly had identical 

depths, always constrained to a single plane.  

Commercial 3D printers made specifically for microfluidic applications are now capable of 

producing structures of micrometer resolution140, though with a limited footprint. Most of these 

are stereolithography (SL) based147. A 3D object is built layer-by-layer by using selective light 

exposure to photo-polymerize a precursor resin collected in a vat with a clear base. Each layer is 

projected as an image obtained by digitally sectioning the 3D object into thin slices. This light 

projection, usually from an ultraviolet (UV) source, onto the photosensitive polymer resin induces 

cross-linking and leaves a hardened layer adhered to a build plate. The build plate is then moved 

to lift off the cured layer from the vat base and allow liquid resin to cover the hardened layer. 

Projection of the next slice from the 3D object follows until the entire object is built up, layer after 
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layer. Figure 3.1 explains this principle of SL 3D printing. Various SL 3D printers were tested for 

this work, as summarized in Table 3.1. 

 

Figure 3.1: Principle of stereolithography 3D printing. 

 

SL type 3D printer specifications Remarks 

LCD-

based SL 

Anycubic Photon148 

(Anycubic Technology Co. Ltd.) 

Cost: ~ 100$ 

Plane resolution: 50 μm 

Economic SL 3D printer. Good 

theoretical resolution in a limited build 

space. Allows use of any resin with 

the correct curing wavelength.  
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Layer resolution: 25 μm 

Printing volume: 115 mm × 65 mm × 

155 mm 

Wavelength: 405 nm 

Slicing software: Anycubic Photon 

Slicer V1.3.6 

Actual plane resolution was found to 

be ~ 500 μm and layer resolution was 

found to be ~ 100 μm.  

Elegoo Standard Rapid Resin Black 

(Elegoo Inc.) gave the best results. 

Laser-

based SL 

Formlabs Form 3B149 

(Formlabs Inc.) 

Cost: ~ 5000$ 

Plane resolution: 25 μm 

Layer resolution: 25 μm 

Printing volume: 145 mm × 145 mm × 

185 mm 

Wavelength: 405 nm 

Slicing software: Preform 3.19.0 

Industrial SL 3D printer, model 

specific for dentistry use. High 

theoretical resolution in a large build 

volume. Uses only proprietary resin. 

Easy workflow with low failure rate. 

Actual plane resolution was found to 

be ~ 200 μm and layer resolution was 

found to be ~ 50 μm. Printed objects 

had very poor surface finish. 

Clear Resin (Formlabs) gave the best 

results. 

LED-

based SL 

MiiCraft 100150 

(MiiCraft Co.) 

Cost: ~ 10,000$ 

Plane resolution: 50 μm 

Layer resolution: 5 μm 

Printing volume: 125 mm × 70 mm × 

120 mm 

Wavelength: 405 nm 

Slicing software: MiiUtility 6.2.0  

High-resolution SL 3D printer, 

particularly developed to be used in 

jewelry designing and microfluidic 

chip manufacturing. Very high 

theoretical resolution in a limited build 

space. Can be used with a variety of 

resins. 

Actual plane resolution was found to 

be ~ 100 μm and layer resolution was 

found to be ~ 25 μm. 

Monocure Rapid Model Resin Black 

(Monocure Pvt. Ltd.) gave the best 

results. 

Table 3.1: List of SL 3D printers tested in this work. 
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The manufacturing process using any of the above 3D printers was as follows:  

1. 3D computer-aided design (CAD) model of the mold with negative imprint of the 

microfluidic channels was designed in Autodesk Inventor Pro 2020.  

2. The 3D model was then exported to the slicing software of the 3D printer, and the 

processed file was sent to the printer.  

3. The mold was 3D printed and subsequently cleaned with isopropyl alcohol to remove 

leftover resin on the surface, followed by curing under UV light for 20-30 min, depending 

on resin type.  

4. The finished 3D print was left in an oven overnight at 60 °C. This step was crucial, or else 

remnants of uncured resin inhibited curing of the siloxane polymer used in the later steps 

described in section C.  

5. The finished mold was then used to produce microfluidic devices using soft lithography 

replica molding process as described later in section C. 

Comparative results of molds from the various 3D printers are discussed in section D. Mold 

manufacturing with these 3D printers was economical with a fast turnaround time, although with 

a limited resolution and poor surface finish. The resolution was even lower when directly 3D 

printing the complete microfluidic device with hollow microchannels was attempted, mainly due 

to non-specific curing from the adjacent layers and viscosity of the resin preventing clearing of the 

smallest channels post print. 

II. Photolithography 

The photolithography process involves chemical deposition and selective etching. It is extensively 

utilized to manufacture microfluidic devices or molds151,152. A silicon or glass wafer is typically 



43 

 

used as a substrate, on which a layer of oxide, metal, or polymer photoresist is uniformly deposited. 

Photoresists undergo a change in chemical structure when exposed to UV light of a specific 

wavelength. A positive photoresist degrades and gets removed in the exposed areas, while a 

negative photoresist gets crosslinked and stays in the exposed areas. Selective exposure of the 

additive layer combined with chemical washes result in a selectively etched substrate. This process 

is carried out in an engineered cleanroom facility which provides an excellent control over quality, 

reliability and reproducibility. Figure 3.2 explains the principle of the photolithography process 

used in this thesis. 

Fabrication of complex microstructures involving features as small as 0.5 μm has been reported 

through these selective etching techniques153,154. However, the operation and maintenance costs 

associated with the equipment involved in the processes are high. A trial-and-error approach is 

usually needed to optimize the parameters involved in the fabrication recipe (coating thickness, 

exposure dosage, etching and development time, etc.) specific to the required resolution and design 

layout. 

The microfabrication of silicon wafer molds used for the work presented in this thesis was carried 

out at the McGill Nanotools Facility, as follows: 

1. Photomask was designed in Autodesk AutoCAD 2021, and printed on mylar sheet to get a 

soft mask (FineLine Imaging).  

2. Undoped mechanical grade single side polished 6-inch silicon wafers (University Wafer, 

Inc.) were used as substrate in the photolithography process. The silicon wafer was first 

cleaned with Buffered Oxide Etchant (BOE 6:1 blend of 49% hydrofluoric acid and 40% 



44 

 

ammonium fluoride) and dehydrated in an oven (Yield Engineering Systems) at 150 °C for 

20 min. 

 

Figure 3.2: Principle of cleanroom photolithography for fabricating Silicon-SU8 microfluidic 

mold. 

3. The cleaned wafer was then allowed to cool and spin coated (Laurell Technologies 

Corporation) with negative photoresist SU8-2050155 (Kayaku Advanced Materials) at 2000 

rpm for 30 s to get a coating of 60 µm thickness, followed by baking at 90 °C on a hot plate 
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(Electronic Micro Systems) for 5 min. The viscosity of photoresist and the speed of spin 

coating determined the depth of features on the mold156. 

4. The prepared wafer was then exposed through the photomask using EVG620 (EV Group) 

with an exposure dose of 250 mJ/cm2, followed by a soft bake at 90 °C for 5 min. 

5. The exposed wafer was developed using SU8 developer (Kayaku Advanced Materials) for 

2-3 min, followed by washing with isopropyl alcohol for 2 min and blow drying with 

nitrogen. The developed wafer was then hard baked at 150 °C for 20 min. 

6. The development and pattern transfer was verified with an Olympus MX40 microscope 

(Olympus Co.) and the depth was checked with an Ambios XP200 profilometer (Ambios 

Technologies). 

7. The processed wafer was then cleaned again with solvents, blow dried with nitrogen gas, 

and dehydrated at 110 °C. The Si wafer was cooled and silanized by placing it with 50 μl 

of trichloro(1H,1H,2H,2H-perfluorooctyl)silane (Sigma) in a vacuum chamber for 30 min, 

followed by baking at 150 °C for 30 min. This yields the master Silicon-SU8 (Si-SU8) 

mold that can be reused multiple times to produce microfluidic devices with polymer 

replica molding. 

Result of using the Si-SU8 mold is discussed in section D. 

C. Soft lithography replica molding 

Soft lithography involves a replication process wherein a liquid polymer is cast onto a master mold 

fabricated through different methods such as those described above. As the polymer cures, the 

shaped pattern on the mold gets transferred to the solidified polymer block, which can then be 
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peeled-off and retrieved. This process is widely utilized for making stamps for microcontact 

printing157,158, forming biomimetic surfaces159,160 and fabricating microchannels161,162. 

Polydimethylsiloxane (PDMS) elastomer is widely used for soft-lithography owing to its cheap, 

versatile and undemanding nature163. It is particularly suited for prototyping, as it presents optical 

transparency, gas permeability, biocompatibility, low autofluorescence, natural hydrophobicity, 

and high elasticity. These properties make PDMS ideal for use in bio-related research, such as in 

long-term cell-culture, cell screening, biochemical assays, etc. These features have also been found 

particularly useful for microfluidic devices161,162.  PDMS can be easily cast against a suitable mold 

with down to sub-0.1 µm fidelity162, and provides a low-expertise and economic route towards 

fabrication and development of microfluidic systems164-166.  

Commercial PDMS Sylgard 184 (Dow Corning Co.) is prepared by mixing the base polymer with 

crosslinker in a prespecified ratio and then curing at an elevated temperature. The crosslinker 

concentration directly impacts the physicomechanical properties such as surface energy and bulk 

stiffness166. The surface properties of PDMS can be modified through various treatment 

methods167-171. This makes it suitable to integrate PDMS microchannels with glass, producing 

optically transparent devices that allow real-time monitoring of the microfluidic flows. Recently a 

PDMS based 3D printer resin has also been reported172. A drawback of PDMS is its incompatibility 

with organic solvents166.  Figure 3.3 illustrates the principle of PDMS polymer based soft 

lithography process for producing microfluidic devices. 

The general workflow of soft lithography to produce PDMS microfluidic devices of this thesis was 

as follows:  
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Figure 3.3: Principle of PDMS soft lithography for producing microfluidic devices. Channel molded 

in PDMS block is bonded to glass surface. 

 

1. PDMS mixed in 10:1 ratio was cast onto microfluidic molds manufactured through the 3D 

printing and photolithography processes.  

2. It was then placed in a vacuum desiccator for 1 h for degassing in order to remove the 

entrapped air bubbles, which otherwise produced defects later on.  

3. This was cured on a hot plate (Fisher Scientific) at 60 °C for 4 h for the 3D printed molds 

or at 80 °C for 1 h for the Si-SU8 molds.  

4. The cured PDMS devices were carefully peeled off the molds and scotch tape was put 

temporarily over the channel imprinted surface to avoid any dust contamination.  
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5. Individual devices were cut-off using a scalpel and a 0.75 mm biopsy-punch was used to 

punch holes through the inlets and outlets, which later enabled attachment of ports and 

tubing to the finished device.  

6. These PDMS devices were then plasma-treated with a handheld corona-discharge 

generator (Electro-Technic Products) for 1 min with the channel imprint surface facing up; 

along with glass slides that were dabbed and cleaned with isopropyl alcohol and blow dried 

with nitrogen gas.  

7. The plasma-activated PDMS and glass surfaces were brought together and joined, while 

ensuring that there was no entrapped air which may disrupt the bonding. These bonded 

devices were placed on a hot plate (Fisher Scientific) at 80 °C for 30 min to get a permanent 

leak-proof bond between glass and PDMS. PDMS can similarly be bonded to another piece 

of PDMS using this process. Any surface modification involving the microfluidic channels 

was carried out after this stage. 

Figure 3.4 shows the quality of microfluidic channels in the finished PDMS devices made with 

molds produced by the 3D printing and photolithography processes. Images were captured using 

an inverted microscope (Olympus IX71) at 4× and 20× magnification. 

D. Results and discussion 

3D printed molds were produced quickly, but their resolution was limited and they exhibited poor 

surface quality (Figure 3.4[A-C]). Artefacts of light projection could be observed in the channels 

of the PDMS microfluidic devices obtained from LCD-based and LED-based 3D printed molds 

(Figure 3.4[E] and Figure 3.4[G] respectively). Laser-based 3D printed mold produced the worst 

results, with extremely rough surfaces throughout and irregular channels (Figure 3.4[F]). 
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Figure 3.4: Channels in PDMS devices as obtained from 3D printed molds [A-C and E-G] and Si-SU8 mold [D 

and H]. Arrows [E-G] indicate various kinds of defects that appear throughout the channels in the devices 

produced from 3D printed molds. Right column (20×) images are magnified versions of left column (4×) images. 
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This created bonding issues and impaired the optical transparency of PDMS. The irregularities and 

defects in the channels also acted as nucleating sites for the dissolved gases in the flowed buffer 

solutions, which caused spontaneous production of bubbles136 during the experiments described in 

chapter 4. Treatment with trichloro(1H,1H,2H,2H-perfluorooctyl)silane (Sigma) or commercial 

mold-release spray (Ease Release 200, Mann Tech. Inc.) did not have any effect on the results for 

any of these 3D printed molds. 

On the other hand, Si-SU8 mold fabricated using photolithography produced PDMS devices with 

high optical transparency (Figure 3.4[D]) and smooth channels (Figure 3.4[H]). Molds with 

intricate channel shapes of very high resolution with precise dimensions and excellent surface 

finish were manufactured using this process. Whereas this process was more expensive and labor 

intensive than 3D printing, once produced the Si-SU8 molds were convenient and easy to work 

with as they offered no friction during demolding. 

E. Conclusion 

The issue of surface roughness in 3D printed molds for microfluidic applications has been reported 

and extensively investigated in various works involving several other SL 3D printers173-178. PDMS 

inherently manifests an excellent degree of pattern transfer when used in soft lithography. Thus, it 

is imperative that the molds possess a high-quality surface finish. It has also been noted that 3D 

printed mold material leaches into PDMS microfluidic devices179, which can have adverse effects 

in organ-on-chip and tissue-engineering applications. 

Despite the surface finish being suboptimal for 3D printed molds and the PDMS devices it 

produced, the rapid turnaround time and lower cost compared to photolithography process did 

allow for quick testing of a variety of concepts. These were then implemented in the final device 
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iterations, and reproduced using the more accurate but labor-intensive photolithography based Si-

SU8 molds to get higher quality PDMS microfluidic devices. The experiments described in 

chapters 4 and 5 are conducted using PDMS microfluidic device prototypes produced by soft 

lithography on Si-SU8 molds. 

3D printing could become a common method for microfabrication in the future with the ongoing 

improvement in the resolution of commercial 3D printers. Nanoscale 3D printing, in extremely 

limited footprint, has recently been reported180. However, conventional cleanroom 

photolithography methods are still the most reliable for the production of PDMS microfluidic 

devices. 
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4 

Reversible Immobilization of Airway Smooth Muscle Cells 

 

A. Rationale 

Since the currently available methods used for assessing the shortening velocity of airway smooth 

muscle cells (ASMCs) are labor intensive64,87-89 or lack precision84-86, the development of a high-

throughput method that accurately measures the maximum unloaded shortening velocity (Vmax) is 

attempted in this work. The challenging aspect of this measurement is producing isometric 

contractions from which an unloaded shortening maneuver can be performed. This requires a 

technique that can reversibly immobilize the ASMCs. Contraction is induced in the ASMC when 

its length is constrained to ensure complete activation, followed by a sudden release to obtain 

unloaded shortening. A method using hydrodynamic forces is explored here to execute this 

reversible immobilization. 

Hydrodynamic forces are passively generated and easily controlled by tuning intrinsic flow rates 

and using inventive geometries181-185. Other micromanipulation forces involve an active energy 

source that invokes external forces such as electrophoretic186-188, magnetophoretic189, 

acoustophoretic190, etc. However, these active forces are usually limited to pN, which is much 

lower than the μN force levels produced during isometric contraction of ASMCs64,88. Chemical 

immobilization techniques also exist involving hydrogels, peptides, or cell adhesives, but these are 

usually either weak191-195 and/or not reversible196-199. Since reversibility is an important 
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requirement of this work, these chemical immobilization techniques are not suitable. On the other 

hand, scaling the hydrodynamic forces up to the order of μN with rapid reversibility is theoretically 

possible. 

Many systems have been developed that make use of hydrodynamic immobilization, mostly as 

traps for single cell manipulation200-204, cell separation205-207, or for investigating bulk properties 

of cells208-210. These systems operate in the pN range. Stronger hydrodynamic stretching methods 

have been reported that exert forces in the order of μN to study deformability in various kinds of 

cells185,211,212. However, a loss of cell viability is observed towards the higher regime of forces in 

these studies due to cell injury caused by the shear stress involved213-215. Extreme hydrodynamic 

forces as high as 5 mN can be seen in systems developed for immobilizing and probing the 

multicellular round worm Caenorhabditis elegans216-220, which exhibit rugged bulk properties221, 

though excess force beyond a threshold still results in the creature’s death222. 

A potential approach for implementing a high-throughput hydrodynamic cell immobilization could 

be to flow ASMCs over a membrane with micropores, while a fluid flow is set up through the 

membrane. The pressure differential across the membrane generated by the flow would then 

produce a high-pressure zone above the membrane and a low-pressure zone below the membrane. 

Upon landing on the membrane, the ASMC would be held against the pores by the pressure 

differential across the membrane, with a net force proportional to the pressure difference and the 

total pore area under the cell. Given sufficient pressure difference, the cell would bleb into the 

micropores. The adhesive interaction of the ASMC with the membrane surface should resist 

shortening of the cell when exposed to an agonist. Thus, an isometric contraction should be 

obtained. The ASMC could then be dislodged by pressure reversal, to get an unloaded shortening 

in response to agonist and Vmax could be measured. 
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A simple model can be formulated for this system. A 2D scenario is considered as shown in Figure 

4.1, wherein an ASMC is stuck onto the micropores of a membrane. A flow is setup through the 

membrane, which results in a pressure differential 𝛥𝑃. This gives rise to a pressure-driven force 

𝐹𝛥𝑃 over the pores, and an equivalent normal force 𝐹𝑁 is generated. The adhesive or friction force 

during this interaction is 𝐹𝑓𝑟𝑖𝑐𝑡𝑖𝑜𝑛, and the contractile force generated by the ASMC in response to 

agonist is 𝐹𝑐𝑜𝑛𝑡𝑟𝑎𝑐𝑡𝑖𝑜𝑛. The drag force and shear force on the ASMC due to the flow are 𝐹𝑑𝑟𝑎𝑔 and 

𝐹𝑠ℎ𝑒𝑎𝑟 respectively. These are expected to be very low, as seen in section C. 

 

Figure 4.1: Model schematic for the hydrodynamic immobilization proposed in this work. 

For this given system, the force due to the pressure differential at a given pore is 𝛥𝑃𝜋𝐷𝑝𝑜𝑟𝑒
2 4⁄ , 

where 𝐷𝑝𝑜𝑟𝑒 is the pore diameter. The force due to pressure differential over the entire ASMC, and 

the equivalent normal force is: 
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𝐹𝛥𝑃 = 𝐹𝑁 = 𝛥𝑃𝜋𝑚𝑑𝑐𝑒𝑙𝑙𝑙𝑐𝑒𝑙𝑙𝐷𝑝𝑜𝑟𝑒
2 4⁄     [1] 

where 𝑚 is the pore density of the membrane, 𝑑𝑐𝑒𝑙𝑙 and 𝑙𝑐𝑒𝑙𝑙 are the cell diameter and cell length 

respectively for the ASMC, modeled here as a cuboid with sides 5 μm and length 100 μm. 

The frictional force that resists the shortening in the ASMC during contraction is: 

𝐹𝑓𝑟𝑖𝑐𝑡𝑖𝑜𝑛 = 𝛥𝑃𝜋𝜇𝑚𝑑𝑐𝑒𝑙𝑙𝑙𝑐𝑒𝑙𝑙𝐷𝑝𝑜𝑟𝑒
2 4⁄     [2] 

where 𝜇 is the coefficient of friction between the ASMC and the membrane, taken to be 

approximately 0.05223. However, it is important to note here that the 𝐹𝑓𝑟𝑖𝑐𝑡𝑖𝑜𝑛 calculated with this 

approximated 𝜇 will only be a lower bound. The actual adhesive interaction is expected to be 

considerably higher due to the membrane perforations and the blebbing of cell into the pores. The 

depth and the strength of blebbing will depend on internal pressure224-226 and viscoelastic 

properties227-229 of the ASMC. Since not enough information is available for these properties of 

freshly isolated ASMCs, they are not taken into consideration in this simplified modeling and 

assessment of forces. 

𝐹𝑑𝑟𝑎𝑔 is defined as185: 

𝐹𝑑𝑟𝑎𝑔 = 𝜌𝐶𝐷𝑑𝑐𝑒𝑙𝑙𝑙𝑐𝑒𝑙𝑙𝑉
2 2⁄      [3] 

where 𝐶𝐷 is the drag coefficient taken as 1.5 for a cuboid of appropriate aspect ratio230, 𝑉 is the 

flow velocity, and 𝜌 is the density of the fluid taken to be 1000 kg/m3. 

𝐹𝑠ℎ𝑒𝑎𝑟 is defined as185: 

𝐹𝑠ℎ𝑒𝑎𝑟 = �̇�𝜂𝑑𝑐𝑒𝑙𝑙𝑙𝑐𝑒𝑙𝑙      [4] 

where �̇� is the shear rate, which is estimated as the difference between the fluid velocity 𝑉 and the 

velocity of the stationary cell divided by 𝑑𝑐𝑒𝑙𝑙, and 𝜂 is the viscosity of fluid taken to be 0.001 Pa.s. 
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Thus, a setup is developed based on the above description of system, and experiments are 

performed to verify its capability to produce isometric contractions. 

B. Methods 

I. Solution preparation 

The following solutions were used: 

ASMC suspension: Fluorescently labelled ASMC suspension was prepared using the method 

described in Chapter 2. 

Buffer solution: 118 mM NaCl, 2 mM CaCl2, 1 mM MgSO4, 1.2 mM KH2PO4, 4.51 mM KCl, 12 

mM HEPES, 10 mM glucose, pH adjusted to 7.4 with NaOH, aerated with 100% O2. 

Agonist solution: 10 μM methacholine in buffer solution. 

II. Hydrodynamic immobilization device 

A double layered microfluidic chamber was devised comprising of two fluidic layers that envelop 

a microporous membrane, as shown in Figure 4.2[A-B]. Each fluidic layer has a set of channels 

P-Q-R-S and T-U, respectively, having a height of 100 μm and width of 50-300 μm (by varying 

widths and lengths of channels, the desired fluidic resistance was produced201,231). These channels 

connect to 100 μm × 1 mm × 1 mm central compartments V and V’ respectively. Thus, the chamber 

has inlets for flowing the buffer solution, agonist solution and cell suspension, and outlets for 

outflow (through the membrane) and overflow (over the membrane) (Figure 4.2[C]). 
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Figure 4.2: [A] The different layers of the device. [B] The assembled device. [C] Device chamber 

where ASMCs would be immobilized atop the membrane, and flow directions. Imaged at 10× 

magnification. [D] Pores in the PCTE membrane, imaged at 100× magnification.  

A polycarbonate track etch (PCTE) microporous membrane (Sterlitech Co.) was chosen. Such a 

membrane has straight through cylindrical pores (Figure 4.2[D]) and particles are captured only 

on the surface. In contrast, particles are caught throughout the depth of the fibrous matrix in 

cellulose filters. PCTE membranes are also cheap and commercially available, as opposed to the 

laborious process involved in fabricating similar membranes using microfabrication methods232-

234. A limitation of PCTE membranes is their partial transparency, which leads to difficulties 

during imaging. However, this was overcome by using the calcein AM stained cells in 

epifluorescence microscopy. A PCTE membrane with a 𝐷𝑝𝑜𝑟𝑒 of 3 μm was chosen, as the freshly 
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isolated ASMCs were seen to have a 𝑑𝑐𝑒𝑙𝑙 of 5-7 μm. The membrane had a porosity of 15% and a 

𝑚 of 2×104 pores/mm2. 

The two fluidic layers were made using PDMS molding process described in Chapter 3, with the 

following two modifications: (i) PDMS was prepared in a ratio of 11:1 with the curing agent (as 

opposed to the standard ratio of 10:1) to produce compliant polymeric blocks when demolded. (ii) 

A 3 μm pore PCTE membrane (Sterlitech Co.) piece of ~ 2 mm × 2 mm size was prepared for 

bonding by treating it in 5% (3-Aminopropyl)triethoxysilane (APTES, Sigma) at 80 °C for 20 

min235. The two PDMS layers and the PCTE membrane were then plasma treated and bonded as 

described in Chapter 3, using an alignment microscope, such that the PCTE membrane was 

enclosed within the two PDMS layers in the chamber compartment section. 

III. Experimental setup 

The complete experimental setup is illustrated in Figure 4.3. The buffer and agonist solutions were 

flown into the device using an AF1 Pressure Pump (Elveflow Systems). While the AF1 pump 

controls pressure rather than flow, resulting flow rates (as measured) are reported here. The ASMC 

suspension was injected using an NE-4000 syringe pump (New Era Pump Systems Inc.). All 

inflows and outflows were controlled using custom made on/off pinch valves.  

ASMC shortening was recorded using an inverted epifluorescence microscope (Olympus IX71) 

equipped with a CCD camera (CoolSNAP HQ2) at 10× magnification. Change in ASMC length 

was analyzed using ImageJ. A reduction in ASMC fluorescence was also observable, which was 

analyzed using ImageJ. 
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Figure 4.3: [A] Experimental setup for the developed device. [B] ASMCs injected in the chamber 

as seen on the membrane. [C] Schematic representation of the device illustrating immobilization 

of the ASMCs over the membrane pores. 

Buffer and agonist solutions were flown in the device at different flow rates �̇�, to test and find the 

optimal hydrodynamic forces required for isometric contraction. High �̇� were used, since the 

objective was to produce hydrodynamic forces of the order of μN.  A protocol for operating the 

system was defined as follows: 

1. With both the outflow and overflow outlets initially open, buffer solution was flown into 

the device at a �̇� of 0.5 ml/min to prime the tubing and wet the device, while gradually 

increasing the �̇� to 1 ml/min. 
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2. The overflow port was then closed, while buffer solution was maintained at a �̇� of 1 

ml/min. ASMC suspension was injected into the chamber at a �̇� of 0.1 ml/min until the 

desired number of cells reached the chamber and got deposited on the membrane. 

3. The ASMC suspension flow was turned off, and the buffer solution flow rate was gradually 

increased to �̇�𝑡𝑒𝑠𝑡, where �̇�𝑡𝑒𝑠𝑡 ≥ 1 ml/min. The optimal �̇�𝑡𝑒𝑠𝑡  would result in 

immobilization of ASMCs and prevent shortening to produce isometric contraction. 

4. The immobilization was verified by temporarily opening the overflow outlet to produce an 

overflow of ~ �̇�𝑡𝑒𝑠𝑡 4⁄ , and any movement was noted for the deposited ASMCs. This 

overflow was governed by the relative fluidic resistance of the paths, and was chosen such 

that �̇�𝑜𝑢𝑡𝑓𝑙𝑜𝑤 > �̇�𝑜𝑣𝑒𝑟𝑓𝑙𝑜𝑤 when both the paths were simultaneously open. No movement 

in the cells in the presence of overflow confirmed that the ASMCs were immobilized 

against the membrane pores. Any non-immobilized ASMC were flown away with the 

overflow. 

5. The flowing solution was gradually switched to agonist solution while maintaining the flow 

�̇�𝑡𝑒𝑠𝑡, and any shortening activity was noted for the deposited ASMCs. 

6. If immobilization is confirmed in step 4, and no shortening is observed in step 5, the 

immobilized ASMCs can be released by temporarily reversing the flow direction of the 

flowing agonist solution, at a �̇� of 0.5 ml/min from the outflow end. This will dislodge the 

cells from the membrane pores and shortening will be recorded to provide a measurement 

for Vmax.  

7. The outflow port will be closed, and the overflow port will be opened. The ASMCs in the 

chamber will be flushed out by flowing buffer, and steps 2-6 will be repeated with the next 
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batch of cells. Measurements can be repeated for many cells this way for the entire ASMC 

suspension obtained from the digestion procedure. 

 

C. Results and discussion 

Solutions were flown in the fabricated device to test and calibrate the flow rates. However, it was 

noted that a gap was produced around the membrane and the enveloping PDMS layers, which 

formed undesired fluidic pathways (Figure 4.4[A]). The modifications introduced during device 

fabrication (using compliant PDMS, and APTES treatment of the PCTE membrane so that it 

formed crosslinked bonds with PDMS) improved bonding and resolved the gap (Figure 4.4[B]). 

This prevented leakage between the PCTE and PDMS layers. 

 

Figure 4.4: [A] Regular PDMS (10:1) with untreated PCTE membrane. [B] Compliant PDMS (11:1) 

with APTES treated PCTE membrane. 

ASMC immobilization experiments were then carried out with described procedures. Both long 

and short ASMCs distributed uniformly in the chamber when the cell suspension was injected in 

the device during experiments. Based on information provided by the manufacturer236, the 3 μm 
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PCTE membrane has a fluidic resistance of 15.667 kPa/(ml/min/mm2). This was used to determine 

the 𝛥𝑃 across the membrane for a measured �̇� (𝛥𝑃 = 15.667�̇� kPa). 

i. For �̇�𝑡𝑒𝑠𝑡 ≈ 1 ml/min: 

 

Figure 4.5: Changes in fractional cell length and fluorescence for �̇�𝑡𝑒𝑠𝑡  = 1 ml/min. ASMC: 

individual airway smooth muscle cell measurements. 

Immobilization was confirmed, as no movement of the ASMCs was noted in step 4 for an overflow 

of 0.25 ml/min. The deposited ASMCs contracted and shortened in response to the agonist in step 

5 (Figure 4.5[A]), indicating that the immobilization forces were not strong enough for an 

isometric contraction. A reduction in fluorescent intensity was noted for the ASMCs (Figure 

4.5[B]).  
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𝛥𝑃 was calculated to be ~ 15 kPa, and 𝐹𝛥𝑃 and 𝐹𝑓𝑟𝑖𝑐𝑡𝑖𝑜𝑛 on the ASMC were ~ 1 μN and ~ 55 nN 

respectively (using eq. [1] and eq. [2]).  𝐹𝑑𝑟𝑎𝑔 and 𝐹𝑠ℎ𝑒𝑎𝑟 on the ASMC due to the flow were 

calculated to be ~ 6 pN and ~ 1.5 nN respectively, (from eq. [3] and [4]). The hydrodynamic forces 

were not enough to prevent the shortening at this �̇�𝑡𝑒𝑠𝑡.  

ii. For �̇�𝑡𝑒𝑠𝑡  ≈ 2 ml/min: 

Immobilization was confirmed, as no movement was noted in the ASMCs in step 4 for an overflow 

of 0.5 ml/min. The deposited ASMCs contracted and shortened in response to the agonist in step 

5, indicating that the immobilization forces were not strong enough for an isometric contraction. 

The observed shortening was lesser than that of �̇�𝑡𝑒𝑠𝑡 ≈ 1 ml/min, suggesting that a substantial 

holding force was achieved. Multiple contraction-relaxation cycles were tested (Figure 4.6[A]) by 

switching between agonist and buffer solutions. A continuous reduction in fluorescent intensity 

was also noted for the ASMCs (Figure 4.6[B]).  

𝛥𝑃 was calculated to be ~ 31 kPa, and 𝐹𝛥𝑃 and 𝐹𝑓𝑟𝑖𝑐𝑡𝑖𝑜𝑛 on the ASMC were ~ 2 μN and ~ 110 nN 

respectively (using eq. [1] and eq. [2]).  𝐹𝑑𝑟𝑎𝑔 and 𝐹𝑠ℎ𝑒𝑎𝑟 on the ASMC due to the flow were ~ 24 

pN and ~ 3 nN respectively (from eq. [3] and [4]). The hydrodynamic forces were still not enough 

to fully prevent the shortening at the given �̇�𝑡𝑒𝑠𝑡. The increased load did seem to reduce the rate 

of shortening, as is typically seen in force-velocity curve for smooth muscle tissue39. An increase 

in contractile potential was also noted in the repeated contractions, as is also observed at the whole 

muscle level237,238. 
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Figure 4.6: Changes in fractional cell length and fluorescence when �̇�𝑡𝑒𝑠𝑡  = 2 ml/min. ASMC: 

individual airway smooth muscle cell measurements. 

iii. For �̇�𝑡𝑒𝑠𝑡  ≈ 3 ml/min: 

Immobilization was confirmed, as no movement was noted in the ASMCs in step 4 for an overflow 

of 0.75 ml/min. A sharp reduction in fluorescent intensity was noted for the ASMCs, and the 

fluorescence signal almost disappeared before the response to the agonist could be checked in step 

5 (Figure 4.7).  

𝛥𝑃 was calculated to be ~ 47 kPa, and 𝐹𝛥𝑃 and 𝐹𝑓𝑟𝑖𝑐𝑡𝑖𝑜𝑛 on the ASMC were ~ 3.3 μN and ~ 166 

nN respectively (using eq. [1] and eq. [2]).  𝐹𝑑𝑟𝑎𝑔 and 𝐹𝑠ℎ𝑒𝑎𝑟 on the ASMC due to the flow were 
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~ 24 pN and ~ 3 nN respectively (from eq. [3] and eq. [4]). The sharp decrease in fluorescence 

indicated cell death.  

 

Figure 4.7: Changes in fractional cell length and fluorescence when �̇�𝑡𝑒𝑠𝑡 is 3 ml/min. ASMC: 

individual airway smooth muscle cell measurements. 

The ASMCs fluoresce due to the presence of the calcein AM dye that binds to the cytosol of the 

cell. Therefore, the decreasing fluorescence intensity suggests that the ASMCs were deteriorating 

in the given flow conditions, and the sharp reduction indicates cell lysis239-242. In comparison, 

ASMC contractility when tested in a 96 well-plate as described in Chapter 2, showed no such 

decrement of fluorescence. In fact, the fluorescence signal increased (Figure 4.8) as the dye 

requires an incubation time of ~ 30 min to get peak values, and contractility was tested without 
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allowing for this timespan. Moreover, once contracted, the fluorescent signal sharply increased as 

the cytosolic content gets compressed inwards and makes the ASMC appear brighter. 

 

Figure 4.8: Change in fractional cell length and fluorescence during cell contraction assay carried 

out in a well plate. ASMC: individual airway smooth muscle cell measurements. 

Isometric contraction could not be obtained in the system as the ASMCs seemed to slip off the 

pores and shorten in response to the agonist. This indicates that even though the holding force 

trapped the ASMCs, it was not strong enough to prevent the ASMCs from shortening.  

Furthermore, the highest �̇�𝑡𝑒𝑠𝑡 of 3 ml/min led to the development of high pressure that ruptured 

the cell membrane of the ASMCs, causing them to lyse. 𝛥𝑃 of ~ 47 kPa is very close to the reported 
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rupture pressure for most cells239,243,244. Also, as these ASMCs were freshly isolated and treated 

with dissociative enzymes, it is possible that the digestion process damaged their cell membrane, 

thereby making them more fragile125,245 and prone to breakage. 

It is expected that the applied immobilization pressure differential causes the cell to bleb into the 

pores of the membrane. Though this blebbing was not visualized due to limitations of the setup, 

reports from micropipette aspiration studies on various kinds of cells indicate blebbing in 

microneedles with similar opening and operating at much lesser aspiration pressure224-226. The 

lower bound value of 𝐹𝑓𝑟𝑖𝑐𝑡𝑖𝑜𝑛 from eq. [2] suggests that only a fraction of 𝐹𝛥𝑃 is resisting 

shortening. However, a significant difference in both the amount and rate of shortening can be 

noted for when load is increased in the case of �̇�𝑡𝑒𝑠𝑡 ≈ 1 ml/min (Figure 4.5[A]) to that of �̇�𝑡𝑒𝑠𝑡 ≈ 

2 ml/min (Figure 4.6[A]). This indicates that a substantial holding force is being generated by the 

blebbing effect that is not taken into account. Based on the hyperbolic relationship of the force-

velocity curve in equine ASM tissues39, the ten-fold reduction in shortening velocity (~ 0.049 

Lfraction/s when �̇�𝑡𝑒𝑠𝑡 is 1 ml/min, versus ~ 0.005 Lfraction/s when �̇�𝑡𝑒𝑠𝑡 is 2 ml/min) suggests that 

load on the cell due to the adhesive interaction is close to the maximum 𝐹𝑐𝑜𝑛𝑡𝑟𝑎𝑐𝑡𝑖𝑜𝑛 generated 

during isometric contraction. Thus, even though the generated forces in the current configuration 

were insufficient to completely inhibit shortening without lysing the cells, using a membrane with 

different 𝐷𝑝𝑜𝑟𝑒 and 𝑚 might produce enough holding force to prevent shortening while 

maintaining the same 𝛥𝑃.  

D. Conclusion and future directions 

While this study did not yield the optimal reversible immobilization chamber for isometric 

contractions in ASMCs, a significant holding force seems to be produced. In a pressure-driven 
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system where excess 𝛥𝑃 results in cell lysis, using a membrane with a greater open area 

(𝑚𝜋𝐷𝑝𝑜𝑟𝑒
2 4⁄ ) will result in a higher 𝐹𝛥𝑃 for the same 𝛥𝑃 (𝐹𝛥𝑃 ∝  𝛥𝑃𝑚𝐷𝑝𝑜𝑟𝑒

2 , from eq. [1]). The 

amount of blebbing and the subsequent holding force from the adhesive interaction would also 

increase. With the reduction in fluidic resistance231 of the membrane, a higher �̇� will be needed to 

maintain the given 𝛥𝑃 (𝛥𝑃 ∝ �̇� 𝑚𝐷𝑝𝑜𝑟𝑒
4⁄ ). This might result in increased shear stress on the cells. 

Using a membrane with 𝐷𝑝𝑜𝑟𝑒 much larger than 𝑑𝑐𝑒𝑙𝑙 might cause the ASMCs to flow through the 

membrane, instead of getting trapped. Thus, a membrane with a greater open area with appropriate 

𝐷𝑝𝑜𝑟𝑒 and 𝑚 will need to be tested in the system for isometric contractions. 

A major advantage of this system is its capability of performing multiple contraction-relaxation 

cycles on freshly isolated ASMCs (Figure 4.6[A]). It allows equilibration of the ASMCs by 

repeated stimulations that reorganize and readapt the contractile machinery, resulting in an 

increased contractile force with each stimulation237,238. It also enables the testing of several 

agonists on the same cells. This was not possible with previous methods84-86 as they lacked the 

possibility of exchanging solutions.  

Withing certain limits, the degree of ASM shortening is representative of the contractile force 

generated39. Thus, this method may also be capable of providing an estimate of contractile force, 

though further investigation is needed. The system developed in this chapter is capable of high-

throughput assessment, but data from only a few cells is presented due to the limited number of 

contractile ASMCs obtained from the cell isolation procedure described in chapter 2. Overall, this 

technique exhibits potential for Vmax measurement but requires additional studies with modified 

membranes.  
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It must be noted here that unlike the adherence of ASMCs in culture, this reversible immobilization 

of the freshly isolated ASMCs is immediate and is not expected to involve any active binding to 

the membrane surface. While the cell environment is clearly different from the one in vivo, the 

contractile proteins and the cell contractility are likely much closer to the in vivo situation then in 

any cultured system, and will thus provide more insight into the in vivo tissue contractility. 
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5 

Microdroplet Encapsulation of Airway Smooth Muscle Cells 

 

A. Rationale 

The methods currently available for assessing the contractile force in freshly isolated airway 

smooth muscle cells (ASMCs) are laborious and with low throughput64,87-89. Various assays for 

analyzing the contractile stress of cultured ASMCs have also been developed, such as the gel 

contraction assay246-253, traction force microscopy254-258, the tissue pillar technique259-264, the 

micropillar technique265-270, the elastomeric contractility assay for single-cell contractility 

analysis271, etc. However, as explained in the previous chapters, cultured ASMCs are not 

representative of in-vivo contractility. Consequently, such assays are mostly limited to drug-

screening applications and pharmacological research but cannot be utilized for contractility-based 

phenotyping of asthma. Moreover, the shortening and the response time observed in these assays 

are non-physiological when compared to results from ex-vivo muscle tissue-strip studies. Effects 

from the remodeling of cytoskeleton and extracellular matrix272-274 combine to those of the cross-

bridge cycling and make the true contractile response difficult to distinguish.   

All these force assessment platforms are based on contracting the ASMCs against a given load, 

such as gel stiffness246-253,271 or pillar stiffness259-270. The gel contraction assay involves seeding 

millions of cultured cells in a collagen disc, and then observing the reduction in diameter of the 

disc as the ASMCs contract in response to an agonist over a period of 4-24 h246-253. The long 
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response time in this method is possibly due to the loss of contractility of the ASMCs when put in 

culture, further amplified by the time associated with diffusion across the millimeter length scales. 

Some quantitative models have been presented for calculating stress using this technique275,276. 

Yet, the method is mainly used to show a comparative reduction in the gel diameter for control 

and test cases. 

This gel contraction technique could be improved by reducing the size of the collagen gel disc to 

~ 100 μm. Contractility assessment could then be carried out with fewer cells, or even a single 

cell. A platform to rapidly generate micro-vehicles made of collagen gel would then serve as a 

high-throughput method to investigate contractile stress. Freshly isolated ASMCs put in these 

micro-vehicles would contract against the collagen matrix when exposed to agonists. Knowing the 

stiffness of the vehicle and observing the deformity produced in the vehicle due to ASMC 

contraction, the contractile stress could be estimated. In a stiff enough micro-vehicle, multiple 

repeated contraction and relaxation cycles could be carried out to investigate plasticity and load-

length adaptation in ASMCs. Cultured ASMCs may also be used in these micro-vehicles to obtain 

a micro gel contraction assay277,278, but the use of freshly isolated ASMCs is desired and has not 

yet been reported.  

In order to generate these collagen gel micro-vehicles, microfluidic droplet generation systems can 

be utilized. These methods usually involve a flow-focusing geometry279, a T-junction geometry280, 

or a co-flow geometry281. Two streams of immiscible fluids are flown in these setups – a carrier 

fluid as the continuous phase and a working fluid as the dispersed phase. The shear force produced 

by the carrier fluid pinches and breaks the working fluid into discrete droplets. This yields an 

emulsion of working fluid droplets in the immiscible carrier fluid. The droplet size and the 

formation rate are empirically determined by the flow rate ratio, the viscosity of the carrier fluid, 
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and the interfacial surface tension. The mechanisms of droplet formation in such systems have 

been extensively investigated282-284. The major advantage of this method is the high level of 

monodispersity, as consistent sized droplets can be obtained contrary to the conventional batch 

methods for emulsion production285. These droplet generator systems have found applications in 

particle synthesis286, biochemical assays287, single-cell analysis288, immunoassays289, digital 

PCR290, etc. Collagen droplets have been reported for studying microtumour291,292, microtissue279, 

and 3D cell culture293. The encapsulation of ASMCs in collagen gel microdroplets can be used to 

develop an assay to estimate contractile stress. The goal of this work is to produce such ASMC 

carrying collagen micro-vehicles, and note contractions in the ASMCs in response to agonist. 

B. Methods 

I. Solution preparation 

Fluorescently labelled ASMC suspension was obtained using the method described in Chapter 2, 

with 10 mM dithiothreitol (DTT) added to the solution in order to deactivate any remnants of 

collagenase II enzyme from the digestion step. 1% fetal bovine serum (FBS) was also added. This 

suspension was centrifuged at ~ 80 g-force (300 rpm) for 2 mins at 4 °C, and the supernatant was 

discarded leaving behind ~ 100 μl of concentrated ASMC suspension.  

Collagen gel was prepared on ice with 4 mg/mL collagen (9 parts collagen mixed with 1 part 

neutralizing solution, Rat Tail Collagen for 3D Hydrogels, Advanced Biomatrix), 118 mM NaCl, 

1 mM MgSO4, 1.2 mM KH2PO4, 4.51 mM KCl, 12 mM HEPES, 10 mM glucose, 0.2 mM CaCl2.  

The following solutions were then used for experiments: 

Working fluid: Concentrated ASMC suspension, as obtained after centrifugation, mixed with the 

prepared collagen gel in a 1:1 ratio by pipetting action, prepared on ice and used immediately for 
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experiments, maintained at 4 °C and flown at a flow rate �̇�𝑊. 1 μl deep blue food color was added 

to improve visibility of the droplets during characterization studies. 

Carrier fluid: Light mineral oil (Sigma) supplemented with 0.1% Span 80 (Sigma), maintained at 

4 °C and flown at flow rate of �̇�𝐶. 

Spacer fluid: Light mineral oil (Sigma) supplemented with 0.1% Span 80 (Sigma), maintained at 

38 °C in a mini hot water bath and flown at flow rate of �̇�𝑆. 

Modified K-H buffer solution: 118 mM NaCl, 1 mM MgSO4, 1.2 mM KH2PO4, 4.51 mM KCl, 12 

mM HEPES, 10 mM glucose, 0.2 mM CaCl2, pH adjusted to 7.4 with NaOH, aerated with 100% 

O2. 

Agonist solution: 200 mM CaCl2, 1 mM methacholine, in modified K-H buffer solution. 

II. Droplet generator device 

A flow focusing geometry with a nozzle was chosen as it is widely used, easy to implement, and 

could be easily adapted to the requirements of this work. The droplet generator device consisted 

of channels for working fluid, carrier fluid, and spacer fluid, having a height of 100 μm and width 

of 40-200 μm (by varying widths and lengths of channels the desired fluidic resistances were 

produced231). The device was fabricated using the PDMS molding process and bonded to a glass 

slide, as described in Chapter 3. The PDMS-glass channels were then silanized by immediately 

injecting in 5% trichloro(1H,1H,2H,2H-perfluorooctyl)silane (Sigma) in methanol into the device 

and leaving it to evaporate overnight in a fume hood294.  

III. Experimental setup 

The droplet generation experiments were performed at 4 °C in a cold room. Figure 5.1 illustrates 

the experimental setup. The carrier fluid and the spacer fluid were flown into the microfluidic 
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device using AF1 Pressure Pump (Elveflow Systems) at flow rates of ~ 20-80 μl/min each. The 

pressure control was calibrated for the system to produce the required flow. The working fluid was 

injected using NE-4000 syringe pump (New Era Pump Systems Inc.), at flow rates of 2-5 μl/min. 

Droplet generation was monitored using a digital microscope. 

 

Figure 5.1: [A] Experimental setup. [B] Flow focusing geometry of the droplet generator device. 

[C] Microdroplet formation during experiments. 

The generated droplets were collected in a 96 well-plate pre-filled with 50 μl carrier fluid per well. 

The well plate was then placed in an incubator at 37 °C for 20 min, for the collagen in the droplets 

to gelate. Post-gelation, 100 μl of modified K-H buffer solution supplemented with 1% Pluronic 

F-127 (Sigma) was added to each well, and the well-plate was left on a rocking platform at low 
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rpm for 5 min so that the formed micro-vehicles transferred to the modified K-H buffer from the 

oil phase. Contraction was then tested for each droplet by the addition of 1 μl of agonist solution 

to every well, to get a final dose of 10-5 M methacholine with 2 mM [Ca2+]. Cell contractions in 

the micro-vehicles were recorded with an inverted epifluorescence microscope (Olympus IX71) 

equipped with a CCD camera (CoolSNAP HQ2) at 10× magnification by imaging at various time 

points. 

C. Results and discussion 

Initial testing with water as a working fluid and mineral oil as a carrier fluid showed the expected 

droplet formation. However, several adjustments were required when collagen and cells were 

introduced in the working fluid for successful droplet formation. 

i. Gelation of collagen 

Collagen is a hydrogel that gelates at 37 °C in 20-30 mins, as the molecular collagen transforms 

into fibrillar form at a pH of 6.5-7.5295. The collagen gel when mixed with the ASMC suspension, 

as obtained using the method described in Chapter 2, did not gelate. This was attributed to the 

presence of collagenase II remnants in the ASMC cell suspension, which was denaturing the 

collagen and preventing gelation. The addition of  DTT, a collagenase inhibitor296, to the working 

fluid inactivated the remaining traces of collagenase II enzyme, thereby allowing the mixture to 

gelate successfully. Controlling the gelation time was also crucial for forming the collagen 

droplets. As the gelation rates of collagen are strongly temperature dependent, room temperature 

experiments led to early gelation of collagen in the working fluid causing the syringe and tubing 

to clog. This was prevented by carrying out the droplet-generation step in a cold room at 4 °C.  
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Figure 5.2: Operation in untreated droplet-generator device. [A] Working fluid flows as continuous 

jet. [B] Traces of working fluid can be seen adhered to the channel walls when flow is turned off. 

ii. Collagen microdroplet generation 

Initial experiments showed droplet formation to be unstable and inconsistent. The working fluid 

adhered to the channel walls and formed a continuous jet instead of discrete droplets (Figure 5.2). 

Silanizing the channels during device fabrication increased the hydrophobicity of the channel 

walls, which was crucial for reducing adhesion. Different geometries (nozzle size) and flow rates 

were then tested to see their effects on the rate of droplet formation and the size of droplets in the 

droplet generator device (Figure 5.3). The droplet formation rate was controlled by the absolute 

flow rates of working fluid �̇�𝑊 and carrier fluid �̇�𝐶, while the nozzle geometry and relative flow 

rate of �̇�𝐶 �̇�𝑊⁄  controlled the size of the droplets produced. Droplet formation seems to be mainly 

governed by the fluid properties of solutions used, and geometry effects are limited to a certain 

threshold. The conditions tested showed that droplets of size ~ 60-270 μm could be formed. Given 
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the ASMC length of 90±31 μm, a target droplet size of ~ 170 μm diameter was chosen, and a 

device with 100 μm nozzle, and flow rates �̇�𝑊 of 2 μl/min and �̇�𝐶 of 80 μl/min were used. 

 

Figure 5.3: Droplet size as obtained for various �̇�𝐶 for the different geometries, with �̇�𝑊 fixed at 2 

μl/min. 

iii. Migration and collection of the formed collagen microdroplets  

The chosen flow rates ensured that the droplet formation rate was low, which was desirable 

because the droplets had a tendency to cluster together as they travelled downstream. This 

congregation was further aggravated as the droplets moved from the device channel into the outlet 

tubing leading to the collection vessel (Figure 5.4[A-B]). It was possibly due to the change in 

cross-sectional area and shape, from the rectangular channel to the circular tubing, resulting in a 
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change in flow profile231. Spacer fluid was then introduced in the system at a flow rate �̇�𝑆 of ~ 80 

μl/min to increase the separation between the formed droplets (Figure 5.4[C]). 

 

Figure 5.4: [A] Clustering droplets in the outlet tubing at high flow rates, without spacer fluid. [B] 

Clustering droplets in the outlet tubing at low flow rates, without spacer fluid. [C] Separated 

droplets in the outlet tubing at low flow rates, with the spacer fluid introduced. 

However, the separated droplets clustered again as they eluted out of the tubing into the collection 

vessel. The clustered droplets often subsequently merged into a single large droplet before the 

collagen fully gelated. Droplet merging could not be inhibited by increasing the amount of 

surfactant (up to 5%) in the carrier and spacer fluids. The spacer fluid was heated to 38 °C in an 

attempt to initiate gelation of the collagen droplets while on-chip. Higher temperatures (up to 60 

°C) for the spacer fluid to bring the overall fluid temperature to ~ 37 °C resulted in collagen to 

denature and the ASMCs to lyse in the droplets, probably caused by incomplete mixing and uneven 

heat distribution between the high (spacer fluid) and low (working fluid and carrier fluid) 

temperature zones in the laminar flow.  Subsequently, the length of the downstream channel and 

outlet tubing was increased to add to the time between droplet formation and collection. A 

travelling time of ~ 5 min was feasible, but it was insufficient. Even at 37 °C, collagen requires 
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20-30 min for complete gelation. Keeping the microdroplets separated and travelling for such a 

long period of time was not practical. Since the device is not maintained at 37 °C, this was 

unreasoned as well. Trapping the droplets against pores of different PCTE membranes (pore size 

3 and 20 μm) was also tried, to facilitate gelation while the droplets could be separated and 

stationary. However, the ungelated liquid droplets deformed and passed through the pores. Finally, 

a 96 well-plate was used as the collection vessel, and microdroplets were collected separately in 

each well by moving the outlet tubing across. 1-5 droplets were collected in each well. As droplets 

tended to converge to the sides of the wells, some of these droplets still coalesced and eventually 

merged. 

iv. Micro-vehicle formation and contraction of encapsulated ASMC 

The collected collagen droplets were placed in a cell-culture incubator at 37 °C for 20 min to 

complete the gelation process and micro-vehicles were formed. The transfer of the micro-vehicles 

from the carrier fluid into K-H buffer was carried out by exploiting the difference in specific 

gravities (SG). For these three components: SGmicro-vehicle > SGKH-buffer > SGcarrier-fluid. K-H buffer 

when injected into the wells settles to the bottom, and the formed micro-vehicles being denser than 

the oil-based carrier fluid sediment into the buffer (Figure 5.5). The added FBS, Pluronic F-127 

and Span 80 reduce the interfacial surface tension and facilitate phase transfer. In the absence of 

these surfactant additives, the micro-vehicles remained on the oil-buffer interface. This phase 

transfer of the micro-vehicles and complete removal of oil from their surface was confirmed by 

noting diffusion of food color and calcein AM dye: (i) Deep blue food color was confined to micro-

vehicles in the oil phase, but diffused into the modified K-H buffer after phase transfer. (ii) Calcein 

AM dye in the K-H buffer stained the unstained ASMCs in the micro-vehicles after phase transfer. 
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Premature phase transfer of the ungelated collagen microdroplets resulted in its dissolution in the 

saline buffer. 

 

Figure 5.5: [A] Collagen microdroplet collected in carrier fluid. [B] Micro-vehicle is formed after the 

collagen in the droplet gelates. [C] Modified K-H buffer is carefully added to the well, which is 

denser than oil and settles to the bottom. [D] The micro-vehicle eventually sediments into the 

modified K-H buffer due to density difference. 

Micro-vehicles of diameter ~ 200-500 μm were obtained (due to coalescence of multiple droplets), 

with 5-20 ASMCs per vehicle (Figure 5.6). Contraction was observed in the ASMC within the 

micro-vehicle, though no deformation was seen in the shape of the micro-vehicle. This could be 
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Figure 5.6: Micro-vehicle phase transfer and contraction of encapsulated ASMC. Green circle 

denotes the microdroplet/micro-vehicle. [A] Brightfield image of collagen microdroplet as collected 

in carrier fluid. [B] Brightfield image of the formed micro-vehicle when transferred to the K-H buffer. 

A difference in contrast can be seen, as the refractive index of collagen is similar to that of water. 

[C] Epifluorescence image of the micro-vehicle in K-H buffer. Blue arrow indicates an ASMC. [D] 

Epifluorescence image of the micro-vehicle after agonist solution is added. Blue arrow indicates 

the same ASMC after contraction.  
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because the contractile stress is localized in the vicinity of ASMC, and the deformation does not 

get transferred to the periphery of the relatively larger micro-vehicle. The binding of the freshly 

isolated ASMC to the collagen environment also needs to be assessed further297-299, so that the 

contraction of ASMCs in the micro-vehicles can be modeled to estimate the contractile stress. The 

limited number of contractile ASMCs obtained from the cell isolation procedure described in 

chapter 2 was still a barrier and constrained the number of data-points obtained in this system. 

D. Conclusion and future directions 

This work shows the potential of using micro-vehicles for contractility assessment of fresh 

ASMCs. Collagen was chosen to produce the micro-vehicles as it is a natural and biocompatible 

hydrogel, but its long gelation time is particularly challenging. Alternative hydrogels with fast 

curing time and appropriate stiffness can be explored to form these micro-vehicles. An external 

heat source that maintains the downstream temperature at 37 °C and aids in droplet gelation may 

also be implemented. The droplet generation device could then be improved further to incorporate 

droplet-traps, such that gelation of the droplets to form micro-vehicles, phase transfer from oil to 

saline buffer, and multiple contraction-relaxation cycles can be carried out on-chip.  

Smaller micro-vehicles with a higher ASMC density may be tested for quantifying the contractile 

stress based on shape deformation. Nanoparticle laden micro-vehicles could also be further 

developed to quantify the localized deformation and stress fields surrounding an ASMC. These 

vehicles could also be made to serve as an active microtissue, where the effects of inflammatory 

cells300,301 and mediators302,303 on ASMCs could be investigated at a single cell level resolution. 
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6 

Summary 

 

This thesis described the development and testing of methodologies for investigating shortening 

velocity and contractile stress in freshly isolated airway smooth muscle cells (ASMCs). The 

currently available techniques to study fresh cell contractility are labor-intensive, have extremely 

limited throughput, or are inaccurate. In this work, the first step was to develop a protocol to isolate 

contractile cells from cryopreserved equine airway smooth muscle (ASM) tissue using enzymatic 

digestion. Then two novel microfluidic approaches were explored to assess the contractility of 

these individual freshly isolated ASMCs. 

The cell isolation protocol developed was based on existing protocols for isolation of smooth 

muscle cells (SMCs) from fresh tissues, but was optimized for cryopreserved ASM tissue and was 

designed to consistently yield contractile cells using enzymatic digestion. Though the cell length 

and the number of contractile cells were not optimal, the results were similar to other published 

protocols that utilise fresh tissues. These contractile ASMCs from cryopreserved equine tissue 

served as a source of functional cells for the development of contractility assessment systems 

described in the second half of this thesis. While various protocol alterations and several 

biochemical and mechanical processes were tested, other methods may still be explored to further 

improve the quality of isolations. Having more functional cells to work with would provide more 

data points during the downstream contractility investigations. 
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Microfabrication techniques with 3D printing and photolithography were tested to produce 

polymeric device prototypes; cleanroom photolithography was found superior. A method for 

reversible hydrodynamic immobilization of ASMCs was explored, for carrying out isometric 

contractions followed by a zero-load release to measure the maximum unloaded shortening 

velocity. Cells were successfully immobilized against micropores of a membrane by an acting 

pressure differential. However, the forces generated were insufficient to completely inhibit 

shortening without lysing the cells. Nonetheless, the system was able to perform multiple 

contraction-relaxation cycles on the isolated ASMCs, and the expected increased contractile 

potential with repeated contraction was also observed. Reduced shortening was notable at higher 

load. A membrane with a larger open area should be able to provide the forces needed for isometric 

contractions, while reducing the risk of cell lysis. Such a system with a modified membrane could 

be investigated in the future. 

Another method was developed for the estimation of the contractile stress in ASMCs by 

encapsulating the cells in collagen microdroplets. Micro-vehicles with ASMCs were successfully 

produced, and cell contraction inside the vehicles were recorded. However, long gelation time of 

collagen resulted in coalescing of multiple droplets, which prevented proper assessment of droplet 

geometry distortion by cell contraction. Further efforts to reduce gelation time, improve separation 

of droplets until gelation is complete, or use of alternative hydrogels, should allow for a higher 

success rate of contraction measurements. Smaller or nanoparticle-laden micro-vehicles could 

potentially be used to further develop an assay for estimating the contractile stress. Appropriate 

modeling would be required to analyze the deformations and estimate the stress. These micro-

vehicles can be used to study repeated contractions in ASMCs, or be developed into active 
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microtissues for drug development studies and investigation of the effects of inflammation or 

microbes. 

Overall, this thesis improved on the existing protocols for cell isolation with cryo-preserved ASM 

tissue and demonstrated the feasibility of the reversible immobilization and hydrogel microdroplet 

encapsulation techniques for SMCs. While limitations were encountered, the suggested 

modifications should further improve these technologies so that they become viable alternatives 

to existing methods. These high-throughput single fresh cell contractility assessment systems 

should have highly valuable applications in asthma research, as well as for any other smooth 

muscle related disease such as hypertension, gastrointestinal dysmotility, urinary bladder 

dysfunction, etc. 
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