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ABSTRACT
Formiminotetrahydrofolate:glutamate formiminotransferase (EC  2.1.2.3) -
formiminotetrahydrofolate cyclodeaminase (EC 4.3.1.4)1s a bifunctional enzyme arranged
as a circular tetramer of dimers that exhibits the ability to efficiently channel
polyglutamylated folate between catalytic sites. A novel, full-length cDNA clone encoding
the porcine liver formiminotransferase-cyclodeaminase was isolated and mserted into a
prokaryotic expression vector. The recombinant enzyme is expressed as a soluble protein
in Escherichia coli and was purified to homogeneity using a multistep scheme. Deletion
analysis of the cDNA indicated that each subunit consists of an N-terminal transferase-
active domain and a C-terminal deaminase-active domain separated by a short linker
sequence. These domains were expressed in Escherichia coli and demonstrated to exist
as monofunctional dimers. This provides direct evidence for the existence of two types
of subunit mterfaces and suggests that both catalytic activities are dependent on the
formation of specific subunt interfaces. Because channelling is not observed between
isolated domains, only the octamer appears able to directly transfer pentaglutamylated
intermediate between active sites. Thus we have established direct support for Findlay and
MacKenzie's model (Findiay, W. A. & MacKenzie, R. E. (1987) Biochemistiy 26, 1948-
1954) that the octamer is the functional unit of the enzyme. The purified dimers show no
tendency to associate, suggesting that the linker mediates the only substantial domain-
domain interaction. The isolated domains and the full-length enzyme were subjected to
urea-induced denaturation in order to characterize the properties of both domams in and
outside of the octamer. At low concentrations of urea, both domains undergo a
cooperative loss of fluorescence and activity, while maintaining their secondary structure
and the majority of their quaternary structure. When the urea concentration is increased,
coincident unfolding and dissociation of the isolated domains to monomers is observed.
While one of the octameric subunit interfaces is disrupted under the same urea
cuncentrations as the domains, dissociation at the second interface occurs at significantly
higher concentrations of urea, indicating that one of the domains exhibits increased

stability when part of the full-length enzyme.
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RESUME
La  formimmotetrahvdrofolate glutamate  formmnmunotransferase  (FC 212 3y
formuminotetrahydrofolate cvelodesammase (EC 4 3.1 4) est une enzyvme bitonenonnelle
formant un tetrameére de dimeres circulaire qui peut etficacement ransferer le substra
polvglutamyle entre les sites caialvtiques. Un clone onginal d'ADNe de pleme longueur
codant l'enzvme d'origine porcine fut isole et msere dans un vecteur d'expression
procarvote. L'enzyme recombinante est exprimee sous forme de proteme soluble ches
Escherichia coli et fut punfiée jusqu'a homogeneéite, en plusieurs étapes La ereanon de
deletions dans I'ADNc a permi de déterminer que chaque unité de 'enzyme est composee
dun domaine transférase amino-terminal et d'un domame cvclodésanmunase carboxy -
terminal, séparés par un court "linker". Chaque domaine, exprimé chez E. coli, forme des
diméres monofonctionnels. Ceci démontre directement l'existence de deux genres
d'interfaces entre les unités chez l'enzyme d'ongine et suggére que les deux activites
dépendent de la formation d'interfaces spécifiques a chaque activité. On n'observe aucun
transfert d'intermédiaire de I'un a l'autre des domaines isolés et donc seul l'octamcre
semble pouvoir transférer l'intermédiaire pentaglutamylé entre les sites actifs. Ceer appuie
directement le modele de Findlay et MacKenzie (Findlay. W. A. & MacKenae, R I
(1987) Biochemistrv 26, 1948-1954), ou 'octamére serait 'unité fonctionnelle de l'enzyme.
Les dimeéres purifiés ne démontrent aucune tendance d'association, ce qui suggére que le
"linker" pourvoit a la seule interaction essentielle entre les deux domaines. L'enzyme
d'origine et les domaines isolés furent assujettis a la dénaturation par l'urée afin de
caractériser les propriétés des domaines lorsqu'ils sont isolés amsi que dans l'enzyme
d'origine. Des faibles concentrations d'urée entrainent une perte coopérative de
fluorescence et d'activité chez les deux domaines, en maintenant leur structure secondaire
et la majorité de la structure quatemaire. De plus fortes concentrations d'urée entrainent
le dépliement et la dissociation simultanés de chaque domaine en monoméres. Dans
l'enzyme d'origine, une des interfaces se dissocie dans les mémes conditions que le
domaine isolé alors que la deuxiéme interface de dissocie a des concentrations d'urée plus
élevées, ce qui indique que l'un des domaines exhibe une stabilité accrue dans l'enzyme

d'origine.



FOREWORD

Parts of this thesis include the text of ongimal papers published or submitied for
pubhicauon In compliance with the Faculty of Graduate Studies and Research regulations

the followmyg excerpt from the "Guidelines for thesis preparation” 1s provided:

*Candchdates have the option of including. as part of the thesis. the text of a paper(s)
submitted or to be submitted for publication. or the clearly-duplicated published text of

a published paper(s). These texts must be bound as an integral part of the thesis.

I this option 1s chosen, connecting texts that provide logical bridges between different
papers are mandatory. The thesis must be written in such a way that it is more than a
mere collection of manuscripts: in other words. results of a series of papers must be

integrated.

The thesis must still conform to all other requirements of the "Guidelines conceming
thesis preparation”. The thesis must include: A Table of Contents, an abstract in English
and French, an introduction which clearly states the rationale and objectives of the study.
a comprehensive review of the hiterature, a final conclusion and summary, and a thorough

bibliography or reference list.

Additional material must be provided where appropriate (e.g. in appendices) and in
sufficient detail to allow a clear and precise judgement to be made of the importance and

originality of the research reported in the thesis.

In the case of manuscripts co-authored by the candidate and others, the candidate is
required to make an explicit statement in the thesis as to who contributed to such work
and to what extent. Supervisors must attest to the accuracy of such statements at the

doctoral oral defense. Since the task of the examiners is made more difficuit in these



cases. 1015 the candidate’s interest 1o make pertecty clear the responsibihinies or all the
authors of the co-awhored papers. Under no circumstanees can a co-athot of

component of such a thesis serve as an examimer for that thesis
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PREFACE

The results presented in Chapters 2 and 3 of this thesis have been published in the

following journals:

The Nucleotide Sequence of Porcine Formiminotransferase-Cyclodeaminase: Expression
and Purification from Escherichia coli. L.1.. Murley, N.R. Megjia. and R.E. MacKenzie.

(1993) J. Biol. Chem. 268, 22820-22824,

The Two Monofunctional Domains of Octameric Formiminotransferase-Cyclodeaminase
Exist as Dimers. L.L. Murley and R.E. MacKenzie. (1995) Biochemistry 34, 10358-
10364.

The woark presented in Chapter 4 has been submitted to Prorein Science under the
title "Urea-induced denaturation of formiminotransferase-cyclodeaminase and iis

monofunctional domains", by L.L. Murley and R.E. MacKenzie.

All expenments described in this thesis were performed by myself, with the
following exceptions. N. Mejia prepared the polyclonal anti-FTCD antibody which was
used throughout these studies. He also prepared the cyanogen bromide cleavage fragments
of FTCD which provided confirmatory amino acid sequence, as described in Chapter 2.
Moreover, he and 1 worked together to design a scheme to punfy recombinant
frmiminotransferase-cyclodeaminase and he provided Figure 2.5. and Table 2.1 which
describe this purification. Further acknowledgements, specific to each chapter, are
included at the end of Chapters 2, 3 and 4 and Appendix A.

Dr. R. E. Mackenzie provided the normal advice and supervision appropriate to

his role as research director,
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CHAPTER 1

GENERAL INTRODUCTION



The mportance of hierarcihnal structure 1s evident i ahmost all aspeets of bolowcal
organization (as reviewed in Kurganov, 1993}, Every level ¢an be viewed as a system
containing a set of elements trom a lower tier. where the properties of the lugher level
are greater than the sum of the properttes of 1its components. The multifunctional enzyie
formiminotransferase-cyclodeammase provides an  excellent example of hierarchial
organization. The covalent association of two sequential enzyme activities results m
properties which are specific to the bifunctional enzyme and not observed wn the
component domains. In the following pages | will discuss the hierarchial structure of
proteins, stressing mn particular the domain and quatemary structure of’ enzymes. Examples
of enzyme organization and their consequences are considered. A brief review of protem
denaturation and folding, with a section concentrating on multidomain and/or oligomeric
proteins is offered. A short overview of mammalian folate metabolism is presented and
the previously established properties of the folate-dependent formiminotransferase-

cyclodeaminase are described.



1'1. PROTEIN STRUCTURE.

Most globular proteins adopt a specific. compact conformation under native
conditions. This structure results from the interaction of the amino acid sequence of the
protein with the solvent/environment in which it exists. Protein conformation is generally
described as a hierarchy of different structural elements, proceeding in order from the

primary to the quatemary level.

111 The primary structure of proteins

Primary structure involves the sequential order of the amino acids, as specified by
the mRNA transcript encoding the protein. The residues in amide linkage provide the
backbone of the protein (the structure of which 1s described in Creighton, 1993). As any
of 20 different natural anino acids can be specified at any position within the sequence,
the primary structure provides an initial level of protein diversity. The amino acid
sequence conveys all the information required to fold a protein into its specific 3-
dimensional conformation in a particular environment. The acquisition of 3-dimensional
structure provides an additional level of structural diversity. Additionally, many proteins
are multimeric and must associate with other identical or non identical protein chains

and/or prosthetic groups to achieve their native structure.

1.1.2  The secondary structure of proteins

Secondary structure refers to the local conformation of the polypeptide chain,
involving the peptide backbone atoms cnly. It includes structural elements such as a-
helices, B-sheets, reverse tums, loops and discrdered regions, as well as others. These
structures are formed in response to the protein's structural requirement to be compact and
to balance buried polar groups by pairing them in hydrogen bonds. Several excellent
reviews describe the features and packing of these secondary structure elements
(Richardson, 1981; Chothia, 1984; Chothia & Finkelstein, 1990). The interaction of 2 or
more secondary structural elements leads to formation of supersecondary structures. This

includes the assembly of secondary structure elements and the connecting peptide chain,
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Protein structures can be classified on the basis of their secondary structure content
{Chothia, 1984). More than 60% of the residues in all-ct proteins form a-helices, which
can interact by stacking around a central core or forming layer structures. All-f proteins
consist primarily of B-sheets and always mclude at least 2 sheets, usually antiparallel,
which pack against each other. a + [3 proteins contain both helices and sheets, in separate
parts of the structure. For example. there may be one antiparallel sheet with helices
clustered at one or both ends. In oo/f proteins, the helices and sheets can interact, often

along the peptide backbone, with B-sheets forming layer structures with helices and/or

other B-sheets.

1.1.3  The tertiary structure of globular proteins

Tertiary structure involves the spatial arrangement of all atoms in a single
polypeptide chain. The three dimensional arrangement of the polypeptide chain, or the
protein fold, (reviewed in Jaenicke, 1987) describes several things: the secondary
structures present, their relative arrangement and the chain topology, or path taken by the
polypeptide chain, through the structure, It also includes the packing of amino acid side
chains, which mediate the long range interactions required to stabilize the fold of a
protein. The chain topology is subject to specific limitations. First, chains do not cross
each other or make knots. Secondly, pieces of secondary structure which are adjacent in
sequence are often adjacent within the fold and generally pack i an anti-parallel fashion.
Finally, in 3-X-B units (where the B-strands are parallel and X is an a-helix, a loop, or
a B-strand from a different sheet) the chain connections formed between secondary
structure elements are generally right handed.

Several proteins can be circularly permutated, such that the original N- and C-
termini are joined by a linker sequence and new termini are constructed in a surface loop
(bovine pancreatic trypsin inhibitor, Goldenberg & Creighton, 1983; dihydrofolate
reductase, Buchwalder et al., 1992; aspartate transcarbamoylase, Yang & Schachman,
1993a; T4 lysozyme, Zhang et al., 1993). These circularly permuted proteins often fold
and function quite efficiently and have physical properties in common with their wildtype

counterparts. Likewise, complementary fragments of proteins such as [3-galactosidase,
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(Ullman et al, 1967) bamase (Sancho & Fersht, 1992), alanine racemase, (Galaktos &
Walsh, 1987) and aspartate transcarbamoylase (Yang & Schachman, 1993b) can fold and
associate to form active species. While placement of the chain termini and cleavage sites
at nondisruptive positions within surface loops is likely crucial for the proper folding of
these proteins, these experiments indicate that chain continuity and the sequential
arrangement of secondary structure do not necessarily dictate tertiary structure.

The advent of structural biology has provided an explosion in the number of
known protein structures, A surprisingly small number of folds describes the tertiary
structure of most proteins, such that similar folds can be encoded by proteins with
dissimilar amino acid sequences (Rao & Rossman. 1973: Finkelstein et al.. 1993; Laurents
et al., 1994). After analysis of the protein structures in the Protein Structure Databank,
Thornton et al. (1995) have suggested that there are 71 folds represented by only a single
structure and nine superfold structures which account for 46% of all nonhomologous
proteins in the databank. The superfolds consist of: the globin; the trefoil; the up-down:
the immunoglobulin fold; the alpha-beta sandwich; the jelly roll; the doubly wound; the
UB alpha-beta rofl; the TIM barrel.

Examination of protein families with similar three dimensional structures but
different primary structures, mutagenic analyses of designated positions within a fold, and
studies of proteins recovered from random sequence libraries provide generalities
concerning the relationship between amino acid sequence and tertiary structure {Knowles,
1987, Lim & Sauer, 198%; Bordo & Argos, 1990, Reidhaar-Olsen & Sauer, 1988,
Matthews, 1993). The interior of a protein is mainly occupied by nonpolar residues and
occasionally neutral amino acids. Polar atoms within the protein interior form specific
hydrogen bonds with other atoms within the same secondary structural unit, such that the
surfaces of each secondary structure are also hydrophobic. Highly solvent exposed
residues, such as those on the protein surface, are often polar or neutral residues which
can interact with the solvent. The sequestering of hydrophobic residues inside the protein,
combined with the hydrogen bonding of polar backbone and side chain atoms within
secondary structures, results in stably folded globular proteins.

The overall tertiary structure of most small globular proteins is roughly spherical

5



and close-packed. but with an irregular surface. Typically, the accessible surface arca off
a small monomeric protein can be approximated by the equation A, = 630(M)' ™ nw’
{(Janin et al.. 1988). illustrating the relationship between a protemn's surface area and its
molecular weight. This value is only 23-45% of the surface arca that is aseribed to the
unfolded polypeptide chain, indicating the degree of compactness observed in globular
proteins. Water is generally excluded from protein interiors. When it 1s present, it may
hydrogen bond with the backbone atoms or with the side chain of an intemal polar group.
In other cases it may function in filling holes. Intramolecular cavities are almost always
present in proteins of greater than 100 residues, however, they generally constitute only
a small fraction (less than 2.3%) of the total protein volume (Hubbard, Gross & Argos,
1994),

Larger proteins (greater than 200 residues in length) are often subdivided into 2
or more structural units known as domains. While the literature definition of a domiin is
very subjective (more on this in section 1.1.4), general consensus indicates that domains
represent structurally and functionally discrete regions of a single polypeptide chain.
Although different domains may interact to various degrees, the interactions of secondary
structure elements within the domain are generally stronger than interactions between
domains. Domains may be composed of smaller modules of approximately 5 kDa, cach
with specific functions such as ligand binding or protein interactions {Traut, 1986). Traut
suggests that these modules are stable folded structures, corresponding to the amount of

polypeptide encoded by the average exon.

1.1.4 The domain structure of proteins

The term "domain" has been used to represent many different concepts of protein
organization. As noted by Garel, {(1992), the definition of a domain 15 largely dependent
on the method by which the domain has been identified. Limited proteolysis or protein
engineering is often used to isolate discrete stable fragments, or domains, of a larger
protein. Domains have been defined as compact structural units visible in the crystal
structure of a protein, or as functional units responsible for a specific purpose such as

cofactor binding. Sometimes domains are identified by amino acid sequence homologies
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to other proteins or estimated from exon-intron gene structure. Privalov (1989) has
suggested that a domain is a thermodynamic unit, a region of a protein which can fold
and unfold in a cosperative manner, existing in one of two macroscopic states, native or
denatured. Historically domains have been viewed as independent folding units, as defined
by Wetlaufer (1973).

The Rossman fold is a dinucleotide binding domain which displays several of the
above properties. This domain can be identified in many dinucleotide binding proteins by
its consensus sequence, Gly-X-Gly-X-X-Gly, and characteristic B-a-$ supersecondary
structure. The dinucleotide binding domain can be stably isolated from many proteins
through proteolysis or protein engineering (Jecht et al., 1994), and behaves as an
independent folding unit. However, the definitions outlined above do not apply to all
domains, as illustrated by structural analysts of the a subumit of tryptophan synthase.
Proteolysis of this subunit produces a stable 20 kDa N-terminal fragment and a 9 kDa C-
terminal fragment. The cleavage site, however, does not reside within the loops
connecting the structural domains identified in the crystal structure of tryptophan synthase
(Hyde et al., 1988). In some instances, the existence of extensive interdomain interactions,
necessary for stability, may prevent the isolation of a properly folded domain (Rossman
& Argos, 1981).

Often domains are identified through inspection of the crystal structure of the
protein, Richardson (1981) and others have identified domains which represent structures
that might remain stable if independent, that could undergo rigid-body-like movements
with respect to the entire protein, or that had structural similarity to known single-domain
proteins (reviewed in Islam et al., 1995). Liljas & Rossman (1974) utilized a method
which analyzes the distance between inter-residue contacts. Wodak & Janin (1981) have
evaluated the minimal interface area between domains versus a cleavage point to
determine domain boundaries. Rashin (1981) identified domains on the basis of buried
surface area.

Historically, proteolysis has been used to determine the domain structure of
proteins whose crystal structure is not known, In fact, the first domains identified were

the stable fragments produced by proteolysis of the light and heavy chains of
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immunoglobulins (reviewed in Coggins & Hardie, 1986, and Cushley, 1986). This
technique has been successful because many domains are formed from contiguous
stretches of polypeptide sequence and connected by exposed surface loops, known as
hinges or linkers. which are more susceptible to proteolysis than the compact domains
themselves. More recently this technique has been combined with deletion mutagenesis
and independent expression of individual domains. to further define domain structure.
Minard et al. (1989) have shown that the two domains of phosphoglycerate kinase reside
within residues 1-184 and 186-415. Hum & MacKenzie (1991) used deletion analysis to
localize the dehydrogenase/cyclohydrolase and synthetase domains of human
methylenetetrahydrofolate  dehydrogenase-methenyltetrahydrofolate  cyclohydrolase-
formyltetrahydrofolate synthetase to residues 1-301 and 304-935 respectively, The
regulatory and catalytic domains of rat tyrosine hydroxylase can be cxpressed
independently in E. coli (Daubner et al., 1993). Likewise, C-terminal truncations indicate
that the redox and DNA-repair activities of Ref-1 reside in non-overlapping N- and C-
terminal domains (Xanthoudakis et al., 1994).

The combination of protein engineering and knowledge of the crystal structure of
the protein can be used to isolate domains which display significant interdomain
interaction. The interface domain from dimeric gluthathione reductase makes hydrophobic
contacts with the other three domains within the subunit. While this domain can be
expressed independently, it is subject to nonspecific aggregation (Lesitler & Perham,
1994). Replacement of 3 amino acids which make contacts with the NADPH binding
domain and 4 additional residues which interact with the FAD binding domain produces
a solubie stable interface domain which is no longer prone to aggregation.

Domains are not always formed by continuous segments of the polypeptide chain.
Several multidomain proteins contain crossover linkages where the C-terminal terminus
of the protein interacts with the N-terminal domain (Thomton & Sibanda, 1983; Russel,
1994), Protein engineering can be used to link nonsequential parts of the domain. To
express the discontinuous dinucleotide binding domain from the Thennotoga maritima
glyceraldehyde 3-phosphate dehydrogenase, Jecht et al. (1994} constructed a cDNA with
the N-terminal residues 1-148 ligated to the C-terminal o helix (residues 313-333) by a
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4 amino acid linker connecting residues 148 and 313. Expression of this cDNA in E.coli
produces a stable dinucleotide binding domain with native-like structure.

Domain interfaces arc generally not as well packed as protein interiors or as
optimally matched as some subunit interfaces, however they do retain reasonably good
shape complementarity (Lawrence & Colman, 1993. Hubbard & Argos, 1994)
Approximately 90% contain cavities or packing defects (Hubbard & Argos, 1994). Clefts
between interfaces are often functionally important. and may house ligand binding sites
or full catalytic sites involving residues from both domamms. Additionally they may
provide increased flexibility berween domains, perhaps allowing for conformational
changes and domain movements resulting from a combination of hinge and/or shear
movements between domains (Rashin et al., 1986 Hubbard & Argos, 1994 Gerstein et
al., 1994).

1.1.5 The quatemary structure of proteins

Quatemary structure refers to the overall arrangement of subunits within a protein.
Most proteins exist as aggregates of identical or nonidentical subunits. The individual
subunits are usually distinct globular monomers which then interact with eacn other. In
some cases the subunits are more intimately associated such as the two entwined chains
of the dimeric trp repressor (Schevitz et al., 1985) or trimeric dihydrolipoyl transacetylase
(Mattevi et al., 1992) which extends a beta strand out of each monomer to interact with
a neighbouring subunit,

Most dimers contain isologous interactions which involve the same protein surface
on both monomers, thus producing dimers with a two fold axis of symmetry. Even-
numbered species are often constructed as n-mers of isologous dimers. For example each
monomer of tetrameric lactate dehydrogenase contains 2 surfaces involved in different
isologous interactions,

Heterologous interactions involving two different non-overlapping complementary
surfaces can form open-ended structures; for example, the polymerizing actin chain, or
closed cyclic structures such as the trimeric chloramphenicol acetyltransferase (Leslie,

1990), or tetrameric Mn-dependent superoxide dismutase (Ludwig et al., 1991). A
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heterologous dimer would be prone to further aggregation unless dimernization effectively
blocked the unpaired contact sites remaining on cach monomer.

Recently, the structural and chemical properties of subunit interfaces have come
under considerable attention. Cherfils et al. (1991) suggested that the interface region does
not significantly differ from the rest of the protein surface in terms of its content of
hydrophobic or charged residues. In contrast. Young et al. (1994) suggest that
hydrophobicity is very important for protein-protein interactions, since the strongest
hydrophobic cluster on the protein surface correlated to the interaction site in more than
two thirds of the 38 protein compiexes analyzed. Most subunit interfaces have a
composition which is intermediate in both its hydrophobic and charge properties (Miller,
1989, Janin et al., 1988). The centre of the interface is often dominated by hydrophobic
residues and 1s similar in composition to the interiors of monomers, while the interface
periphery is more reminiscent of the protein exterior and may include loops involved in
hydrogen bonding (Miller, 1989). Miller (1989) has identified several structural motils
occurring at subunit interfaces: (i) an extended beta sheet which forms across the interface
as observed at the subunit interfaces of several enzymes including prealbumin, Concavalin
A, and Acro; (ii) tertiary helix-helix packing which forms most of the interfaces of
melitten, citrate synthase and cyctochrome ¢'; (iii) face to face or aligned packing of beta
sheets as observed in the interface of glyceraldehyde-3-phosphate dehydrogenase; (iv)
loop interactions which occur to some extent at almost all subunit interfaces. These loops
commonly interact by hydrogen bonding to other loops or ends of adjacent secondary
structures.

The most consistent aspect of subunit interfaces is that they are complementary
in both shape and hydropathy (Korn & Bumett, 1991). Protomers interact by matching
hydrophobic centres of adjacent subunits and, similarly, matching hydrophilic centres. The
interface formed by wheat germ agglutinin provides a good example of this. It includes
bott hydrophobic and hydrophilic contacts and has very high hydropathy
complementarity, with over one third of the interface interactions occurring between
identical residues and even more between conservative residues {matching hydropathies).

As well, Komn and Bumett {1991) proposed that the level of complementarity and the
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functional role of the interface may be related. Interfaces with high hydropathic
complementarity may form inflexible. static interactions, necessary for accurate
positioning of subunits. Subunit interfaces which are dominated by hydrophilic forces and
have lower hydropathic complementarities are more dynamic and more commonly found
in enzymes which undergo allosteric conformational changes. such as haemoglobin.

To determine the degree to which subunit interface residues are conserved, Grishin
and Phillips (1994) analyzed five different enzyme families which contain active sites at
their subunit interfaces. They concluded that while many of the active site residues are
highly conserved, the subunit interface evolves almost as rapidly as the entire sequence
and can accommodate amino acid substitutions as long as packing, hydrophaobicity and
charge are maintained. Hubbard & Argos (1994) have suggested that because they might
be more capable of tolerating mutationally prone loops than domain cores, the mutational
pressure might be higher at domain and subunit interfaces.

Eisenberg has suggested a method by which oligomeric proteins might evolve from
monomers (Bennet et al., 1995). 3D domain swapping occurs when a domain or some part
of a domain from one subunit is replaced by the equivalent region of an identical subunit.
This can result in intertwined dimers as has been observed for the dimeric form of
diphthena toxin (Bennet et al., 1994). It could also promote formation of higher order
cyclic structures or open-ended oligomers which might be prone to aggregation. Domain
swapping could occur through a single mutation which would destabilize the monomer
relative to an oligomer. For example, a deletion in the loop connecting two interacting
domains might stericly prevent domain closure. A second subunit could then interact with
the exposed surface of the interdomatn interface, producing a dimer which has comparable
energies to the original monomer (since the same interfaces are formed by the swapped
domain in the monomer and the oligomer). This is a much more efficient method of
generating oligomers than the "sticky billiard ball' model, where several rounds of
random mutagenesis on the interface surface of a monomer might be required to form a

stable dimer.
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1.1.6 Consequences of oligomerization

Oligomerization can often influence protein stability. After reviewing the literature
conceming the urea-induced denaturation of dimeric proteins which undergo a two-state
transition, Neet and Timm (1994) noted that the conformational stabilities of these dimers
were significantly greater than the stabilities observed for monomeric proteins (a change
in free energy of unfolding of 10-27 kcal/mol for each subunit in the dimer versus 6-14
kecal/mol for the monomer). They estimated that quaternary interactions might provide
between 25 and 100% of the conformational stability in such proteins. This stabilization
is due primarily to interactions between subunits and is related to the size of the subunit
and the structure of the interface, Neet and Timm (1994, and references therem) have
compared the free energies of dissociation and unfolding for several of these proteins. For
some proteins, such as the arc repressor, the free energy of dissociation is alimost identical
to the free energy of unfolding, indicating that the monomer is not stable. Other proteins
(nerve growth factor, HIV-1 protease, troponin C peptide) form monomers that arc
stabilized by only 1-2 kcal/mol monomer in the absence of quaternary interactions, also
suggesting that the monomer is not stable. A few proteins show considerable stability as
a monomer. To illustrate this, the human growth hormone monomer displays a change in
free energy upon unfolding of approximately 11.5 kcal/mol. Unlike some of the other
examples, this protein is functional as a monomer, since it interacts with a receptor in this
form,

The role of oligomerization in providing stability has also been studied by
mutating interface residues. Nordhoff et al {1993) have shown that a double mutant
G446E/F447P in the interface domain of dimeric human glutathione reductase produces
an inactive monomer with a non-native FAD-binding domain, NADPH-binding domain
and interface domain. The instability of the dinucleotide binding domains is somewhat of
a surprise as these domains are thought to be independent folding units.

In several enzymes, active site residues are donated by both polypeptide chains,
thus forming shared catalytic or binding site(s) at the subunit interface (also known as a
shared active site). While isologous interactions generally form two active sites per

subunit interface, heterologous interactions produce a single site at the interface.
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QQuatemary structure may play an important role in enzyme regulation through
allosteric cooperation between subunits. Aspartate transcarbamoylase (ATCase) and
phosphofructokinase are classic examples of oligomeric allosteric enzymes. ATCase 1s
composed of two catalytic trimers linked by three regulatory dimers (Krause et al., 1985).
Upon binding carbamyl phosphate and aspartate, this enzyme undergoes a concerted
allosteric transition involving changes in quaternary contacts, to reach a more active
conformation (Kantrowitz & Lipscomb, 1988). Likewise, binding of phosphoenolpyruvate
or ADP to a regulatory site at a subunit interface within the homotetrameric
phosphofructokinase produces a change in the relative orientation of subunits, which can

result in activation or inhibition of the enzyme (Schirmer & Evans, 1990).
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1.2, PROTEIN FOLDING

The field of protein folding includes a tremendous amount of theoretical and
experimental data. Out of necessity, this discussion will be limited to a deseription of
factors affecting protein stability and denaturation, and a review of proposed in vifro
protein folding and assembly pathways. One approach successfully used to elucidate
protein folding pathways has been the identification and characterization of intermediates
observed in unfolding and/or refolding pathways. While the majority of folding studies
have involved single-domain monomeric proteins, most proteins are much larger and their

folding and assembly mechanisms are expected to be more complicated.

1.2.1 The thermodynamic hypothesis and the kinetic folding problem

The pioneering work of Anfinsen and colleagues (1966) on the unfolding and
refolding of RNaseA indicated that the amino acid sequence of a protein contains all the
information necessary for successful folding. Except in cases where irreversible covalent
changes occur upon folding, this hypothesis has held true. It has been suggested that a
folding code, analogous to the RNA/protein code, could specify the three dimensional
conformations of proteins from amino acid sequence alone. Several years of research has
indicated that the protein folding question is much more complicated than simply breaking
a code. So how does a protein fold? Anfinsen's work suggested that folding 1s a
thermodynamically controlled process, where "the three dimensional structure of a native
protein in its normal physiclogical milieu ... is the one in which the Gibbs free energy of
the whole system is lowest; that is, that the native conformation is determined by the
totality of interatomic interactions and hence by the amino acid sequence in a given
environment" (Anfinsen, 1973). The evidence for the thermodynamic hypothesis includes
the fact that the folding and unfolding of most small proteins is reversible and that the
same native conformation is reached through folding in vivo and in vitro for many
proteins. As Levinthal pointed out, a random examination of all possible conformations
in order to attain the one most thermodynamically stable is outside of the time frame

under which protein folding takes place (Levinthal's paradox, 1968).
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Therefore, there must be a mechanism in place to direct folding towards more
favourable conformations. Schindler et al. (1995) have summarized some methods of
limiting this search. The early formation of partially folded intermediates may restrict the
search to a small number of productive conformations. Cis/rrans isomerization of proline,
in particular, and disulphide bond formation and isomerization are some of the slow
folding reactions which may synchronize the folding process. Generally the low energy
side chain and main chain conformations populated in the unfolded polypeptide are also
observed in the native protein. NMR analysis of short peptides has identified locally
preferred conformations which are also represented in the folded protein (Dyson &
Wright, 1991). Kinetically foldable proteins appear to have evolved to avoid the kinetic
traps separating misfolded and native states (Wolynes et al., 1995),

Baker & Agard (1994) have argued that a protein's native conformation occurs at
the lowest energy state within a neighbourhood of kinetically accessible states, as opposed
to the global free energy minimum. Several examples suggest that folding may be under
kinetic control. Refolding of several mature proteases requires the presence of the pro
region, either in cis as the protease precursor or in frans on a separate chain. The pro
region may function by increasing the rate of the forward folding reaction or by
decreasing the rate of aggregation. Metastable proteins such as plasminogen activator
inhibitor, and influenza virus haemagglutonmn have been shown to undergo dramatic
conformational changes in folding. Upon renaturation, plasminogen activator inhibitor
initially adopts a biologically functional conformation, which slowly converts to a latent
form. Influenza virus haemagglutonin undergoes a transition at low pH from an initial
metastable structure to a more thermostable conformation. This change is irreversible and
the low pH conformation cannot be induced back to its original conformation. The

implication is that the more stable state is not initially accessible.

1.2.2 Protein stability, folding, cooperativity and denaturation
While the thermodynamic hypothesis suggests that the native conformation
occupies the global energy minima, it is only slightly more stable than the unfolded states.

In fact, the free energy difference between a folded and unfolded polypeptide has been
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estimated to be in the range of only <4-20 keal/mole. i aqueous solution at room
temperature (Creighton, 1993), and this marginal stability is determined by the balance
of relatively large opposing energetic forces. When the interaction between the
polypeptide chain and its environment is altered, a structural change may oceur producing
anon-native or denatured conformation. The term “denatured" encompasses all non-native
states, and includes intermediate states as well as fully unfolded protein. Denaturation can
occur in response to changes in temperature, an increase in pressure, pH changes, addition
of chemical denaturants to the solvent (including urea, guanidinium chloride and organic
solvents). removal of cofactors required for stability, or changes in the amino acid
sequence.

In most single-domain proteins. denaturation occurs as a reversible, cooperative
two-state transition between two macroscopic states, the native (N) and an unfolded (U)
species. Privalov (reviewed in 1979 and more recently in 1992) provides a thermodynamic
analysis of protein unfolding gained from thermal denaturation studies. Prior to unfolding,
conformational change is limited to minor changes such as an increase in chain flexibility
and local alterations in structure. During this period, the heat capacily of the protein
increases in a slow, temperature dependent manner. Unfolding occurs as a cooperative
transition over a limited range of experimental conditions. In small proteins (less than 20
kDa) denaturation produces a sharp peak in the heat absorption, which coincides with the
midpoint of the transition. Following denaturation, the heat capacity of the protein again
increases slowly and in a temperature dependent fashion. Experimentally, this two-state
transition 1s characterized by the coincidence of sigmoidal unfolding curves as measured
by different conformational probes, a lack of observabie unfolding intermediates, and
approximately equivalent calorimetric enthalpy and van'tHoff enthalpy (a measurement
of the temperature dependence of the unfolding transition equilibrium constant). Pnvalov
has suggested that the cooperative unfolding transition involves the breaking of
intramolecular bonds which stabilize the compact native structure, to form an unstable
transition state, followed by hydration of internal groups within the protein.

It was originally thought that the heat capacity increase observed upon protein

unfolding was dependent on the method of denaturation employed, and that complete
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unfolding occurred only under highly denaturing conditions. However, Privalov has shown
that if the effects of preferential binding of protons or of denaturant molecules are taken
into account, no difference 1s observed in the increase in heat capacity as caused by
temperature shift, pH change or chemical denaturants (Pfeil & Privalov, 1976, Pfeil et al..
1986). Earlier studies suggested that differences in the conformation of denatured and
fully unfolded proteins cannot be distinguished thermodynamically (Privalov, 1979. 1992),
and that the denatured state is best represented as an ensemble of interconvertible
molecular conformations. exhibiting similar free energy values, within the same
macroscopic state. More recently. analyses of proteins which thermally unfold through a
molten globule intermediate state have indicated that changes in heat capacity can be
measured for the transitions between native and intermediate and between intermediate
and unfolded states (Carra, Griko & Privalov. 1995). In the three proteins studied, the first
transition was cooperative and involved a significant increase in entropy, however the
second transition showed variable cooperativity and heat absorption. Privalov suggests that
the sizable increase in heat absorption observed upon unfolding of certain intermediates
correlates to independent unfolding of intact domains. Unfolding of a true molten globule
involves a small heat absorption and does not constitute a first order reaction (Carra,
Griko & Privalov, 19935).

Tanford's classic denaturation experiments suggested that an unfolded protein will
adopt the hydrodynamic properties of a random coil (Tanford, 1968). Recent data
indicates that unfolded proteins exist in a variety of conformations, some compact, others
more expanded {reviewed in Dill & Shortle, 1991). Even under strong denaturing
conditions such as 6 M GdnHCI or 9 M urea some proteins may still retain significant
residual structure (Shortle & Meeker, 1989, Shortle & Abergunawardana, 1993). As well,
mutagenic analysis of proteins has indicated that the primary sequence of a protein can
affect the unfolded conformation (Shortle & Meeker, 1986; Shortle et al., 1990; Flanagan
et al, 1993). Comparison of the refolding of the 32 subunit of tryptophan synthase from
denaturation in 6M GdnHClI or at acidic pH indicates that while identical molecular events
occur with the same kinetics, the refolding pathways involve intermediates with different

structures (Murray-Brelier & Goldberg, 1989), suggesting that the denatured conformation
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will affect the mechanism of refolding.

Dill and Shortie have used heteropolymer theory. where the polypeptide cham s
modelled as a polymer linking polar and nonpolar monomers, to predict changes to the
conformation of the polypeptide upon denaturation (reviewed in Dill & Shortle, 1991).
Any solvent will be a good solvent for some amino acids within the chain but u poor
solvent for others, and the free energy of interaction will vary between the solvent and
different residues. Water 1s a poor solvent for proteins which, on average, contain hetween
25-50% nonpolar residues. Addition of a denaturant such as 6 M GdnHCl transtorms
water into a good solvent for most proteins. However unfolding transitions usually occur
at lower denaturant concentrations, ie, 1-4 M GdnHCI, where the aqucous solvent remains
poor. Under these conditions, the unfolding transition is predicted to produce a compact
denatured species. Increases in denaturant concentration beyond the unfolding transitional
midpoint are predicted to result in gradual expansion of the species, as the solvent
improves. Heteropolymer theory predicts that protein volume and behaviour upon

denaturation is dependent on the hydrophobicity of the polypeptide chain.

1.2.3 Compact intermediates

While many proteins unfold via a two-state mechanism, other proteins, in
particular those containing discrete domains, unfold through one or more intermediate
states (reviewed by Kim & Baldwin, 1990; Ptitsyn, 1992; Fink, 1995). In scveral cases,
intermediates observed in denaturation studies are similar to species identified on the
folding pathway, fuelling an interest in their structure as possible models of transient
folding intermediates.

The molten globule is the name given by Ohgushi and Wada (1983) to the acid-
denatured state of cytochrome c. This intermediate is compact and retains native-like
secondary structure and fluctuating tertiary structure. There is no unique conformation for
compact intermediates and this lack of uniformity has contributed to the controversy
surrounding the importance of compact intermediates to protein folding. This is
compounded by the fact that a protein may form structurally distinct intermediates when

exposed to different experimental conditions. As well, an unfolding reaction at equilibrium
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may contain more than one species, i.e. both native and intermediate or both native and
unfolded, leading one to question what species 1s being characterized. Others have
suggested that compact intermediates may represent nisfolded, off-pathway species with
questionable relevance.

Despite these uncertainties, a list of key properties characterizing compact
intermediates can be assembled (Fink, 1995). First, they retain significant, often native,
levels of secondary structure. Second, much of the native side-chain packing has been
lost, and in some cases the tertiary structure is disrupted. However, Peng & Kim (1994)
have recently shown that the ¢ helical domain of a-lactalbumin retains its tertiary fold
even in the absence of tight packing. Third, the protein is in a collapsed conformation
relative to the fully unfolded state, although less compact than the native state. Fourth,
the hydrophobic core of the protein is retained although there is substantial exposure of
hydrophobic surfaces, as measured by binding of hydrophobic dyes. As well, the
intermediate is increasingly prone to aggregation. Fifth, the intermediate does not retain
biological function. Sixth, there is a variable amount of structure and compactmess which
is dependent on the protein sequence and the experimental conditions. Seventh, the heat
capacity of the intermediate is often similar to that observed for the native state. Finally,
the transition from intermediate to an unfslded state is less cooperative than that observed
from native to unfolded.

In contrast to Privalov's position that the intermediate and the unfolded protein are
part of the same thermodynamic state (outlined in section 2.2), Ptitsyn proposes that the
molten globule represents a separate state (Ptitsyn & Uversky, 1994), Thus denaturation
produces an all-or-nothing transition between the native state and the molten globule, and
unfolding involves another first order transition between the intermediate and the unfolded
state. Ptitsyn suggests that the bimodal distribution of protein elution volumes upon
GdnHCl-induced unfolding of a molten globule, and the molecular mass dependence of
slopes for native-to-molten globule and moiten globule-to-unfolded transitions provide
evidence that both transitions are first order in nature (reviewed in Ptitsyn et al.,
1995).

Fink (1995) has described a model for denaturation via intermediates which is
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based on the two following assumptions. First, there are two types of tertiary interactions,
one between autonomously folding units (corresponding to structural subdomains) and the
second within these same folding units. Second. the initial expansion to a compact
intermediate involves significant hydration of the protein interior. Compact intermediates
arise when the hydrophobic interactions between subdomains are disrupted, allowing
solvent penetration between folding units. Native-like secondary structure and tertiary
structure is limited to within the subdomains, and coupled to an expansion in the radius
of the protein, Less compact intermediates form when subdomains unfold, as dictated by
their intrinsic stabilities. This model is remarkably similar to the modular, cooperative
unfolding and refolding reactions described for cytochrome ¢ by Englander's group (Bm
et al., 1995). In contrast, Ptitsyn, suggests that unfolding involves two separate transitions
coinciding with loss of tertiary packing followed by loss of terhiary fold {Putsyn et al.,
1995). While side-chain packing may loosen upon formation of the intermediate, the
solvent remains excluded from the hydrophobic core, and the volume increase anses as
a consequence of unfolding in the rest of the protein,

While the properties of compact intermediates are still controversial, these

intermediates are found in an increasing number of folding and unfolding pathways.

1.2.4 Protein folding pathways

Anfinsen (1973) suggested that protein folding initiates at nucleation sites on the
unfolded polypeptide chain. These nucleation sites transiently adopt their native
conformation. Stabilization of these structures could resuit from formation of specific
interactions, formation of secondary structure, hydrophobic collapse, or some combination
of the three (reviewed in Matthews, 1993). In order to understand early folding events,
investigators have sought to determine the structure and properties of the intermediates
which appear in the first milliseconds of folding.

Perhaps the best characterized folding pathway is that of bovine pancreatic trypsin
inhibitor (BPTI). Creighton (1988) was able to correlate the order of disulphide bond
formation of BPTI with the choice of foiding pathway. This suggested that a specific

interaction, in this case disulphide bond formation, could initiate and direct protein
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folding, but did not rule out the formation of secondary structure or hydrophobic collapse
prior to disulphide bond formation.

Stopped-flow CD spectrometry has indicated that several proteins regain significant
secondary structure during an initial burst phase occurring within the deadtime of mixing
(cytochrome ¢ and f-lactalbumin, Kuwajima et al., 1987. dihydrofolate reductase.
Kuwajima et al., 1991; staphylococcal nuclease. Sugawara et al., 1991; §, subunit of
tryptophan synthetase, Chaffotte et al., 1992). Likewise quench-flow NMR studies
measuring hydrogen exchange of backbone amides indicate that significant protection of
amides within helical segments of several proteins occurs within the first 10 ms of
refolding. Such is the case for cytochrome ¢ (Roder et al., 1988), barmase (Bycroft et al.,
1990 Matouschek et al., 1992), T4 lysozyme (Lu & Dalhquist, 1992) and hen lysozyme
(Radford et al., 1992). B-Sheet formation has also been observed in this time range for
ribonuclease A (Udgaonkar & Baldwin, 1990), bamase (Bycroft et al., 1990) and T4
lysozyme (Lu & Dalhquist, 1992), as has protection of some amides in the B-sheet
domain of hen lysozyme (Radford et al., 1992).

Hydrophobic collapse has been implicated in stabilizing transient elements of
secondary structure in the burst phase. Stopped-flow fluorescence studies on the binding
of a hydrophobic dye, 8-anilino-I-naphthalene sulphonate (ANS), indicate that non-polar
surfaces are present in several burst phase intermediates, including those of carbonic
anhydrase and human o lactalbumin (Semisotnov et al., 1991), dihydrofolate reductase
(Jones et al., 1994), the o subunit of tryptophan synthase and the trp aporepressor
(Matthews, 1993). Shastry & Udgaonkar (1995) have reported that refolding of bamase
in 1 M GdnHCI produces a burst phase intermediate which binds ANS but shows no
evidence of secondary structure, suggesting that hydrophobic collapse may precede
secondary structure formation, at least in this instance. ANS fluorescence increases as
hydrophobic regions are sequestered from the solvent (Goldberg et al., 1990; Semisotnov
et al., 1991; Ptitsyn et al., 1990) indicating that ANS is binding non-specifically to
hydrophobic regions which subsequently become buried as folding proceeds.

Several investigators have reported the formation of partially folded species in

intermediary time frames, between 5 and 1000 ms (reviewed in Matthews, 1993). The
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available data suggests that these intermediates are more stable than their ecarlier
precursors and can contain native-like secondary and some tertiary structures which are
retained n the native protein (Udgakonkar & Baldwin, 1990; Radford et al., 1992). In
some instances these intermediates can be recognized by monoclonal antibodies (Goldberg
et al., 1990) or can bind ligands (Frieden, 1990; Herold & Leistier, 1992), suggesting the:
presence of tertiary folds corresponding to structural subdomains and domains. However,
these structural elements are not properly docked and the side-chaing are more mobile
than in their native conformation.

Excluding proline isomenzation, disulphide bond formation and association with
a required prosthetic group, the rate-limiting step in protein folding is generally the final
one and involves the development of native side chain packing and native hydrogen bonds
throughout the protein (reviewed in Matthews, 1993; Dobson et al., 1994). 1t is at this
stage that conformational entropy is sacrificed so that the noncovalent forces which
stabilize the closely packed native state can form. Investigators have used mutagenic
analyses and ligand binding studies to determine the barriers which precede formation of
the transition state. Beasty et al. (1986) established that the rate limiting step in formation
of the a subunit of tryptophan synthase involves the association of two folding units. To
determine the structure of the folding transition state of bamase, Fersht and colleagues
have compared the effects of extensive amino acid replacements on the stability of a late-
folding intermediate and the native conformation of bamase (reviewed in Fersht, 1993).
Kuwajima and colleagues (1989) observed that calcium binds weakly to a molten globuie-
like intermediate of o lactalbumin, more tightly to the rate limiting transition state and
most tightly to the native protein. Meanwhile, staphylococcal nuclease does not bind
calcium prior to attaining its native conformation (Sugawara et al., 1991). This difference
has been attributed to differences in the structure of the calcium binding site. In «
lactalbumin, the calcium binding site is formed from a continuous region of the
polypeptide chain, while the site in the nuclease requires the rearrangement of
noncontiguous segments (Matthews, 1993).

A detailed study by Dobson and coworkers (1992) of different steps on the folding
pathway of hen lysozyme indicate that a burst phase in the appearance of far UV CD
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precedes the protection of amide protons from solvent exchange. This suggests that the
first step in folding 1s acquisition of transient secondary structure, within the first 2 ms.
Stopped-flow absorption studies (Kuwajima et al., 1985; Ikeguchi et al., 1986) indicate
that this is coupled to hydrophobic collapse. The next phase in folding involves protection
of the oo domain amides in 50% of the protein and protection of the B domain amides in
30% of the protein {Radford et al.. 1992). The remainder of the protein folds more slowly.
Different parts of hen lysozyme become stabilized at different rates. In particular, folding
of the a-helical domain generally precedes development of specific tertiary structure, as
measured by appearance of near UV CD signal, and protection of amides in the B-sheet
domain. The rate-limiting step in the folding of hen lysozyme is thought to involve
improving side chain packing and rearrangement of the c-helical and [-sheet domains
(1tzhaki et al., 1994).

The refolding of hen lysozyme demonstrates the tenets of several different folding
theories. The appearance of transitory secondary structure and hydrophobic collapse
precede formation of specific tertiary structure as predicted by the frame work, diffuston-
collision and hydrophobic collapse models of initiation of folding (Lewis et al., 1970,
Karplus & Weaver, 1979; Rose & Roy, 1980). The independent folding of the a-helical
and [-sheet domains of lysozyme (Miranker et al., 1991) coincides with the modular
assembly model which suggests that proteins fold by parts and (sub)domains might serve
as folding intermediates. Finally, the observance of different folding pathways indicates
that paralle! alternative pathways of folding can produce the same native structure, as
suggested by the jigsaw model (Harrison & Durbin, 1985), and different from a simpler
sequential model. The presence of multiple parallel folding pathways has also been noted
in the refolding of dihydrofolate reductase (Jennings et al., 1993) and RNaseA (Li et al,,
1995) among others.

To summarize, folding of small proteins in vitro is a relatively quick process,
occurring within minutes of removal from denaturants. Factors such as prolyl isomerases,
disulphide isomerases and chaperones can increase the rate of folding by catalyzing slow
reactions (isomerases) or inhibiting nonspecific aggregation (chaperones). Protein folding

pathways likely involve elements found in both sequential and nonsequential models.
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Matthews (1993} has described the folding pathway as a funnel where each step s
followed by a slower reaction which allows a thermodynamic equilibrium to form
between the conformations accessible at that stage. The transitons between different
classes of intermediates may involve significant activation barriers such as those involved
in disulphide formation, proline isomerization or rearrangement of tertiary structure, and
may represent molecules becoming trapped in local energy minima (Wolynes ct al., 1995).
As folding progresses, the absolute number of available conformations decreases while

intermediates with increasing stability are formed and transition reactions become slower.

1.2.5 Folding of multidomain and oligomeric proteins

Folding by parts or modular folding has becn proposed to play a role in the
rapidity of protein folding. The independent folding of domains in multidomain enzymes
should increase the overall rate of protein folding while decreasing the opportunity lor
nonspecific polypeptide interactions which would result in misfolded or aggregated
protein. Folding by parts is therefore a necessary mechanism for the efficient folding of
large multidomain proteins (reviewed in Jaenicke, 1987, 1991).

One approach to studying the role of domains in protein folding has been to
characterize the isolated component domains and determine their ability to refold and
reassociate. The PLP coenzyme binding domain of aspartate aminotransferase can be
expressed independently (Herold et al., 1991). While the full length enzyme is dimeric,
the domain exists as a monomer but still binds PLP at one site with high affinity.
Denaturation of this domain produces a compact equilibrium intermediate, paralleling the
unfolding of the dissociated monomer of aspartate aminotransferase. Likewise, a stable
dinucleotide binding domain can be isolated from D-glyceraldehyde 3-phosphate
dehydrogenase (Jecht et al., 1994). This monomeric domain continues to bind coenzyme
strongly and undergoes the same GdnHCl-induced unfolding transition as the native
tetrameric dehydrogenase.

Proteolysis of gamma Il-crystallin produces an N-terminal domain which is
conformationally similar to that of the native protein (Sharma et al., 1990; Rudolph et al.,

1990). This domain is more sensitive to denaturation, presumably because it lacks
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stabilizing interdomain interactions. Unfolding/refolding kinetics of the isolated N-terminal
domain indicate a bimodal equilibrium transition which coincides with that described for
the second phase of the three state unfolding/refolding of the intact protein. This supports
the authors proposal that folding of gamma Il-crystallins proceeds by the sequential
folding of the N- and C-terminal domains. The isolated C-terminal domain shows low
intrinstc stability (Mayr et al., 1994).

Proteolysis of the 3, subunit of tryptophan synthase has shown that it is composed
of an N- and a C-terminal domain (named F1 and F2, respectively) separated by a hinge
region. These fragments can be isolated and will refold independently. Blond & Goldberg
{(1986) have shown that the N-terminal domain rapidly acquires native-like structure. As
well, non-specific hydrophobic collapse promotes the rapid folding of the C-terminal F2
fragment, producing a condensed non-native structure in less than 4 ms (Chaffotte et al.,
1991 1992). Folded F1 and F2 fragments will associate to form a nicked P subunit,
analogous to formation of interdomain interactions in the native subunit, prior to subunit
association, Association of the domains involves a slow conformational rearrangement of
the N-terminal domain in response to interactions with the C-terminal domain within the
same chain (Blond & Goldberg, 1986). Two [ subunits will rapidly associate and undergo
a second slow isomerization step to form the native §, dimer.

Yon and colleagues have analyzed the unfolding and refolding of the isolated and
covalently linked N- and C- terminal domains of yeast phosphoglycerate kinase (1990).
Under most denaturing conditions phosphoglycerate kinase unfolds in a two-state
transition. Refolding of the isolated N-terminal domain of this enzyme occurs very
quickly. This has been observed for isolated domains from other multidomain proteins
(Garel, 1992) and emphasizes that domain pairing is often the rate limiting step in folding.
The authors proposed that the refolding of the C-terminal domain includes a slow step,
perhaps proline isomerization. In the full length phosphoglycerate kinase this slow step
is masked by the even slower rearrangement of domains, as has also been described in
the refolding of octopine dehydrogenase (Teschner, Rudolph & Garel, 1987).

Although the domains of phosphoglycerate kinase are known to interact, the

isolated domains do not reassociate, even after refolding together. Minard et al (1989)
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suggested that the noncovalent forces remaining after separation of the two domans of
phosphoglycerate kinase could not counteract the increase in entropy occurring upon
cleavage of the hinge, making domain association unfeasible. When the polypeptide is
split within a domain, the two resulting fragments will complement cach other to form
an associated and active phosphoglycerate kinase, presumably as a result of the strength
of intradomain interactions (Pecorari et al.. 1993). In a review of folding of multidomain
proteins, Garel (1992) has noted that the stability of isolated domains i1s generally not
substantially modified by the presence of the rest of the protein chain. He concluded that
domain stability results primarily from intradomain interactions.

These and other studies have lead to the following conclusions regarding the
folding of multidomain proteins, Early steps in the folding of muitidomain proteins are
analogous to those observed for folding of single domain proteins. However domains
within a protein may attain stable tertiary structure at different rates, depending on their
different kinetic parameters, and requirement for stabilizing interactions with other regions
of the polypeptide chain. Domain pairing involves minimizing the accessible surface arca
of the protein through the docking and association of domain surfaces. This gencrally
involves tertiary rearrangements and desolvation to produce a recognition or interaction
surface, and often is the rate-limiting step in refolding of multi-domain proteins.

As multidomain proteins are composed of domains which represent independent
cooperative units, they often display multiphasic transitions, with stable intermediates
observed in their folding and unfolding pathways. These intermediates may contain
domains with different levels of folding. Wu, Peng & Kim (1995) have recently used
disulphide variants of a-lactalbumin to show that molten globule properties need not
encompass the entire polypeptide chain and may be limited to a single domain only.
Specifically, the structure of the A-state of a-lactalbumin includes an a-helical domain
with native-like secondary structure and tertiary fold, but missing extensive tertiary
interactions, while the B-sheet domain is unfolded.

In some multidomain proteins, the domains unfold independently and show little
or no evidence of interacting (ovomucoid, Privalov, 1982; domains of plasminogen,

Privalov & Potekhin, 1986; cytoplasmic and transmembrane domains of band 3, Brandts

26



el al., 1989). Mutual stabilization through domain pairing is probably insignificant in these
proteins. Other proteins may exhibit very strong domain interactions, where multiple
domains unfold co-operatively in a single transition, with no evidence of equilibrium
intermediates (heat denaturation of yeast phosphoglycerate kinase in the presence of
guanidine hydrochloride, Griko et al., 1989). This level of interaction is no doubt
necessary to allow domains to efficiently function together. A third class of proteins
displays an intermediate level of domain interaction (serum transferrin, Lin et al., 1994,
CD4, Tendian et al, 1995; DnaK, Montgomery et al., 1993).

Presuming that the extent to which partially folded states become stably populated
is dependent on the strength of interactions between domains, Freire and colleagues
(Freire & Murphy, 1991; Freire et al., 1992) have developed a hierarchial algorithm which
makes use of the crystallographic structure of a given protein, as well as thermodynamic
measurements, to identify the cooperative folding units within the protein and estimate
the relative population of folding intermediates. To this end, Freire and colleagues (1992)
have classified some of the structural mechanisms which may result in cooperative
unfolding of domains. Unfolding of a domain may result in the exposure of hydrophobic
residues, both within the domain that is unfolding and the rest of the protein. While
exposure of the apolar residues in the unfolded domain is compensated by the free energy
of unfolding, the remainder of the protein is not compensated by an increase in entropy.
This constitutes the source of cooperativity in a hydrophobic interaction. Noncovalent
interactions including hydrogen bonds, van der Waals contacts, and salt bridges are often
found at the interface between domains. The unfolding of one domain is sufficient to
break these interface bonds, which may trigger cooperative unfolding of the second
domain. Likewise, if the domain interface includes a ligand binding site, and unfolding
of one domain results in dissociation of the ligand, this too may destablize the second
domain resulting in cooperative unfolding. Brandts et al., (1989) have developed a model
for determining the free energy of interaction between domains or subunits from scanning
calorimetry data.

The first step in denaturation of an oligomeric protein is often dissociation, as

observed in the denaturation of phosphofructokinase (Parr & Hammes, 1975), creatine
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kinase (Yao et al., 1984), aminoaspartate transaminase (Herold & Kirschner, 1990}, and
pyruvate oxidase (Risse et al., 1992). Comcidence of inactivation and dissociation
suggests that the oligomer is required for catalytic activity. Sometimes a conformational
change precedes dissociation producing an inactive oligomeric species, as seen in the
GdnHCl-induced denaturation of glutathione transferase B1 (Sacchetta et al., 1993).

In a few instances, dissociation of oligomeric proteins produces active
intermediates. For example., GdnHCI denaturation of tetrameric aspartase produces an
active dimeric intermediate (Murase et al., 1993). Dissociated forms of phosphoglycerate
mutase (Hermann et al., 1981). alanine racemase {Toyama et al., 1991) and creatine
kinase {Grossman et al., 1981) also retain at least partial activity., The dissociated form
must contain a complete active site.

Dissociation studies can also provide information about the relative stability of
subunit interfaces. Unfolding of aspartase indicates that the native tetramer 1s betler
described as a dimer of dimers where the interface between dimers is weaker than the
interface within the dimer (Murase et al., 1993). Likewise denaturation of glutamine
synthetase, a dodecamer arranged as two stacked hexameric rings, produces cven-
numbered species which retain the subunit interface between two rings, showing that the
inter-ring interface is more stable than that formed between subunits of the hexamer.
Sometimes an unfolding intermediate will retain the native quatemary structure. The acid-
induced unfolding of creatinase produces a dimeric molten globuie (Schumann &
Jaenicke, 1993), as does the thermal denaturation of acetylcholinesterase (Kreimer et al.,
1995). In both examples, subunit interactions are proposed to play a role in stabilizing the
intermediate.

While many oligomeric proteins denature through specific intermediates, others
unfold via a two-state transition, as described for the trp repressor (Gittelman &
Matthews, 1990), the arc repressor (Bowie & Sauer, 1989), and the A cro dimer (Pakula
& Sauer, 1989). The tetrameric oligomerization domain of p53 undergoes thermal
denaturation in one step (N, to 4U) (Johnson et al., 1995). 58% of the total hydrophobic
surface area of this domain is buried at the subunit interfaces, suggesting that the rapid

unfolding occurs with dissociation because the domain is stabilized by intersubunit
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interactions as opposed to intrasubunit interactions.

Quaternary interactions between subunits are very specific. Cook and Koshland,
(1969) have shown that the presence of other protein species does not interfere with
renaturation. While hetero-oligomers have been renatured from mixtures of highly
homologous proteins from different species (triosephosphate isomerase, Sun et al., 1992),
cross-hybridization appears to be an exception rather than the ruie (Cook & Koshland,
1969; Jaenicke, 1987). The denaturation state of the protein and the method of
renaturation influence the yield of hybrid species {Lehrer & Quian, 1990, Brown &
Scachat, 1985), indicating that the choice between symmetric and asymmetric associations
may be a kinetic one (Jaenicke, 1987; Garel, 1992).

In most proteins, extensive folding is required to produce a binding surface prior
to subunit association. For example, the appearance of the dimerization site of tetrameric
AK-HDH (aspartokinase-homoserine dehydrogenase) occurs at the same time as the kinase
active site (Garel & Dautry-Varst, 1980) and the B tryptophan synthase subunit dimenzes
after formation of several native epitopes (Blond & Goldberg 1987). Garel (1992) has
suggested that formation of a subunit binding site requires the same degree of folding
required to form a catalytic or ligand binding site. In contrast, the dimerization site of the
tryptophan repressor, an entwined dimer, appears to form early in the refolding pathway
(Gittelman & Matthews, 1990; Tasayco & Carey, 1992).

The folding pathway of an oligomeric enzyme is a succession of monomolecular
folding steps and bimolecular association steps, yielding a general kinetic scheme where
either first or second order processes may be rate limiting (Jaenicke, 1982):

nM* o nMn2D* 4n/2D an/4T* 5 n/4 T......
where M, D and T represent monomer, dimer and tetramer respectively, and the asterisk
refers to conformationally distinct forms. The overall rate of folding of oligomeric
proteins is dependent on protein concentration because, while the folding reactions are not
dependent on protein concentration, the assoctation events are. Thus by lowering protein
concentration, one can enrich for pathway intermediates with different degrees of
association. At high protein concentrations, association is no longer rate-limiting, and the

pathway should shift to first order. The experimentally useful range of protein
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concentrations is limited by the sensitivity of detection at low concentrations of protein
and by aggregation at higher concentrations. This may prevent observation of the shift in
the rate-limiting step from first to second order.

This shift can be observed in the refolding of bactenal luciferase, a heterodimeric
enzyme consisting of an o and a § subunit. When the protein concentration is above 20
ug/ml, the refolding of luciferase from 5 M urea includes several slow steps involving
refolding of each subunit before dimerization, and the isomerization of an inactive
heterodimeric intermediate to the active species following dimerization (Zicgler et al.,
1993). Below 20 pg/ml, a second order association step is rate limiting,

The refolding and association of luciferase also illustrates how the presence of a
polypeptide can modify the folding pathway of a second polypeptide (Waddle et al.,
1987). When the o and 3 subunits are expressed or refolded separately. both subunits
refold to form tight binding homodimers which will not associate with one another,
suggesting that formation of the heterodimer operates as a kinetic trap on the folding
pathway of each subunit.

The early folding pathway of individual subunits of most oligomeric proteins
resembles that of any single or multidomain protein, except that folding results in
production of a monomer with an exposed surface, competent for association {Jacnicke,
1987). The interface surface and the resulting interactions formed upon subunit association
are analogous to those used to secure interacting domains (Jaenicke, 1991). Like
multidomain proteins, folding and association of oligomeric proteins must be coordinated
to prevent aggregation through an exposed interface surface. Similarly. slow
conformational changes which produce the interface surface are often observed prior to
association, and following association to stabilize the dimer or allow further
oligomerization. Folding of oligomers that are more complex than dimers involves at lcast
two association events, one of which is usually rate-limiting. The B tryptophan synthase
dimer undergoes a slow folding step prior to association with the o tryptophan synthase
dimer (Blond & Goldberg, 1985). During refolding of tetrameric lactate dehydrogenase,
a dimeric intermediate, which precedes the rate-limiting formation of tetramers,

accumulates (Jaenicke, 1987). The rate-limiting step in the folding of tetrameric AK-HDH
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15 the formation of dimers; all subsequent events occur at the same rate (Martel & Garel,
1984). When reactivation of an enzyme and a rate-limiting second order step are observed
to coincide, 1t suggests that the monomer 1s mactive (Rudolph & faenicke, 1976, Hermann
et al., 1981) Activity may only be observed following formation of a catalytic site across
the dimer interface, or upon adoption of the native conformation as determined by subunit

mmteractions present in the oligomer, as discussed previously in section 1.1.6.
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1.3, MULTIFUNCTIONAL ENZYMES IN ENZYME ORGANIZATION

The principle of hierarchial organization continuer *o be observed at the level of
the cell. The structural complexity of the cell necessitates some form of enzyme
organization for the efficient functioning of metabolic pathways. Enzyme organization
results in the formation of microenvironments, defined by Welch and Marmillot (1991)
in the following manner;

"...a subvolume of the cellular space in which the thermedynamic/kinetic character
of a metabolic process is different from the hvpothetical situation with the reacting
components homogenzously ‘dissolved' in the bulk cellular spacc”

The following pages provide a review of some of the mechanisms and consequences of

enzyme organization. with emphasis on the formation and structure of multifunctional

enzymes.

1.3.1 Mechanisms of enzyme organization

Within the cell, metabolic pathways are compartmentalized into subcellular
organelles. separated by membranes. For example, the enzymes involved in the Krebs
cycle have been localized to the mitochondrial matrix, while the enzymes ol oxidative
phosphorylation are found in the inner mitochondrial membrane (reviewed in Srere, 1985).
Compartmentalization provides several advantages to the cell. As the membrane limits the
entry and exit of molecules, specific chemical environments can be maintuined within the
compartment. By limiting the diffusion volume available to enzymes and their substrates
and cofactors, their effective concentrations are increased with fewer molecules.

Enzymes may localize to specific areas of the cytoplasim by binding to subcellular
structures, such as cytoskeletal elements or membranes. Glycolytic enzymes bind to band
3 proiein of erythrocytes and to F-actin in the I band of skeletal muscle fibres (Friedrich,
1985). Isoprenylated rhodopsin kinase translocates to the plasma membrane, where it
binds to photon-activated transmembrane rhodopsin (Inglese et al., 1992). Like subcellular
compartmentation, binding to subcellular structures serves to increase the local

concentrations of enzymes and substrates. As well, it limits diffusion of enzymatic
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components to only one or two dimensions (Srere. 1987). As proteins may reversibly bind
to these elements, localization can provide an effective method of cellular regulation.

Multiecnzyme complexes, also known as metabolons, are formed by the
noncovalent association of distinct enzymes encoded on different polypeptide chains
(Welch & Gaertner, 1980; Srere. 1987). Metabolons have been observed in both anabolic
and cataboliv pathways, including DNA and RNA synthesis, protein synthesis and
degradation, and the metabolism of precursor molecules. Some multy enzyme complexes
arc very stable, persisting for the lifetime of the protein components, and may even be
purified intact. The high molecular weight pyruvate dehydrogenase is a stabie
multienzyme complex consisting of multiple copies of at least three different enzymes:
pyruvate decarboxylase (E!1). dihydrolipoyl transacetylase (E2), and lipoanude
dchydrogenase (E3) (Patel & Roche, 1990; Perham, 1991). Complexes from various
sources shows significant differences in both structure and subunit composition. For
example, the mammalian version includes ) specific kinase, phospho-El phosphatase
and protein X as well as the three common components. In all cases, the complex is
highly organized and shows considerable symmetry.

Other complexes display weaker interactions and may be more dynamic, existing
only transiently. They may form only in the high protein concentration environment of
the cell, in the presence of a specific metabolite, or in response to a particular metabolic
state. The eukaryotic replitase (Reddy & Pardee, 1980) is a dynamic association of several
enzymes imvolved in DNA replication (including the DNA polymerase complex, dCMP
kinase, nucleoside diphosphokinase, ribonucleotide reductase, thymidylate synthase and
thymidine kinase), that preferentially channels dNDP's into DNA synthesis. It has only
been observed during the S phase of the cell cycle (Reddy & Fager, 1993). Enzymes
govemning DNA synthesis in prokaryotes may also form complexes (Flanegan &
Greenberg, 1977, Allen et al., 1983)

Evidence for the association of glycolytic enzymes into a dynamic metabolon
includes studies showing specific interactions between sequential pairs of glycolytic
cnzymes and between enzymes and subcellular structures, isotope experiments and

visualization of complexes by electron microscopy (reviewed in Srere, 1987). Investigators
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continue to debate the role of this mechanism in controlling the tlux of intermediates
through glveolvsis, suggesting mstead that random. non-specific interactions may be
mvolved. Advocates of random association poimnt to the nusinterpretation of kinetic data
to support their views, (reviewed mn Batke, 1991). On the other hand, Stere (1987)
supports the proposed associations, arguing that sinee glyeolvsis 1s less processive than
other biosynthetic pathways. and includes intermediates that have multiple metabolic roles,
a loose association of glycolytic enzymes may exist. These dynamic complexes would be
difficult to detect and isolate but better suited to the needs of the cell.

Multifurictional enzymes (reviewed by Kirschner and Bisswanger, 1976) consist
of a single type of polypeptide chain with multiple catalytic functions. In most cases, the
catalytic activities are part of the same metabolic pathway although not necessarly
sequential reactions. Multifunctional enzymes are more commonly found in (but not
limited to} eukaryotes. A trend towards condensation of related activities appears
widespread throughout evolution. Prevailing theory suggests that most multifunctional
enzymes arose by fusion of the genes encoding pre-existing functional domains (Janin &
Wodak, 1983). Fusion products which provided an advantage to the cell were selected tor
and maintained. In some cases the protein may have undergone several gene lusion
events, producing a polypeptide with several enzyme activities. covalently linked by
connecting regions. The evolutionary history of a multifunctional enzyme can ofien be
surmised by comparing the distribution of its component activities in nature, phylogenetic
analysis of the amino acid sequences encoding these activities, and analysis of the domain
structure of the enzyme. Examination of the structural organization of most

multifunctional enzymes discloses a modular arrangement.

1.3.2  The domain structure of multifunctional enzynes

The bifunctional enzyme indole phosphate synthase-phosphonbosyl anthranilate
isomerase (IGPS:PRAI) catalyzes two reactions in the tryptophan biosynthetic pathway.
Where the activities are covalently linked in E. coli, PRAI exists as a monofunctional
enzyme in yeast. The two domains of IGPS:PRAI were expressed as monofunctional

enzymes, in order to determine if ligation of these two activities provides a selective
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advantage (Eberhard, et al . 1995)  Previously, the crystal structure of IGPS PRAI
(Wilmanns, et al . 1992} had revealed eight putative hyvdrogen bonds and several
hvdrophobic contacts between domains. However, the isolated domains no longer interact.
mdicating that covalent linkage 15 essential for interdomain interaction {Eberhard et al..
1995). The separated domains and the bifunctional enzyme share similar catalyuc
efficiencies. As 1GPS:PRAI shows no evidence of substrate channelling, Eberhard et al
have suggested that fusion of the PRAI domain may stabilize the more labile IGPS
activity.

The pentafunciional AROM protein catalvzes five sequential reactions i the
conversion of 3-deoxy-D-arabino-heptulosonic acid-7-phosphate to 35-encl pyruvyl
shikimate 3-phosphate in the prechorismate section of the shikimate pathway of fung: and
yeast (reviewed by Hawkins et al.. 1993). Monofunctional prokaryotic versions exist for
cach of the activities, Four of the five eukaryotic activities have been expressed
independently, with varying results. Both the N-terminal dehydroquinate (DHQ) synthase
and the 3-dehydroquinase (fourth domain} can be independently expressed. While the C-
terminal shikimate dehydrogenase domain is refractory to independent expression. it can
be coupled to the 3-dehydroquinase to produce a stable bifunctional enzyme. The 5-
enolpyruvyl 3-phosphate (EPSP) synthase (second domain) cannot be separately expressed
as an active enzyme but a bifunctional DHQ synthase-EPSP synthase is active. Thus the
AROM protein appears to be divided into two halves, one comprising the adjacent DHQ
synthase and EPSP synthase, the second including the shikimate kinase, 3-dehydroquinase,
and shikimate dehydrogenase (domains three, four and five). Presumably critical domain
interactions occur within each half of the enzyme.

Several steps in nucleotide metabolism are catalyzed by multifunctional enzymes.
The first three steps in de novo pyrimidine metabolism are catalyzed by a multifunctional
CAD enzyme in mammals (reviewed by Evans et al., 1993). This 243 kDa polypeptide
includes glutamine-dependant carbamyl phosphate synthetase (CPSase), aspartate
transcarbamylase (ATCase) and dihydroorotase (DHOQase) activities, organized into
separate domains. In yeast only the CPSase and ATCase activities are covalently linked

while the three activities exist separately in prokaryotes. The structural organization of
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this enzvme has been determiined by sequencing two partial ¢cDNAs which encode the
entire protem and by analvsis of the fragments produced by hmited proteolvsis The
CPSase and ATCase domains share a high degree of homology with thewr prokarvoue
counterparts. Whereas the CPSase 1s composed of two different subunus (a smaller
glutamine amidotransferase subunit which transfers an anuno group to the active sie of
the larger CPSase subunit) in prokarvotes, the subunits are covalently linked m veast and
mammals The dihyvdroorotase domain is quite dissimilar from monofunctional dihydro-
crotases. and was postulated to have evolved independently from the linker sequences
separating the CPSase and ATCase domamns. All three domains can be separately
expressed as independent proteins, however the isolated DHOuase domain exhibats lower
I . and higher K values, suggesting that interactions with other CAD activities may
optimize its conformation.

Many multifunctional enzymes can be dissected, through proteolvsis or protem
engineering, into their component domains. Often the isolated domains function quite
similarly to those within the intact enzyme, suggesting that most multifunctional proteins

are arranged as independent modules linked by short connecting regions.

1.3.3  The role of linker regions in multifunctional enzymes

Connecting regions covalently link the domains within multifunctional enzymes.
These regions are often hydrophilic, solvent-exposed sequences which are more
susceptible to proteolytic cleavage than sequences within a domain. Linker regions vary
in length from only a few amino acids to more than one hundred residues, and may be
very flexible or rigid. Argos (1990) has reviewed the structure of linkers from different
proteins (mostly between domains within monofunctional enzymes), and has concluded
that most linkers are composed of mainly small hydrophilic residues in an extended
conformation. The length of the connector sequences may be critical in some instances.
In mammalian CAD, the DHOase domain is fused to the C-terminal end of CPSase with
no apparent linker, however a hydrophilic 133 residue linker connects the C-terminal end
of the DHOase domain to the ATCase domain (Evans et al., 1993). This linker has a

phosphorylation site which is proposed to play a regulatory role, in switching between an
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open and closed arrangement of CAD (Carrey, 1993}, Deletion of this linker region (Guy
& Livans, 1994) resulted in a functional CAD which exhibited kinetic parameters similar
to that of the wildtype enzyme, however, the CPSase activity became more thermolabile,
Guy and Evans suggested that removal of the linker may produce alterations in the
juxtaposition of the domains and may prevent nteraction between the ATCase and
CPSase domains. Interestingly the overall number of residues separating the CPSase and
A'TCase domains is conserved between yeast (where the activities are part of a
bitfunctional enzyme) and mammals (Guy & Evans. 1994).

Crawford et al. (1987) used deletion mutagenesis to study the role of the linker
in yeast tryptophan synthase. Removal of 18 interdomain residues produced an inactive
enzyme, while replacing 14 of the missing residues with nonrelated amino acids restored
partial activity, suggesting that length was the important determinant n this linker.

Other linker regions rely on composition to define their biophysical properties. 6-
deoxyerythronolide-B synthase 2 and 3 (DEBS2 and DEBS3) are multifunctional enzymes
with an internally duplicated modular structure similar to that of the vertebrate fatty acid
synthases (Bevitt et al., 1992). Sequence analysis indicates that each half of the enzyme
includes a 3-oxoacyl-synthase, acyltransferase, dehydratase (C-terminal half of DEBS2
only), enoylreductase, oxoreductase and acyl-carrner protein domains, connected by
potentially flexible linkers, rich in alanine, proline and charged amino acids (Bevitt et
al., 1992). '"H-NMR and proteolysis studies of the E. coli pyruvate dehydrogenase E2
linkers (Radford et al., 1989: Perham & Packman, 1989, Tumer et al., 1993) suggest that
the Ala/Pro sequences common in the interdomain regions of the E2 component of
multifunctional 2-oxoacid dehydrogenases provide conformational flexibility, facilitating
domain movement and promoting interactions. An increase in either alanine or proline
content at the expense of the other residue decreases flexibility (Tumer et al,, 1993).
Within linkers in other proteins, the presence of proline-threonine combinations
(endoglucanase A, Shen et al., 1991) or charged residues (ton B, Evans et al., 1986;
Brewer et al., 1990) has been proposed to constrain the conformation of a linker region,
producing a more rigid connector.

While linker regions are critical for the function of many multifunctional proteins,
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their sequences are less conserved than the domams which they conneet This has been
shown through comparnison of homologous veast and human DACAS (Hhum et al . 1988),
trvptophan svnthases from different species (Crawtord, et al . 1987), and rat and chicken

fatry actd svnthases (Witkowski et al., 1991).

1.3.4  The oligomeric structure of multifunctional enzymes

Several muitifunctional enzymes are oligomeric. Determinming the quaternary
structure of a multifunctional enzyme may provide further insight into its function and
evolution. CAD exists as hexamers and other large oligomers {Coleman et al., 1977 Lee
et al.. 1985). Strong subunit interactions between the ATCase domans likely form a
trimeric interface in CAD, as observed in the solved structure of the catalyue domuains of'
the E.coli ATCase (Simmer et al., 1989, Krause et al., 1987). Furthermore. Carrey (1993)
has observed that a proteolytic dihydroorotase domain exists as a dimer in solution, and
that larger fragments containing both CPSase and DHOQase activities crosslink as dimers.
Therefore, the DHOQOase domain might provide an additional interface for further
assoctation of two trimers to a hexamer.

The homodimeric mammalian multifunctional fatty acid synthase, contains seven
enzyme activities and an acyl carrier domain on a single polypeptide. The two subunits
are probably arranged in a cyclic head to tail fashion, such that the oxosynthase activity
of one subunit would act on the fatty acid chain bound to the acyl carrier domain of the
other subunit (Witkowski, 1991). This arrangement could facilitate transfer of the fatty
acid chain between different active sites. Yeast fatty acid synthase has a very different
structure, a:B,, in which the a subunit includes the oxosynthase and acyl carrier proten
domains while the 3 subunit contains the remaining activities (Wakil, 1989). Crosslinking
and cryo-electron microscopy experiments suggest that the o subunits of the yeast enzyme
may also be arranged so that the oxosynthase interacts with the acyl carrier protein from
an adjacent subunit (Wakil et al., 1983, Stoops et al., 1992)

Both the bifunctional D\C domain and the trifunctional folate interconversion
enzyme exist as dimers in solution (Hum & Mackenzie, 1991), however the arrangement

of subunits and the location of subunit interfaces is not known in detail. While the
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cukarvotic 10-formylH PteGlu, svnthetase domam may or may not mediate a subunit
interface, monofunctional synthetases are generally oligomeric. A dimeric monofunctional
svnthetase has been identified in spinach (Nour & Rabmowitz, 1991) and Phorobacterium
phosphoreum  (Pawelek & MacKenzie, personal communication} and a tetramernc

synthetase 1s found in Clostridia (reviewed in MacKenzie, 1984),

1.3.5  Advanrages of encyme organization

The association of components into multienzyme complexes and multifunctional
enzymes can result in both catalytic and regulatory advantages. Coggins & Hardie (1986)
have suggested several possible advantages, many of which result from efficient
compartmentalization. These include catalytic facilitation. protection of unstable
intermediates and sequestering of intermediates which might inhibit other reactions, co-
ordinate regulation of enzyme activities, and substrate channeiling. Several of these
advantages were also proposed by Ovadi (1991} as benefits of substrate channelling and
will be discussed in this context in section 1.3.6.

One advantage which is independent of channelling is the coordinate regulation
of different enzyme activities by an effector molecule, as reported for E. coli
aspartokinase [-homoserine dehydrogenase I. Threonine binding at a single allosteric site
on this enzyme, produces a conformational change which affects both activities (Cohen
& Dautry-Varsat, 1980).

Enzyme association may also result in noncatalytic advantages sch as increased
stability of the complex/enzyme. This may result from stabilizing interactions present in
the close packing of the domains within a multifunctional enzyme or between the different
subunits of a static multienzyme complex (Hardie & Coogins, 1986).

Multifunctional enzymes also have two advantages over multienzyme complexes.
They do not require a genetic mechanism for coordinate expression of enzyme activities

and they have no need to evolve interface surfaces for complex formation.

1.3.6 Substrate channelling in multienzcyme complexes and multifunctional enzymes

Channelling is defined as the phenomenon wh=te the product of one reaction is
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transterred to the active site of the next enzyvme without first equilibrating with the bulk
solvent. This defminon of channelling 1s dehiberately vague, and includes mechamsms
which allow direct transfer of intermediate between active sites as well as more general
methods of metabolite compartmentation. Ovadi (1991) has provided a review of possible
catalytic advantages resulting from metabolite channelling. The proxinuty of sequental
catalytic sites reduces the transit ime ol intermediates to diffuse between sites. leadig
to a decrease in the transient time required by the svstem to reach a new steady state
Steric hindrance or the arrangement of active sites may prevent diffusion of intermediates
out into the bulk medium, producing local pools with higher concentrations of
intermediates. As more than 80% of metabolites have only one cellular role (Srere, 1987).
this would localize the metabolite to the part of the cell where it is required. This allows
the pathway to work efficiently at low cellular concentrations of solutes, and conserves
the solvent capacity of the cell (Atkinson, 1969). Channelling also allows for efficient
removal and cycling of reaction products into the next step of the pathway, prevenung or
reducing the loss of intermediates by diffusion. In addition. labile intermediates can be
protected. The prompt removal of intermediates may prevent the establishment of
unfavourable equilibria. Last but not least, channelling could produce separate pools of
intermediates for competing reactions.

Sometimes the channelled intermediate 1s covalently bound to a component of the
complex/protein. This is observed in the 2-oxo acid dehydrogenase complexes, where the
intermediate is bound to a lipoamide prosthetic group which, in turn, is covalently linked
to the E2 component of the complex (Reed, 1974). Likewise, in mammalian and yeast
fatty acid synthases the growing fatty acid chain remains bound to the phosphopantetheine
prosthetic group of an acyl carrier domain. In both of these examples, the proposed
channelling mechanism involves a flexible swinging arm which conveys the intermediate
between different catalytic sites in the enzyme complex, while it remains bound to the
complex/enzyme. In contrast to such a model, Cohen-Addad et al. (1995) recently
dermonstrated that the lipoamide arm bound to the H-protein of the glycine decarboxylase
complex is unable to move freely in aqueous solvent, The crystal structure of the H-

protein reveals that the lipoic acid prosthetic group is attached to a lysine located in the
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loop of a hairpin configuration. Upon binding the methylamine intermediate, the cofactor
interacts with several conserved restdues within a cleft at the surface of the H-protein. The
methylanmine intermediate is protected from the solvent in a hydrophobic pocket which
may explain the reported increased stability of methylamine when bound to the H-protein
{Neuberger et al., 1991). The authors suggest that the T protein (which catalyzes the
subsequent reaction in the complex) and its folate cofactor must bind close to this surface
cleft to allow for the efficient transfer of the methylamine group from the lipoamide to
the folate (Cohen-Addad et al., 1995).

Often the channelled intermediate is not bound covalently. The channelling of the
indole intermediate between the two sequential activities of tryptophan synthase 1s the
most compelling example of this type of channelling (Hyde et al., 1988). When the two
o and two 3 subunits of this protein combine to form the o,3, multienzyme compiex, the
individual reaction rates and the affinities of each subunit for substrate are increased by
one to two orders of magnitude. As well, experimental evidence suggested that the indole
intermediate remains bound to the compiex. The three dimensional structure of this
complex revealed that the indole is channelled through a tunnel connecting each pair of
o and P catalytic sites. This tunnel prevents hydrophobic indole from escaping into the
cytoplasm and potentially out of the cell.

The crystal structure of the bifunctional thymidylate synthase-dihydrofolate
reductase from Leishmania major has provided a mechanism to explan the observed
channelling of dihydrofolate between active sites in this enzyme (Knighton et al., 1994).
An electrostatic surface stretching between the synthase and reductase active sites is
proposed to promote surface diffusion of the intermediate.

The mammalian sulphate aciivation pathway includes a bifunctional enzyme with
sequential ATP sulfurylase and adenosine 5' phonphosulphate kinase activities (Lyle et al.,
1994a). The ability of this enzyme to channel the adenosine monophosphate sulphate
(APS) intermediate from the sulfurylase to the kinase active site was shown by evaluating
the ‘ime course of appearance of intermediate and product, and by isotopic enrichment
or dilution studies (Lyle et al., 1994b). The bifunctional enzyme exhibits a channeliing

efficiency (rate of initial appearance of final product/rate of initial appearance of
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miermediate) of 96%. while a muxture of the monofunctional sulfurvlase and kinase trom
Pennictllium chrysogenum showed no ability to channel mrermediate. As the equilibrium
constant for the sulfurviase activity strongly favours the reverse reaction, removal of APS
by channelling it to the kinase active site may help dnve the pathway m the torward
direction. Moreover, the APS intermediate 15 labile under physiological conditions while
the product of the kinase 1s more stable.

Most of the preceding examples result in perfect channelling. where almost all of
the product of the first reaction is channelled to the subsequent active site. However
channelling is often less efficient. The bifunctional dehydrogenase/eyclohydrolase doman
of human D\C\S is able to channel only 45% of the 5.10-methenylH,PteGlu, produced by
the dehydrogenase activity (Hum & MacKenzie, 1991). This is surprising because the two
activities share a common folate binding site (Pelletier & Mackenzie. 1995). The
cyclohydrolase reaction aiso occurs nonenzymatically under physiological conditions,
which may have precluded the need to develop a more channelling efficient mechanism.

Nada et al. (1995) recently described a study of channelling in mitochondrial fatty
acid f-oxidation. They developed a tandem mass spectroscopy method to analyze the
metabolism of isotopically labelled fatty acid chains in normal and B-oxidation enzyme-
deficient human fibroblasts. They observed two distinct types of intermediate transfer:
complete channelling by the long-chain specific enzymes bound to the inner mitochondrial
membrane and partial channelling by the soluble matrix enzymes responsible for
metabolizing short and medium chain fatty acyl-coA thioesters. Incomplete channelling
between the 3-ketoacyl-CoA thiolase and subsequent acyl-CoA dehydrogenases may result
from the inability to form a complex between the single thiolase and mulliple
dehydrogenases (Nada et al,, 1995). While the arrangement of the matrix enzymes 18
unknown, it has been proposed that they are organized in a nonrandom fashion which
allows for the appropriate dynamic interactions between sequential activities.

The most convincing examples of intermediate channelling are observed in static
multienzyme complexes or multifunctional enzymes. They provide a solid example of how

enzyme organization can regulate cetlular metabolism.
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14 FOLATE METABOLISM

Tetrahydrofolate (H,PteGlu) functions as a carrier of one-carbon (C1) units in both
prokaryotes and cukaryotes {(Figure 1.4.1). This cofactor 1s involved mn a variety of
cellular reactions, not all of which are conserved between species. The following review
of folate metabolism 1s limited o one-carbon metabolism in mammalian liver only (the
major pathways are outlined in Figure 1.4.2.). Later in this section the emphasis will tum
to the role of H, PteGlu, in the metabolism of histidine, as mediated by the bifunctional

enzyme formiminotransferase-cyclodeaminase.

1.4.1  An overview of folate metabolism in mammalian liver

One-carbon groups at various oxidation states, can be carried at N-5 of
tetrahydrofolate to give 5-formyl, 5-formimino or 5-methyl derivatives, at N-10 to produce
10-formyl derivatives, or bridged between N-5 and N-10 to form 5,10- methylene or
methenyt derivatives. Within cells, folates are polyglutamylated, containing between 5 and
9 glutamates in gamma linkage. Absorption of dietary folates and hydrolysis of the
polyglutamate tail occurs in the smail intestine (Halsted, 1989). The most common
circulating form of this cofactor is monoglutamylated 5-methylH,PteGlu (Ratanasthien et
al., 1974). Animal studies indicate that the liver is the primary site of reduction and
methylation of circulating folate (Kiil et al., 1979) and also serves as the major storage
site of dietary folates (reviewed by Cossins, 1984), with the glu, and glu, derivatives
predominant. Within liver, folates are highly compartmentalized, existing in both the
cytosol and the mitochondria, and are generally protein bound (Schirch & Strong, 1989).
Both the cytosol and the mitochondrial matrix contain serine hydroxymethyltransferases,
folylpolyglutamate synthetases and folate interconversion enzymes.

Folates enter the cell through one of two distinct transport systems (reviewed by
Antony, 1992, Home, 1993). The reduced folate carrier is a high affinity/low capacity
transporter. This carrier is saturable and actively transports reduced folates and
methotrexate preferentially across the membrane. ¢cDNA's encoding the reduced folate

carrier, or a component of this carrier, have recently been isolated from mouse (Dixon,
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FIGURE 1.4,1. The structure of tetrahydropteroyl polyglutamate, One-carbon substitutions
occur at N-5 and/or N-10. The giutamates in the polyglutamate tail are in gamma linkage.

(modified from Cossins, 1984).
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FIGURE 1.4.2. An overview of cellular folate metabolism in mammalian liver, This figure
provides an overview of the common cellular sources of one-carbon units. the cellubar
uses of these one-carbon units, and the pathways for the interconversion of ditTerent pools
of one-carbon units. {modified from scheme 1, which was prepared by G. Tremblay und

published in Yang & MacKenzie, 1993)
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et al.. 1994) hamster (Wilhams et al.. 1994) and human (Wong, 1995), and sequence
analvsis mdicates that this carrter s part of a superfamily of transmembrane transporters
In  contrast, the tolate receptor remams bound to  the membrne b o
glyvcosyiphosphatidylinositol tail and relics on endocytosis to transport folates into the cell
This receptor preferentially binds folic acid. 3-tormyl and 3-methvlH,PteGlu A reduced
folate transporter also promotes transport of tolates across the mutochondnal membrane
(Home et al.. 1992} There 1s no evidence for transfer of 3.10-methvlene- or 10-
formylH,PteGlu across the mitochondrial membrane (Home, 1989} and one carbon units
are probably metabolized to serine or formate prior to transport out of the mitochondna.

Once inside the cell, poly-y-glutamate tails must be added to the coenzyme so that
it can be retained and used efficiently within the cell (reviewed in Shane, 1989)
Folylpolyglutamate synthase (FPGS) catalyzes the stepwise addition of glutimates to the
terminal glutamate moiety of folate. In mammalian tissues, poly-y-glutamate tails are
typically between five and nine residues in length. Both cytoplasmic and mitochondrnal
versions of FPGS exist. The folates that first enter the mitochondria are
monoglutamylated. however polyglutamylation is obligatory for their conservation within
this organelle. Recently Shane's group have shown that mitochondrial FPGS activity s
essential for C1 metabolism within the mitochondria and for normal one carbon flux to
the cytosol (Garrow et ai., 1992; Lin et al., 1993. Lin & Shane, 1994).

Most of the tetrahydrofolates entering the cell are in the S5-methyl form.
Methionine synthase provides the sole means of metabolizing 5-methylH,PleGlu. This
cobalamin-dependent enzyme catalyzes the transfer of the methyl group to homocysteine,
producing methionine and H, PteGlu, which can re-enter the Cl pool. 5-methylH,PteGlu,
i1s a poorer substrate for FPGS than H,PteGlu,, 5.10-methyleneH, PteGlu, or |0-
formylH,PteGlu,, suggesting that the cofactor must be demethylated prior to
polyglutamylation {Cichowicz & Shane, 1987).

1.4.2 Sources of cellular one-carbon units
Carbon-3 of serine is the major source of one-carbon units for cellular metabolism

(reviewed in MacKenzie, 1984). Serine hydroxymethyltransferase (SHMT) transfers the
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(-3 of serme to H, PteGiu,. producing glvemie and 21 0-methvleneH PteGlu, Formate and
histidie serve as ninor sources of evtosolic C1units 10-formylH, PreGlu, svnthetase, the
third activity of the evtosolie falate interconversion enzvme DUC:S. can couple formate
to the N-10 posiunon of tetrahydrofolate in an ATP dependen reaction. Bifuncuional
formminotransterase-cvclodeaminase catalvzes the transfer of the formimino group from
the histidine catabolite forminunoglutamate to H,PteGlu, and the subsequent deamunation
of this intermediate {<escribed 1n more detail in section 1. 4.7 ).

Within mitochondria, the glycine cleavage systemi and catabolism of the N-
methylated compounds dimethylglycine and  sarcosmme by their corresponding
dehydrogenases also provide 5.10-methyleneH, PteGlu,. The mitochondnal isoform of
SHMT can use 5.10-methyleneH,PteGlu, and glycine to synthesize serine for transport of
C1 wts out of the mitochondria.

Barlowe & Appling (1988) have proposed that a mitochondrial pool of C! units,
generated from the SHMT-catalyzed breakdown of serine, is oxidized to formate by a
liver mitochondrial D\C\S which is anaiogous to the yeast mitochondrial DAC\S (reviewed
m Appling, 1991). The forniate could then be tran;ported out of the mitochondria and
meorporated into 10-formylH PteGlu, by the cytosolic 10-formylH, PteGlu, synthetase.
Appling and colleagues have demonstrated that carbon 3 of serine or the N-methy!| carbon
of sarcosine can be oxidized to formate in rat liver mitochondria {Bartowe & Appling,
1988; Garcia-Martinez & Appling, 1993). This hypothesis provides an explanation for the
importance of mitochondnal SHMT and FPGS in cytoplasmic folate metabolism.
However, deletion of the yeast mitochondrial D\C\S has no phenotype {Shannon &
Rabinowitz, 1988), Moreover, while a mammalian, NADP-dependent, mitochondrial
D\C\S has yet to be isolated, an NAD-dependent, mitochondrial D\C has been purified
(Mejia et al., 1986) and cloned (Bélanger & MacKenzie, 1989). Yang & MacKenzie
(1993} have suggested that this bifunctional enzyme is the homolog of the yeast
mitochondrial DACAS. Certainly mitochondnal folate metabolism has a major, although

presently unclear, impact on cytosolic folate metabolism.
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1.4.3  Interconversion of one-carbon units

The NADP-dependent trifunctional DACAS balances the cvtosolic pools of 5.10-
methylene and 10-formyl derivatives. The NADP dependent dehyvdrogenase and
cyclohydrolase activities raversibly interconvert 5,10-methylene, S.10-methenyl and 10-
formyliH,PteGlu,, such that C1 units are available for synthesis of purines, thymidvime
and methionine as required by the cell. Pelletier and MacKenzie (1995) have argued that
the cytosolic pools of 5.10-methylene and 10-formylH PteGla, are kept at or near
equilibrium, providing sufficient concentrations of either species as required for
biosynthetic purposes. and allowing both serine and formate to efficiently serve as donors
to the active C1 pool. This enzyme is expressed in all tissues (Thigpen et al.. 1990, Pen
& MacKenzie, 1991) and regulated as a house-keeping enzyme (Pernt & MacKenzic,
1991). As mentioned earlier, mammalian mitochondria contain an NAD-dependent V.
Cellular expression of the mitochondrial D\C ‘= highly regulated. While 1t 1s present at
very low levels in normal cells and tissues, it i1s overexpressed in fetal tissues and
immortalized cell lines, and upregulated in response to mitogens {Peri and MacKenuzie,
1993). This enzyme was thought to be involved in supplying formy! groups for initiation
of mitochundrial protein synthesis. However, protein synthesis is still observed in an
embryonic stem cell line which no longer expresses the DAC protein (Tremblay, 1995).
Nevertheless, loss of this D\C does impair cell growth at low concentrations of folate.

Both SHMT (Stover & Schirch, 1990} and the cyclohydrolase activity of DACAS
(Pelletier, 1995) catalyze the hydrolysis of 5,10-methenylH,PteGiu, to 5-formylH,PteGlu,,
with low specific activity. The 5-formyl derivative is a possible storage form of folale
within the cell (Kruschwitz et al., 1994), and functions as an inhibitor of several folate-
dependent enzymes (reviewed in Stover et al., 1993), perhaps playing a regulatory role
in Ci metabolism. 5,10-MethenylH,PteGlu, synthetase converts 5-formy!H, PteGlu, back
to 5,10-methenylH PteGlu, through an ATP-dependent reaction.

10-formylH,PteGlu, dehydrogenase-hydrolase (10-FTHFDH) can regenerate
tetrahydrofolate from 10-formylH,PteGlu, through either of two separate activities: the
NADP dependent dehydrogenase which releases the C1 unit as CO,, and the hydrolase
which produces H/PteGlu, and formate. 10-FTHFDH tightly binds pentaglutamylated
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tetrihvdrofolate, which remains associated with the protein throughout purification. There
has been some debate regarding the subcellular distribution of these activites and whether
they exist on separate polypeptides (Case et al.. 1988) However Cook and colleagues
{1991 ) have cloned a cytosolic 10-FTHFDH from rat liver, which displays both activities.
Sequence analysis (Cook et al., 1991), mutational analysis (Krupenko et al., 1993). and
proteolysis (Schirch et al.. 1994) indicate that this protem contains an N-terminal

hvdrolase and a C«terminal dehydrogenase domain.

1.4.4 Uses of one-carbon units

One carbon units are required for the de novo synthesis of purines, thymidylate synthesis
and regeneration of methionine. 10-tforylH,PteGlu, donates two Cl units to de novo
purine synthesis, which are incorporated as C-2 and C-8 of the punne ring. The first
folate-dependent transfer reaction 1s catalyzed by GAR (glycinamide ribonucleotide)
transformylase. In liver. this transformylase is part of a multifunctional enzyme which also
includes the purine synthetic activities GAR synthase and aminoimidizole ribonucleotide
synthetase (Daubner et al., 1985, Aimi et al., 1990). Recently a second bacterial GAR
transformylase (purT) was identified which uses formate instead of 10-formylH,PteGlu,
as the C1 donor (Nygard & Smith, 1993; Marolewski et al., 1994). However, the formate
is thought to be provided by a formylH,PteGlu, hydrolase encoded by purl/ (Nagi et al.,
1993; 1995). Incorporation of the second C1 unit is catalyzed by AICAR (5-amino-4-
imidazole-carboxamide ribonucleotide) transformylase. This activity is part of a
bifunctional enzyme which also catalyzes the closure of the purine ring (Mueller &
Benkovic, 1981).

After observing that these two folate-dependant transformylases co-purified from
chicken liver with D\C\S and SHMT, Caperelli et al. (1980) proposed that these proteins
may also associate to form a multi-enzyme complex in vivo, which could channel C!
units donated by serine directly into de nove purine synthesis.

5.10-methyleneH, PteGlu, provides methy! groups for the synthesis of thymidylate.
Thymidylate synthase transfers a one carbon unit from 5,10-methyleneH,PteGlu, to dUMP

to produce thymidylate, During this transfer the pteridine ring becomes oxidized forming
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dihvdrofolate. Dihydrotolate reductase retums dihydrofolate to the fully reduced state
5.10-methylenet PteGlu, also serves as a C1 donor for methionme svnthesis The
flavoprotein 3.10-methvieneH, PteGlu, reductase (MTFR) catalyzes the reduction of tlas
folate cofactor to S-methylH PteGlu, This irreversible reaction is the commutted step m
methionine synthests. Vitamin B, methionine synthase catalyzes the transter of the methvi
group from 3-methyltetrahydrofolate to homoceysteine producing tetrahvdrofolate and
methionine. The methionine cycle 15 highly regulated, and only low amounts of these
enzyme activities are observed in vivo. Methionine 15 a weak inhibitor of’ methionme
synthase, and when modified to form S-adenosylmethionine (SAM). functions as an
allosteric inhibitor of MTFFE (Kutzbach & Stokstad. 1971: Jenks & Matthews, [987) In
fact physiological levels of SAM keep the cellular level of MTFR activity very low
When methionine synthase is inactivated and cellular SAM levels drop. MTFR 1s no
longer inhibited. Polyglutamylated cellular folates become trapped as S-methylH,PteGlu,
(the methyl trap hypothesis, reviewed in Matthews, 1984; Shane & Stokstad, 1985), and
monoglutamylated 5-methylH,PteGlu, entering the cell cannot be efficiently
polyglutamylated. This diminishes the level of active folates within the tissue, impairing

all aspects of Cl metabolism.

1.4.5 The role of polyglutamylation in one-carbon metabolism

The role of polyglutamylation of folates in regulating one-carbon matabolism has
received considerable attention (reviewed in Schirch & Strong, 1989, Shane, 1989
Krumdiek et al., 1991). As previously mentioned, folates must be polyglutamylated for
retention within the cell or the mitochondria. Many folate-dependent enzymes show
increased affinity for folate substrates or enzyme inhibitors with a particular polyglutamate
taill length. Polyglutamylation has also been implicated in the channelling of folate
intermediates between active sites in multifunctional enzymes.

Several folate-dependent enzymes display preferential binding of polyglutamylated
substrates or inhibitors. To illustrate this phenomenon, porcine liver methyleneH,PteGlu,
reductase shows increased specificity with increasing chain length for both the H,PteGlu,

inhibitor and 5,10-methyleneH,PteGlu, substrate (Matthews & Baugh, 1980), and achieves
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maximum affimity with o hexaglutamate tul Decreasing the folate A, values results m
mercased catalvue etficieney, as measured by 7 K, and brings the binding atfinites
of the folate substrate mto the range of cellular tolate concentrations.

The presence of a polyglutamate tal may also result in a change mn the kineue
mechanism. MTFR changes from an apparent ping pong mechanism to a sequential
mechanism with polyglutamylated substrates (Matthews & Baugh. 1980). Likewise the
order of addition of substrates changes for thymidylate synthase when mono- or
pentaglutamylated denvatives are supplied as substrate (Lu et al., 1984). In some
instances the presence of a polyglutamylated folate inhibitor or substrate may enhance the
binding of a nonfolate substrate (Matthews, 1984; Findlay et al.. 1989).

Baggott & Krumdiek (1979) proposed that the relative distribution of folate
coenzymes with different polyglutamate tail lengths may play a role in controlling the flux
of C1 units down different metabolic pathways. A study of the four cytosolic enzymes
which use 5.10-methyleneH PteGlu, as a cofactor suggest that different cellular
concentrations of 5.10-methyleneH,PteGlu, may regulate the flux of Cl units into
nucleotide biosynthesis or methionine regeneration pathways (Matthews et al., 1985:
Green et al., [988),

Polyglutamylation has been implicated in the channelling of a formiminoH,PteGlu,
intermediate between the sequential transferase and cyclodeaminase activites of FTCD
(MacKenzie & Baugh, 1980: Paquin et al., 1985), as discussed in section 1.4.8.
Intermediate channelling has also been observed between the dehydrogenase and
cyclohydrolase activites in the D\C domain of cytosolic DAC\S and mitochondrial D\C.
Pelletier & MacKenzie (1995) have recently shown that the cytoplasmic dehydrogenase
and cyclohydrolase activites share a folate buiding site, and the mechanism of channelling
in this enzyme is likely independent of the polyglutamylation status of the intermediate.
Bifunctional thymidylate synthase-dihydrofolate reductase will channel both mono and
polyglutamylated derivatives between the two types of active sites. A possible mechanism
for channelling of the dikydrofolate intermediate hus been discussed previously (section
1.3.6).
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1.4.6 The H/PteGlu, binding site

While the amino acid sequences are available for several 1,PteGlu, binding
proteins, sequence analysis has not provided a general consensus sequence for folate
binding sites. Cook et al., {1991} however, have identified a putative 10-formylH PteGlu,
binding sequence. XPS(X),P{X),,G. which has been observed in several ditferent 10-
formylH PteGlu, binding enzymes. While the crystal structures of several folate-dependent
enzymes have now been determined. there 1s very little evidence of a common folate-
binding fold (reviewed in Chen et al., 1992). Researchers have; been more successful af
identifying possible polyglutamate binding sites. Not suprisingly. several studies indicate
that basic amino acids are involved in the binding of polyglutamylated substrates to
folate-dependent enzymes (Kamb et al.. 1992; Usha et al., 1992, Maras et al., 1994; Finer-

Moore et al., 1994). These sites will be discussed in more detail in Chapter 5.

1.4.7 Histidine catabolism in mammals

Folates are involved in both the synthesis and the catabolism of histidine (reviewed
by Shane & Stokstad, 1984). In mammals, folate-dependent histidine degradation salvages
one of the C1 units used in histidine biosynthesis. The preferred route of histidine
breakdown in mammals is initiated by histidine-ammonia lyase (known as histidase),
which produces urocanate and free ammonia from histidine. Urocanase catalyzes the
hydration and rearrangement of urocanate, to form the unstable product imidazolone
propionate. This metabolite is then hydrolysed to produce formiminoglutamate (FIGLU).
These three reactions are common to eukaryotic and prokaryotic histidine degradation
pathways.

The folate-dependent degradation of FIGLU was elucidated in the 1950' by Tabor,
Rabinowitz and Wyngarden (1956; 1959). In mammals, FIGLU is the substrate for
bifunctional formiminotransferase-cyclodeaminase (FTCD). The formiminotransferase
activity catalyzes the transfer of the formimino group from FIGLU to the N5 position of
H,PteGlu,, while the cyclodeaminase catalyzes the deamination of 5-formiminoH,PteGlu,,
forming 5,10-methenylH,PteGlu, and releasing ammonia {outlined in Figure 1.4.3).

Formiminotransferase-cyclodeaminase serves as a gateway for the entry of one carbon
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FIGURE 1.4.3. Bifunctional formiminotrunsferase-cyclodeaminase catalyzes two

sequential reactions in the histidine degradation pathway. (taken from Findlay. 1988)
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units from histidine degradation into the folate pathway.

Regulation of this pathway is influenced by a mynad of effectors (reviewed by
Schepartz, 1973; Levy, 1989). Hepatic histidase and urocannse levels are subject to
several environmental conditions including diet. growth conditions and disease states.
Many of the regulatory factors are typically gluconeogenic while others are less obvious.
Histidase appears to be developmentally regulated. first appearing at very low levels in
rat liver shortly after birth. This level is augmented during puberty. however the increase
is greater n the female animal such that histidase levels are doubled. Less is known about
the regulation of the third and fourth enzymes in this pathway. It has been reported that
FICD enzyme activity is downregulated in rat hepatocarcinomas (Jackson & Niethammer,
1979). Like histidase and urocanase. rat hepatic transferase activity may be induced by
glucagon and decreased by insulin. Stifel et al, (1974} suggested that the trans.'erase may
also be stimulated by epinephrine and intravenous cAMP through post translational
modification. Developmentally. the transferase levels are low in newbom rats and mice
and increase rapidly during the first three weeks of life, plateauing at week five
(Rabmmowitz & Tabor, 1958). Our lab has observed that full-grown sows are the best
source of porcime liver FTCD (MacKenzie, personal communication) suggesting that
estragen may be a regulator of this enzyme as has been observed with histidase.

Histidine catabolism is clearly affected by the level of available folate, and vitamin
B,,. Folate deficiency results in inactivation of urocanase and FTCD, with increased
excretion of urocanate and FIGLU in the urine. Vitamin B,, deficiency also results in
increased excretion of FIGLU. The excretion of this metabolite is used chinically to
diagnose folate deficiency and to differentiate between folate and vitamin B, deficiencies
(Chanarin, 1969). Addition of methionine will decrease FIGLU excretion if Vitamin B,
deficiency is the cause, as outlined in the methyl trap hypothesis (Shane and Stokstad,
1984).

The FTCD activities are primarily found in the liver, but lower levels have also
been tdentified in kidney and jejunum in some mammalian species (Tabor & Wyngarden,
1959; McLain et al, 1975). Formiminotransferase activity has not been detected in

insects, bacteria and yeast, however both activities have been identified in filaria (Jaffe
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et al. 1980) and an avian homolog has been observed m chicken (Henmig, personal
communicanon. this thesis. Chapter 3} A Closidial ey clodeaminase s responsible 1o
the deammanon of formumnotetrahydrofolate produced by catabohsm of purmes
(Rabinowitz & Pricer. 1956a.b} This activity 1s associated with a 3, 10-metheny 11, PreGlu
cyvclobydrolase (Uveda & Rabmowitz, [967) Also. an open reading {rame {rom the
Methanobacterium exrorquens shows amino acid sequence homology to the deanunase

domain of FTCD (this thesis, Chapter 5).

1.4.8 Porcine liver Formiminotransferase-Cvclodeaminase

Tabor and Wyngarden (1959) first showed that the transferase and deaminase
activities co-purified from hog liver acetone powder. Ultracentrifugation of the punficd
enzyme gave a single peak indicating that the activities were associated. Each activuy
could be inactivated separately. The transferase activity was preferentially destroved by
treatment with N, ,OH at pH 10.5, while the deaminase activity was lost after proteolysis
with chymotrypsin. Thus, FTCD appeared 1o be either a multienzyme complex or a
muitifunctional enzyme.

Drury et al. (1975) developed a protocol to isolate the enzyme directly from pig
liver. The punified enzyme had a monomer size of approximately 62 kDa estimated irom
SDS PAGE, and a native molecular weight of 540 kDa as determined by equilibrium
sedimentation. This suggested that FTCD was an oligomer of between 7 and 9 subunits.
Isoelectric focusing and cyanogen bromide cleavage studies confirmed that the subunits
were identical and that FTCD was a multifunctional protein (Beaudet & MacKenzie,
1976). Electron microscopy with rotational reinforcement of negatively stained molecules
of FTCD indicated that the enzyme is octameric and arranged such that the eight subunits
form a planar ring. Cross-linking with dithiobis(succinidyl propionate) verified that native
FTCD is an octamer (MacKenzie et al., 1980)

Several lines of evidence indicated that the transferase and deaminase activities
could function independently, suggesting that they were located at separate sites on the
polypeptide. Treatment with dithionitrobenzene preferentially inactivated the deaminase

while the transferase activity was susceptible to inactivation with diethylpyrocarbonate
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(Drurv & MacKenzie, 1977) As well. a 39 kDa transferase-acuve fragment was refeased
upon proteolysis of FTCD with chymotrypsin in the presence of folic aaid (MacKenzie
et ol . [980)

Beaudet and MacKenzie (1975) proposed that the formiminotransferase employs
a rapid equihbrium random kinetic mechanism. This implies that the folate and FIGLU
substrates bind to distinet parts of the transferase active site and that either can bind first.
Kmenic analyses indicated that both the transferase and the deaminase activities display
higher catalyuic efficiencies when polyglutamylated substrates are used (MacKenzie &
Baugh, 1980; Paquin et al., 1985). The transferase-active proteolytic fragment, however,
does not retain specificity for folylpolyglutamates. The presence of a polyglutamate tail
also decreases the K, value for formiminoglutamate approximately ten-fold. bringing it
closer 1o the physiological range (Findlay et al.. 1989).

FTCD channels pentaglutamylated forminoH,PteGla, between the transferase and
deaminase active sites with 100% efficiency. and other polyglutamates (with 4. 6 or 7
glutamates) to a lesser extent (MacKenzie & Baugh, 1980). Channelling is indicated by
an increase in the rate of production of 5.10-methenylH,PteGlu, (the product of the
deaminase reaction), such that the formimino intermediate no longer accumulates in the
medium. MacKenzie and Baugh, (1980) used chemical modification to produce
monofunctional transferase or deaminase. As a mixture of the modified monofunctional
transferase and deaminase does not channel the formimino intermediate, substrate
channelling appears to only occur between sites within the same octamer. MacKenzie and
Baugh (1980) proposed that the polyglutamate tail might function as an anchor, fastening
the intermediate to the octamer while the pteroyl moiety swings between active sites,

Paquin et al. (1985), used bindii:g and kinetic studies to further analyze the
mechanism of channelling. These studies showed that while FTCD binds hexaglutamates
with the greatest affimity and displays similzr catalytic efficiencies when H,PteGlu, (n =
4, 5, 6 or 7) are used as substrate, complete channelling only occurs with the
pentaglutamylated substrate. Thus the channelling mechanism can distinguish between
different polyglutamate chain lengths, and the pentaglutam:-te taill may be preferred for

steric reasons. The distance between the a-carboxy! of the fovrth glutamate (the first
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glutamate to be tghtly bound to FTCDY and the N-3 position on the ptendime rma. was
estimated to be 20-23"A m tength This could provide the prerov] morety with a range of
40-30"A while the polvelutamate tail remains attached to the enzyvme While thas distance
ts greater than the diameter oi’ the subunit as estimated tfrom electron nicroscopy, the
relative positions of both types of active sites within the dimer must be deternined before
one can resolve whether this model provides a feasible explanation of channelling n this
system.

Equilibrium binding studies (Paquin et al., 1985) indicate that each FTCD octamer
contains four high affinity polyglutamate binding sites. Using combinations of mono and
pentaglutamylated H,PteGlu, and formimino H,PteGlu,, Paquin et al. ( 1985) demonstrated
that FTCD will only use exogenous formimino H,PteGlu, when one of the substrates .
monoglutamylated. This suggests that one polyglutamate binding site exists per par of
transferase/deaminase active sites.

Crosslinking of FTCD with the short bifunctional reagent difluoredinitrobenzene
yielded predominantly even-numbered species. indicating that two types of subunit
interactions are present within the octamer {MacKenzie et al., 1980). As well, the
transferase-active proteolytic fragment exists as a dimer. This implied that the FTCD
nctamer was in fact a ring-shaped tetramer of dimers.

What would be the smallest functional unit in such an arrangement, able 10
catalyze both activities as well as channel intermediate between active sites? Findlay and
Mackenzie (1987) performed a series of denaturation and renaturation studies to answer
this question, Urea induced-dissociation of FTCD was analyzed by monitoring catalytic
activity, intrimsic tryptophan fluorescence and subunit association under increasing
concentrations of denaturant. In potassium phosphate buffer, FTCD sequentially
dissociated, proceeding from octamer to dimers to monomers, Between 2 and 3 M urea
octameric FTCD underwent its first dissociation to dimers, accompanied by a
simultaneous loss of both catalytic activities and a large decrease in the fluorescence
intensity. The second transition, occurring between 3 and 4 M urea, and represented by
a redshift in the wavelength of maximum fluorescence emission, was interpreted as a

conformational change in the dimer. Above 4 M urea, the dimers dissociated to
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monomers Two different types of monofunctional dimers can be 1solated by vaning
experimental conditions. At 3 M urea in potassium phosphate buffer containing folic acid.
FTCD forms deaminase-active dimers. Transferase-active dimers are produced upon
mcubation of FTCD n triethanolamine hydrochlonde buffer containing | M urea. These
dimers remain stable at 3 M urea when glutamate 1s present. Proteolysis of tie transferase
and deaminase-active dimers produced different fragmentation patterns. indicating that
they are structurally distinct. This suggested that they nught isolaie different suounn
interfaces.

Renaturation of FTCD from 6 M GdnHCI indicates that the enzyme recovers the
native quatemary structure, over 90% of both catalytic activiiies, and the ability to
channel intermediate within 48 hours following dilution (Findlay & MacKenzie. 1988).
In the presence of |.5 M urea. reassembly of FTCD is arrested at the level of a
transferase-active dimer. Dialysis leads to recovery of both the deaminase activity and the
polygiutamate binding specificity. This also supports the proposal that the transferase
activity is associated with one type of subunit interface and the deaminase activity and
polyglutamate binding site with a second type of interface. The transferase-active
proteolytic fragment could also be renatured from 6 M GdnHCI, indicating that it can

function as an independent folding unit.
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STATEMENT OF THE PROBIEM

The integrity of altemating subunit interfaces appears essential for the comerdent
expression of the transferase and deaminase activities and the substrate channelling
behaviour. Consequeatly Findlay and Mackenzie have proposed that the octamer rather
than a dimer is the functisiiai unit of FTCD. Assuming that each subunit contains both
a transferase and a deanunase domain, an analysis of the domain strueture of FTCD and
characterization of the isolated domains should finally resolve this issue. As well, it
should clanfy the role of the two catalytic domains within the FTCD octamer

Prior to such an analysis I first had to generate a system where we could 1solite
an independent transferase and deaminase domain. A novel full-length ¢cDNA encoding
porcine liver FTCD was 1solated and used to express the recombinant enzyme n £, coli.
The protocol described in Findlay et al. (1989) was modified to punify the recombinant
enzyme. Deletion analysis of the ¢cDNA encoding FTCD was used to demonstrate the
domain structure of each FTCD subunit. Both catalytic domains were independently
expressed and charactenized in terms of their quaternary structure and ability to bind and
channel polyglutamates. The isolated domains and the full-length enzyme were subjected
to urea-induced denaturation in order to further characterize the properties of cach domain

in and outside of the octamer.
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CHAPTER 2

THE NUCLEOTIDE SEQUENCE OF PORCINE FORMIMINOTRANSFERASE-
CYCLODEAMINASE: EXPRESSION AND PURIFICATION FROM ESCHERICHIA
COLI
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ABSTRACT

We have isolated and characterized ¢cDNA clones eacoding the poreine hiver octameny
enzyme, formiminotetrahvdrofolate.glutamate formiminotransterase (EC 21235 -
formiminotetrahvdrofolate cvelodeaminase (EC 43 1.4). The ¢DNA encodes a novel
amino acid sequence of 541 residues which contains exact matches 10 two sequences
derived by automated sequence analysis of CNBr cleavage fragments 1solated from the
porcine enzyme. The recombinant enzyme has been expressed as a soluble protein
Escherichia coli at levels 4-fold higher than those observed in liver, and is bifunctional,
displaying both transferase and deaminase activities, With a calculated subunit molecufar
mass of 58926 Da, it is similar in size to the enzyme isolated from porcine liver
Purification of the enzyme from Escherichia coli involves chromatography on a novel
polyglutamate column which might interact with the folylpolyglutamate binding sue of
the protein. The purified recombinant enzyme has a transferase specific activity of 39-41

units/mg/min.
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INTRODUCTION

Formiminotransferase-cyclodeaminase FTCD 15 a large octameric protein with two
independent catalytic activities. This folate-dependent enzyme serves to channel one-
carbon units from formiminoglutamate. a metabolite in the histidine degradation pathway,
1o the folate pool. After identifying 5-formiminotetrahydrofolate as the product of a
formiminoglycine transferase from Clostridia (Rabinowiiz & Pricer, 1956), Rabmowitz
and associztes defined the enzymatic steps involved in the folate-dependent catabolism
of formiminoglutamate in mammals (Tabor & Rabinowiiz, 1956). Specifically. the
transferase activity transfers the formimino group of formiminoglutamate to the NS5
position of tetrahydrofolate, producing 5-formiminotetrahydrofolate and glutamate. The
cyclodeaminase activity catalyzes the cyclization of the folate intermediate, forming 5.10-
methenyltetrahydrofolate and releasing ammonia. This liver specific enzyme was first
punf: d and characterized by Tabor and Wyngarden (1959). The presence of FTCD in
other organisms is, for the most part, uncertain. The enzyme has not been detected in
yeast or bactena (Shane & Stokstad, 1984} but both enzyme activities have been reported
in filaria (Jaffe et al., 1980).

Previous studies on FTCD indicate that its unusual quaternary structurf ‘s essential
for the full expression of both catalytic activities. The native porcine enzyme has been
shown to be composed of eight identical subunits of approximately 62 kDa each, which
associate to form a planar, ring-shaped structure (Drury et al., 1975, Beaudet &
MacKenzie, 1976). The presence of only four polyglutamate binding sites per octamer,
the prevalence of dimers and tetramers in cross-linking studies, and the generation of a
dimeric transferase-active proteolytic fragment suggest that the subunits are arranged as
a tetramer of dimers (Paquin et al., 1985; MacKenzie et al,, 1980). This model has
received further support from a series of dissociation and renaturation experiments which
indicated that two different types of dimers can be isolated, each containing a different
subunit interface and displaying either the transferase or the deaminase activity (Findlay
& MacKenzie, 1987; 1988). In order to further explore the molecular structure necessary

for expression of each activity, we have isolated the cDNA encoding the porcine liver
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FTCD and expressed it in £, colt
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MATERIALS AND METHODS

Matenals Restriction Enzymes and DNA modification enzvmes were obtained from
Bethesda Research Laboratories. Boehringer Mannheim. Pharmacia or New England
Biolabs. All reagents and enzvmes for sequencing DNA were from United States
Biochemical Corporation or Pharmacia. Nitrocellulose membranes used for Westemn
blotting were from Schleicher and Schuell. Nitrocellulose and nylon filters for screening
and nylon membranes for Southem/Northem blot analysis were from Amersham
Corporation as were radioisotopically labelled nucleotides and '**I-labelied protein A.
Diagnostic X-OMAT AR film was purchased from Kodak. Oligonucleotides were
synthesized and purified by the Sheidon Biotechnology Centre, McGill University.

Oligo dT cellulose, DEAE Sepharose and Heparin Sepharose CL-6B were from
Pharmacta, Matrex Blue A was from Amicon and Affigel 15 was purchased from BioRad.
Poly-L-glutamic acid sodium salt (MW > 8000 Da) was supplied by TaKaRa, Folic Acid
and formimino-L-glutamic acid were from Sigma. Filter units (Centricon} were purchased
from Amicon. All other chemicals used were of reagent grade.

All cDNA probes were labelled by the random primer method using [a~*P]dCTP
as the labelled nucleotide (Feinberg & Vogelstein, 1984). Unless otherwise noted,

protocols used were as outlined in Sambrook et al. (1989).

Conpling of polvghitamic acid to activated agarose. Polyglutamate was coupled to affigel
15 as outlined in the general instructions for aqueous coupling supplied by the
manufacturer (BioRad, Bulletin 1085). Specifically, 120 umoles of polyglutamate
{assuming M, of 8000) was coupled to 10 ml of resin (12 pmoles ligand/ml resin) in a
final reaction volume adjusted to 20 - 25 m! with 0.1 M NaHCO, (pH 8.5).

Amino acid sequencing. Purified porcine protein was subjected to cyanogen bromide
treatment (Beaudet & MacKenzie, 1976). The resulting fragments were separated by
electrophoresis and trans{ :rred onto PVDV membranes (Immobilon) (Matsudaira, 1987).

Specific protein bands were cut from the membrane and sequenced on an Applied
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Biosvstems. Inc model 473A protein sequencer.

{solanion of cDNAA clones. A polyclonal antibody was prepared in our laboratony agmnst
the punified porcine liver enzyme. This was used to screen a Agtl! poreme liver ¢cDNA
hibrary (Clontech) as described by Huynh et al. (1985). The antiserum was diluted 1. 500
and preabsorbed with total £. cofi cell lysate (10 mg/ml). After incubation with antiserum,
the membranes were treated with **l-protein A {80-90 uCi/ug) using 107 cpmml The
largest clone, designated FT2e, contained a | kb insert which was labelled and used 10
screen 7x10° recombinants from a Agtl0 porcine liver cDNA library constructed m this
laboratory. as described below. Nylon filters were incubated ovemight at 37°C mn
hybridization buffer [40% formamide, 5 X SSPE (1l x SSPE = 0.15 M NaCl. 10 mM
NaH,PO,. 1.3M EDTA. pH 7.4), 5X Denhardt's solution, 1% dextran sulfate. 50 mM
sodium phosphate, 0.1% SDS. 100 ug/ml denatured salmon sperm DNA] and labelled
probe at 2.5 x10° cpm/ml, Filters were washed with 1 X SSC (1 X SSC = 0.15 M NaCl,
15 mM sodium citrate) at 42° for 15 minutes, with 0.1 X SSC, at 42° for 15 minutes, and
with 0.1 X SSC at 55°for 15 minutes. Sevcn positive clones were isolated and plaque

purified, 4 of which proved to be full-length.

RNA isolation. Yucatan pig liver, kindly provided by Dr. Gamal Selmy of the Royal
Victoria Hospital, Department of Urology, was removed during surgical procedures and
immediately frozen in liquid nitrogen. Total RNA was isolated using the urea/LiCl
method (Auffray & Rougeon, 1980). Poly A+ mRNA was isolated by two passages over
oligo dT cellulose, essentially as described (Aviv & Leder, 1972).

Agt10 porcine liver cDNA library construction. PolyA+ mRNA was converted to double
stranded cDNA according to the Agtl0 cDNA library construction kit from Bethesda
Research Laboratories using Superscript Reverse Transcriptase and oligo dT as primer
for first strand synthesis. The cDNA was ligated to EcoRI/Notl adaptors (Pharmacta) and
cloned into the EcoRI site of Agtl0. Recombinant phage were packaged (Bethesda

Research Laboratories) and amplified one time.
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cDN-A sequencing The full-length c<DNAs Cmlea. Cm3e and Cm7e were subcloned into
the EcoR1 site of Bluesceript SK™. The sequencing strategy used is shown in Figure 2.1
To sequence the noncoding strand. progressive unidirectional deletions of Cmlea were
performed using Exonuclease I and S1 nuclease, as described by Henikoff (1987).
Double stranded DNA of appropriate deletion mutants was prepared and sequenced using
the dideoxy method of Sanger et al. (1977) and [a-""S]dATP. To sequence the coding
strand. Cmlea, CmSe and Cm7e were subjected to restriction digestion using sites shown
in Figure 2.1. Restriction fragments were subcloned into Bluescript SK and double
stranded DNA was prepared and sequenced. Synthetic oligomers, Spl., Sp2. Sp3. were
used to prime double stranded sequencing reactions to venfy missing sequences. The

complete sequence was obtained from each strand of cDNA,

Expression in E. coli. pBke-Cm| was constructed, as described in Figure 2.2, to express
the cDNA encoding FTCD in E.coli. The expression construct pBKe-HB1 was a generous
gift from X-M. Yang. This plasmid contains a T7 RNA polymerase promoter. a
translational enhancer sequence, a ribosomal binding site and an initiator ATG codon. It
also includes a cDNA encoding the human bifunctional NAD dependent
dehydrogenase/cyclohydrolase, which we replaced with Cmlea, the cDNA encoding
FTCD. The HB! insert was removed from pKBe-HB1 by restricting with Ncol and filling
in the overhang with Klenow polymerase, before digesting with Clal. Prior to inserting
our cDNA into the vector, Cmlea was blunt-ended at the 5' end such that the insert
begins with the first codon following the putative initiator ATG. To this end, Cmlea was
subcloned into the EcoR1 site of Bluescript KS+ and an Nsil site was introduced into the
5' end by oligonucleotide directed mutagenesis using the mutagenic oligomer 5'-
GCCATGCATCCCAGCTG-3', essentially as descnibed by Kunkel et al. (1987). The
mutated insert was isolated from the vector pKS-NsiCml by digesting with Nsil,
removing the resulting 3' overhang with Mung Bean Nuclease and then restricting with
Clal. This insert was then directionally ligated to the vector isolated -from pBke-HBI
using T4 ligase. Double stranded sequencing of pBke-Cml verified that the resulting

protein would include an amino acid sequence identical to that deduced from the Cmlea
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FIGURE 2.1. Physical map and sequencing strategy for FI'CD c¢DNA. A, Restricuon
sites were determined both from sequence and by digestion with appropriate restriction
enzymes, and are indicated along the coding (open bar) and untranslated (closed bar)
regions of the cDNA. Abbreviations for restriction endonuclease sites: A, Apal. BH,
BamHI. B, BstXI, K, Kpnl; N, Notl; P, Pstl; Sc. Sacll; Sm, Smal. B. Arrows indicate
the direction and extent of cDNA sequence determined. C. FT2e 1s the partial ¢cDNA
isolated from the Agtll porcine liver cDNA library; the cDNA clones Cmiea - Cm7e

inclusive were isolated from the Agti0 porcine liver cDNA library.
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FIGURE 2.2, Construction of the expression plasmid pBKe-Cm1. The oligomer used o
insert an Nsil site at the 5'coding region of Cmlea is descnbed m  AMarerials and
Methods. T7 pro. T7 enh and RBS represent, respectively. the T7 promoter sequence, the

T7 enhancer sequence and the ribosome binding site.

72



Clal
Lca iy

Amp

pKS-Cmilea
I
| \\
\
\\
N\
\\
S
T “Leo R
T7 pro

Site directed
mutagenesis

m— N5 —

clal Clal
.”‘|.‘ Eco il
//_/’,\"' = Y ~ ‘,._“‘.
Ampn/f' Clal AmpRt - -
/
pBke-HB1 [ pKS-NsiCmi
iu.%c:::l
/r.\ \\\ F - Nl
T7 enh ‘Hasﬂcol \_{-:\ L Nem
T7 pro s
pro
Neol/Klenow Nsi1/Mung Bean
Clai Cia1

Eco 11}

pBke-Cm1
— Heg)
~HNeok
~Hco}

bvi pm HBS



cDNA This construct was transfected into the K38 and the BL2I{DEZR) strams of £.coli,
Western analysts and transferase activity assavs were used to determune the level of FTCD

in these Ivsates

Puntficanion  of  recombinant  formiminotransferase-cyclodeaminase.  Transformed
BL21(DE3) cells were incubated at 37°C in 5 liters of Terrific Broth + 200 ug/ml
ampicillin in a New Brunswick Scientific BIOFLO llc fermenter. Cells were induced at
0D,,, 1.0-1.5 by the addition of IPTG to a final concentration of 0.4 mM. After 30
minutes, rifampicin was added to a final concentration of |5 ug/ml. After 2 more hours
at 37°C. cells were harvested by centnfugation at 4500g for 30 minutes. The pellet was
washed once with 0.1 M potassium phosphate. pH 7.3, | mM benzamidine. | mM PMSF.
Cells were frozen and stored at -80°C.

Frozen cells (18-20 g) were thawed on ice and lysed in 3 volumes of sonication
buffer (0.1 M potassium phosphate. pH 7.3, 35 mM 2-mercaptoethanol. 1 mM
benzamidine, 1| mM PMSF). Aliquots (20 ml) of resuspended cells were sonicated for 3
minutes at 15 second intervals using a Vibra-Cell model cv17 sonicator (Sonics and
Materials, Inc), and soluble and insoluble fractions were separated by centnfugation at
25000g for 30 minutes. To the supematant fraction was added 0.1 volume of 250 mM
MOPS. pH 7.3 and 0.24 volume of glycerol. Ammonium sulfate was slowly added. while
stirring on ice, to 35% saturation. After 30 minutes, the suspension was centrifuged at
25000¢ for 30 minutes. The pellet was resuspended in one tenth of the original volume
with Buffer A (25 mM MOPS, pH 7.3, 5 mM potassium phosphate, pH 7.3, | mM
benzamidine, 20 % glycerol, 35 mM 2-mercaptoethanol, 0.02 % Triton X 100) and | mM
PMSF. This was dialysed ovemight against 2 X 1.5 1 of Buffer B (Buffer A, with glycerol
increased to 30 %) + 0.5 mM PMSF. The dialysed solution was brought to 50 ml by
adding Buffer A + | mM PMSF and then centrifuged for 30 minutes at 25000g before
applying at a rate of 130 mi/hr to a DEAE Sepharose column (4.5 x 10 cm) equilibrated
in Buffer A. After washing with 3 column volumes of Buffer A, the protein was eluted
using a linear gradient of 300 mli Buffer A and 300 m! 0.3 M KCl in Buffer A. The

fractions containing transferase activity were pooled and dialysed overnight agamnst 2 X
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1.5 1 of Buffer B - 0.3 mM PMSF The enzyme was then apphed at o rate of 110 mi by
to a Dye Matrex Blue A column (3 x 4 em) equilibrated m Buffer A The colunm was
washed with approximately 3 column volumes of Buffer A before elutmg with a hinear
gradient of 250 ml Buffer A and 250 mi 0.8 M KCl i Buffer A The transferase-active
fractions were pooled and dialysed overnight agaast 2 X 1.8 1 of Buffer B The dialysate
was then applied at a rate of 45 ml/hr to a Heparnn Sepharose column (335 x 3 cm)
previously equilibrated in Buffer A. This column was washed with 3 column volumes ol
Buffer A before eluting with a hnear gradient of 50 ml Buffer A and 50 ml 03 M KCi
in Buffer A. The fractions containing transferase activity were pooled and dialysed
overnight against 2 X 1.6 1 of Buffer B before applying the sample at a rate of 20 ml/hr
onto an Affigel 15 polyglutamate column (5 x 1.7 ml) pre-equilibrated in Buffer A. The
column was washed with 3 volumes of Buffer A before the purified enzyme was eluted
using a linear gradient of 50 ml Buffer A and 50 ml 0.8 M potassium chloride in Buffer
A. The transferase-active fractions were pooled and purity was assessed by SDS PAGI

(Laemmli, 1970) using 9% gels.

Enzyme assavs. Formiminotransferase assays were performed as previously described
{Drury et al., 1975; MacKenzie. 1980). Protein determinations were performed using the
method of Bradford (1976), or if detergent was present, protein was precipitated and

concentrations were determined by the modified Lowry method of Bensadoun and
Weinstein {1976).

Western analysis, Samples of protein extracts of E.coli were electrophoresed on SDS
PAGE using 9% gels (Laemmli, 1970). Separated proteins were electroblotted onto
nitrocellulose membranes. The membranes were blocked for a minimum of 2 hours in 5%
skim milk containing 0.1% normal goat serum, and incubated for one hour in a 1/1000
dilution of polyclonal anti-FTCD antiserum in TBS. Detection was performed using an
alkaline phosphatase conjugated anti-rabbit second antibody, as described for the

Promega Protoblot system.
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RESULTS AND DISCUSSION

Isolaiion and  Chavactenzation of ¢DNA clones  To solate the ¢DNA encoding
formiminotransferase-cvelodeaminase, we screened a Clontech 2gt! 1 poremne liver ¢DNA
Iibrary with a rabbit polvelonal antibody raised aganst the porane enzvme. A total of o
x 10" plaques were sereened and 55 putative positives were idennfied. 35 of which were
plaque punifted. EcoR1 nserts from these clones, rangmg m size from 500 - 1100 bp,
cross hybnidize on Southem Blot analysis. The largest partial cDNA| FT2e, was mussing
sequences from both the 53' and 3' ends. but encoded amino acid sequences identical to
those in the porcine enzvme as determined by N-terminal sequencing of cvanogen
bromide fragments of FTCD.

Because a full-length ¢cDNA could not be isolated from this library. even after
extensive screening, we constructed a Agt10 pig liver cDNA library using polvA+ mRNA
isolated from Yucatan pig liver. After screening 7 X 10° plaques with the partial clone
FT2e. seven positives v.ere identified (CMle to 7e, refer to Figure 2.1). Four clones
contamed a 1.9 kb EcoR1 insert (CMle,Se6e.7¢), and the remamning 3 contained a 500
bp EcoR] insert (CM2e3ede) which proved to be partial sequences of the larger cDNA.
CM e also contained an unrelated 200 bp fragment. Northem analysis suggested that the
FTCD message 1s liver specific and present as a single species of approximately 1.9-2 kb

(unpublished observations).

Nucleotide Sequence and Deduced Amino Acid Sequence. The longest clone has a
nucleotide sequence of 1865 bp (Figure 2.3). A 27 nucleotide 5' untranslated region
precedes an open reading frame of 1623 bp which encodes a 59 kDa protein, followed by
a 215 bp 3' noncoding region. The putative initiation codon, located at nucleotides 28-30,
15 the most plausible site for initiation of translation as it is preceded by a GCC sequence
and 1s the first ATG from the 5'end (Kozak, 1987). The 3' noncoding sequence includes
a possible polyadenylation signal, AGTAA (Bimstiel, 1985). located 14 nucleotides
upstream from the start of the polyadenylated tail.

The deduced primary sequence of 541 amino acids 1s described in Figure 2.3. The
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FIGURE 2.3. DNA sequence of the FTCD ¢DNA and the deduced amino acid sequence.
Numbering for the cDNA starts at the putative imitiation codon. The amino acid sequence
1s numbered sequentially from the N-terminus of the predicted protein sequence. The stop
codon is indicated by asterix. Sequences identical to those determined trom the porcane
liver enzyme are doubly underlined. A sequence possibly involved n folate binding as
described in the results and discussion is singly underhined, as s the putauve

polyadenylation signal in the 3' untranslated region.
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doubly underhned sequences are identical to peptide sequences determuned by anine aend
sequencaing of two CNBR cleavage fragments of the porame hiver enzyvme, confirnung that
this ¢cDNA does indeed encode FTCD

A FastA search of the SWISS-PROT data base and a TFastA search (Pearson &
Lipman, 1988) of the GenBank EMBL data bases (Genetic Computers Group) found no
stgnificant homology between FTCD and other known proteims sequences The anuno acud
sequence includes a high proportion of basic and hvdrophobic residues which correlates
well with two previously descnbed amino acid composition analyses of the poreme
enzyme (Beaudet & MacKenzie. 1976: Findlay et al., 1989).

No general folate binding sequence has been descnibed 1o date. However, Cook
et al. (1991) have identified a putative 10-formylH, PteGlu binding consensus sequence,
XPS({X).P(X), ,G. which has been observed in 10-formy!H,PteGlu binding enzymes from
several different sources (Nour & Rabinowitz, 1992; Rankin et al.. 1993). A sinular
sequence, GPSAFVPSWG, is found in FTCD at residues 163-172 and may plav a role
in H,PteGlu recognition. This, or a similar sequence, is not repeated elsewhere m FTCD's

coding region.

Expression in E.coli. To confirm that the isolated ¢cDNA can direct expression of
functional FTCD we expressed Cmlea in E.coli using procedures based on the Tabor and
Richardson's T7 Expression System (Tabor & Richardson, 1985). The expression vector,
pKBe-HB1, which had been engineered and successfully utilized in this laboratory by X-
M. Yang, provided the T7 promoter, ribosome binding site and initiation codon. It also
contained a T7 translational enhancer element previously described by Olins and
Rangwala (1989). The coding region following the putative initiator methionine was
subcloned into this plasmid as described in Figure 2.2. This construct was transfected into
K38 and BL21(DE3) cells. Western analysis of induced extracts indicate that the construct
produced a soluble 59 kDa protein, approximately the same size as the enzyme from
porcine liver (Figure 2.4). Despite the size of the octameric enzyme (approximately 480

kDa) more than 90% of the enzyme is found in the soluble fraction.
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FIGURE 2.4. Comparison of the amounts of FTCD in the soluble and the insoluble
fraction of E coli by Western blot analysis. Soluble and insoluble fractions of K38 cell
extracts were separated by SDS PAGE and electroblotted onto nitrocellulose The blots
were probed with polyclonal antiserum as described in the Materials and Methods. Lane
1. 100 ng porcine FTCD; lane 2, 20 pg K38 whole cell extract (without pBKe-Cmi).
lanes 3 to 10 contain insoluble and soluble fractions of cell extracts prepared from
induced K38 cells harbouring pBKe-Cm1l. Lanes 4.6.8 and 10 contamn 30.20.10 and 5 pg
of soluble protein, respectively. Insoluble fractions were dissolved in SDS sample buffer
and readjusted to original volumes. Lanes 3.5,7 and 9 contain volumes equivalent to those
used in lanes 4,6,8 and 10. The numbers refer to the molecular mass of the reference

protemns (kiloDaltons).
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Punificanton  of  Formunnnotransferase-Cyclodeaminase  from  E. coli extracts The
puritication of the recombinant enzyvme. as outhned in Tabie 2 1. rehies on an ammonium
sultate precipitation and several chromatographic procedures mcluding a novel step.
chromatography on Affigel 15 polygiutamate, which might make use of the polyglutamate
binding site on this enzyme. The punfied recombinant enzyme has a specific activity of
39-41 umitssimg which 1s in the range observed for the purified porcine liver enzvme
(Drury et al., 1975, Findlay et al.. 1989). SDS PAGE of samples from different stages of
punfication (shown in Figure 2.5) confirms that the enzyme is 2 95 % pure after the
polvglutamate column.

The enzyme also displays cyclodeaminase activity and elutes in the void volume
upon gel filtration on Ultrogel ACA 34 {exclusion limit of 350 kDa). indicating that the
subunits associate to form the native octameric structure of approximately 480 kDa (data
not shown). With an effective expression system in hand. we can direct our attention
towards elucidating the domain structure of this bifunctional enzyme and determining the

nature of its subunit interactions.
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TABLE 2.1, Purification of recombinant formiminotransferase-cyclodeaminase

Fraction Volume Protein Transferase Speuaific Yield

(umol/min) (umol/min/mg)

Crude extract 98 749 176 0.235 100
Ammonium sulfate 49 111 23 .11 70
DEAE Sepharose 122 14.0 77 5.5 44
Matrex Blue A £32 4.7 71 15.1 40
Heparin Sepharose 36 1.9 51 26.8 29
Affigel 15 poly- 35 1.1 45 40.9 26

glutamate
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FIGURE 2.5. SDS PAGE analysis of fractions from various steps in the purification of
FTCD from E coli. Electrophoresis was carried out as described in the text and the gel
was stained with Coomassie Blue. Lane |, crude extract. 10 pg: lane 2. 35% ammonium
sulfate fraction. 10 ug; lane 3. DEAE Sepharose. 10 pg: lane 4, Matrex Blue A, 7.5 ug:
lane 5. Heparmn Sepharose, 7.5 pg. lane 6. Affigel 15 polyglutamate, 7.5 pg. The numbers

refer to the molecular mass »f the reference proteins (kiloDaltons).
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CHAPTER 3

THE TWO MONOFUNCTIONAL DOMAINS OF OCTAMERIC
FORMIMINOTRANSFERASE-CYCLODEAMINASE EXIST AS DIMERS

Reprinted with permission from FULL REFERENCE CITATION, Copyright 1995

American Chemical Society.
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ABSTRACT

Formimmmotransferase-cyclodeamtnase s a bifunctional enzvme arranged as a circular
tetramer of dimers that exhibits the ability to efficiently channel polyvglutamylated folate
between catalyuce sites. Through deletion mutagenesis we demonstrate that each subunit
consists of an N-terminal transferase active domain and a C-terminal deaminase active
domn separated by a linker sequence of minimally 8 residues. The full-length enzyme
and both isolated domains have been expressed as C-terminally histidine-tagged protemns.
Both domains self dimerize providing direct evidence for the existence of two tvpes of
subunit interfaces. The results suggest that both the transferase and the deaminase
activities are dependent on the formation of specific subunit interfaces. Because
channelling 1s not observed between isolated domains, only the octamer appears able to

directly transfer pentaglutamyiated intermediate between active sites.
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INTRODUCTION

The hifunctional enzyme formimmotransterase-cy clodeanunase (FTCD) cataly zes
two sequential reactions in the hisudine degradation pathway This enzyvme transters a one
carbon unit from formiminoglutamate to tetrahvdrotolate, thus serving as an additional
entry pomnt 1o the folate pool in hiver [for a review see Shane and Stokstad {1984))
Although electron microscopy has shown that porcine liver FTCD consists of 8 identical
subunits arranged to form a circular octamer (Beaudet & MuacKenzie, 19706), the enzyme
is more aptly described as a tetramer of dimers (MacKenzie et al., 1980). A senes of
denaturation and renaturation experiments indicated that octameric FTCD can dissociate
to form two distinct types of monofunctional dimers (Findlay & MacKenzie, 1987, 1988)
These dimers display different catalytic activities and affinities for substrate and were
proposed to isolate different subunit interfaces. According to this hypothesis. the tetramer
of dimers includes two types of subunit interaction which must be maintained for
concurrent expression of both the transferase and deaminase activities,

FTCD can directly transfer polyglutamylated formiminotetrahydrofolate between
the transferase and deaminase active sites (MacKenzie, 1979; MacKenzie & Baugh, 1980).
As first demonstrated by MacKenzie (1979). the efficiency of channelling is dependent
on the length of the polyglutamate tail attached to the folate. The specificity of the
enzyme for pentaglutamate led MacKenzie and Baugh (1980) to suggest that the
polyglutamate chain may act to anchor the substrate to the octamer, while aliowing the
pteroyl moiety to move between the two types of catalytic sites. Further support for this
model was realized when Paquin et al. (1985) observed only 4 high affinity polyglutamate
binding sites per octamer. This, in combination with other kinetic experiments, indicated
the existence of only one polyglutamate binding site per pair of transferase/deaminase
active sites. Findlay and MacKenzie (1988) observed that after dissociation of the FTCD
octamer, the polyglutamate specificity was retained by the deaminase active dimer

Multifunctional enzymes are thought to be composed of different modules
responsible for specific binding and/or catalytic functions (Wetlaufer, 1973; Rossman &

Argos, 1981). As the transferase and deaminase activities are kinetically independent and
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a transferase active fragment can be isolated after hmited proteolvsis (Tabor and
Wyngarden, 1939, MacKenzie, 1979, MacKenzie et al., 1980), it seemed possible that the
two activities reside withm separable domains. Therefore deletion mutagenesis of the
FTCD ¢DNA (Murley et al.. 1993} was used to isolate separate transferase and deanunase
active domains and to delineate the interdomain region. These domains were charactenized
in terms of their quatemary structure and ability to channel the product of the transferase

activity to the deammase active site.
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MATERIALS AND METHODS

Matenals. Restricnon and DNA modifving enzymes were obtamed from Bethesda
Research Laboratories. and New England Biolabs. All reagents for sequencing DNA were
supplied by USB Corp. Nitrocellulose membranes were from Schleicher and Schuell '*1-
labelled Protein A and "S-dATP were purchased from Amersham Corporanon
Oligonucleotides were synthesized and punified by the Sheldon Biotechnology Centre.
McGill University, or General Synthests and Diagnostics.

DEAE-Sepharose and the Superose 6 HR 10/30 column were purchased trom
Pharmacia. Ni-NTA matrix came from Quiagen and DEAES3 from Whatman. Folic acid
and formimino-L-glutamic acid were from Sigma. Pteroylpenta-y-glutamic acid was from
Dr. B. Schircks Laboratonies (Jona. Switzerland). All other chemicals were of reagent
grade.

Folic acid and pteroylpenta-y-glutamic acid were converted to the corresponding
(65 )-tetrahydro-denvatives and purified on DEAE-cellulose as described by MacKenze
and Baugh (1980). 5-formiminoH,PteGlu was prepared enzymatically as descnibed
previously (Paquin et al., 1985) except that purified recombinant transferase domain was
used to catalyze its synthesis. Unless otherwise noted, molecular biology techniques were

performed as outlined in Sambrook et al. (1989).

Bacterial Strains and Plasmids. pBke-Cm1 1s a previously described FTCD expression
vector (Murley et al., 1993). pET23d (Novagen) was the source of the C-terminal
hexahistidine tag. E. coli strain BL21/DE3 was employed for expression of recombinant
proteins, DH5a was used for cloning purposes and CJ236 was used to produce uracil-

containing single strand DNA templates for site-directed mutagenesis (Kunkel et al.,
1987).

Preparation of N-terminal and C-terminal Deletion Constructs. The FTCD expression
plasmid pBke-Cml was used to construct vectors that would express separately the

transferase and deaminase domains. The terminology used to describe these vectors
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incorporates the amino acid numbering of the full-length FTCD The N-terminal fragment
represented by FT327-1 s a protein starting at the FTCD mitator methionine and
termmating after residue 327 plus one non-related amino acid. CD333 represents a protein
beginming at FTCD residue 333 and ending at the normal stop codon after residue 541
The plasnuds expressing these fragments are pBke-FT327-1 and pBke-CD333

FTCD proteins truncated at the C-terminus were generated by one of two
strategies. FT318-1, FT321-3. FT327-1, FT331. FT335-2 and FT340-2 were produced
through Exo/S1 deletion mutagenesis {Henikoff, 1987) and insertion of translational stop
codons in all 3 reading frames. Dideoxy sequencing was used to identifv constructs which
terminated at the desired positions (Sanger et al, 1977). To construct FT322 and FT325.
stop codons were introduced immediately following the codons for residue 322 or 325 by
oligonucieotide-directed mutagenesis (Kunkel et al., 1987) of pBke-Cmi. Clones
containing the desired mutations were identified by dideoxy sequencing.

To create constructs expressing the C-terminal fragments (CD), pBke-Cm! was
re-engineered to remove the intervening coding sequence between the initiating ATG and
the desired mitiating residue, using a strategy previously described for the construction
of pBke-Cm| (Murley et al., 1993). The new translation initiation site was confirmed by

dideoxy sequencing.

Construction of Plasmids Expressing Histidine Tagged FTCD and Domains. Hexahistidine
tags (H,) were engineered onto the C-terminal ends of FTCD and the N- and C-terminal
domains. To produce FTCDH,, we first replaced the FTCD stop codon in pBke-Cm| with
an Yhol site, creating pBke-CmlXhol-1. Then, using standard molecular biology
techniques, an Xhol/Espl fragment encoding the hexahistidine tag from pET23d was
inserted in frame immed:ately after the new X hol site. Thus pBke-FTCDH, expresses an
FTCD with 8 additional amino acids attached to its C-terminus: leucine, glutamate, and
six additional histidines. To construct pBke-CDH,, which expresses a histidine-tagged
C-terminal domain (CDH), a fragment encoding the N-terminus of pBke-FTCDH, was
replaced with the corresponding fragment from pBke-CD333. pBke-CD339H, was

constructed in a similar manner.



In order to construct pBke-FTH,. a vector expressing the histidine-tagged N-
ternunal domam (FTH)). we first introduced an Vol site mto pBke-Cmil immediately
after codon 328 The c¢DNA followmg this Vhol site was replaced with an o frame
Xhol:Bfal fragment from pET23d. which provided the same 8 amino acids and stop codon

described above,

Westerm A nalvsis. BL21/DE3 expressing the N- and C- terminal deletion mutants were
grown and harvested as previously described (Murley et al.. 1993). Frozen £, colr cell
pellets were suspended in approximately 3 volumes of sonication buffer 1 {01 M
potassium phosphate (pH 7.3), 25 mM 2-mercaptoethanol. 1 mM benzamidine, | mM
PMSF] and sonicated for a total of 10 x 15 seconds. Following centrifugation. the
insoluble fraction was resuspended in a volume of SDS sample buffer equivalent to the
volume of the soluble fraction and aliquots of both fractions were analyzed by Western
analysis. Soluble protein concentrations were determined by Bradford analysis (1976) and
samples were precipitated (Bensadoun and Weinstein, 1976) before separation on SDS-
PAGE slab gels (Laemmli, 1970). Proteins were transferred onto nitrocellulose using
Tyler Research Instruments semi-dry apparatus (Khyse-Anderson, 1984), After blocking,
biots were incubated with a polyclonal anti-FTCD antibody and detection was performed

with '*I-Protein A as previously described (Murley et al.. 1993).

Purification of Histidine-tagged Proteins. Wildtype FTCD was purified as deseribed
previously (Murley et al., 1993). Histidine-tagged proteins were purified from frozen cell
pellets as outlined below. 17 g of BL21/DE3 cells expressing FTCDH, were thawed on
ice in 3 volumes of sonication buffer II (sonication buffer | with pH increased to 7.8 and
2-mercaptoethano! decreased to 10 mM) and lysed by sonication on ice for 3 minutes (12
x |5 seconds). After centrifugation (25000 g for 30 minutes), the composition of the
supernatant was altered to include the following: 0.1 M potassium phosphate (pH 7.8),
0.5 M NaCl, 5 mM histidine, 5 mM glutamate, 0.1% Triton X-100, 20% glycerol, 10 mM
2-mercaptoethanol. This is also the composition of the Binding Buffer. The supematant

(80 ml) was added to 20 ml of a 50% slurry of Ni-NTA resin in Binding Buffer, and
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mixed end over end for | hour at 4 "C. This mixture was packed into a column under
gravitv The column was washed with 3 column volumes of Binding Buffer and Wash
Bulter (Bmding Buffer with histidine inereased to 30 mM). The protein was eluted at o
rate of 15 mlhr using a linear gradient of 30 ml of Wash Buffer (pH 7.8) and 30 ml of
380 mM histidine in Binding Buffer (pH 7.3). Fractions containing activity were pooled
and dialvsed ovemight against 2 x 2 hitres of Buffer B (25 mM MOPS (pH 7.3). 5 mM
potassium  phosphate (pH 7.3), 30% glvcerol, 0.02% Triton X-100. 35 mM 2-
mercaptoethanol. 1| mM benzamidine). The dialysed protein was further purified by
Affigel I5-polyglutamate chromatography as reported for the punfication of FTCD
(Murley et al., 1993). CDH, and CD339H, were purified as described for FTCDH,,

As FTH, does not bind as tightly to the Ni-NTA resin, the Ni-NTA column was
washed with 3 column volumes of Binding Buffer before eluting with a linear gradient
of 5 mM to 150 mM histidine in Binding Buffer at pH 7.8. Fractions containing
transferase active protein were pooled and dialysed as above. The dialysed protein was
loaded onto a DEAE Sepharose column equilibrated in Buffer A (Buffer B with glycerol
decreased to 20%) and washed with 3 column volumes of the same buffer. FTH, was

eluted with a linear gradient of 0 to 0.3 M KCl in Buffer A.

N-Terminal Sequencing of the deaminase domain. Purified CDH, was bound to Ni-NTA
resin and washed with 10 volumes of 0.1 M potassium phosphate, pH 7.8, 0.5 M NaCl,
20% glycerol, 10 mM 2-mercaptoethanol and 20 mM imidazole, to remove traces of
Triton X-100. The enzyme was eluted using the same buffer with imidazole increased to
0.3 M. The protein was extensively dialysed against H,O to remove glyceroi. prior to
lyophilization. CD339H, was treated in the same manner and then further purified by
chromatography on a reverse phase C18 column (Vydac), using a gradient of 0 to 70%
acetonitrile n 0.1% TFA. on a Hewlett Packard 1090M HPLC equipped with a diode
array detector, The N-terminal amino acid sequences of CDH, and CD339H, were
determined at the Biotechnology Research Institute, National Research Council of Canada
{Montreal, Quebec), using an Applied Biosystems 470-A gas phase sequencer coupled to

a 120-A PTH-amino acid separation system.
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Trypric digestion and Mass Spectral Analvsis of the mransferase domain. Punfied FT11,
was bound to Ni-NTA resin and extensively washed with 0.1 M potassium phosphate, pHl
7.8.0.5 M NaCl and 10 mM imidazole to remove glycerol and detergent. and then cluted
using the same buffer with imidazole increased to 0.3 M. Eluted FTH, was dialysed
against 2 x | litre of 50 mM ammonium bicarbonate. Dialvsed FTH_ (24 pg) was digested
with 0,48 ng of TPCK-treated trypsin (Worthington Enzymes) in 50 mM ammonium
bicarbonate (total volume of 85 pl) for 4 hours at 37°C. LC\MS analysis of 20 pi of the
tryptic digest was performed by C. Fenwick and G. Tsapraihis. Concordia University. The
peptides were separated using a Hewlett Packard 1090 HPLC with a Reverse Phase C18
column (Vydac) and a gradient of 0 to 80% acetonitrile in 0.05% TFA, at a flow rate of
40 pl/min. The HPLC was directly coupled to a Finnigan-MAT SSQ 7000 mass

spectrometer equipped with an electrospray ionization source.

Encyme Assays and Channelling Experiments. Routine assays of translerase and
deaminase activity were performed as previously described (MacKenzie, 1980; Drury &
MacKenzie, 1975). The K, value for formiminoglutamate (FIGLU) was determined at
30°C in assay mix containing 0.1 M potassium phosphate (pH 7.3). 35 mM 2-
mercaptoethanol, | mM H,PteGlu and various concentrations of FIGLU. The H,PteGlu
K, value was determined using 5 mM FIGLU and various concentrations of (6R,$)-
H,PteGlu. To determine the H,PteGlu, K, value the assay mix included 5 mM FIGLU
and various concentrations of (6R,5)-H,PteGlu,, with 118 mM NaCl. The kinetic constants
for the deaminase activity were determined at 30°C using the assay conditions described
by Paquin et al. (1985), with 2-mercaptoethanol decreased to 35 mM. The data from these
experiments were fit to the Michaelis-Menten equation using the non-linear regression
analysis program "Enzfitter" (Leatherbarrow, 1987).

Channelling of the formimino intermediate between active sites was monitored by
following the time course of appearance of the products of the transferase and the
deaminase reactions, as described previously (Paquin et al., 1985) with 2-mercaptoethanol
decreased to 35 mM and 40 ng of FTCD or equivalent units of either FTCDH,, or FTH,
and CDH, added to each assay.
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Crel filtratton Purified samples of FTCD, FTCDH,. FTH, and CDH, were analvzed on a
Superose 6 HR 10/30 column equihbrated in 0.1 M potassium phosphate (pH 7.3). 20%
alyeerol. 0 02% Triton X-100 and 35 mM 2-mercaptoethanol. Aliquots containing 200 ul
of approximately 2 mg/ml protein were injected onto the column and chromatographed
at a {Tow rate of 0.2 ml/mm. Absorbance of the eluate was monitored at OD,,,. Ferritin
(440 kDa), aldolase (158 kDa), bovine serum albumin {67 kDa). ovalbumin (43 kDa) and
chymotrypsinogen (25 kDa} were used as molecular weight standards. The void volume

was determined using blue dextran.
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RESULTS

Delerion analysis of FTCD. The plasmids expressing N- and C-terminal tragments of
FTCD vcontained the same translational enhancer sequence, nbosome binding site and
intervening sequence up to and mcluding the mmation codon The plasnuds were
transtormed into BL21/DE3 cells and the resulting protein products were analvzed by
enzyme assay and Western blotting of cell extracts. Figures 3 1, 3.2 and 3 3 summanze
the results from these analvses.

The FT mutants (Figure 3.1) begin at the same initiator methionine as the wildivpe
FTCD and end between residues 318 and 335. As shown in Figure 3 2A, mutants ending
at or before residue 322 are completely insoluble while larger. transferase-active fragments
are at least partially soluble. FT325 partitions between both the soluble and msoluble
fractions When aliquots of soluble extract containing equivalent units of transterase
activity were analyzed by Westemn blotting (Figure 3.2B). each lane contamed
approximately equal amounts of immunoreactive protein. This indicates that FT323,
FT327-1, FT331 and FT335-2 have similar intrinsic transferase activity.

To isolate a C-terminal fragment which did not contain sequence overlap with the
smallest transferase active domain, CD327 was constructed. As shown in Figure 3 |,
CD327 expresses cyclodeaminase activity. To delineate the N-terminal boundary of the
deaminase active domain, mutants beginning at positions further 3' were constructed and
the expressed proteins were analyzed in terms of their solubility and deaminase activity.
Truncated proteins initiating at or before residue 341 expressed some level of deaminase
activity while smaller fragments were completely inactive. All constructs produced soluble
protein (Figure 3.3A). However, CD341 was susceptible to proteolysis and CD344 and
CD350 were not as highly expressed as their larger counterparts. When aliquots
containing equivalent units of deaminase activity are compared (Figure 3.3B), it is clear
that the intrinsic deaminase activity is highest for CD333 and CD334 and decreases

dramatically as the domain is shortened.

97



FIGURE 3.1. Analysis of the interdomain region of FTCD. The sites of termination of
translation of the N-terminal FT domains and initiation of translation of the C-terminal
CD domains are indicated in bold (initiator methionines are not shown). Non-related
residues attached to the N-terminal domains are written in italics. The minimum linker
region of 8 residues is underlined. The level of enzyme activity in E. coli extracts is
indicated by: +, >0.001 and <0.1 umoles/min/mg. ++, >0.1 pmoles/min/mg; -, not

detectable.
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FIGURE 3.2. Western analysis of the N-terminal fragments. A. Lanes | to |4 contan
msoluble and soluble fractions of E. coli extracts expressing the following N-terminal
tragments: (1 & 2) FT318-1. (3 & 4) FT321-3.(5 & 6) FT322. (7 & 8) FT325. (9 & 10)
FT327-1. (11 & 12) FT331. (13 & 14) FT335-2, Odd numbered lanes contamn 25 ug (1.
3&35)or5pg (7.9, 11 & 13) of soluble protein. Even numbered lanes contain volume
equivalent amounts of insoluble fractions. Lane 15, 10 ng purified FTCD. B. Lanes with
aliquots of soluble extract containing 5 nmoles/min of transferase activity: (1) FT325: (2)

FT327-1.(3) FT331. (4) FT335-2.
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FIGURE 3.3, Western analysis of the C-terminal fragments. A. Lane 1. 10 ng purified
FTCD. Lanes 2 to 15 contain insoluble and soluble fractions of £. coli extracts expressing
the following C-terminal fragments: (2 & 3) CD327.(4 & 5) CD333.(6 & 7) CD334; (8
& 9) CD337; (10 & 11) CD339. (12 & 13) CD341. (14 & 15) CD344. Even numbered
lanes contain 5 ug of soluble protein. Odd numbered lanes contain volume equivalent
amowunts of mnsoluble fraction. B, Lanes with aliquots of soluble extract containing |
nmole/min deaminase activity: (1) CD327; (2) CD333: (3) CD334; (4) CD337; (5)
CD339; (6) CD341.
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Fxpression and Pwification of the Histidine-tagged FTCD and Domains. Because the
isolated domains were very difficult to purify by conventional methods, hexahistidine tags
were appended to the C-terminal ends of the full-length FTCD (FTCDH,). the transferase-
active domain (FTH,). the deaminase-active domain (CDH, ). and a shorter deaminase-
active fragment CD339 (CD339H,). Ni-NTA and polyglutamate affinity chromatography
effected a 150 fold punfication of FTCDH, and a 100 fold purification of CDH, while
Ni-NTA followed by DEAE chromatography produced a 60 fold purification of FTH,.
SDS PAGE of the purified histidine-tagged proteins is shown in Figure 3.4.

Sequencing of CDH, and CD339H, vyielded the expected {0 amino terminal
residues and confirmed that these proteins initiated at amino acids 333 and 339
respectively. While CDH,, retained the initiator methtonine, the majority of CD339H, did
not,

The combination of reverse phase HPLC and ESI-MS was used to separate and
identify tryptic fragments of the N-terminal domain FTH,. Fragments covering greater
than 90% of this domain were positively identified by mass spectrometry. A fragment of
2040.7 Da was of particular interest since it corresponded exactly to the predicted mass

of the C-terminal tryptic fragment (containing residues 321 to 328 plus the histidine tag).

The quatemary structure of FTCD and isolated domains. Gel filtration was used to
determine the association state of FTCD and the isolated domains. Both FTCD and
FTCDH, eluted as high molecular weight complexes (Table 3.1), suggesting that they
exist as the previously described octamer. FTH, and CDH, eluted at apparent molecular
weights of twice their subunit sizes, indicating that both are dimers. Cross-linking of the
fuli-length enzyme and of the isolated domains with bis[sulfosuccinimidyl]suberate

(Picrce, Rockford, I11.) supported these results (data not shown),

Kinetic Characterization of the recombinant enzymes. Table 3.2 contains kinetic
parameters for the wildtype and histidine-tagged proteins. The transferase activities
displayed K, values for FIGLU in the millimolar range, as previously observed with

enzyme isolated from pig liver (Beaudet & MacKenzie, 1975). K, values for (68,R)-
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FIGURE 3.4. SDS-PAGE analysis of punfied proteins. Proteins were electrophoresed on
a 12% acrvlamide gel and stained with Coomassie Brilliant Blue. Each lane contamns 10

pg of purified: (1) FTCD: (2) FTCDH,. (3) CDH,. () FTH,.
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TABLE 3.1. Comparison of subunit and native

molecular weights

Protein Molecular Weight (kDa)
Subunit* Native
FTCD 59 438
FTCDH, 60 380
FTH, 37 83
CDH, 24 52

" subunit size taken from amino acid sequence

® native size determined by gel filtration
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TABLE 3.2. Kinetic properties of the transferase/deaminase enzymes

Km kCBl
enzyme figlu (6R,5)- (65)- {(6S5)-formimino (6S5)-formimino transferase deaminase
H,PteGlu  H,PteGlu; H,PteGlu H PteGlu,
mM uM uM pM uM sec-'
FTCD 58+ 0.3 141 + 7 66 + 7 58 + 3 394 +2
FTCDH, 67 +1.1 148 + 13 1.7+ 04 70+ 4 14+13 77+ 7 379 + 25
FTH, 83 + 0.9 111 +5 > 75 32 + 1
CDH, 70 +5 19 +2 213 £ 8

* values are expressed as averages + standard deviations for 3-6 separate determinations



H,PteGlu are also similar between the transferase enzyvmes. However, the X, value of
FTH, for the pentaglutamylated substrate (65)-H,PteGlu.. at greater than 75 udl, s over
530 umes higher than that of FTCDH, under identical conditions This observation 1s in
agreement with the A value previously described for a transterase-active dimer isolated
by denaturation of the octamer (Findlay and MacKenzie, 1988).

The A, values for (65)-formiminoH PteGlu were similar for the three deammase
enzymes assayed. but approximately one half to two thirds the value descenbed elsewhere
(Paquin et al, 1985. Findlay and MacKenzie, 1988). The K, values for the
pentaglutamate derivative were 1.4 pM for the deaminase activity of FTCDH, and 19 pM
for CDH,. CDH, and a deaminase active dimer produced by denaturation (Findlay and
MacKenzie, 19¢,) display essentially identical K, values for the pentagiutamylated
substrate. Thus the deaminase domain retains significant polyglutamate specificity while
the transferase domain does not. The &, values for each isolated domain are

approximately half that of the corresponding activity in FTCD.

Channelling of the formimino intermediate berween active sites, Channelling experiments
(Figure 3.5) were performed using 50 uM H,PteGlu, or H,PteGlu,, and equivalent units
of enzyme activity. When FTCD is used with the monoglutamylated substrate (Figure
3.5A), we observe that the rate of formation of methenylH,PteGiu, is much slower than
the rate of the transferase (formimino + methenyl), indicating that the formimino
intermediate is accumulating in the medium. However, when H,PteGlu, is used as
substrate (Figure 3.5B), this intermediate is channelled to the deaminase active site and
the rate of formation of the second product is similar to that of total products. The same
phenomenon is observed using FTCDH,, as shown in panels C and D, although the
efficiency of channelling is decreased. When FTH, and CDH, are mixed. the results
(panels E + F) indicate that the isolated domains cannot channel the pentagiutamylated
intermediate. In contrast to FTCD(H;), an increase in transferase activity is not observed

when the pentaglutamylated substrate substituted for the monoglutamate with the mixed

domains.
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FIGURE 3.5. Time course of appearance of products. The products represented are: (Q).
transferase activity, the sum of 5-formiminoH,PteGlu, and 5.10-metheny!H,PteGlu,. ( @).
deaminase activity, 5,10-methenylH,PteGlu, aione. Panels (A & B), FTCD; {(C & D),
FTCDH;,, (E & F), a matched mixture of FTH, and CDH,,
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DISCUSSION

A short linker sequence separates the N-terminal transferase domain and the C-tenninal
deamnase domain. Most multifunctional enzymes are comprised of distinct modules or
domains hinked together by short flexible hinker sequences (Coggins & Hardie, 1986).
Previous studies including limited proteolysis of FTCD and denaturation of the octamer
indicated that the transferase and deaminase activities might be located on different
domains. As expression of functionally active fragments demonstrates the modular
composition of a protein, we attempted to expenmentally define the domain structure of
FTCD through deletion mutagenesis.

As FTCD does not show significant homology to other known proteins, sequence
similanty could not be used to estimate its domain structure. However, Findlay et al.
{1989) had previously observed that both a 39 kDa transferase active proteolytic fragment
and the full length FTCD appear to be N-terminally blocked. We interpreted this to mean
that a protease sensitive sequence connecting the transferase and deaminase domains
might lie within amino acids 320-360. Using deletion mutagenesis techniques. we
produced constructs which would express N-terminal proteins ending at different
positions between amino acids 318 and 340. and C-terminal fragments which initiated at
different residues within the same region.

The N-terminal boundary of the linker sequence resides within residues 324 to
326. Proteins ending at or before residue 322 apparently do not fold readily and are
completely insoluble, while larger proteins ending at or after residue 325 are soluble and
equally active, Although all C-terminal peptides were at least partially soluble, CD327,
CD333 and CD334 have substaniially higher tumover numbers than CD337, CD339 and
CD341. The smallest C-terminal fragments, CD344 and CD350, are completely inactive.
Therefore, the C-terminal boundary of the linker region lies within residues 333 and 335,
and distingwshes the fully active CD fragments from those which are less active.

Thus each FTCD subunit includes an N-terminal transferase domain and a C-
terminal deaminase active domain, separated by a short linker. This linker sequence is

between 8 (as underlined in Figure 3.1) and 12 residues long and is similar in composition
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to other linkers described by Argos (1990) We can remove 6 of these proposed hinker
restdues (327 to 332, inclusive) to produce a protem which s tess soluble than the
wildiype FTCD vet sull expresses both activities, albent at reduced levels Upon extending
this deletuon to include residues 327 to 338, the protein becomes even less soluble and
can no longer catalvze either reaction (data not shown)

For the remainder of these studies we chose to produce and puniy the full-fenath
enzyme and the 1solated domains CD333 and FT328 as hisudine-tageed tuston protens

to simphfy their punfication.

The octameric FTCD contains nvo types of subunit interfaces. Previous work on FTCD
suggested that formation of the octamer is required for co-expression of both catalyuc
activities and for channelling of substrate between active sites. In the proposed model the
eight subunits are arranged to form a circular tetramer of dimers, with two types of
subunit interfaces (MacKenzie et al., 1980. Findlay & MacKenzie, 1987, 1988)
Therefore, each domain might include sequences goveming subumit dimerization,
Analytical gel filtration indicated that both isolated domains exist as dimers. conlirnung
that octameric FTCD includes two different types of subunit interfaces as represented by
the tetramer of dimers shown in Scheme I.

Indirect evidence suggests that both the transferase and deaminase activities are
dependent on the retention of specific subunit interfaces (Findlay & Mackenzie, 1987,
1988). If it is a prerequisite for either activity, dimerization may be required to achieve
an active conformation of the subunit, or to form a catalytic site(s) at a subunit interface
using residues derived from each monomer. Determining the number and position of
catalytic sites within the octamer is required to resolve these questions.

As both domains reside within one subunit it seemed reasonable that the 15olated
domains might continue to associate noncovalently. Several attempts were made to
demonstrate such an interaction, without success. The domains could not be crosslinked
using a bifunctional reagent, and neither domain could be retarded on a Ni-NTA column
previously loaded with the H, version of the other domain. As well, the fluorescence

spectrum of an equimolar mixture of CDH, and FTH,, initially incubated at high proten
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concentration (1 mg ml). 1s identical to the spectrum obtamed by mathematically adding
the mdividual spectra of each dommn. Finally, lack of channelling by domams meubated
at high protemn concentration before assay idicates the absence of a speatic hetero-
domain mteraction in this svstem. The apparent lack of assoctation between the wsolated
domains emphasizes the importance of the linker region m mamtimmg  domam
mteractions within each subumt of the octamer

The 1solated domains retain kinetic charactensuies similar to that of the native
enzyme with monoglutamate substrates. The major difference is a decrease in thew &,
values to about 50%. Previously. a chymotryptic transferase active dimeric fragment was
also shown to have only 67% of the expected activity (MacKenzie et al., 1980} While
the domains retain a great deal of integnty, it is likely that their removal from the

restraints imposed by the octamenc structure results in some conformational changes.

The role of the polvglutamate tail in substrate binding and channelling. Like many other
folate-dependent enzymes, FTCD displays a preference for polyglutamylated substrates.
Polygiutamylation improves the binding of both the folate substrates and FIGLU (Paquin
et al.. 1985, Findlay et al., 1989). As well, a polyglutamate tail, 4 or more polyglutamates
in length. i1s required for the direct transfer of formiminoH,PteGlu, between active sites.
Paquin et al. (1985) demonstrated the presence of only 4 high affinity polyglutamate
binding sites per octamer, or | per dimer. Our results indicate that this polyglutamate
binding site resides within the deaminase domain. The existence of only | polyglutamate
binding site per pair of deaminase domains, suggests that it (and possibly the deaminase
active site) may be located at the subunit interface formed between deaminase domains,

Basic amino acids, in particular arginine residues, have been implicated in the
binding of polyglutamylated substrates to other folate-dependent enzymes {Kamb et al.,
1992; Maras et al., 1994; Finer-Moore et al., 1994). Rabinowitz's group suggested that a
53 residue sequence, which is specific to 10-formyltetrahydrofolate synthetases which bind
longer polyglutamates and includes doublets of basic amino acids, may constitute part of
that enzyme's polyglutamate binding site (Whitehead & Rabinowitz, 1988; Nour &
Rabinowitz, 1992). Within FTCD, arginine doublets (R381,R382; R392,R393; R435,R436)
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are only located in the deaminase domain: some of these doublets may aid the binding
of polyglutamate to the octamer.

Since pentaglutamylated substrate 1s transferred with the highest efficiency while
tonger polvglutamates are more tightly bound (Paquin et al.. 1985). substrate channelling
within FTCD 1s thought to involve a steric component. MacKenzie and Baugh suggested
a4 "swinging arm" mechanism whereby the polyglutamate binds to a site on the octamer
while the more mobile pterin moiety can interact with either type of catalvtic site (1980).
As we have shown that the activities reside 1in different domains. the substrate must be
channelled between domains. if not subunits.

As predicted by this model. the separated domains are not able to channel
pentaglutamylated intermediate. While some method of direct transfer between sites within
the octamer 1s likely, the slightly altered properties of the CDH, domain prevent us from
entirely ruling out a "release and rebinding” mechanism. Similar limitations were
encountered in testing this model by chemical modification of the native proteins
(MacKenzie & Baugh, 1980).

A swinging arm is not the only feasible method of direct transfer. Recently
Knighton et al. (1994) described a possible mechanism for channelling of
polyglutamylated dihydrofolate within bifunctivnal thymidylate synthase-dihydrofolate
reductase of Leishmania major. They observed an unusual distribution of charged residues
across the surface of the protein which may serve to guide the intermediate between sites.
A similar "electrostatic highway" (Stroud, 1994), the proposed model of a polyglutamate
“anchor" or a third unknown mechanism may mediate the channelling described for
FTCD. Crystallographic analyses of FTCD and its isolated domains should clarify this
issue and, as well, answer questions regarding the number and location of active sites in

relation to the subunit interfaces formed by each domain.
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CHAPTER 4

UREA-INDUCED DENATURATION OF FORMIMINOTRANSFERASE-
CYCLODEAMINASE AND ITS MONOFUNCTIONAL DOMAINS
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ABSTRACT

Each subunit of octamerie formiminctransterase-cy clodeaminase consists of a transferase
and a deaminase domain connected by a short linker sequence. These domains can be
mndependently expressed mn E. coli as monotunctional dimers and show no indicaton of’
associating, suggesting that the linker mediates the only substantial domam-domam
mteraction. To better understand the benefits arising trom octamer formation, we have
used equilibrium unfolding methods to analvze the transferase and deammase domains
independently and within the octamer. The domains and the full-length enzyme exhibi
multistate denaturation profiles. Both isolated domains undergo a concurrent loss of
intrinsic fluorescence and catalytic activity at low concentrations of urea to form mactive
dimers. Unfolding and dissociation of the transferase domain are observed at slightly
higher urea concentrations and ecircular dichroism suggests that a partly unfolded
transferase domain. containing 40% of the native molar elipticity, is stable between 3.5
and 4 M urea. At 2.5 M urea. inactive deaminase dimer, folded monomer and untolded
monomer are observed to coexist, suggesting that dissociation and unfolding of this
domain occur at similar urea concentrations. While the isolated transferase and deaminase
domains undergo dissociation to monomer between 2 and 2.5 M urea, only one type of
subunit interface in the octamer is disrupted at this urea concentration. Dissociation of the
second interface occurs between 3.5 and 5 M urea, indicating that one domain achiceves

increased stability within the full length enzyme.
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INTRODUCTION

The bifunctional enzvme formiminotransferase-cyclodeaminase (FTCD) catalvzes
two sequential reactions in the histidine degradation pathway. The transferase activity
transfers a formimino group from the histidine catabolite formiminoglutamate to
H,PteGiu,. The formimino intermediate is deaminated by the cyvclodeaminase producing
5.10-methenylH,PteGlu, and NH,”. With monoglutamylated folates (n=1). the two
activities function independently, however polyglutamylated intermediate (n>4) can be
efficiently channelled from the transferase to the deaminase active site (MacKenzie &
Baugh. 1980; Paquin et al., 1985). FTCD preferentially channels pentaglutamates and
MacKenzie and coworkers have proposed that the polyglutamate tail acts as a
noncovalently bound swinging arm serving to anchor the intermediate to the enzyme
while the pteroyl moiety moves between the two active sites.

FTCD is composed of 8 identical subunits arranged to form a planar, ring-shaped
tetramer of dimers (Beaudet & MacKenzie, 1976. MacKenzie et al. 19380).
Denaturation/renaturation (Findlay & MacKenzie, 1987. 1988) and deletion analysis
studies {Murley & MacKenzie, 1995) indicate that the octamer 1s the smallest functional
unit of FTCD which retains the transferase and deaminase activities and the ability to
channel substrates. Paquin et al. (1985) demonstrated that 4 high affinity polyglutamate
binding sites exist per molecule of FTCD and Findlay and MacKenzie (1987, 1988) have
suggested that the integrity of altemating subunit interfaces in the native octamer is a
prerequisite for maintaining both catalytic activities. While this suggests that active sites
may be situated at subunit interfaces, exact numbers of catalytic sites and their relative
location within the octamer are not known,

We have recently determined that each subunit of FTCD consists of an N-terminal
transferase domain and a C-terminal deaminase domain separated by a short linker
sequence (Murley & MacKenzie, 1995). The polyglutamate binding site maps to the
deaminase domain. These domains can be independently expressed in £. coli and show
no indication of interacting with each other once purified. This suggests that the linker

mediates the only substantial domain-domain interaction in FTCD. Both domains contain
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sequences govermng subunit assoctation. and exist as monotunctional dimers 1 solution
(Murley & MacKenzie, 1995). as illusirated v Scheme 1 Apparently the octamene
structure results from the fusion of two different dimeric monotunctional protems. The
subunit interfaces formed between identical monomers are required to nuuntinn domaun
structure. but the domain mterface within the subumt 1s relatively wmimportant 1 thas
model were accurate. the two types of domains should behave similarly both within and
outside of the octamer. The ability of FTCD to channel substrate and the 50% decrease
in k_, values observed for each isolated domain (Murley & MacKenzie, 1995} argue that
the transferase and deaminase domains do not function completely autonomously withn
the octamer.

Substrate channelling is the most obvious benefit of octamer formation. We would
like to establish if fusion of the transferase and deaminase domains might result m other
advantages, such as increased stability of the domains or subunit intertaces. ln this paper
we examine the urea-induced denaturation of the transferase and deaminase domans

independently and as part of the FTCD octamer.
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MATERIALS AND METHODS

Marenals. Folic aad and formimino-L-glutamic acid were from Sigma and ultrapure urea
was from ICN, N1-NTA resin was purchased from Qiagen. The Superose o HR 10 30
column was tfrom Pharmacia. 3-formiminoH,PteGlu was prepared enzvnuancally as
described previously (Paquin et al., 1985) except that puritied recombmant transterase
domain (Murley & MacKenzie, 1995) was used to catalvze s synthesis. Aaidiled 3-
formiminoH, PteGlu was centrifuged in a microfuge for 10 minutes at 4 “C to pellet

precipitated enzyme, instead of passing the solution through Centriflo cones {Amicon)

Enzyme Purification. Recombinant histidine-tagged FTCDH,, FTH, and CH, were
expressed in £, coli and purified as previously described (Murley & MacKenzie, 19935)
Enzyme preparations had specific transferase activittes of approximately 30
umoles/min/mg for FTCDH,. and 22-24 pmoles/min/mg for FTH,, and specific deaminase
activites of 18-21 pumoles/min/mg for FTCDH, and 16-20 pmoles/min/mg tor CDH, when
assayed with 0.1 mM S-formiminoH,PteGlu synthesized from a racemic nuxture of
H,PteGlu. Single bands were observed upon SDS PAGE. Triton X 100 was replaced with
Tween 20 by rebinding the enzyme to Ni-NTA resin and washing with buffer containing
0.05 % Tween 20, prior to elution with elution buffer with 0.05 % Tween 20 replacing
the Triton X 100. Enzyme was concentrated to approximately 4 mg/ml (Centrniprep,
Amicon) and stored at -20 °C in buffer containing 0.1 M potassium phosphate (pH 7.8),
0.05 % Tween 20, 40 % glycerol and | mM DTT. Protein concentrations (per monomer)
were determined using the calculated extinction coefficients (Gill & von Hippel, 1989)

E.,, = 37920 M"'cm™ for FTCDH,, 28150 M"'em"” for FTH, and 9770 M"cm™ for CDH,

Enzyme Activity. Proteins (1 pM) were incubated for 150 minutes at room temperature
in Buffer A, containing 0.1 M potassium phosphate (pH 7.3), 0.05 % Tween 20 and |
mM DTT, containing the appropriate concentration of urea (0 to 8 M). Transferase
activity was assayed (MacKenzie, 1980; Drury & MacKenzie, 1975) in 0.5 ml incubation

volumes for 3 minutes at 30 °C. The deaminase activity was determined by time drive
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at 30"C in assay mix containing 0.1 M potassium phosphate (pH 7.3). 0.1 mM 3-
formmminoH ,PteGlu and 35 mM 2-mercaptoethanol. and measurement of A+, on a
Beckman DU640 spectrophotometer. All activity measurements are the average of assays

done n duplicate or triplicate.

Fluorescence Emission. The mtrninsic fluorescence of FTCDH,. FTH, and CDH, wuas
measured with a Hitachi F3010 fluorescence spectrophotometer. equipped with a
thermostatically controlled sample holder at 25 °C. Samples (10 nM to 2uM) were
incubated for 150 minutes at room temperature in Buffer A containing the appropriate
amount of urea (0 to 8 M), and the emission spectra (excitation at 290 nm) was recorded
between 320 and 380 nm. The excitation slit was set at 3 nm and the emission slit at 3

nm. The spectrum of a buffer blank was subtracted from each sample spectrum.

Data Analysis. Data were analyzed using the non-linear regression analysis program
"Enzfitter" (Biosoft, Cambridge, UK). Two indicators of protein conformation (activity
and fluorescence intensity) showed that both domains undergo a coincident, cooperative
transition at low urea concentrations, prior to significant dissociation and unfolding. This
suggested that both domains might undergo a two state change in tertiary structure at low
concentrations of urea: F « F*. To characterize this transition, the equilibrium constant of
this conformational change, K. and the free energy, AG;.. were calculated at different
urea concentrations within the transition region according to the following relationship:
Ky =FYMF = fo./(1+f¢) = exp(-AG.. /RT) {1}

where fr. 15 the fraction of protein which has undergone the conformational change. In
order to estimate changes in tertiary stability inside and outside of the octamer, the free
energy of this conformational change in the absence of denaturant, was estimated from
a linear extrapolation of the values of AG,. versus the denaturant concentration to 0 M
urea according to Pace (1986),

AG;. = AGaps + mpi[urea) ' (2)

where the intercept AGy;,o.. corresponds to the free energy of the conformational change

at 0 M urea and the slope m,. reflects the cooperativity of the urea-induced transition.
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Circular Dichroism. CD spectra of samples contaimng 10 uM protem, incubated for 150
minutes at room temperature i Buffer A contmning urea (0 to 7.5 M), were recorded
a Jasco J-710 spectropolanimeter with a evhndrical cuvette of 0 03 em pathlength Spectra
of blanks containing only buffer were subtracted trom sample spectra and molar elipticuy

was determined. Scan speed was set at 100 nm/min and measurements are reported from

5 accumulations.

Size Exclusion Chromatography. FTCDH,. FTH, and CDH, were incubated at room
temperature for 150 minutes in Buffer A containing the appropriate concentration of urca
(0 to 5 M). Aliquots of 200 pl of approximately | mg/ml protem. were injected onto a
Superose 6 HR 10/30 column equilibrated in Buffer A containing the appropriate
concentration of urea. Samples were chromatographed at a flow rate of 0.31 ml/mmn, wt
4°C and the absorbance of the eluate was monitored at QD,,, Ferritin (440 kDa), catalase
(232 kDa). aldolase {158 kDa), bovine serum albumin (67 kDa), ovalbumin (43 kDa),
chymotrypsinogen (25 kDa) and Ribonuclease A (13.7 kDa) were used as molecular
weight standards to construct a standard curve to determine the sizes of applied proteins.
The void volume was determined using Blue Dextran. BSA and Blue Dextran were
chromatographed at each urea concentration and no changes in elution time were observed

up to 5 M urea. Each sample was chromatographed 2-3 times.
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RESULTS AND DISCUSSION

Dissociation and unfolding of larger proteins can be relativelv simple. for example
the two-state denaturation of dimeric trp repressor {Gittelman & Matthews, 1990), the arc
repressor {Bowie & Sauer, 1989). or the multidomain A cro dimer (Pakula & Sauer.
1989). In other cases denaturation is considerably more complicated. and mav wnvolve
imtermediates such as inactive oligomeric species (glutamine synthase, Maunizi &
Ginsburg, 1982), structured monomers (aspartate aminotransferase, Herold & Kirschner,
1990: Pi-class glutathione transferase, Aceto et al., 1992) or compact unfolding
intermediates (reviewed by Fink, 19935).

Bifunctional FTCD is both oligomeric and multidomain. Each monomer consists
of an N-terminal transferase domain and a C-terminal deaminase domain separated by a
short linker peptide. Both domains include sequences mediating subunit association and
can be independently expressed as dimeric proteins. Previously, Findlay and MacKenzie
{1987) used urea-induced dissociation to analyze the subunit arrangement of FTCD. and
proposed a model for the dissociation of this enzyme. They suggested that the octamer
first dissociates to form inactive dimers between 2 and 3 M urea {(transition I). This is
followed by a conformational change in the dimer between 3 and 4 M urea (transition 1)
which precedes the third transition, dissociation of the dimers to monomers above 4 M
urea. Their results suggested that anfolding of wildtype FTCD is multiphasic and involves
several intermediates.

Some multidomain proteins exhibit very strong domain interactions where multiple
domains unfold co-operatively in a single transition, with no evidence of equilibrium
intermediates (A cro dimer, Pakula & Sauer, 198v; thermal denaturation of yeast
phosphoglycerate kinase in the presence of guanidine hydrochloride, Griko et al., 1989),
Domains in other proteins unfold independently and show little or no evidence of
interacting (ovomucoid, Privalov, 1982). A third class of proteins displays an intermediate
level of domain interaction (CD4, Tendian et al., 1995; DnaK, Montgomery et al., 1993).
Our previous results indicate that once the linker connecting the two catalytic domams

of FTCD is severed, functional and structural association of FTH, and CDH; is not
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observed. suggesung that interdomain mteractions are munimal at best (Murlev &
MacKenzie, 1995) In a review of folding of multidomain proteins, Garel { 1992) has noted
that often the stability of 1solated domamns 15 not substannally moditied by the presence
of the rest of the protem cham. He concluded that domamn stability results primanly Irom
intradomann interactions. This may also be true of the transferase and deaminase domans
of FTCD. If mterdomain interaction 1s mummal within the subumit, the physical
characteristics of each domain should not change upon separation. To determne the extent
of interaction between the transferase and deaminase domains in octameric FTCD, we
examined the properties of the isolated and linked transferase and deaminase domams and

thetr stabilities to urea-induced dissociation and denaturation.

Spectral Characterization of FTH,, CDH, and FTCDH, As a first step, a spectral
characterization was undertaken to examine the domains inside and outside of the FTCD
octamer. The intrinsic tryptophan fluorescence emussion spectra of equmolar
concentrations of FTH,, CDH, and FTCDH, are shown in Figure 4.1. FTCDH,, has a totl
of 4 tryptophans, 3 in the transferase domain (W158. W171 and W224) and one in the
deaminase domain (W462). In keeping with this distnbution, the transferase doman
exhibits significantly higher fluorescence emission intensity per mole of enzyme than does
the deaminase domain. Native FTH, and CDH, have emission spectra with maximum
emission wavelengths of approximately 342 nm (Fig. 4.1A) and 326-328 nm (Fig. 4.1B),
respectively. The maximum emission wavelength for FTCDH,, at 338 nm (Fig. 4.1C), 1s
intermediate between those of the two domains. Similarly shaped spectra were observed
using excitation wavelengths ranging from 270 to 295 nm, indicating that tryptophan
provides most of the fluorescence intensity, and no evidence of conformational change
was observed over a range of 10 nM to 2 uM monomer concentration for all three protein
species (data not shown). While the emission spectrum of an equimolar mixture of FTH,
and CDH, and the additive spectrum of the individual domains are identical (Murley &
MacKenzie, 1995), the mixture of domains has slightly more (1.07 times) maximal
fluorescence intensity than octameric FTCDH,. Upon denaturation in 8 M urea, all three

species undergo a decrease in fluorescence intensity and their A, values are redshifted
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FIGURE 4.1. Intninsic fluorescence spectra of native and denatured proteins. A. FTH, .
B. CDH,. and C. FTCDH,. The emission spectra of | uM enzyme in Buffer A +/- urea.
(_). native enzyme; (__ __ _ }. enzyme renatured for 24 hours. {_._._.), enzyme in 5 M

urea; ("77), enzyme in 8 M urea: (—). equimolar nuxture of native FTH, and CDH, (panel

C only).
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10 between 354 and 357 nm. indicating that all trvptophan residues have become exposed
to the solvent. Denaturation 1s essentially a reversible process since all three proteins
regained most of their native fluorescence intensity and activity  after 24 hours of
renaturation. As observed for other multidomain proteins (Garel, 1992} the 1solated
domains renature more quickly than the full length enzyme (data not shown). This may
be related to aggregation of the larger protein or slow pairing of domains and subunits as
has been observed during renaturation of other multidoman or oligomeric enzymes
(Jaenicke, 1987).

Both polar and nonpolar molecules can quench the tryptophan fluorescence of
FTH, and FTCDH,, suggesting that at least one of the transferase domain tryptophans is
solvent exposed (data not shown). In contrast, the single tryptophan in CDH, is not
accessible to the pnlar quenchers Cs* or I, but can be effectively quenched with
acrylamide. This observation, combined with the A__, value of CDH, suggests that W462
is in a hydrophobic environ.ment (Lakowice, 1983), either buried within the deaminase
domain or at a subunit interface.

CD spectra were obtained for the full length enzyme und both independent
domains (Figure 4 2). The resulting spectra were analyzed to esiimate the secondary
structure content of each protein (Table 4.1), using the K2D method (Andrade et al..
1993). Table 4.1 also contains secondary structure predictions made from amino acid
sequence data. The transferase domain and the full length protein are estimated to contain
significant amounts of both o helix and [ sheet, while the deaminase domain appears to
be predominantly & helical in nature. Thus, the helix signal at 222 nm was chosen to

monitor urea-:nduced unfolding.

Urea-induced denaturation of FTH, CDH, and FTCDH, loss of transferase and
deaminase activities. As the transferase and deaminase activities exist in separate
domains, catalytic activity can serve as a domain-specific conformational probe. The
isolated transferase dowain is inactivated (Fig. 4.3A) in a cooperative transition occurring
between 1.25 and 2.5 M urea. The isolated deaminase domain is less stable than the

transferase domain (AG,;,,e Table 4.2). Inactivation of this duwnain occurs between 0.75
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FIGURE 4.2. Circular dichroic spectra of native FTCDH, and the isolated domains. The
molar elipticity of: (- - -), FTH,: (.....). CDH,. (—), FTCDH,. in Buffer A at 25°C.
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TABLE 4.1. Secondary structure estimation

Method % helix 4 sheet "a coil %o tum
Srom CD data
FTH, K2D* 38 5 56 n/a
CDH, K2D 60 7 33 n/a
FTCDH, K2D 43 16 41 n/a
Jfrom sequence data
FTH, Gamnier” 53 16 18 14
Deleage® 49 9 39 3
CDH, Gamier 72 12 9 8
Deleage 95 0 5 1
FTCDH, Garnier 58 15 16 12
Deleage 55 6 36 3

* Andrade et al., 1993.

b Garnier & Robson, 1989.

* Deleage & Roux, 1987, A double prediction method, where structural class is first
determined from amino acid composition. FTH, and FTCDH, are predicted to be a/f}-«

class and CDH; is predicted to be all o class.
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FIGURE 4.3. Percent original signal remaining during urea-induced denaturation of
proteins. A. FTH,, B. CDH,, and C. FTCDH,. Final concentrations were | uM
{fluorescence and activity) or 10 uM (circular dichroism) enzyme in Buffer A plus the
appropriate amount of urea. Symbols: (Q). percent original transferase activity. (@).
percent original deaminase activity: (CJH), percent relative fluorescence = (F-F,)/(F,-F,).
where F 1s the maximal peak height, F, is the fluorescence in 5 M urea and F, 1s the

fluorescence in 0 M urea; (A4 ), percent original CD signal at 222 nm: 4, position of

A innm.

i
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TABLE 4.2. Analysis of urea-induced denaturation

Probe AGy st m." C.’
(keal mol™) (keal mol'™M™) (M urea)

FTH, transferase 4.54+0.40 2461022 1.85

fluorescence 4.52+0.29 2.48+0.16 1.82
CDH, deaminase 2.55+0.14 1.60+0.08 [.59
fluorescence 1.91+0.14 1.26+0.09 1.52
FTCDH, transferase 6.294+0.41 3.29+0.21 1.91

deaminase 4.31+0.28 2.93+0.19 1.47

fluorescence  4.25+0.23 2.24+0.11 1.90

* AG,,.- 15 the free energy of the conformational change in tertiary structure in the
absence of denaturant and m,.is the urea dependency of this free energy. AG,,4-- and m,.
values were obtained from the intercept and slope of the linear extrapolation provided by
Equation 2. The data in the transition region of the activity and fluorescenne denaturation
curves for FTH,, CDH; and FTCDH; shown in Figure 3 were fit to equation 2 as
described in Materials and Methods, and errors represent the standard deviation of that
fit.

" C,_ represents the urea concentration at which half of the protein has undergone the

conformational change, C, = AG,,,;-v/m
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and 2.3 M urea, and has a nudpownt of approximately 1o M urea (Fig. 4 3B, C,. Table
4.2} While the isolated and covalently hnked domams are mactivated under sinular
concentrations of denaturant, these transitions occur more cooperatively in the octamer
{M.. Table 4.2). As the AG,,.,,.. values (Table 4.2) are shghtly hgher when the transterase
and deaminase are covalently hinked. both domains undergo modest ereases i stabihiy

as part of the octamer.

Changes in intrinsic fluorescence upon denaturation in urea. As shown in Figure 4 3 the
fluorescence intensities of FTCDH, and the isolated domains are quenched i response
to increasing urea, The loss of FTH, fluorescence intensity occurs simultaneously with
inactivation (Fig. 4.3A). The wavelength of maximum emission is redshifted between 2.5
and 4.5 M urea, suggesting increased solvent exposure of the tryptophan residues.
Likewise. CDH, undergoes fluorescence intensity loss which correlates closely with
inactivation (Fig. 4.3B), and a large redshift in A, occurs between 2.8 and 5 M ureua, as
the single tryptophan becomes more solvent accessible. When FTCDH, is subjected to
urea denaturation, the fluorescence intensity loss correlates closely with loss of the
transferase activity (Fig 4.3C). There is a gradual increase in A, between 2.5 and 4 M
urea which then rises sharply between 4 and 5 M urea. Thus, each of these proteins
undergoes conformational change at low concentrations of urea, as monitored by loss of

enzyme activity and quenching of intrinsic tryptophan fluorescence.

Changes in secondary structure. To determine if the conformational change indicated by
loss of fluorescence intensity and catalytic function involves protein unfolding, far UV
circular dichroism was used to monitor for related changes in secondary structure. The
transferase domain undergoes a biphasic decrease in the o helix CD signal at 222 nm. In
2 M urea, where FTH, has undergone both inactivation and a major decrease in
fluorescence intensity, more than 90% of the native CD signal at 220 nm remains.
Between 2 and 3 M urea significant unfolding occurs as indicated by a 40% loss in the
helix signal (Fig. 4.3A, 4.4A). A small plateau is observed around 3.5 and 4 M urea,
suggesting that a partly unfolded transferase may be stable at this concentration range.
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FIGURE 4.4, Change in far UV CD spectra upon urea-induced denaturation of proteins.
A. FTH,. B. CDH,, and C. FTCDH,. Molar elipticity of enzyme in Buffer A +/- urea.

Urea concentrations of 0, 1. 2, 2,5, 3. 3.5, 4. 4.5, 5. 5.5, 6. 7.5 M produced spectra with

decreasing absolute molar elipticity at 222 nm,
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Further unfolding occurs between 4.5 and 6 M urea. The shape of the CD spectrum
changes between 25 and 3 M urea. where the local minimum at 222 nm 1s lost (Fig.
4 4A)

The deaminase domain exhibits a 75% decrease n ¢ helix signal between 2.5 and
55 M urea (Fig. 4.3B. 44B), after most of the fluorescence and activity loss has
occurred. The midpoint of this transition, between 3.5 and 4 M urea. correlates with the
loss of the local minimum at 222 nm (Fig. 44B). By 3.5 M urea, very little helix signal
remains,

FTCDH, also retains most of the helix signai at 222 nm up to 2 M urea (Fig. 4.3C.
4.4C). 35% of the signal i1s lost between 2 and 3.5 M urea, as is the local mmimum at
222 nm, A second decrease of almost 40% 1s observed between 5 and 7.5 M urea. Thus
fluorescence and activity changes of the domains and intact enzyme occur at urea
concentrations where most of the secondary structure remains intact, This suggests that

the initial conformational changes are limited to changes in tertiary structure.

Urea-induced changes observed by size exclusion chromatography. Findlay and
MacKenzie (1987) were able to correlate urea-induced loss of fluorescence intensity and
catalytic activity with changes in quaternary structure of wildtype FTCD, which suggested
that inactivation might result from subunit dissociation. Therefore, we wanted to ascertain
the quatemnary structure of the isolated domains and the full length enzyme at different
concentrations of urea, Proteins were subjected to size exclusion chromatography to detect
volume changes which might signify subunit dissociation (an increase in ttme of elution)
or protein unfolding (a decrease in time of elution). Figure 4.5A shows the
chromatographic profiles of FTH, in 0 to 5 M urea. At 0 M ures, the transferase domain
elutes at 58.2 min, consistent with a molecular mass of 79 kDa, indicating that it behaves
as a dimer. At 2 M urea there is very little change in its elution position indicating that
the inactivation and loss in fluorescence intensity observed between | and 2 M urea result
from a conformational change within the dimer, and not from subunit dissociation, At 2.5
M urea, the protein peak has broadened and moved to 52.6 min. This change in elution

time coincides with unfolding of the domain as detected by far UV CD and increased
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FIGURE 4.5. Size exclusion chromatography profiles of proteins in increasing urea. A,
FTH,, B. CDH,. and C. FTCDH,. Following denaturation for 2.5 howrs at room
temperature. samples were chromatographed at 4°C on a superose 6 column equilibrated

in Buffer A containing different concentrations of urea.
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solvent exposure of the uyvptophan residues It s dithenlt 1o ditferentiate whether
dissoctation leads to unfolding of an unstable monomerie transterase or whether untolding
of the subumi induces dissoctation of dumenc FTH, In cither case. a monomene K114,
1s most likely unstabie and prone to further unfolding. At 3.5 M ourea. the elutton nme has
further decreased to 45.3 min and the equilibrium has shifted towards a partly untolded
monomeric intermediate with an expanded volume. Partially folded miermediates have
been 1dentified n several folding and unfolding pathways (Das et ab . 1995, Narhw et al |
1993; Palleros et al.. 1993; Uvershy & Ptitsyn, 1994 reviewed m Fink, 1993) and have
different origins, At 37 kDa. the transferase domain i relatively large and might contin
subdomains which are differentially folded at 3.5-4 M., analagous to the differentially
folded domains within the molten globule of a-lactalbumin (Wu. et al. [19935)
Altemanvely. the compact intermediate may include a hydrophobic core consisting of the
remaining secondary structure and solvent protected trp residue(s). surrounded by
extended unfolded polypeptide chain, as has been proposed in the equilibrium unfolding
of DnaK (Palleros, et al., 1993). The domain continues to unfold and expand as the
transferase peak has moved forward to 44.1 min in 5 M urea. Even at 5 M urea, the
domain may not be fully unfolded since 30% of 8.,, is stili retained. Protein species wt
3.5 and 5 M urea which elute in the void volume or prior to the main peak may result
from aggregation of the partly unfolded domain. The transferase domain 1s more
hydrophobic than the average protein (Findlay et al., 1989) and dissociation and partial
denaturation might reveal hydrophobic faces which would promote nonspecific
aggregation,

The denaturation of the deaminase domain was also monitored by size exclusion
chromatography (Fig. 4.5B). In the absence of urea, CDH, exists as a dimer, cluting with
a molecular mass of 53 kDa. approximately twice its subunit size. At 1.5 M urea, the
peak becomes more asymmetric, suggesting that some monomer is present. ‘The small
shoulder preceding the peak could be either an unfolded monomer or an unfolded dimer.
At 2 M urea, the dimer remains the major species although a faster eluting peak has
increased. As seen with the transferase domain, a conformational change producing an

inactive dimer with decreased intrinsic tryptophan fluorescence appears to precede
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dissocration of CDH, Folded monomer (57 2 mun ). mnactive dimer (53 4 nunutes) and
unfolded monomer (49 6 mmutes) coexist at 25 M urea although the major species
appears to be unfolded CDH, This suggests that the CDH, unfolding pathway includes
4 dissociation step which preduces a folded monomer from mactive dimer. This CDH,
monomer 13 not stable at 2.5 M urea and undergoes part:al untolding. If denaturation
oceurred by unfolding a dimeric CDH,. a folded monomer would not be observed.
Unfolding of this deman 1s not very cooperative since a small concentration of dimer
may persist with the unfolded species, even at 5 M -~ea.

Findlay and MacKenzie (1987) proposed a model for the dissociation of octameric
I'TCD which involved an mitial dissociation to dimers followed by, at higher urea
concentrations, further dissociation to monomers. They suggested that activity and
fTuorescence changes correlated with dissociation of FTCD to a Jimeric species. In
contrast 10 this, denaturation of the independently expressed domains indicates that a
conformational change, as indicated by loss of activity and fluorescence intensity,
precedes dissociation i both domains. This conformational change also precedes
dissociation m the intact enzyme. Native FTCDH, elutes predominantly as an octamer
with a smaller fraction existing as a smaller oligomer. perhaps a dimer or tetramer
{estimated Mr = 200,000) (Fig. 4.5C). There is a small decrease in the elution time of the
octamer as the denaturant increases to 2 M urea, and this may be due to loosening of its
tertiary structure (Palleros et al. 1993), Between 2 and 2.5 M urea, dissociation occurs at
one type of interface and the population of dimeric intermediates eluting at 46.8 min
mcreases. This is followed by partial unfolding between 2 and 3.5 M urea, as shown by
a 40% decrease in the o helix signal. At 3.5 M urea, a larger. unfolded dimer. eluting at
41.9 min 1s the major species. The far UV CD profile suggests that this dimer may be an
unfolding intermediate analogous to the partly unfolded transferase monomer (Fig. 4.3C,
4.4C). Like the transferase domain, this unfolded dimer is susceptible to aggregation. As
the urea concentration is increased to 5 M, a second dissociation event occurs producing
a partly-folded monomer which elutes at 47.2 mun. The FTCDH, monomer undergoes
further unfolding as the urea concentration is increased to 7.5 M urea.

Chemical cross-linking with bis-succinimidy] suberate was attempted in order to
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confirm urea-mduced changes m quaternary siructure tdata not shown) The abihiy o
cross-link FTH, 15 Tost between 2 and 2.5 M urea. Cross-linking results are consistent with
dissoctation of native FTCDH, to dimers between 153 and 2.5 M urea. and turther
dissoctatton to monomers between 3.5 and 5 M urea. However conditions tor efhicient
cross-linking of the deaminase dimer could not be obtamned.

To summarize, whether expressed as anisolated domaim or constramned within the
octameric structure, each domain undergoes a conformational chinge at the samg
concentration of urea (as revealed by C,). These apparent changes m ternany structure
result in a loss of activity without dissociation of the subunit interfaces The octamenc
structure enhances the cooperativity of the changes but has only a small effeet on doman
stability. At higher concentrations of urea, both isolated domains dissociate and unfold
within a narrow range of denaturant concentration. Within the FTCD octamer one type
of subunit interface 1s disrupted under the same urea concentrations which promote
dissociation of the FTH, and CDH, dimers. The second type of intertface 18 more stable
within the octamer and is maintained at higher concentrations of urea. Previously. Fuindlay
& MacKenzie (1987) suggested that the interface between the transferase domains 1s lost
in the first dissociation event, partly because a proteolytically derived transferase-active
fragment underwent dissociation between 2 and 3 M urea as well. Now that we have
determined that the isolated deaminase domain also dissociates in this concentration range,
it 1s difficult to differentiate whether the transferase or the deammase interface 15 less
stable to urea. Despite their apparent inability to interact, the presence of both domamns
within the intact, bifunctional enzyme enhances the stability of one of the subunit

interfaces within the octamer.
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Octamenc formiminotransferase-cvclodeanunase 1s arranged as a planar nng-
shuped tetramer of dimers. The unusual quaternary structure of this bifunctional enzvme
has prompted questions concerming the arrangement of subunits, the organizaton of
catalytic activities and the mechanism of substrate channelling between the two types of
catalytic sites. Previous investigators have shown that the transferase and deaminase
activities are kinetically independent and possibly located on different domains.
Expression of each activity was proposed to coincide with retention of a different subunit
interface. Isolation of the ¢cDNA encoding FTCD and determination of the amino acid
sequence and domain structure of FTCD would allow testing of this hypothesis, and
would provide the necessary tools and information for further analysis of the structural

organization of this enzyme.

5.1 Sequence analysis of porcine liver FTCD

The porcine liver cDNA described in Chapter 2 of this thesis contains an open
reading frame that encodes a 541 amino acid protein, in agreement with the apparent Mr
of 60 kDa previously observed for the FTCD subunit. The deduced primary structure of
FTCD includes sequences which correspond to two amino acid sequences identified by
N-terminal sequencing of cyanogen bromide cleavage fragments of FTCD, confirming the
identity of this clone. Porcine FTCD is N-terminally blocked to Edman degradation. Thus
it is likely that the initiator methionine is removed and the next residue, a serine, has
undergone a post translational modification such as acetylation. The FTCD ¢cDNA was
cloned into a prokaryotic expression vector and recombinant FTCD was expressed. The
recombinant enzyme can catalyze both the transferase and deaminase activities.

Initial searches of nucleotide and amino acid data banks indicated that this
sequence was novel as it displayed no significant homology existed with other known
sequences. More recently, several human liver Expressed Sequence Tags, which share 64-
90% identity with the porcine FTCD nucleotide sequence, have been described. Also, two
groups have isolated cDNA's encoding homologues of FTCD from rat (G. Bloom,

personal communication) and chicken (D. Hennig, personal communication). Both groups
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were attempting to clone a 58-60 kDa microtubule associated protein (Bloom & Brashear,
1989). 1t is quite likely that FTCD binds to the polyglutamates which covalently modity
tubuhin (Redeker et al., 1991), Like the porcine enzyme, the recombinant rat and chicken
proteins are bifunctional. The deduced amino acid sequences for the chicken and poreine
enzymes are compared in Figure 5.1. Both the chicken and poreme sequences encode a
541 amino acid protein. They share 68% identity and 82% homelogy when conservative
residues are considered. Thus. a high degrec of sequence conservation is observed
between chicken, pig and human FTCD.

An open reading frame (orf4) in the beginning of a serine cycele gene cluster in
Methylobacterium extorquens AM1 chromosome (Christserdova & Lidstrom, 1994) can
encode a previously unknown 211 amino acid sequence which shares 34% identity (53%
homology) with the C-terminal half of FTCD (Figure 5.1). Methylobacterium extorquens
1s a gram-negative facultative methylotroph. This serine cycle gene cluster contains genes
encoding proteins involved in the assimilation of Cl units, including the folate dependent
5,10-methyleneH,PteGlu dehydrogenase (mtdA). Mutants containing insertion mutations
in orf4 are unable to grow on Cl or C2 compounds but will grow in the presence of
glyoxylate. Christserdova & Lidstrom (1994} have postulated that this gene product may
be involved in the conversion of acetyl coenzyme A to glyoxylate. While its similarity
to the deaminase domain of FTCD suggests that the o7f4 gene product may be folate-
dependent, our present inability to determine which residues are responsible for binding
folate must temper such an interpretation,

Bifunctional formiminotransferase-cyclodeaminase has only been identified in
some eukaryo.es. E. coli and yeast do not appear to cxpress cither activity. A
formiminoH,PteGlu-dependent cyclodeaminase activity has been described in Clostridia
{Rabinowitz and Pricer, 1956a:b). The sequence for the gene encoding this deaminase 15
not yet availabie, and its relationship to the eukaryotic cyclodeaminase domain is not
known.

All FTCD ¢DNA's isolated to date have been obtained from liver cDNA libraries.
Northern analysis (Appendix 1) of total mRNA isolated from mouse tissues supports the

argument that FTCD is liver specific. However, low amounts of FTCD activity have also
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IGURE 5.1. Alignment of the predicted amino acid sequence of porcine FTCD with its
chicken homolog and orf4 from Methylobacterium extorquens. ldentical residues are
connected by a bar. Abbreviations: pig. porcine FTCD: chi. chicken FTCD: M ex. orf4

from Methylobacterium extorquens
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been described in other tissues, most notably kidney and intestine (Tabor & Wyngarden,
1959, Mclam et al., 1975). and low levels of the transenipt may be present m these
ussues The FTCD gene and promoter region have not vet been studied so little 15 known
about possible mechanisms of transcriptional regulation. Secondary structure analysis of
the porcine FTCD ¢DNA indicates that the 5' end of this ¢DNA can form a stem-loop
structure with the imtiator AUG codon situated within the loop. The transcriptional start
site of the FTCD mRNA has not been mapped and the longest 5' noncoding region of the
porcine FTCD cDNA includes only 27 nucleotides. so the true extent of secondary
structure wathin this region 1s not known. However, this represents a possible mechanism
for translational control of FTCD expression.

FASTA and Blast searches of the SWISSPROT and PIR databank searches have
not identified any significant regions of amino acid homology between FTCD and other
folate-binding enzymes. However, visual inspection of different folate-dependent
sequences has suggested some similarities. AAAAAVSGA is the N-terminal sequence of
rabbit liver 5,10-methenylH PteGlu synthetase (Maras et al., 1994). It has been suggested
that consensus sequences could be read in reverse order (Stemlicht et al., 1987) and.
interestingly, restdues 356-364 of FTCD are AGSVAAATA which maps to the N-terminal
region of the cyclodeaminase domain. Both the deaminase and the synthetase activities
produce 5,10-methenylH PteGlu, and perhaps this sequence plays a similar role in both

protems.

5.2 The folate binding site

While many folate binding proteins have been cloned or sequenced, a general
tetrahydrofolate binding consensus sequence has not been identified. This may reflect
evolutionary pressure to develop binding sites which are specific for the C1 unit bound
to the ptendine substrate, or for a particular tail length. Cook et al. (1991) have identified
a putative 10-formylH PteGiu binding consensus sequence, XPS(X),P(X),.,G, which has
been observed in 10-formylHPteGlu synthetases, GAR tiransformylases and 10-
formyltH PteGlu dehydrogenases from several different sources (Cook et al., 1991: Nour
and Rabinowitz, 1992; Rankin et al., 1993). A similar sequence, GPSAFVPSWG, is found
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i poreine FTCD at residues 163-172 and may play a role m H,PteGlu recognttion (Figure
3.2). The corresponding sequence n chicken FTCD retains the prohne and glveme
residues present n the consensus sequence. As both the transferase wnd the deaminase
activities appear to independently bind 3-formimmoH, PreGlu. a second folate binding site
15 likely present within the primary structure of FTCD A possibie candidate for ilus
second sequence is found between residues 338 and 348, as shown m Figure 32 Tius
sequence 1s located at the amino-terminus of the C-terminal deanunase domain and shows
similarities to the 10-formyl binding site and the putative FTCD tolate binding sue
Unfortunately little is known about either FTCD folate binding site.

Structural similarities between folate binding sites in different types of enzymes
are not particularly evident at the tertiary structure level either. Chen has compared the
crvstal structures of GAR transformylase, thymidylate synthase, dihydropteridine reductase
and dihydrofolate reductase (Chen et al., 1992). Similarity is mostly limited to within the
nucleotide binding regions of the three nucleotide binding enzymes. Both GAR
transformylase and DHFR appear to bind substrate in o cleft between two domans
Perhaps a common binding mechanism will become obvious once more crystal structures

of folate-binding proteins are solved.

3.3 The domain structure of formiminotransferase-cyclodeaminase

To further analyze the structure of FTCD we wanted to determine if the transferase
and deaminase activities localize to separate domains (Chapter 3, this thesis). Like the full
length enzyme, a 39 kDa transferase-active proteolytic fragment was N-terminally blocked
(Findlay et al., 1989), suggesting that the transferase activity resides within the N-terminal
region of FTCD. Comparison of the amino acid composition of this proteolytic fragment
(Findlay et al., 1989) and that of the N-terminal 350 residues of FTCD supported this
assignment. Deletion mutagenesis was performed on the cDNA encoding porcine FTCD
to produce constructs which would express N-terminal proteins ending at different
positions between amino acids 318 and 350, and C-terminal fragments which initiated at
different residues within the same region. To identify domains, the resulting fragments

were characterized in terms of their catalytic activities and their solubility. These
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FIGURE 5.2, Comparison of putative folate binding sequences in the transferase and
deaminase domains of FTCD. FTCD residues that are identical to the 10-formylH,PteGlu

binding consensus sequence are in bold. Residues which are common to the scquences

in both the transferase and the deaminase doman are 1 iralics.
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XPSX,PX,,G i0-formytH,PteGlu binding sequence

pig 163 GP-SAFVPSWG 172 transferase domain
chick 163 GP-PAFI'PQWG |72

pig 338 KPLRTFFREVG 348 deaminase domain
chick 338 KPLGAFI'RAV(G 348



expenments ndicated that FTCD 15 composed of a separable N-ternunal transterase
domain and a C-terminal deammase domain connected by a minimal linker sequence
compnsing residues 326-333 The C-terminal boundary of the transferase domamn was
Iimuted by the msolubihty of shorter N-terminal fragments, perhaps resuiting from
impreper folding. The N-termunal boundary of the deaminase domain was limited by a
decrcase in ntrinsic deaminase activity in shorter species. Interestingly. decreasing
deammase acuvity was observed n fragments starting at residues 337, 339 and 341,
which are immediately prior to or within the first half of a putauve folate recognition
sequence described in section 5.2, Inactive fragments beginning at residue 344 and 350
are mussing over half or all of this sequence.

The linker region separating the transferase and deaminase domains is minimally
8 and maximally 12 residues in length. Companson of the ami+o acid sequences for pig
and chicken FTCD suggests that residues 327-334, as the least conserved sequence within
FTCD, may act as a connecting region. This corresponds well with the linker boundaries
determined by deletion analysis. The linker region may promote proper folding of FTCD
simply by separating the transferase and deaminase domains as they fold, since deletion
of six proposed linker residues (327 to 332, inclusive) produces a bifunctional protein
which is less soluble than recombinant FTCD. Extending this deletion to include residues
327 to 338, produces a protein which is even less soluble and no longer catalyzes either
reaction. While the sequence of the linker region is not conserved between pig and
chicken, its length apparently is. The linker region may play a role in keeping the
transferase and deaminase domains properly onented to optimize substrate channelling
between the two types of active sites. If channelling involves a swinging anchor
mechanism, as described in Chapter 1, changing the length or the composition of the
linker sequence may affect both the efficiency of channelling and the optimal
polyglutamate tail length, It may prove informative to determine if the deletion mutant
{(missing six linker amino acids) preferentially channels pentaglutamylated intermediates
or shorter denivatives, and if replacing the pig linker sequence with the corresponding
residues from chicken affects channelling behaviour.

Both the transferase and deaminase domains can be 2xpressed separately in E.coli,
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demonstrating that they fold independently. For the most part, there is little change i the
secondary and tertiary structure of the transferase and deamimase domuns upon separation
The fluorescence spectra of the full Tength enzyme and the nuxed translerase and
deaminase domains are comparable. as are the CD spectram of the full length enzyme and
the additive spectrum of the isolated domains, between 200-2.40 nim (Chapter - However
both 1solated domains may be susceptible to mmor conformational changes, perhaps
resulting from an increased freedom of movement as the domams are no fonger letiered
by the spatial constraints imaposed by the octamer. Kinetic charactenization of the isolated
transferase and deaminase domains indicated that while the domains and the full-length
enzyme bind forminminoglutamate and monoglutamylated folates with simnlar affimties,
both types of isolated domains have tumover numbers which are only one half to
two-thirds the values reported for the [ull-length enzyme (Chapter 3). The chymotryptic
transferase-active fragment also retained only 58-67% of the onginal activity (MacKenzie
et al., 1980 Findlay & MacKenzie, 1987) following proteolysis.

The catalytic activities of many other multifunctional proteins are arranged on
separable domains which can be expressed independently (Chapter 1), This may reflect
an evolutionary history which involves ligation of the genes which encode the component
achivities. It is possible that FTCD evolved through fuston of penes which encoded
menofunctional transferase and deaminase activities. Conscquent evolution events may
have allowed the enzyme to develop or optimize its ability to channel polygluwamylated
substrate. However, since there is little available evidence to support the existence off
monofunctional transferases and deaminases, 1t 18 premature to assign such a mechanism
to FTCD. Only two possible candidates for a primitive deaminase activity have been
described; o1f4 from Methylobacterium extorguens, and a S-formiminolH,PteGlu dependent
cyclodeaminase that is associated with a 5,10-methenylH PteGlu cyclohydrolase activity
and is involved in degradation of purines in Clostridia (Uyeda & Rabinowitz, 1967).
Clostridia contain a separate formiminotransferase which transfers the formimino group
from formiminogiycine to tetrahydrofolate (Uyeda & Rabinowitz, 1965). This protem is
a potential precursor to the transferase domain. Further studies to determine the

distribution of monofunctional counterparts of these activities in nature, combined with
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the 1solation and characterization of the enzymes responsible and cloning of the genes
encoding these activities would be necessary 1o further develop the evolutionary history
of this enzyme. The fusion of the transferase and deanunase activities should provide
FICD with certain advantages, many of which have been observed with other
multifuncuional enzymes (discussed in Chapter 1). The transferase activity produces
formimino! I ;PreGlu, which can only be metabohized by the cyclodeaminase activity, 77 's
product is not stable at physiological pH (Paquin et al.. 1985) and has the potential to
interfere with other folate-dependent enzymes. Coexpression of the transferase and
deaminase on a single polypeptide chain ensure. the presence of both activities,
preventing a build up of the formimino-intermediate in the cell, As well, the proximity
of the two types of active sites and the enzyme's unique ability to channel
polyglutamylated intermediate allow for the efficient transfer of the formimino specics
between active sites. As well be discussed later in this chapter, formation of the
bifunctional enzyme results in increased stability of one type of subunit interaction within

the FTCD octamer.

5.4 Secondary structure predictions

Secondary structure analysis of the CD spectra of the full length enzyme and both
isolated domains suggested that FTCD, and the deaminase domain in particular, have a
signilicant a-helical content (Chapter 4, Table 4.1). Secondary structure predictions based
on amino acid sequence data support a predominantly o-helical deaminase domain
{Chapter 4, Table 4.1; Figure 5.3a). Helical projections (Figure 5.3b) indicate that several
predicted helices have hydrophobic faces with repeating alanines. Gemet et al. (1995)
have described an antiparallel coiled-coil, called the alacoil, where alanines at positions
a and e m the helix form interhelical contacts. The alanine rich faces in the deaminase

domain may play a similar role in assembly of tertiary structure within FTCD.

5.5 The role of the polvglutamate tail in substrate binding and channelling.
FTCD preferentially binds and channels polyglutamylated substrates.

Polyglutamylation improves the binding of both the folate substrates and FIGLU (Paquin
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FIGURE 5.3. Secondary structure prediction for FTCD based on amino acid sequence., A
H represents helix. B, sheet. T. tum: blank, coil. D-R is the method of Deleage and Roux
(1989). NNPREDICT is the method of Kneiler, et al. (1990); PHD is the method of Rost
& Sanders {1993). B. Helical wheel projections of the predicted helices within the

deaminase domain.
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et al . 1985; Findlay et al, 1989), and binding polyglutamylated substrates induces a
conformational change which prevents limited proteolysis of FTCD bv chvmotrypsin
{MacKenzie et al., 1980), and dissociation of the octamer in 3 M urea (Findlay &
MacKenzie, 1988). The deaminase demain but not the transferase domain shows a
preference for pentaglutamylated substrate, indicating that the polyglutamate binding site
resides within this domain (Chapter 3, this thesis). This 1s further supported by Findlay
and MacKenzie's (1988) observation that, upon urea-induced dissociation of FTCD into
monofunctional dimers, only the deaminase-active dimer retained specificity for the
pentaglutamylated intermediate. Previously. Paquin et al. (1985) demonstrated the
presence of 4 high affinity polyglutamate binding sites within the octamer, or one per
dimer. The existence of only one polyglutamate binding site per pair of deaminase
domains, suggests that this site {and possibly the deaminase active site, as well) may be
located at the subunit interface formed between deaminase domains.

s polyglutamylated folates are negatively charged species, it is quite likely that
electrostatic interactions play an important role in binding these substrates to their target
enzymes. Several polyglutamate binding enzymes also interact with other negatively
charged polymers (the cyclodeaminase domain of FTCD binds to heparin; the trifunctional
DACAS binds to single stranded DNA, Wahls et al., 1993), presumably thre.gh ther
polyglutamate binding sites. Basic amino acids have been implicated in the binding of
polyglutamylated substrates to several folate-dependent enzymes. Stroud's group has
determined the crystal structures of thymidylate synthases from different sources (Kamb
et al.; 1992; Finer-Moore et al., 1994, Stroud, 1994) and suggest that the polyglutamate
binding site consisis of a shallow cleft on the protein surface, lined with hydrophilic
sidechains. While the amino acids that form this cleft are not highly conserved, several
basic residues which make important contacts with the polyglutamate tail have been
identified. Rabinowitz and colleagues have identified a 53 residue sequence which may
form part of the synthetase polyglutamate binding site (Whitehead & Rabinowitz, 1988;
Nour & Rabinowitz, 1992). This sequence is specific to 10-formylH,PteGlu synthetases
which bind longer polyglutamates and contains several doublets of basic amino acids. The

primary structure of the deaminase domain of FTCD includes many basic residues
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distributed throughout the sequence. as reflected by the estimated pl of 9o, However,
several doublets of basic residues are present (H3360, K337, R381, R382: RIV2, RAV3;
R435. R436) some of which may influence the binding of polyglutamate to the FICD
octamer.

FTCD preferentially channels pentaglutamylated but will also channel otler
polyglutamylated intermediates with tails of 4 or more glutamates in length, albeit with
less efficiency. While channelling efficiency favours the pentaglutamylated substrate,
longer polyglutamates are more tightly bow.d (Paquin et al., 1985), suggesting that the
mechanism of substrate channelling within FTCD involves a steric component. MacK enzie
and colleagues have developed a "swinging arm" model whereby the polyglutamate binds
to a site on the octamer while the more mobile pterin moiety can interact with cither type
of catalytic site (MacKenzie & Baugh, 1980: Paquin et al.. 1985). The pentagiutamate tal
would provide an optimal length such that the pterin moiety could reach both the
transferase and a deaminase active site without first being released from the polyglutamate
binding site. This model only allows for preferential transfer of intermediate within a
single molecule of the enzyme. As expected, the separated transferase and deaminase
domains cannot channel the pentaglutamylated intermediate. Other enzymes channel
mntermediates via a swinging arm mechanism (pyruvate dehydrogenase and fany acid
synthase), however the intermediate is covalently bound to the enzyme and a specific
domain within the protein functions as the swinging arm.

A different channelling mechanism was described by Knighton et al, (1994) to
explain the channelling of polyglutamylated dihydrofolate within thymidylate synthasc-
dihydrofolate reductase from Leishmania major. Upon examination of the crystal structure
of this bifunctional enzyme, the authors observed an unusual distrtbution of charged
residues which extended across the surface of the protein. This surface may
electrostatically guide the intermediate from the synthase to the reductase active site.
Interestingly this surface is conserved in monofunctional thymidylate synthases, where it
most likely functions as a polyglutamate binding site (Stroud, 1994). The relative location
of the transferase and deaminase catalytic sites and their orientation within the FTCD

octamer must first be defined before determining if either of these channelling
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mechamisms applies to FTCD

5.6 The quaternany stricture of FTCD and confimation that the octamer is the funcrional
THH

Cross-linking and proteolysis studies have shown that FTCD 1s arranged as a
tetramer of dimers. Findlay and MacKenzie (1987. 1988) performed a series of
dissociation and renaturation studies to determine whether a dimer could serve as the
functional unit of FTCD. Instead they found that the isolated dimers were invariably
monofunctional, expressing only one or the other catalytic activity, and therefore proposed
that the octamer is the funcuional unit of FTCD, Analysis of the quatemary structure of
the independent transferase and deaminase domains provides an explanation for this
observation. Both the transferase and deaminase domains exist as dimers in solution,
indicating that each domain contains sequences governing subunit interaction. Therefore
cach subunit within the octamer consists of an N-terminal transferase domain which forms
a subunit mterface with the transferase domain of the adjacent subunit, and a C-terminal
deaminase domain which forms a second subunit interface with the deaminase domain of
the other adjacent subunit. This explains why FTCD is arranged as a tetramer of dimers
with alternating subunit interfaces, and confirms that the octamer is the functional unit of
this enzyme.

As both the transferase and the deaminase domains exist as dimers, it is quite
likely that FTCD contains two types of isologous interactions. Dimers generally do not
exhibit heterologous interactions because this would leave two binding surfaces available
for further aggregation, producing a less stable protein. While an argument could be made
that a heterologous dimer could undergo a conformational change upon association that
would exclude further association, the literature suggests that such an arrangement is very
uncommon. However, an asymmetric subunit arrangement has been observed for
hexokinase (Anderson et. al. 1974; Anderson & Steitz, 1975) and proposed for creatine
kinase (reviewed in Degani & Degani, 1980). |

In some oligomeri: enzymes, the active sites are located at the subunit interface,

and require residues from both monomers. An isologous dimer could contain two
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complete active sites at a single subumit mterface (glutathione reductase, thynudylate
svithase ). or one catalvue site withm each monomer (glutamate dehydrogenase) In both
cases. one would expect the presence of two catalvtic sites per dimer FTCD appears to
contain only one high affinity polyglutamate binding site per deanunase dimer suggesting
that binding of the substrate may induce some sort of negative cooperativity, perhaps by
mducmg a conformational change which prevents binding of a scecond molecule
Alternatively if the two active sites were close, the size of the poly glutamylated substrate
raay prevent binding of a second molecule of the substrate. for steric reasons Findlay
{1988) suggested that curvature of the octamer might constrain one of the two catalvue
sites such that only one site remained functional per mterface. If this were true, we nught
expect the isolated dimers to have tumover rates which were twice those observed for the
octameric enzyme, and in fact, the opposite was observed. A slightly different
interpretation is that the curvature present in the octamer limits the flexibility of the
deaminase domain such that one active site acquires a more efficient conformation, where
1t can bind substrates much more tightly and/or catalyze the deamination reaction more
rapidly. If this latter model were accurate, the isolated deaminase domain might be able
to bind two polyglutamates per dimer, but function with lower catalytic efficiency than
the full length enzyme. As shown in Chapter 3, the deaminase domain has lower affinity
for formiminoH,PteGlu, than the full length enzyme, and has a tumover number that is
only two-thirds the value described for the full length enzyme. It will be interesting to
determine the shape and symmetry of the subunit interfaces within this octamer, and the
relative orientations of the different sets of dimers. Figure 5.4. shows two types of

orientations that are possible for a planar tetramer of dimers.

3.7 Interactions within and between domains

The transferase and deaminase domains can fold independently and show no
indication of interacting once separated (Chapter 3). This suggested that the domains also
function independently within the subunit. However, three pieces of evidence (both
independent domains have decreased tumover numbers relative to the full length enzyme,

FTCD has the ability to channel substrate, and polyglutamylated substrate protects both
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FIGURE 5.4, Two amzngements for a planar, circular tetramer of dimers. Both
arrangements involve isologous nteractions. between the same type of domain. The
stippled half of each subunit represents one type of domain and the white half represents
the other type of domain. The black and white ovals represent subunits which are

orientated in and out of the page, respectively.
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activittes against ureg-induced inactivation ) argue that some sort of interdomam mteraction
15 necessary - An equibibrium unfolding study demonstrated that the tertnany structure of
both domanns was only slightly less stable outside of the octamer, suggesting the presence
of nunor doman mteractions only (Chapter 4). A differenttal scanning calorimetry study
of the tull length enzyme and both i1solated domains would provide a more complete
analvsis of mterdomain interactions withm FTCD.

More interestingly ., these studies indicated that one type of subunit interface within
the octamer becomes stabilized. The presence of the remamder of the polvpeptide appears
to strengthen the subunit interaction. We cannot presently distinguish whether the
transferase or the deaminase interface becomes stabilized, or even why this stabilization
occurs. Findlay and MacKenzie were able to trap a transferase-active dimer in 1.5 M urea
during the refolding of FTCD. However one should not assume that this kinetic folding
intermediate contains the more stable interface. Determining the crystal structure of this
enzyme will provide some insight into interactions between the transterase and deaminase
domains which could result in this type of stabilization.

Both isolated domains undergo a change in tertiary structure prior to dissociation.
Dissociation and unfolding of secondary structure are coordinated, occurring under similar
concentrations of denaturant. Interactions between subunits likely play a substantial role
in stability of both domains and subunit assembly may involve major conformational
changes. Both domains contain a high proportion of amino acids such as bulky
hydrophobic residues and arginines, that are commonly found at subunit interfaces, The
deaminase domain contains 53% hydrophobic residues and 7% arginines, and the
transferase domain contans 44% hydrophobic and 7% arginines, as compared to
approximately 40% hydrophobic residues and 5% arginines for 23 oligomeric proteins and
36% hydrophobic residues and 3% arginines for 37 monomenc proteins (average
percen:ages taken from Table 3 of Janin, Miller & Chothia, 1988\,

Unfolding of the transferase domain as monitored by circular dichroism suggest
that a monomeric partially folded intermediate accumulates between 3.5 and 4 M urea.
This intermediate is more compact than species at higher concentrations of denaturant and

retains approximately 40% of its secondary structure (Chapter 4). Structural analysis of
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this intermediate may provide mformation regarding which mieractions form the
hvdrophobic core of this domam. Companison of the structure of this mtermediate and the
fully: folded species may eluaidate whuch structural properties are required to make the
domam competent for dimenzation. Currentlvoat appears that associanon requires the
presence of most of the g-hehical secondary structure. Some alterattons i terhiary structure
can be tolerated. however, the extent of these changes 1 presently unknown A close
exanunation of the refolding and assoctation pathwayvs of each 1solated domun would also

be useful.

3.8 Perspectives for the funuwe

While FTCD is known to be widely expressed in mammals and perhaps other
eukaryotic species, only porcine FTCD has undergone extensive investigation. in humans,
FTCD deficiency has been associated with a disease state, however it 15 controversial
whether inactivation of this enzyme is the causative factor (reviewed by Rosenblat,
1989). Two classes of phenotypes have been described. One type involves physical and
mental retardation while a second. less severe type shows no mental retardation and
massive excret.on of FIGLU. Investigators have suggested that the more severe phenotvpe
may result from inactivation of the deaminase activity and the mild type from loss of the
transferase activity. The major difficulty with diagr = ing this disorder stems from the lack
of expression of FTCD outside of the liver. Expressed Sequence Tags which correspond
to human FTCD could be used to isolate the human FTCD gene, and develop an
altemative screening method for FTCD deficiency.

As a multifunctional enzyme, FTCD exemplifies one form of enzyme organization.
The literature suggests that several enzymes involved in folate metabolism (Caperelli et
al., 1980) and synthesis of deoxynucleotide precursors {(Mathews, 1991: Reddy & Fager,
1993) may form higher order complexes, or metabolons, within the cytoplasm. FTCD
might associate with other enzymes involved in degradation of histidine, or with the
trifunctional D\C\S. It would be interesting to determine if immunoprecipitation of FTCD

from liver extracts would also precipitate enzymes from the histidine degradation or folate

pathways.
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Throughout this chapter. 1 have pomnted out mstances where hnowledge of the
ervstal structure of FTCD would help resolve questions that are currentiv anansw erable,
or at least pownt us m the night direction. The most important of these include deternuning
the svimmetny of the subumit interactions. the number and locaton of active sites within
the octamer. and whether this arrangement could support a swinging arm mechamsm ot
channelling. A different approach would be to hochemicaily determmme active sute
residues. Previous chemical modification studies mndicate that moditication of o listdine
results in inactivation of the transferase (MacKenzie & Baugh. 1980) and moditication
of a cysteine results in loss of the deaminase (Drury & MacKenzie, 1977), Five of the st
histidines in the transferase domain are conserved between chicken and pig while only
one of the two cysteines (C476) in the deaminase domain are conserved. Replacement of
these histidines and cysteines with conservative amino acids by site-directed mutagenesis
should indicate whether these residues are required for activity.

Paquin et al. (1985) have shown that there are only four ligh affinny
polyglutamate binding sites per octamer. or one per pair of deaminase domuns. This
forces the following question: what 1s the ratio of polyglutamate binding sites to
transferase and deaminase active sites? The number of monoglutamylated folate binding
sites within the octamer could not be determined by equilibrium binding studies,
presumably because the dissociation constants were too high. Perhaps isothermal titration
studies would provide the number of folate binding sites that are required to develop a

model! for the arrangement of active sites within the subunit.

5.9 Conclusion

The studies described in this thesis have provided new insight into the structural
arrangement of formiminotransferase-cyclodeaminase at several different levels of
structural organization. A novel cDNA encoding FTCD provided the primary structure of
this enzyme. Deletion analysis of this cDNA demonstrated that FTCD i1s composed of an
N-terminal transferase domain and a C-terminal deaminase domain. Both domains contain
sequences governing dimerization, confirming that FTCD is arranged as a tetramer of

dimers, and that the functional unit of FTCD is the octamer. The isolated transferase and
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deaminase domains can no longer channel pentaglutamylated substrate. as predicted by
the swinging arm mechanism of channelling While the independent transferase and
deaminase domains can fold stably and show no indication of interacting. several lines
ol evidence suggest that the transferase and deaminase domamns do mteract within the

subunit, the most compellhing being the increased stability of one tvpe of subumit interface

within the octamer.
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CONTRIBUTIONS TO ORIGINAL KNOWLEDGE

I A porcine liver ¢DNA encoding formimmotransferase-cyeclodeammase has been
isolated, Sequence analvsis mdicates that this ¢DNA encodes a novel protem of 541
amino acids. Northern analvsis suggests that FTCD 1s encoded by a single, hiver-specttic

transcript of approximately 1.9 kb.

2. Bifunctional. octameric FTCD was expressed m £ coli The punficanon of the
recombinant enzyme includes anovel step. pseudo-affinity chromatography on affigel-15-
polyglutamate resin.

3. Each FTCD subunit consists of an N-termunal transferase-active domam and a -

terminal deaminase-active domain, separated by a short linker region.

4. Both domains can be expressed in E. cohi. indicating that each can fold independently
and achieve a functional conformation. Both domains, as well as the full length enzyme,
have been expressed as C-terminally histidine-tagged proteins to simplify thar
purification. Kinetic characterization suggests that the histidine tag has little effeet on the

catalytic function of these protemns.

5. Both types of domains exist as dimers. Therefore, within the octameric (tetramer of
dimers} structure of FTCD, one type of subunit interface can be formed by interaction of

the transferase domains, the second by interaction of the deaminase domain.

6. While the recombinant FTCD retains the ability to directly transfer the
pentaglutamylated intermediate between the transferase and deaminase active sites, a
mixture of isolated domains no longer exhibits this channelling behaviour. This confirms
that the transferase and deaminase domains must be physically associated for channelling
to occur. (The isolated domains show no indication of interacting with each other.) The

isolated deaminase domain retains specificity for the pentaglutamylated substrate,
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confirmmg that the polvgiutamate binding site resides within this domain

7 The domains and the full-length enzyme exhibit mulustate denaturation profiles Both
isolated domans undergo a change n tertiary structure at low concentrations of urea
{belo'v 2 M urea) to form mactuve dimers. This 1s followed by dissociauion and unfolding
at shghtly higher urea concentrations. While both 1soiated domains undergo dissociation
to monomer between 2 and 2.5 M urea, only one type of subunit interface in the octamer
1s disrupted ai this urea concentration. Dissociation of the second interface occurs between
3.5 and 5 M urea. indicating that one domain achieves tncreased stability within the full

length enzyme.
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APPENDIX A

THE PORCINE FTCD mRNA IS LIVER SPECIFIC AND PRESENT AS A SINGLE
SPECIES

The purpose of this appendix is to document the Northem blot analysis described in

Chapter 2
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INTRODUCTION

Formiminotransferase-cyclodeaminase activity has been identified in the liver and
kidney of all mammalian species tested (Tabor & Wyngarden. 1959). The transferase
activity has not been detected in insects, bacteria and yeast. however both activities have
been identified in filaria (Jaffe et al.. 1980) and an avian homolog has been identified
chicken liver (Hennig, personal communication, this thesis, Chapter 5).

Northern analysis was performed prior to isolation of the full length ¢cDNA in
order to determine if the putative partial cDNA hybridized to a liver specific message, and

to estimate the size of the full length clone,

MATERIALS AND METHODS

Materials. DNA modification enzymes were obtained from Bethesda Research
Laboratories, Boehringer Mannheim, Pharmacia or New England Biolabs. Nylon
membranes used for Northemn blot analysis were from Amersham Corporation as were
radioisotopically labelled nucleotides. Diagnostic Xomat AR film was purchased from
Kodak. Oligo dT cellulose was from Pharmacia. All other chemicals used were of reagent
grade,

All cDNA probes were labelled by the random primer method using [a-"*P]dCTP
as the labelled nucleotide {Feinberg & Vogelstein, 1984). Unless otherwise noted,

protocols used were as outlined in Sambrook et al. (1989).

RNA isolation. Porcine liver was removed during surgical procedures and immediately
frozen in liquid nitrogen. Liver total RNA was isolated using the urea/LiCl method
(Auffray & Rougeon, 1980). Poly A+ mRNA was isolated by two passages over oligo dT
cellulose, essentially as described (Aviv & Leder,1971).
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Nontherm Analvsis. Total and messenger RNA  were electrophoresed on 1.25%
formaldehyde agarose gels in MOPS Buffer and vacuum blotted onto Hybond N
membranes (Kroczek & Siebert, 1990). Hybridization was carried out overnight at 42° in
hybridization buffer containing 50% formamide. 5 X SSPE (I x SSPE = 0.15 M NaCl,
10 mM NaH,PO,, 1.3M EDTA, pH 7.4). 5% Denhardt's solution, 1% dextran sulfate, 50
mM sodium phosphate, 0.5% SDS. 100 ug/ml denatured salmon sperm DNA and 2.5x
10°cpm/ml of ¢cDNA probe derived from the EcoR1 insert of FT2e. Membranes were
washed once in 1 X SSC, 0.5% SDS, 42°C for 20 minutes; once in 0.1 X SSC, 0.5%
SDS. 42°C for 20 minutes; once in 0.1 X SSC, 0.5% SDS, 55°C for 20 minutes. The
mouse tissues mRNA blot shown in Figure A.2 had previously been used by K. Peri (Peri
and MacKenzie, 1991), and was stripped of any remaining signal, prior to hybridization

with the FT2e probe.

RESULTS AND DISCUSSION

The largest partial cDNA (FT2e) isolated from the Agtil porcine liver cDNA
library, was only 1.1 kb and was missing sequences from both the 5' and 3' ends.
However, this fragment could be positively identified as encoding FTCD because the
deduced amino acid sequence included sequences identical to those in the porcine
enzyme, as determined by N-terminal sequencing of cyanogen bromide fragments of
FTCD (Chapter 2). This cDNA hybridized to a 1.9 kb message on Northern Blots of
porcine liver RNA (Figure A.1). This is the same size as the longest cDNAs later isolated
from the AgtiO porcine liver ¢cDNA library, suggesting that these latter cDNAs are
approximately full length. Only a single FTCD transcript is observed in pig liver.

Northem analysis of mRN-A from different mouse tissues indicates that this
transcript is liver specific (Figure A.2), as expected. FTCD message was not detected in
other tissues, even kidney suggesting that it is present at very low levels, if at all in these
tissues. Interestingly, the FTCD cDNA also hybridizes to a second liver specific transcript

of approximately 3 kb, suggesting that a related transcript may be present in mouse liver.
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FIGURE A.1. Northern blot analysis of porcine liver RNA. A. Porcime liver polyA+
mRNA (2 ug) and B. Porcine liver total RNA (20 ng) was electrophoresed on a 1.25%
formaldehyde-agarose gel in MOPS buffer and vacumn blotted onto Hybond N.
Hybridization with the *2P-labelied partial cDNA, FT2e, was performed as described under

Materials and Methods, and radioactivity was detected by fluorography.
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FIGURE A.2. Tissue distribution of FTCD mRNAs. Each lane contains 2 pg of polyA’
mRNA isolated from different mouse tissues as indicated or 2 pg of polyA' mRNA from
pig liver. Hybridization with the »P-labelled partial ¢cDNA. FT2e, was performed as

described under Materials and Methods, and radioactivity was detected by Muorography.
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