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Abstract 

 Skeletal muscle is one of the most dynamic human tissues and it is critical for the voluntary 

movement of the body. Muscle function is tightly linked to its delicate structure, which is 

mainly composed of myofibers and connective tissues. Muscle contraction is achieved by the 

cooperation of diverse types of myofibers, and supported by muscle metabolism that is 

dependent on robust mitochondria activity. When homeostasis is disrupted, skeletal muscle 

exhibits various strategies to deal with the injury, depending on the severity of the injury. 

Muscle regeneration has strong links with the activation of a muscle stem cell transcriptional 

program. CCCTC-binding factor (CTCF) is an indispensable protein in vertebrates and 

promotes a myogenic differentiation program in muscle cell line. It is regarded as a 

multifunctional epigenetic regulatory protein. CTCF was first identified as a transcriptional 

repressor. In addition to the regulation of transcription, it also plays a critical role as a genomic 

architectural protein. Recent studies indicate that CTCF is involved in muscle-related diseases. 

However, the role of CTCF in skeletal muscle in vivo homeostasis has not been explored. Our 

novel study investigated whether CTCF plays a role in skeletal muscle formation and function 

through employing a Ctcf knockout mouse, HSACre/+; Ctcffl/fl mice. In this model, Ctcf 

expression is specifically reduced in skeletal muscle myonuclei, starting at 9.5 days post coitum. 

We found that these mice started to progressively lose weight and muscle mass at 8 weeks after 

birth, and demonstrated dramatic muscle wasting by 13 weeks. Meanwhile, CTCF-deficient 

mice also exhibit serious defects in muscle function and contraction. Furthermore, the loss of 

CTCF in skeletal muscles lead to signs of regeneration at 13 weeks, while these muscles only 

had a few degenerating myofibers. It suggests that CTCF-deficient muscle may suffer from 

continuous muscle injuries which trigger strong muscle regeneration. Transcriptome analysis 

provides insight that repression of genes involved in muscle contraction and homeostasis may 

underlie the muscle wasting observed in Ctcf knockout mice.  
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Résumé 

 Les muscles squelettiques sont parmi les tissus humains les plus dynamiques et ils sont 

essentiels pour les mouvements volontaires du corps. Les fonctions musculaires sont 

étroitement liées à leur structure délicate, principalement composée de myofibres et de tissus 

conjonctifs. La contraction musculaire est obtenue par la coopération de divers types de 

myofibres et soutenue par le métabolisme musculaire qui dépend de l'activité robuste des 

mitochondries. Lorsque l'homéostasie est perturbée, le muscle squelettique présente diverses 

stratégies pour faire face à la blessure, en fonction de sa gravité. Cette régénération musculaire 

a des liens étroits avec l'activation d'un programme de transcription caractéristique des cellules 

souches musculaires. CCCTC-Binding Factor (CTCF) est une protéine indispensable chez les 

vertébrés qui, entre autres, favorise un programme de différenciation myogénique dans la 

lignée cellulaire musculaire. CTCF est une protéine régulatrice épigénétique multifonctionnelle, 

qui a d'abord été identifié comme un répresseur transcriptionnel. En parallèle à la régulation de 

la transcription, CTCF joue également un rôle essentiel dans le maintien de l’architecturale 

génomique. Des études récentes indiquent que CTCF est impliqué dans les maladies 

musculaires. Cependant, le rôle de CTCF dans l'homéostasie in vivo du muscle squelettique n'a 

pas été exploré. Notre nouvelle étude a examiné si CTCF joue un rôle dans la formation et la 

fonction des muscles squelettiques en utilisant une souris HSACre/+;Ctcffl/fl. Dans ce modèle, 

l'expression de Ctcf est spécifiquement réduite dans les myonucléi du muscle squelettique, à 

partir de 9.5 jours après le coït. Nous avons constaté que ces souris commençaient à perdre 

progressivement du poids et de la masse musculaire 8 semaines après la naissance et 

présentaient une fonte musculaire spectaculaire après 13 semaines. De plus, les souris 

déficientes en CTCF présentent également de graves défauts dans leur fonction et contraction 

musculaire. Aussi, la perte de CTCF dans les muscles squelettiques a entraîné des signes de 

régénération à 13 semaines, même si ces muscles n'avaient plus que quelques myofibres 

dégénératives. Cela suggère que les muscles déficients en CTCF peuvent souffrir de lésions 

musculaires continues qui engendrent une forte et constante régénération musculaire. À la suite 

de l'analyse des changements transcriptionnels engendrés par la perte de CTCF dans le tissue 

musculaire, la répression des gènes impliqués dans la contraction musculaire et l'homéostasie 
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semble jouer un rôle important dans la fonte musculaire observé dans les souris déficientes en 

CTCF. 

  



7 

 

Acknowledgement 

 First, I would like to thank Dr. Colin Crist and Dr. Michael Witcher for their invaluable 

guidance in research, for being my backup in the completion of experiments, and for their 

advice in my life and future career. 

 Further, I would like to thank Solène Jamet for all her assistance and patience. And I also 

would like to thank all the past and present members in two labs for their friendly support: 

Benjamin Lebeau, Cheng Kit Wong, Xiaoting You, Tiejun Zhao, Harry Cheng, Charlotte 

Sénéchal, Emmanuel Asante, Antoine Meant, Meredyth Elisseou, Mariam Hany Mohamed 

Anwar, Jie Su. 

 Moreover, I would like to thank our collaborators, Dr. Sonia Del Rincon from McGill 

University and Dr. Tom Cheung from Hong Kong University of Science and Technology. I 

would also like to thank my committee members, Dr. Elham Rahme, Dr. Natasha Chang, and 

Dr. Anastasia Nijnik for their feedback and suggestions. And I would like to acknowledge 

employees in the Lady Davis Institute for their assistance. 

 Lastly, I am grateful for the encouragement and support of my family and friends. 

  



8 

 

Contribution of Authors 

 Solene Jamet assisted with the start of all muscle-related experiments. Margarita Bartish 

from Dr. Sonia Del Rincon’s laboratory assisted with immunophenotyping. RNA-seq was 

carried out by the collaborator Dr. Tom Cheung from Hong Kong University of Science and 

Technology, and processed to reveal differentially expressed genes by Benjamin Lebeau in Dr. 

Witcher’s laboratory. And I completed all other experimental work.  

 Dr. Colin Crist and Dr. Michael Witcher provided suggestions for the thesis writing. And 

Benjamin checked the grammar of the French version’s abstract. 

  



9 

 

1 Introduction 

1.1 Skeletal muscle 

 There are three distinct types of muscle tissue in mammals: smooth muscle, cardiac muscle, 

and skeletal muscle. And the latter two are both striated muscles which generate force and 

contract. As one of the most plastic and dynamic tissues in humans, more than 600 skeletal 

muscles account for approximately 40 to 50 percentage of total body weight. Skeletal muscle 

is mainly composed of around 75 percent of water, 20 percent of protein, and other substances 

(e.g., mineral salts, lipid, and glycogen) (Frontera and Ochala, 2015). In the human body, there 

are 14 major muscle groups widely spread in the upper limb, lower limb, anterior and posterior 

side of the trunk, and other subgroups which do not coordinate with the skeleton for movement, 

usually in the hands, eyes, tongue, etc. 

 

1.1.1 Muscle architecture 

 The function of tissue always determines its structure. One role of skeletal muscle in the 

body is to generate force, produce power, and provide movement. Based on muscle distribution, 

they are responsible for various movements, including walking, breathing, chewing, 

swallowing, and eye rotating. It is achieved by the contractions of muscles with voluntary 

control of the motor unit, and it is supported by another role of skeletal muscle, a metabolic 

organ that provides muscle glycogen fuel. Moreover, different types of muscle have various 

sizes because of the diverse size and number of the individual types of muscle fibers (Frontera 

and Ochala, 2015). For example, in humans, medial gastrocnemius muscle contains over 1 

million muscle fibers, while the number of fibers in the tibialis anterior muscle is around 270 

thousand. The shape of muscles also varies, involving fusiform muscle, parallel muscle, 

convergent muscle, circular muscle, bipennate muscle, unipennate muscle, and multipennate 

muscle. 
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 Uniformly, the architecture of skeletal muscle is characterized by its well-organized and 

well-shaped structure, along with a particular arrangement of groups of skeletal muscle fibers, 

and connective tissue components. Specifically, each muscle is enclosed by epimysium, an 

irregular connective tissue. And bundles of fibers (fascicles) are surrounded by a second layer 

of connective tissue, called perimysium. Inside a fascicle, the third layer around a single muscle 

fiber is known as epimysium (Figure 1.1-1). These three layers of connective tissue play a role 

in separating muscle for an independent contraction, activating subsets of muscle fibers for a 

specific movement, and transferring muscle force, respectively (Gillies and Lieber, 2011). And 

the pathological change in the deposition of connective tissue may alter the muscle structure 

and influence muscle function (Berria et al., 2006; Lieber and Ward, 2013). 

 

Figure 1.1-1 Illustration of skeletal muscle hierarchical structure. 

Skeletal muscle tissue is surrounded by a layer of connective tissue (epimysium), and 

fascicles and blood vessels are underneath the epimysium. Fascicles are composed of bundles 

of myofibers and the outer perimysium. And each muscle fiber is encased in another 

connective tissue, endomysium, and holds an in-parallel array of myofibrils and critical 
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organelles, for instance, mitochondria. Satellite cells locate between endomysium and cell 

membrane. 

 

1.1.2 Muscle fiber 

 Since skeletal muscle cells have long and cylindrical shapes with polynucleate nature, they 

are commonly named muscle fibers or myofibers. An individual muscle fiber is surrounded by 

a cell membrane (sarcolemma) and organized into thousands of myofibrils, which run the 

length of the muscle fiber and contain sarcomeres. And billions of myofilaments assembled in 

the myofiber form sarcomeres. As the basic unit of muscle contractile, the sarcomere is defined 

as a cytoskeleton structure between two Z-discs, with the middle H zone (Figure 1.1-2). And 

sarcomeres have a delicate arrangement of both thick and thin myofilaments that form the 

striated appearance of myofibers (Frontera and Ochala, 2015; Gillies and Lieber, 2011). 

 Specifically, the thick filaments constitute the dark A band of cytoskeleton structures and 

are anchored at the M-line in the middle of the sarcomere by Myosin protein, while the light I 

band is composed of thin filaments and anchored at the Z-discs by α-actin and other regulatory 

proteins (Figure 1.1-2) (Frontera and Ochala, 2015; Gillies and Lieber, 2011). Actin and myosin 

are two abundant proteins in the myofibers (Fujita et al., 1999), accounting for 70 to 80 percent 

of the total proteins. Myosin protein complexes contain heavy chain and light chain regions; 

the former one interacts with actin and regulate force generation, while the latter one has a 

binding site with adenosine triphosphate (ATP). Moreover, titin and nebulin also contribute to 

the properties of sarcomeres. Although they are not directly involved in producing force, titin 

and nebulin both help to stabilize the attachment, respectively for the thick filament and the 

thin filaments (Monroy et al., 2012; Ottenheijm and Granzier, 2010). 

 The heterogeneity of skeletal muscle is due to the diverse phenotypes of muscle fibers. 

The same type of muscle tissue in different mammalian species or different sorts of muscle 

tissue in the same species has various proportions of myofiber types because of the adaptation 

to physics and metabolic activities. There are multiple ways to classify the types of muscle 
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fibers, for instance, the red or white color of muscle fibers, fast or slow-twitch speed of 

contraction, oxidative or glycolytic metabolism as a predominance, the levels of protein 

isoform expression (Galpin et al., 2012; Needham, 1926; Schiaffino and Reggiani, 2011). One 

widely-used method in mice is to divide myofibers into four types with diverse representative 

myosin expression: type 1 fiber with slow-twitch and oxidative metabolic type, type 2A fiber 

with fast-twitch and oxidative metabolic type, type 2X and 2B fiber with fast-twitch and 

glycolysis metabolic type (Chemello et al., 2011; Schiaffino and Reggiani, 2011; Spangenburg 

and Booth, 2003) (Table 1.1-1). 

 

Figure 1.1-2 Schematic diagram of myofibril structure in a relaxed state. 

Thin and thick filaments constitute sarcomeres between two Z discs, and sarcomeres further 

constitute a single myofibril. Based on the distribution of these two filaments, myofibrils are 

organized into I band and A band. Myofibrils enable muscle contraction through a sliding 

filament mechanism. 
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Table 1.1-1 The common classifications of muscle fibers in mice. 

Muscle fibers can be divided by representative myosin expression into four types: type 1 

slow-twitch myofibers and type 2A, type 2X, and type 2B fast-twitch myofibers. Specifically, 

oxidative metabolism is predominant in type 1 and type 2A myofibers, while type 2X and 

type 2B muscle fibers depend on glycolysis metabolism. Because the myoglobin abundance 

is tightly linked to the metabolic type of fibers, type 1 myofibers are white, type 2A fibers are 

mixed red and white, while type 2X and 2B are red. 

 

1.1.3 Muscle contraction 

 Muscle tissue is initially activated by the signal of motor neurons from the brain in the 

myoneural junction and exhibits excitation-contraction coupling in physiology, and then 

muscle contracts. The mechanism of muscle contraction is known as the sliding filament theory. 

The thick and thin myofilaments in myofibers do not change their lengths, but instead, the thin 

myofilaments slide across the thick myofilaments (Horowits and Podolsky, 1987). As a result, 

sarcomere shortens. The H zone and the I band regions both shrink, but the length of the A band 

keeps constant. The molecular event beneath this model is termed cross-bridge cycling, which 

is a process of the interactions between ATP and the actin-myosin cross-bridge (Geeves et al., 

2005). 

 Based on the muscle actions, contraction can be grouped into two basic types: static and 

dynamic muscle contractions. Statics contraction, also referred to as isometric muscle 

contraction, is employed when generating force, the muscle is kept in a fixed length and the 

attached joint or limb does not move (Gordon et al., 1966). Dynamic contractions are divided 

Fiber type Type 1 Type 2A Type 2X Type 2B

Color type Red Red/White White White

Contraction type Slow Fast Fast Fast

Metabolic type Oxidative Oxidative Glycolytic Glycolytic

Representative myosin MYH7 MYH2 MYH1 MYH4
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into concentric and eccentric muscle contractions, and these two are often simultaneous with 

each other in a movement (Douglas et al., 2017). The difference is that the former happens 

when the muscle is shortened, while the latter occurs in the lengthened muscle. 

 Moreover, depending on the length and frequency of contraction, muscle contraction can 

be classified into three actions: twitch, tetanus and summation (van Zandwijk et al., 1998). A 

twitch is a single contraction. It starts from the latent period, which incorporates the beginning 

of a single stimulation, a transport of motor neurons, and a chemical transmission at the 

myoneural junction. Then muscle contracts and the tension of contraction reaches its maximum. 

After the contraction period, the muscle steps into the relaxation period and in the final returns 

to its resting tension. If an additional twitch contraction occurs before the end of the relaxation 

period in the previous twitch, it increases the peak amount of muscle tension, and summation 

is produced. One way to form summation is by recruiting additional muscle fibers within a 

muscle. When a weak signal activates muscle to contract, the smaller motor units are more 

excitable to be stimulated, but with the increased strength of the signal, the larger motor units 

are also gradually activated. Another way to achieve the summation is to increase the frequency 

of stimulation. The signal for activation is sometimes ineffective to arrive at the myoneural 

junction synchronously, so during the process of signal transmission, the frequency varies and 

results in summation. Furthermore, tetanus occurs when the force of tension is generated to the 

maximum point but then plateaus without relaxation. 

 

1.1.4 Muscle metabolism 

 Muscle metabolism is driven by the energy demand of muscle contractions, and in the 

human body, muscle activities occupy an important part of the total energy consumption. The 

disorder of muscle metabolism may result in myopathies, termed metabolic myopathies, 

generally exhibiting genetic defects, for example, the lack of enzymes and disruption of ATP 

production (Adler and Shieh, 2015). Based on the specific defect, there are three categories: 

glycogen storage diseases, lipid storage disorder, and mitochondrial myopathy. Specifically, 
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glycogen storage diseases could be caused by either an autosomal recessive inheritance (e.g., 

PYGM, PFKM or PHKA1 gene mutation), or a random genetic mutation (e.g., ALDOA, ENO3 

and PGM1 gene). 

 All muscle fibers are capable to produce ATP. The energy is supplied by adenosine 

diphosphate (ADP) through cleaving the third phosphate group of ATP. To maintain a muscle 

contraction, an intrinsic supply of ATP is not sufficient. It also requires the replenish of ATP 

from phosphocreatine carbohydrates, lipids, and even amino acids, with a source order starting 

from ones inside muscle fibers and then elsewhere in the body, like the liver (Egan and Zierath, 

2013). 

 The main intrinsic source of metabolic energy is the glycogen in myofibers, and skeletal 

muscle is the largest glycogen storage organ, even 4-fold of the liver (Egan and Zierath, 2013). 

Glycogen is a carbohydrate polymer and it can be broken down into individual subunits and 

produce simple sugar glucose through enzymatic hydrolysis. Generally, aerobic respiration 

sustains muscular activity, and a molecule of glucose is decomposed into CO2 and H2O with 

the generation of 36 ATP molecules. But in the absence of oxygen, anaerobic respiration occurs. 

One glucose is broken down into lactic acid and generates 2 ATP molecules. Compared to the 

aerobic pathways, although anaerobic glycolysis has a smaller production of ATP molecular 

and accumulates lactic acid, its rapid rate of ATP production can be effectual in some cases 

(Hargreaves and Spriet, 2020). 

 As mentioned in 1.1.2 muscle fiber, the muscle fibers can be grouped into four types with 

different representative myosin expressions. This difference is closely connected with the 

abundance of the oxygen transport protein (myoglobin), mitochondrial density, and the 

contribution of oxidative metabolism. The slow-twitch type 1 and fast-twitch type 2A 

myofibers are characterized by a high level of myoglobin expression and mitochondria content. 

And aerobic metabolism is predominant in their activities with a rich vascular supply. The fast-

twitch type 2X and type 2B myofibers have less myoglobin and mitochondria, but anaerobic 

pathway and glycolysis metabolism are more effectively involved (Needham, 1926; Schiaffino 

and Reggiani, 2011; Zierath and Hawley, 2004). 



16 

 

 Mitochondria are critical organelles in skeletal muscle as a key regulator of the metabolic 

status in myofibers (Hargreaves and Spriet, 2020; Hood et al., 2019). Different from other types 

of tissue, the mitochondria in skeletal muscle are usually shaped as a reticulum structure. And 

they are subdivided into two groups (Cogswell et al., 1993; Picard et al., 2013). The ones, 

called reside the subsarcolemmal (SS) mitochondria, provide energy for membrane transport 

and gene transcription, while the other ones, termed intermyofibrillar (IMF) mitochondria, 

facilitate contraction by providing ATP to myofilaments. Despite the difference, the two types 

of mitochondria networks together maintain a dynamic interplay in skeletal muscle. During 

exercise and muscle differentiation, the mitochondria undergo the fusion and biogenesis to 

expand sharing network and facilitate metabolism. Conversely, under aging or disuse of muscle, 

the fission and mitophagy in mitochondria are enhanced (Egan and Zierath, 2013; Loson et al., 

2013; Mishra and Chan, 2016). 

 

1.2 Muscle regeneration 

 Muscle regeneration is essential for maintaining the homeostatic process of the adult 

skeletal muscle. After prenatal and postnatal muscle development, adult skeletal muscle retains 

the capacity to regenerate in response to trauma, which is achieved by activating muscle stem 

cells. Due to aging or diseases (e.g., cancer cachexia and sarcopenia), the ability of muscle 

stem cells can be affected. And the specific responding cells in the muscle stem cell niches vary 

from the type of stimulus. The responses are usually coordinated by degeneration, 

inflammation, regeneration, and remodeling. 

 

1.2.1 Satellite cells 

 Muscle stem cells (MuSCs), also named satellite cells, lie between the basement membrane 

and the sarcolemma of myofibers (Mauro, 1961). In undamaged muscles, they are mitotically 

quiescent, but they can respond to muscle injury and they have the myogenic potential. 

Quiescent MuSCs are labeled by the paired domain transcription factor PAX7 and cluster of 
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differentiation protein CD34 (Beauchamp et al., 2000; Uezumi et al., 2010). And Pax7 is 

specifically expressed in satellite cells (Kuang et al., 2006; Seale et al., 2000). After the trauma, 

the PAX7 positive satellite cells are activated and start to express myoblast determination 

protein 1 MyoD and myogenic factor 5 Myf5 (Crist et al., 2012; Fujita and Crist, 2018; Rudnicki 

et al., 1993; Sabourin et al., 1999). Normally, the number of satellite cells keeps stable before 

and after their contribution to muscle regeneration under a precise regulation (Crist, 2017). 

Meanwhile, some of the activated satellite cells undergo self-renewal to maintain the stem cell 

pool. A multipotent cell can process symmetric division into two daughter cells in the same 

state, or they can be asymmetrically divided into two types of daughter cells, activated and 

quiescent cells (Kawabe et al., 2012; Kuang et al., 2007) 

 Then activated muscle stem cells can proliferate into myoblasts that continue expressing 

MyoD and Myf5 (Megeney et al., 1996; Rudnicki et al., 1993). The myoblasts further 

differentiate into central-nucleated myocytes with Myog and Myf6 expression (encodes 

Myogenin and MRF4), which are muscle-specific basic-helix-loop-helix transcription factors 

(Charge and Rudnicki, 2004; Dumont et al., 2015). Then myocytes fusion into multinucleated 

myotubes where human α-skeletal actin (HSA) starts to express, as well as Myogenin and 

MRF4 proteins (Iwata et al., 2018; Nicole et al., 2003). Finally, myotubes become newly 

mature myofibers expressing embryonic myosin heavy chain protein, which is encoded by 

Myh3 gene (Davie et al., 2007; Olguin et al., 2007; Rawls et al., 1998) (Figure 1.2-1). 

 However, the regenerative capacity of satellite cells may decline along with the age-

associated or cell-intrinsic changes. In aged mice, the ability of activation and proliferation is 

impaired in the MuSCs (Grounds, 1998; Sadeh, 1988; Welle, 2002), while it remains 

controversial whether there is a difference in the number of the muscle stem cells compared to 

the young ones (Roth et al., 2000; van der Meer et al., 2011; Wagers and Conboy, 2005). The 

acceleration of senescence or apoptosis in MuSCs is also linked to aging (Jejurikar et al., 2006), 

and the weakened function of MuSCs leads to the loss of nuclei in the large fibers (Brack et al., 

2005). Diseases could also induce the symptom of muscle wasting and impact on MuSCs. 

Patients suffering from cancer cachexia exhibit severe muscle atrophy (Powers et al., 2016). 

Even though MuSCs can be activated in response to muscle injury, the activated cells are not 
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capable to undergo the subsequent differentiation because of persistent PAX7 protein 

expression (Olguin et al., 2007; Oustanina et al., 2004). But it is noticeable that the contribution 

of MuSCs in muscle loss diseases is still debatable, like in sarcopenia, although it is 

accompanied by the reduced numbers of myofibers and more infiltration of fibrotic cells, the 

MuSCs function is normal (Fry et al., 2015; Verdijk et al., 2014). 

 

 

Figure 1.2-1 The progression and expression profile of myogenic lineage. 

In muscle stem cell niches, quiescent satellite cells are activated and proliferate to generate 

myoblasts. Then these myogenic progenitor cells undergo differentiation into central-

nucleated myocytes, fusion into multi-nucleated myotubes, and maturation into newly-

formed myofibers. And there exist unique representative protein expressions for each stage. 

And key modulators of myogenic lineage progression are also shown at the bottom. 

Transcription factor PAX7 is necessary for the maintenance and activation of satellite cells 

but is lost after proliferation. The four myogenic regulatory factors, MYF5, MYOD, 

Myogenin, and MRF4, are sequentially induced in the following process. Human α-skeletal 

actin (HSA) starts to express in multinucleate myotubes. And the terminally differentiated 

myofibers also express embryonic myosin heavy chain protein (embMHC).  

 

1.2.2 Minor trauma 

 One of the most common traumatic events is muscle injuries that could happen at any time 

in daily life. Minor muscle traumas more frequently occur in the human body, for example, 

muscle strains (Crisco et al., 1994; Garrett, 1990). Following this kind of damage to the muscle 
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fiber, the quiescent muscle stem cells in the muscle stem cell niches are prompted to activate, 

proliferate into myoblast, and differentiate into new myofibers. The resulting myofibers fuse 

with the damaged and degenerated myofiber and restore muscle integrity (Garrett, 1990; 

Jarvinen et al., 2005).  

 However, Roman, William, et al. discovered a new myofiber repair process that is 

independent of muscle stem cells (Roman et al., 2021). Adult mice were subjected to a mild 

musculoskeletal injury and myonuclei are attracted to this injured location through a signaling 

cascade involving calcium, Cdc42, and phosphokinase C. The movements of myonuclei are 

closely related to microtubules and dynein. These repositioned nuclei also participate in the 

transportation of messenger RNA for cellular restoration on a local level. 

 

1.2.3 Major trauma 

 Massive injury, such as a toxic snakebite, is accounted into major traumas to the muscle. 

Although extensive damage happens, the skeletal muscle still has small groups of healthy cells. 

In the remaining viable cell, different types of cells all take part in the regeneration process. 

There are three stages starting from the stimulation of injury to the full recovery, including 

inflammatory phase, regenerative phase, and restorative phase, while three key events are also 

time-overlaid with each other (Baghdadi and Tajbakhsh, 2018; Chazaud, 2020). 

  First, molecules containing damage-associated molecular patterns (DAMPs) are released 

upon major trauma, for example, high mobility group protein B1 (Giordano et al., 2015). 

Because of these signals, neutrophils and monocytes are activated (Baghdadi and Tajbakhsh, 

2018; Wosczyna and Rando, 2018). Then neutrophils undergo apoptosis and monocytes further 

become macrophages (Fadok et al., 2001), followed by a shift from M1 macrophages to M2 

macrophages (Deng et al., 2012). Plenty of pro-inflammatory cytokines (TNF-α, IL-6), 

chemokine (CCL17, CCL2), and growth factors (FGF, IGF-I, TGF-β1) are secreted by the 

inflammatory cells (Brigitte et al., 2010; Collins and Grounds, 2001; Wang et al., 2014), and T 

cells start to take part in (Zhang et al., 2014). Meanwhile, when immune cells invade the injured 

area, these inflammatory molecules stimulate the proliferation of satellite cells. Transforming 
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growth factor β1 (TGF-β1) induces the proliferation of fibroblasts and results in the deposition 

of connective tissue (Lemos et al., 2015). Stimulated by TGF-β1 and other signals, the 

myoblasts are differentiated into the newly-formed myofibers within the extracellular matrix 

(Li and Huard, 2002). Along with the apoptosis of inflammatory cells and fibroblasts (Lemos 

et al., 2015), inflammation and collagen infiltration are lowered. In the end, the injured muscle 

exhibits its original appearance. 

 

1.2.4 Chronic regeneration 

 A range of myopathies can lead to a state of chronic regeneration as the repeated injury of 

myofibers. As a result, muscle stem cells are frequently activated and undergo myogenesis to 

form new muscle fibers that will repair the ongoing damage (Baghdadi and Tajbakhsh, 2018; 

Robson et al., 2011). One example is Duchenne muscular dystrophy. In the muscular dystrophy 

X-linked (MDX) mouse model, the skeletal muscle experience continuous cycles of 

degeneration and regeneration (Chemello et al., 2020; Haddix et al., 2018). 

 

1.3 CTCF function 

 CCCTC-binding factor (CTCF) locates to the nucleus and is a ubiquitously expressed 

protein in eukaryotes (Filippova et al., 1996). Because it was first found that it can bind to three 

regularly spaced repeats of the core sequence CCCTC, it was named CCCTC binding factor 

(Lobanenkov et al., 1990). CTCF plays an indispensable role in vertebrates, which can be 

inferred from its conserved characteristics and its lethality. Specifically, CTCF is highly 

conserved in coding and non-coding regions, but especially its zinc-finger domain which shows 

strong conservation from humans to nematodes (Filippova et al., 1996; Moon et al., 2005). 

Complete CTCF deficiency in mice leads to early implantation lethality (Moore et al., 2012). 

And de novo mutations in CTCF are identified in human individuals with intellectual disability 

(Gregor et al., 2013). 
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 The structure of CTCF protein is composed of three separate domains: an unstructured N-

terminal domain, a central zinc-finger domain with 11 zinc fingers, and a C-terminal domain 

(Arzate-Mejia et al., 2018) (Figure 1.3-1). Various combinations of zinc fingers are used to 

interact with a cognate response element, which shows great DNA sequence diversity 

(Hashimoto et al., 2017). Moreover, the three domains of CTCF can individually or collectively 

interact with other proteins. These interacting partners include basal transcription proteins, 

DNA binding proteins, chromatin architectural protein, and so on (Battistelli et al., 2014; 

Chernukhin et al., 2007b; Klenova et al., 2001; Xiao et al., 2011b; Xiao et al., 2015; Yin et al., 

2017). 

 

Figure 1.3-1 Domain structure of CTCF protein 

CTCF protein is composed of three domains: N-terminal domain, C-terminal domain, and 

DNA-binding domain with 11 Zn-finger subdomains. 

 

1.3.1 Role in transcription  

 Initially, CTCF was discovered as a negative regulator of the chicken C-myc gene 
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(Filippova et al., 1996; Klenova et al., 1993; Lobanenkov et al., 1990). Genome analysis finds 

that 55,000 -65,000 CTCF binding sites exist in the mammalian genome (Chen et al., 2012). 

Specifically, approximately 50 percent of these sites are present in intergenic regions, around 

15 percent at proximal promoter regions, and about 35 percent of them at two sorts of intragenic 

regions, the introns, or exons (Chen et al., 2012; Chen et al., 2008). Plenty of studies have 

proved that CTCF broadly impacts on gene expressions for both repression and activation, 

although more as a repressor (Filippova et al., 1996; Filippova et al., 2002; Ren et al., 2017; 

Vostrov and Quitschke, 1997; Wan et al., 2008). Therefore, CTCF is capable to play a diverse 

role in the transcription process. 

 On the one hand, CTCF directly participates in regulating transcription. The C-terminal 

domain of CTCF protein can interact with RNA polymerase II (Pol II) and thus CTCF-Pol II 

complex is formed. It suggests that CTCF may recruit Pol II to its target genes in the 

preinitiation stage of transcription (Chernukhin et al., 2007a). Moreover, our lab previously 

discovered that CTCF is directed by transcription factor general transcription factor II-I (TFII-

I) to bind to its target genes, and they together recruit cyclin-dependent kinase 8 to facilitate 

the initiation stage of transcription (Pena-Hernandez et al., 2015).  

 On the other hand, CTCF is the first identified insulator protein in vertebrates and regulates 

gene expression. In general, the mutual interaction between the promoter and its corresponding 

enhancer is accomplished through spatial proximity leading to gene activation. A key aspect of 

insulator function is to prohibit promoter-enhancer contacts and conduct the enhancer blocking 

action through the structural impediment in the chromatin loop (Chepelev et al., 2012; Dekker 

et al., 2002; Fudenberg et al., 2016; Kadauke and Blobel, 2009). Due to this function, CTCF is 

capable of blocking the inappropriate communication between enhancer and promoter and 

preventing unnecessary gene activation (Moon et al., 2005). 

 As an insulator, a classical example is represented by the chicken β-globin locus where 

CTCF blocks the enhancer activity (Splinter et al., 2006; Tolhuis et al., 2002). In the 20th 

century, CTCF was identified to bind to a 42-bp fragment in the chicken β-globin locus, and 

this binding site is responsible for the enhancer blocking. Following this, chromosome 
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conformation capture technology provided additional information that CTCF facilitates the 

formation of a chromatin loop that contains the β-globin gene and its corresponding locus 

control region (LCR) in the erythroid cells. Because of its formation, the β-globin site is 

repositioned, the communication with enhancer is prevented, and the target gene is repressively 

transcribed. However, CTCF binding to LCR is absent in fetal brain cells (Figure 1.3-2 A). 

Another example is the H19/Igf2 locus. Genomic imprinting is an epigenetic phenomenon 

where the imprinted gene expression depends on whether it is inherited maternally or paternally 

(Pidsley et al., 2012). Igf2 is an imprinted gene and its expression favors the allele inherited 

from the father. The H19 and Igf2 genes are separated from each other by the imprinting control 

region (ICR). CTCF cannot bind the methylated imprinting control region on the paternal 

chromosome but can bind the unmethylated one from the maternal allele. So, in the maternal 

allele, with CTCF binding and the insulator activity, the signal between the H19-proximal 

enhancer and the Igf2 promoter is blocked and thus the Igf2 gene is inactivated. Conversely, in 

the paternal allele, without blocking, the H19 enhancer contacts with the Igf2 promoter and 

activates Igf2 transcription (Hark et al., 2000; Pidsley et al., 2012; Yoon et al., 2007) (Figure 

1.3-2 B). 

 

Figure 1.3-2 Transcriptional regulation by CTCF at model gene loci 

(A) The regulatory mechanism of CTCF on β-globin locus is tissue-specific. CTCF binding 

to the locus control region of β-globin gene is available in erythroid cells and aids to form the 

chromatin loop to isolate the β-globin gene from the enhancer and inactivate β-globin. 

However, the binding is prevented in fetal brain cells and β-globin is actively expressed. 

(B) Genomic imprinting in the H19/Igf2 locus has different interactions of CTCF depending 

on the maternal or paternal allele. The unmethylation of the maternal imprinting control 
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region allows CTCF binding, blocks the interactions between H19 enhancer and Igf2 

promoter, and inhibits Igf2 expression. But in the paternal chromosome, the methylated 

imprinting control region is prevented from CTCF binding. 

 

1.3.2 Role in genome organization 

 In the current model for the mammalian 3D genomic organization, chromosomes occupy 

distinct territories within the nucleus. Compartments are divided into Compartment A, the 

transcriptionally active DNA, and Compartment B, less active DNA. Usually, the denser and 

less active DNA cluster along the nuclear periphery and around the nucleolus, while more 

accessible and active DNA cluster around nuclear speckles. This phenomenon is termed 

compartmentalization. The genome is organized into a series of large chromatin loops, over 

700 kb in length, called topologically associating domains (TADs). These are contiguous 

regions of the genome, that may form DNA-DNA contacts with itself, but not with other 

regions (outside the TAD). Thus, TADS are insulated from regions outside the TAD, and has 

been referred to as insulated neighborhoods. In the insulated neighborhood, a TAD is almost 

always defined by CTCF anchors at the base. Intra-TAD microarchitecture consists of a diverse 

array of promoter-promoter links, enhancer-promoter linkages and other small domains that 

may also be mediated by CTCF or cohesion (Dixon et al., 2012; Fudenberg et al., 2016; Hsieh 

et al., 2020; Lieberman-Aiden et al., 2009; Nora et al., 2012; Rao et al., 2014; Sanborn et al., 

2015). These intra-TAD contacts are referred to as subTADs. 

 One widely-recognized theory for loop formation is loop extrusion (Davidson et al., 2019; 

Fudenberg et al., 2016; Ganji et al., 2018; Nuebler et al., 2018). It is primarily driven by 

cohesin-mediated extrusion until it is stopped by convergent CTCF sites (Fudenberg et al., 

2016; Sanborn et al., 2015). The cohesin protein complex is composed of three core subunits, 

SMC3, SMC1A, and RAD21, and shaped like a ring (Nasmyth and Haering, 2009; Stedman et 

al., 2008). CTCF-guided chromatin loops can function to isolate the elements inside loops from 

the outer ones. They also can facilitate the contact between gene and their promoters. To a large 

extent. the formation process depends on the exact interactions between CTCF and cohesion. 
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CTCF deficiency, loss of N terminals of CTCF, or the depletion of the cohesin subunit, all 

remove some of the original genome loops (Li et al., 2020; Nora et al., 2017; Pugacheva et al., 

2020). 

 As a genome organizer, CTCF aids the existence of chromosomal interactomes. The 

appearance of a new technique, chromatin interaction analysis with paired-end tag sequencing 

(Li et al., 2014), analyzed the long-range chromatin interactions orchestrated by CTCF. This 

analysis identified approximately 1500 intra-chromosomal interactions and 300 inter-

chromosomal contacts (Handoko et al., 2011). And from the map of chromosomal interactions, 

CTCF plays a role in chromatin boundaries for compartments and the isolation and facilitation 

of gene elements in mouse embryonic stem cells (Handoko et al., 2011). And it was also found 

that the activity of genes is related to the distance to CTCF-binding sites, the more proximal 

ones are more active (Yaffe and Tanay, 2011). Moreover, at the boundaries of TADs, the sites 

bound by CTCF have an enrichment of housekeeping genes (Dixon et al., 2012). Together, 

these findings provide powerful evidence for CTCF’s role in genome organization. 

 

1.3.3 Role in muscular diseases 

 Myotonic dystrophy type 1 (DM1) is caused by a type of dynamic mutation, the expansion 

of gene-specific trinucleotide repeats. It is most common that a CTG repeat expands in the 3’ 

noncoding region of DMPK on chromosome 19q13.3 (Brook et al., 1992; Mahadevan et al., 

1992). The original tract length is typically below 20 repeats, while in DM1, the expanded ones 

are more than 34 repeats and tend to experience continuous mutations, thus increasing the 

length even up to thousands of repeats. Filippova, Galina N., et al. discovered that CTCF is 

involved in the regulation of gene expression in this disease (Filippova et al., 2001). They 

identified the sequence area that cis-elements can act with contains five genes, such as DMPK 

and SIX5. And CTG repeats localize in the center of this area between the two CTCF binding 

sites. CTCF can function as an insulator to inhibit the contact between the enhancer of SIX5 

and the DMPK promoter. Because the locus of congenital myopathy is methylated at CpG 

dinucleotides and the combination by CTCF is sensitive to the methylation, it suggests that the 
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binding activity of the CTCF insulator may be lost, which leads to the high level of DMPK 

expression (Figure 1.3-3 A). And the abnormal hypermethylation at the DM1 locus with CTG 

expansions was further confirmed (Castel et al., 2011; Cleary et al., 2010). 

 Furthermore, in the 4q35 chromosome, CTCF and A-Type Lamins (Lamin A and Lamin 

C) can interact in D4Z4 repeats to repress some of the downstream gene expression, including 

Ascl1, Pdlim3, Sorbs2, and Wwc2 (Ottaviani et al., 2009). Therefore, D4Z4 repeats facilitate 

the insulator role of CTCF. Facio-scapulo-humeral dystrophy (FSHD) is the third most 

common myopathy and causes the symptom of irreversible muscle weakness. It is related to 

the shortened D4Z4 array (van der Maarel et al., 2012). And due to a different interaction 

between D4Z4 repeats and CTCF, there exists a change of chromatin organization where 

CTCF-binding sites are hidden, as a result, the long-distance chromatin interactions are 

modified and some of the repressed 4q35 genes are induced to express (Gaillard et al., 2019) 

(Figure 1.3-3 B). 

 

Figure 1.3-3 Current model for the role of CTCF in muscular diseases. 

(A) In DM1 disease, the methylated CTG expansions prevent the binding with CTCF and its 

function as an insulator, thus influencing the gene expression of DMPK and SIX5. 

(B) In FSHD disease, the shortened D4Z4 repeats hide the binding site for CTCF and 

promote the expression of originally repressed genes. 
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2 The role of CTCF in skeletal muscle homeostasis 

2.1 Introduction 

 There is evidence that supports the role of CTCF in the myogenic regulation. In zebrafish 

embryos, CTCF may activate the expression of Wnt11 and then stimulate the expression of 

myogenic differentiation regulatory factors MyoD and Myog. Upon the absence of CTCF, the 

contribution to myogenic regulatory factors on the expression of muscle-specific genes is 

repressed and these genes are downregulated (Delgado-Olguin et al., 2011). In another study, 

they found that myogenic regulatory factor MYOD directs fibroblast to trans-differentiate into 

skeletal muscle myoblast. There exists an enriched change in the interaction strength of MYOD 

binding at insulated neighborhood boundaries. And DNA motif analysis discovered the 

enrichment of CTCF- and MYOD-binding motifs in these altered MYOD-bound insulated 

neighborhood boundaries. It suggests that MYOD binds at CTCF-anchored boundaries in 

fibroblasts and alters the structure of insulated neighborhoods and the interactions inside them. 

Thus, MYOD-mediated myogenic commitment and differentiation are achieved (Dall'Agnese 

et al., 2019). 

 Moreover, during the myogenic differentiation process, CTCF recruits MYOD in the 

C2C12 muscle cell line. They bind to the core promoter of terminal differentiation marker α-

SG together, activate muscle-specific genes expression, and induce myogenic differentiation 

(Delgado-Olguin et al., 2011). A recent study also reveals that CTCF is involved in AUF1-

mediated muscle development and regeneration. CTCF activates Auf1 transcription through 

binding to its promoter and silencing of CTCF strongly decreases Auf1 expression during 

myoblast differentiation. AUF1 regulates a stage-specific degradation of downstream micro 

RNAs (mRNAs). Specifically, AUF1 disrupts Twist1 mRNA stability for initial myoblast 

differentiation, CyclinD1 mRNA for blocking muscle stem cell proliferation, and RGS5 mRNA 

for terminal myotube maturation (Abbadi et al., 2019). 

 It is believed that CTCF regulates the transcription in myogenic cells or the cells that have 

the potential to form myogenic cells. In addition to the transcriptional role, CTCF also mediates 



28 

 

genome architecture in the myogenic program. P57 is a paternally imprinted gene and encodes 

for a cyclin-dependent kinase inhibitor that plays a crucial role in maintaining and promoting 

cell cycle arrest. Its promoter is controlled by the distant regulatory region KvDMR1 and CTCF 

mediates the formation of the repressive chromatin loop that constrains p57 expression. 

However, during skeletal muscle differentiation, this CTCF-directed constraint is relieved by a 

functional interaction between MYOD and CTCF at KvDMR1. Thus, p57 is induced in 

differentiating muscle cells (Battistelli et al., 2014). 

 

2.2 Hypothesis 

 According to the previous study, it is already known that CTCF takes part in regulating 

muscle-specific gene expressions and the differentiation of muscle cells (Abbadi et al., 2019; 

Battistelli et al., 2014; Dall'Agnese et al., 2019; Delgado-Olguin et al., 2011). However, the 

study about the role of CTCF in cell lines provides us with limited information. It is due to the 

fact that the results and conclusions based on ex vivo culture do not equally match the situation 

in alive animals, where muscle cells are members of the muscle microenvironment and they 

influence each other.  

 Because CTCF plays a critical role in the transcriptional programming of muscle stem 

cell differentiation in vitro and in the maintenance of 3D genome structure, we hypothesize 

that CTCF plays an indispensable role in skeletal muscle homeostasis. 

 

2.3 Objectives 

 Our goal is to define the role of CTCF in skeletal muscle in vivo, using a mouse model 

where Ctcf is specifically ablated in skeletal muscle. We chose to engineer a mouse where Cre 

recombinase is driven by the HSA promoter to delete floxed Ctcf gene in skeletal muscle. 

Human α-skeletal actin (HSA) is specifically expressed in skeletal muscle, starting at 9.5 days 

post coitum (Miniou et al., 1999). It is a time when a small proportion of the embryonic 
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myogenic progenitors fuse to form primary myofibers (Kelly and Zacks, 1969). And during the 

myogenic differentiation program, HSA is first expressed in the multinucleated myotubes 

(Iwata et al., 2018; Nicole et al., 2003).  

 By using the mouse model, we will further define whether the loss of CTCF leads to 

skeletal muscle defects, explore how skeletal muscle responds to the CTCF deficiency (e.g., 

triggering muscle regeneration process), and probe for the mechanisms via RNA-seq analysis. 

 In addition, as mentioned, CTCF is involved in muscle-related diseases, (e.g., facio-

scapulo-humeral dystrophy, Duchenne muscular dystrophy, and myotonic dystrophy) (Castel 

et al., 2011; Cleary et al., 2010; Gaillard et al., 2019; Ottaviani et al., 2009; Peterson et al., 

2018; Weiss et al., 2018). It suggests that the study of CTCF in skeletal muscle may show us 

more mechanism explanations of muscle diseases and novel ideas for the drug treatment of 

clinical application.  

 

2.4 Results 

2.4.1 HSACre/+; Ctcffl/+ mice exhibit muscle defects 

 To investigate the role of CTCF in skeletal muscle in vivo, HSACre/+; Ctcffl/+ mice were 

crossed with Ctcffl/+ mice and thus generating a new conditional knockout mouse model 

(HSACre/+; Ctcffl/fl) (referred to as Ctcf mKO) with a deficiency of Ctcf in skeletal muscle cells. 

Depletion of endogenous Ctcf is driven by HSA-Cre through deleting exon 8 (Figure 2.4-1 A). 

Quantitative RT-PCR and western blotting were performed and separately targeted for Ctcf 

gene and CTCF protein. Compared to the liver tissue, tibialis anterior muscles of 7-week-old 

Ctcf mKO mice had significantly decreased Ctcf expression in both transcript and protein levels 

(Figure 2.4-1 B-C). Immunofluorescence staining against CTCF was also implemented. We 

focused on the CTCF signals that were located inside myofibers and overlaid with DAPI 

signals. It proved that Ctcf expression in myonuclei was also significantly reduced in 7-week-

old tibialis anterior (TA) muscles of Ctcf mKO mice (Figure 2.4-1 D-E).  



30 

 

 

Figure 2.4-1 Ctcf expression is reduced in Ctcf mKO mice. 

(A) Schematic diagram of Ctcffl/fl mouse model construction. 

(B) Western blotting image of immunoblotting against CTCF in the liver and tibialis anterior 

(TA) muscle at 7 weeks. GAPDH served as a loading control. 

(C) Relative Ctcf transcript levels in the liver and TA muscle at 7 weeks, determined by RT-

qPCR (n = 3 in each group). Levels were normalized to 18S ribosomal RNA. 

(D) Immunofluorescence staining of TA muscle cross-sections from control and Ctcf mKO 

mice using the antibody against CTCF (n = 3 in each group). Scale bar: 100 μm. 

(E) The number of CTCF positive myonuclei per field of view (FOV) observed in Figure D. 
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 To understand the effect of CTCF deletion in skeletal muscle, we observed mice 

morphology starting from 5 weeks. Through monitoring weight over time, CTCF-deficient 

mice exhibited progressive weight loss since around 8 weeks, and they were obviously different 

from control mice at 10 weeks (Figure 2.4-2 A). And we also noted a significant decrease in 

their weight at 13 weeks (Figure 2.4-2 A-B), which was up to approximately 20 percentage of 

maximum weight. Meanwhile, the dramatic muscle wasting (tibialis anterior muscle, 

diaphragm muscle, and gastrocnemius muscle) was also found in 13-week-old Ctcf mKO mice 

(Figure 2.4-2 B-C), instead of in 7 and 9-week-old mice (Figure 2.4-2 D-E). 

 To evaluate whether the loss of CTCF causes muscle functional defects, the muscle 

abilities were tested both in vivo and ex vivo. Four-limb hanging test is an efficient and non-

invasive method to evaluate muscle strength and it was first performed at 7 weeks to avoid 

muscle strain for younger mice. Under a fixed maximum testing time as 10 minutes, the 

decrease in maximum four-limb hanging time was apparent from 10 weeks to 13 weeks (Figure 

2.4-2 F), which suggests global physical function was weakened due to the loss of CTCF. We 

also dissected extensor digitorum longus muscle from 13-week-old mice to assess the 

contractile properties. And decreases in the force-frequency curves for both absolute force (mN) 

and specific force (N/cm2) were observed in Ctcf mKO mice (Figure 2.4-2 G-H). Together, it 

shows that skeletal muscles that lost CTCF had weight, strength, and contractile defects. 
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Figure 2.4-2 CTCF-deficient mice exhibit weight loss and muscle functional defects. 
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(A) The weights of Ctcf-deficient mice differed from the ones of control mice (n = 8 in each 

group). 

(B) HSACre/+; Ctcffl/f mice were significantly smaller than the control mice at 13 weeks, as 

well as the TA muscle sizes. 

(C-E) Muscle mass data was collected from 7-week-old (C), 9-week-old (D) and 13-week-old 

(E) of control and Ctcf mKO mice, including tibialis anterior muscles (TA), diaphragm 

muscles (DIA), and gastrocnemius muscles (G) (for Figure C and D, n = 6 in the TA and DIA 

groups and n = 4 in G groups; for Figure E, n = 10 in the TA and DIA groups and n = 5 in G 

groups). 

(F) The measurements of muscle strength were tested through the peak time of the four-limb 

hanging test (n = 8 in each group). 

(G-H) The summation contraction of extensor digitorum longus muscles was shown in the 

way of force-frequency curves for both absolute force (G) and specific force (H) (n = 3 in 

each group). 

 

2.4.2 CTCF-deficient mice exhibit signs of muscle regeneration 

 To explore whether this muscle wasting is accompanied by muscle injury and regeneration, 

we performed immunofluorescence for muscle regeneration markers at 13 weeks (Fujita et al., 

2021). PAX7 was used to count muscle stem cells, which can further proliferate into myogenic 

progenitor cells. And myogenic progenitor cells can differentiate into myocytes, which were 

marked by Myogenin. Then myocytes fuse to form myotubes, and mature to be newly formed 

myofibers, which were marked by embryonic myosin heavy chain (embMHC) and central 

nucleus.  

 Tibialis anterior muscle of 13-week-old Ctcf mKO mice was characterized by more 

embMHC positive myofibers (Figure 2.4-3 D, F), Myogenin positive myofibers (Figure 2.4-3 

E, F), and centrally nucleated myofibers (Figure 2.4-3 A, C, G), indicating more newly formed 
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myofibers. CTCF-deficient tissue was also characterized by more PAX7 positive cells (Figure 

2.4-3 A-B, G). It presented the existence of more satellite cells in the TA muscles of Ctcf mKO 

mice, suggesting the possible activation process of satellite cells. Moreover, though the number 

of myofibers was not obviously increased in Ctcf mKO mice (Figure 2.4-3 H), the average 

cross-sectional area of myofibers in 13-week-old TA muscle was decreased (Figure 2.4-3 A, G, 

I). Because smaller fibers could also indicate the newly-formed myofibers (Dalbis et al., 1988; 

Knappe et al., 2015; Skuk et al., 2006), the distribution of myofiber sizes was further analyzed. 

The distribution was shifted towards smaller myofibers. And Ctcf mKO mice had more 

myofibers with sizes less than 1200 μm2 and fewer myofibers with sizes over 1500 μm2 (Figure 

2.4-3 J). It can be inferred from these results that loss of CTCF caused muscle damage in TA 

muscles, thus producing more activated satellite cells and increased muscle regeneration to 

repair the spontaneous injury.  
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Figure 2.4-3 CTCF-deficient tibialis anterior (TA) muscle exhibit signs of regeneration at 13 

weeks. 

(A) Immunofluorescence staining of TA muscle cross-sections from the control and Ctcf 

mKO mice using antibodies against Pax7 (green), Laminin (red), and DAPI (blue). Scale 

bars: 100 μm. White arrows indicate the presence of PAX7 positive satellite cells and white 

asterisks denote the central nucleated myofibers. 

(B) Quantification of the number of PAX7 positive satellite cells per 100 myofibers identified 

in Figure G (n = 5 in each group).  

(C) Quantification of the fraction of central-nucleated myofibers identified in Figure G (n = 5 

in each group).  

(D-E) Quantification of the number of embMHC positive myofibers (D) and Myogenin 

positive myofibers (E) identified under scale bars 200 μm (n = 5 in each group). 

(F) Immunostaining for embMHC (green), Myogenin (red) and DAPI (blue) on the transverse 

sections of the TA muscles. Scale bars: 100 μm. White asterisks denote the embMHC positive 

myofibers and white arrows indicate the presence of Myogenin positive myofibers. 

(G) Same immunofluorescence staining panels in TA muscle cross-sections as figure A, but 

with scale bars, 200 μm.  

(H-I) Quantification of the number of myofibers (H) and mean cross-sectional areas (I) 

identified in Figure G (n = 5 in each group). 

(J) The distribution of myofiber cross-sectional areas identified in Figure G (n = 5 in each 

group). 

 

 Next, the same immunofluorescence panels were labeled in the diaphragm muscle. It also 

demonstrates that there were an increased number of embMHC positive cells (Figure 2.4-4 D, 

F), Myogenin positive cells (Figure 2.4-4 E, F), centrally nucleated myofibers (Figure 2.4-4 A, 

C, G), and activated satellite cells (Figure 2.4-4 A-B, G), which were all apparent compared to 
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control mice. Different from the result in the TA muscle, diaphragm muscle had decreased 

number of myofibers (Figure 2.4-4 H), but it was possibly caused by the smaller cross-sectional 

width in diaphragm muscle (Figure 2.4-4 G, I). The reduction of diaphragm muscle thickness 

also provided evidence for the diaphragm muscle defects in Ctcf mKO mice (Figure 2.4-4 G, 

I). Moreover, although there was no big change in the average cross-sectional area of myofibers 

(Figure 2.4-4 G, J), in CTCF-deficient mice, more myofibers were distributed to the ones under 

200 μm2 instead of the ones between 300 to 500 μm2 (Figure 2.4-4 K). These results in the 

diaphragm muscle also support that skeletal muscle in Ctcf mKO mice displayed signs of 

muscle regeneration. 

 

Figure 2.4-4 The loss of CTCF in diaphragm (DIA) muscles leads to increased muscle 

regeneration at 13 weeks. 

(A) Immunostaining for PAX7 (green), Laminin (red), and DAPI (blue) on the transverse 
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sections of the DIA muscles from the control and Ctcf mKO mice. Scale bars: 100 μm. White 

arrows indicate the presence of PAX7 positive satellite cells and white asterisks denote the 

central nucleated myofibers. 

(B) The number of PAX7 positive satellite cells per 100 myofibers identified in Figure G (n = 

5 in each group).  

(C) Fraction of central-nucleated myofibers identified in Figure G (n = 5 in each group).  

(D-E) The number of embMHC positive myofibers (D) and Myogenin positive myofibers (E) 

identified under scale bars 200 μm (n = 5 in each group). 

(F) Immunofluorescence analysis with antibodies against embMHC (green), Myogenin (red) 

and DAPI (blue) in DIA muscle cross-sections. Scale bars: 100 μm. White asterisks denote 

the embMHC positive myofibers and white arrows indicate the presence of Myogenin 

positive myofibers. 

(G) Immunostaining for PAX7, Laminin, and DAPI in DIA muscle cross-sections. Scale bars: 

200 μm.  

(H-J) Quantification of the number of myofibers (H), cross-sectional width (I) and mean 

cross-sectional areas (J) identified in Figure G (n = 5 in each group). 

(K) The distribution of myofiber cross-sectional areas identified in Figure G (n = 5 in each 

group). 

 

2.4.3 The loss of CTCF in muscle causes collagen deposition  

 Next, we explored histological characteristics of Ctcf mKO mice. In normal muscles in 

response to injury, the satellite cells are activated to form new myofibers, companying with 

transient extracellular matrix deposition (Gillies and Lieber, 2011). Since fibrosis participates 

in skeletal muscle regeneration and the Ctcf mKO mouse model exhibits muscle regeneration, 

we wondered whether there exists a fibrosis change in this model. In order to evaluate this, 
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Sirius red was used to detect collagen (Calvi et al., 2012). After qualification, it shows that 

collagen deposition existed in the 12-week-old TA and diaphragm muscles of Ctcf mKO mice 

(Figure 2.4-5 A-B). 

 

2.4.4 CTCF-deficient muscles do not exhibit signs of apoptosis 

 Apoptosis is one of the programmed cell death ways in muscle when the first response to 

injury, and the intrinsic and extrinsic pathways are both naturally occurring processes (Carraro 

and Franceschi, 1997; Tidball et al., 1995). Here we explored whether there exists 

DNA breakage through the TUNEL assay. Compared to the result of technical positive control 

with DNase I treatment, there was no apoptosis change in the TA and diaphragm muscle of 12-

week-old Ctcf mKO mice (Figure 2.4-5 C-D). Cleaved caspase 3 is also involved in the 

apoptosis signaling pathway (Brentnall et al., 2013), of which antibody was used to detect 

signals in muscle sections in our laboratory. Via detection of cleaved caspase 3, it also proves 

that two types of muscles in 12-week-old Ctcf mKO mice did not have apoptosis alterations 

(Figure 2.4-5 E-F).  

 

2.4.5 Muscles that lost CTCF exhibit weak signs of degeneration  

 Muscle regeneration includes several interrelated and time-dependent phases and one of 

them is the degeneration of myofibers (Forcina et al., 2020). Degenerating muscle fibers 

usually have an increase in membrane permeability, whose changes can be detected by Evans 

blue dye (Hamer et al., 2002). In order to explore the existence of muscle degeneration and 

evaluate membrane permeability in skeletal muscle of Ctcf mKO mice, Evans blue dye 

injection was performed at 13 weeks. It shows that there existed a few damaged myofibers in 

the TA and diaphragm muscles of 13-week-old Ctcf mKO mice (Figure 2.4-5 G-H). 
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Figure 2.4-5 The detections of fibrosis, apoptosis, and muscle degeneration in CTCF-deficient 

muscles. 

(A-B) Representative images and qualifications of Sirus red staining on transverse sections of 

TA (A) and DIA muscles (B) at 12 weeks (n = 5 in each group). White arrows indicate the 

collagen depositions. 

(C-D) TUNEL assay staining with DAPI immunostaining at 12 weeks in TA (C) and DIA 
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muscles (D) to detect DNA fragmentation (n = 3 in each group). 

(E-F) Immunostaining for cleaved caspase 3 and DAPI in 12-week-old TA (E) and DIA (F) 

muscles to detect apoptosis. (n = 3 in each group) 

(G-H) Representative images of Evans blue positive myofibers merged with Laminin and 

DAPI in 13-week-old TA (G) and DIA (H) muscles to detect muscle degeneration. And the 

qualifications of the number of damaged myofibers (n = 3 in control mice group and n = 5 in 

Ctcf mKO mice group). 

 

2.4.6 The loss of CTCF in muscle leads to weak signs of inflammation 

 Upon muscle injury, neutrophils and monocytes are activated. And they secrete signals 

which stimulate the proliferation of satellite cells. After immune cells invade the injured area, 

M1 macrophages shift to M2 macrophages, along with the differentiation process of muscle 

stem cells and muscle repair (Chazaud, 2020; Tidball, 2017). In brief, inflammation is related 

to muscle regeneration and skeletal muscle regeneration partly requires inflammatory 

responses. And our previous data shows the muscle regeneration phenomenon in Ctcf mKO 

mice. We wondered whether there exist differences in inflammatory cells proportions in Ctcf 

mKO mice, so the immunophenotyping was performed in the TA and diaphragm muscles of 

13-week-old Ctcf mKO mice. 

 Since CD45 is a major transmembrane glycoprotein expressed on all nucleated 

hematopoietic cells, CD45 was used to define the immune cells’ population in general (Figure 

2.4-6 A). Total T cells, T helper cells, and T cytotoxic cells were respectively labeled by CD3, 

CD4, and CD8 (Figure 2.4-6 B). CD11b positive cells represented myeloid cells (Figure 2.4-6 

C), and its four subcell lineages, Ly6G+ neutrophils, Ly6C+ monocytes, CD11c+ and MHCII+ 

dendritic cells, and F4/80+ macrophages were further detected (Figure 2.4-6 D-E). In terms of 

the subtypes of macrophages, CD11c+, MHCII+, and CD86+ cells were regarded as M1 

macrophages cells (Figure 2.4-6 F), and Arg+ cells as M2 macrophages (Figure 2.4-6 G). 
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 Through the statistical analysis, a significant increase of T cytotoxic cells was found in 

diaphragm muscles of Ctcf mKO mice (Figure 2.4-6 B). However, it cannot be ignored that 

there exists a limited number of inflammatory cells in muscle tissues (around 10 percent) and 

the variation is relatively large among biological samples. These reasons could lead to either 

ignoring the change because of no statistical difference or amplifying the small change. The 

immunophenotyping results in muscles will be firmly substantiated by adding more replicates 

in each group. Overall, the trends seem different between TA muscles and DIA muscles of Ctcf 

mKO mice: more myeloid cells in TA muscles (Figure 2.4-6 C-E), while more T cells in DIA 

muscles (Figure 2.4-6 B). Moreover, because there were two-fold CD11c+ and MHCII+ M1 

macrophages cells in the TA muscles of Ctcf mKO mice (Figure 2.4-6 F), there may exist an 

M1 to M2 macrophages shift in CTCF-loss TA muscle. 

 

Figure 2.4-6 Immunophenotyping in the TA muscles and diaphragm muscles of control and 

knockout mice. 
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(A) Flow cytometry analysis of immune cell population through CD45+ cells. 

(B) Fractions of T cell lineages demonstrated by CD3+ T lymphocytes, CD4+ T helper cells, 

and CD8+ T cytotoxic cells in CD45+ immune cells. 

(C) Percentage of myeloid cells which stain positively for CD11b in CD45+ immune cells. 

(D-E) The four subtypes of myeloid cells are indicated through the staining intensity of 

Ly6G+ neutrophils, Ly6C+ monocytes, CD11c+ and MHCII+ dendritic cells (D), and F4/80+ 

macrophages (E) in CD45+ immune cells. 

(F) Fraction of M1 macrophages represented by CD11c+, MHCII+, and CD86+ cells in CD45+ 

immune cells. 

(G) Percentage of Arg+ M2 macrophages in CD45+ immune cells. Data in (A-G) is presented 

as mean ± SEM and n = 3 in each group. 

 

2.4.7 Transcriptome analysis in HSACre/+; Ctcffl/fl mice  

 To further explore the mechanism of muscle wasting in Ctcf mKO mice, RNA-seq was 

performed on gastrocnemius muscles from three timepoints, and each group contained three 

biological replicates. A principal component analysis was used to observe the similarity among 

samples. And it shows that the samples of HSACre/+ mice (Ctrl) and CTCF-deficient mice (KO) 

were basically separated into four distinct clusters: all control mice from three timepoints, 7-

week-old, 9-week-old, and 13-week-old Ctcf mKO mice (Figure 2.4-7 A). Specifically, the loss 

of CTCF in 13-week-old mice led to 50% variance with control mice and 23% variance with 

7-week-old Ctcf mKO mice (Figure 2.4-7 A). And there may be a general tendency of time-

related transcriptome change in Ctcf mKO mice, gradually from 7 weeks to 9 weeks and to 13 

weeks (Figure 2.4-7 A). 

 Then the differentially expressed genes (DEGs) from two types of mice were compared at 

the same timepoint. There was a strong effect on the transcriptome due to CTCF deletion in 

skeletal muscle, and the number of both upregulated and downregulated DEGs were increased 
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along with the time (391 versus 429 at 7 weeks, 378 versus 362 at 9 weeks, and 781 versus 858 

at 13 weeks) (Figure 2.4-7 B). 

 DEGs were further analyzed and DEGs of Ctcf mKO mice samples were compared to the 

ones of HSACre/+ mice. First gene set enrichment analysis was based on Gene Ontology 

Biological Process 2021 database. In terms of the upregulation of enrichments, ‘response to 

unfolded protein’ pathway, ‘response to stress’-related pathway, and ‘response to insulin’-

related pathway were positively regulated at both 9 and 13 weeks (Figure 2.4-7 C, E, G). 

However, the top ten enriched pathways at 7 weeks were completely different from the ones at 

9 or 13 weeks and there were only two or three DEGs involved in each of these ten pathways. 

It may indicate there exists a transcriptome difference of upregulated genes between 7-week-

old and 9/13-week-old Ctcf mKO mice. And it may explain why the phenotype (body weight 

loss and muscle mass reduction) is not obvious in 7-week-old CTCF-deficient mice. 

 For the downregulated biological process, the top three pathways, ‘muscle contraction’, 

‘muscle filament sliding’, and ‘actin-myosin filament sliding’, contained the enrichments of 

DEGs at all three timepoints (Figure 2.4-7 D, F, H). But at 7-week-old, skeletal muscle of Ctcf 

mKO mice also had unique downregulated transcriptome enrichments, which are related to 

inflammation, including ‘cellular response to cytokine stimulus’, ‘macrophage activation’, and 

‘negative regulation of myeloid leukocyte mediated immunity’. It may indicate that 7-week-

old mice has inflammatory response to the loss of CTCF, and this could be the reason why Ctcf 

mKO mice do not have muscle defects at 7 weeks. 
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Figure 2.4-7 Transcriptome analysis of gastrocnemius muscles in 7, 9, and 13-week-old Ctcf 

mKO mice. 
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(A) A plot of principle component analysis derived from RNA sequencing profiling of control 

mice (circle label) and CTCF-deficient mice (triangle label) at 7 weeks (purple), 9 weeks 

(green), and 13 weeks (red) (n = 3 in each group). 

(B) Volcano plots depicting differentially expressed genes between the control and knockout 

mice at 7, 9 and 13 weeks. The threshold of P-value is indicated by a dot line and the 

differentially expressed genes are defined as the changes of expression greater than 2-fold. 

All genes are classified into the gained genes (red), the lost genes (blue), and the stable genes 

(grey). The muscle contraction-related genes (Tnni1, Tnnc1, Tnnt1, Tnnt2 and Actn3), muscle 

regeneration-related genes (Myh3 and Myog), and Ctcf gene are indicated in each timepoint. 

(C-H) Analysis of upregulated genes (C, E, G) and downregulated genes (D, F, H) was 

performed by the gene set enrichment analysis of Gene Ontology Biological Process 2021 

database. The color and length of bars present the significance calculated by -log10 (p value). 

The top 10 enriched pathways are shown in each comparison. 

 

 In the following, the muscle-related DEGs information from the gene set analysis in Gene 

Ontology Biological Process 2021 database was specifically analyzed. First, the Venn diagrams 

and heatmaps of the DEGs that are involved in ‘muscle contraction’ and ‘muscle filament 

sliding’ pathways were analyzed. The data show that, along with the age, most of the 

contraction-related gene expressions were steadily decreasing (Figure 2.4-8 B, D) and the 

number of influenced genes were increased in Ctcf mKO mice (Figure 2.4-8 A, C). These 

downregulated DEGs involve Acta1, Actn3, Tpm3, Tnnt1, Tnnc1, and Tnni2. It confirms the 

conclusion that muscle defects in global physical function and muscle contractile properties 

were triggered by the loss of CTCF (Figure 2.4-2 F-H). 

 Muscle contractile properties in a muscle are closely related to the distribution of its 

myofiber in slow or fast muscle (Zierath and Hawley, 2004). In order to explore whether CTCF-

deficient mice have changes in muscle fiber types, from RNA-seq data, we collected six 

representative myosin gene expressions to distinguish the types of muscle fibers (Figure 2.4-8 

E). These genes include MYH7 and MYL3 labeling slow muscle type 1 myofibers, fast muscle 
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marker MYL1, type 2A fast-twitch muscle fiber marker MYH2, type 2X fast-twitch muscle 

fiber marker MYH1, and type 2B muscle fiber marker MYH4. Specifically, slow myofiber 

markers, Myh7 and Myl3, were downregulated at 7 and 9 weeks of Ctcf mKO mice but 

recovered at 13 weeks (Figure 2.4-8 E). Conversely, the fast muscle markers, Myl1 and Myh4, 

are decreased at 13 weeks instead of 7 and 9 weeks (Figure 2.4-8 E). It suggests that there may 

exist muscle fiber type conversion due to the loss of CTCF and the proportion of myofiber 

types varies from the age of Ctcf mKO mice.  

 To date, it was found that CTCF is involved in several muscular diseases, for example, 

myotonic dystrophy type 1 and facio-scapulo-humeral dystrophy (Castel et al., 2011; van der 

Maarel et al., 2012). Congenital myopathies are a group of rare muscle diseases that usually 

present from birth companying with the disorders of muscle contraction. Since contraction 

disorder is also a phenotype in Ctcf mKO mice, the genes implicated in congenital myopathies 

(Jungbluth et al., 2018) are further explored according to RNA-seq data. These selected genes 

were downregulated in Ctcf mKO mice with a differential expression (Figure 2.4-8 F). 

 Moreover, the neuromuscular junction is essential to muscle contraction and the defects in 

the neuromuscular junction can result in impaired muscle contraction (Li et al., 2018). When 

the produced acetylcholine binds to the acetylcholine receptor in the neuromuscular junction, 

muscle receives this signal and subsequently contracts. The gene expression from the RNA-

seq data shows the upregulation of genes related to muscle-type acetylcholine receptors in 13-

week-old Ctcf mKO mice (Figure 2.4-8 G), which may react to the decreased muscle 

contraction in order to rescue it. 
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Figure 2.4-8 The Venn diagrams and heatmaps of selected differentially expressed genes 

(DEGs) in Ctcf mKO mice and control mice at 7, 9, and 13 weeks. 

(A-B) The enrichment of muscle contraction was analyzed at three timepoints through 

comparing the number of related DEGs (A) and their gene expressions (B). 
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(C-D) The Venn diagram about the number of associated genes from muscle filament sliding 

(C) and the corresponding z-score heatmap (D) in 7, 9, and 13-week-old mice. 

(E) The expression of six genes related to muscle fiber type is shown in a heatmap form. Red 

boxes indicate the differentially expressed genes in specific timepoints. 

(F) The z-score heatmap of nine genes involved in congenital myopathies, which have muscle 

contraction disorders. 

(G) A heatmap of four genes related to muscle-type acetylcholine receptors. 

 

 Slow muscle and fast muscle respectively display oxidative and glycolytic metabolism 

(Zierath and Hawley, 2004). Thus, the alteration of myofiber type disproportion indicates that 

Ctcf mKO mice may have different energy use strategies compared to the control mice. Muscle 

metabolism is supported by the robust activity of mitochondria. Therefore, the transcript level 

of five complexes that are involved in the mitochondrial respiratory chain (Alston et al., 2017) 

was further explored through RNA-seq data. There was not an obvious overall change, however, 

it existed abnormal regulation of related genes in five complexes of muscle tissue, Ndufb7, 

Ndufaf5 and Ndufaf3 genes in complex I, Uqcrh gene in complex III, Cox8a and Sco1 genes in 

complex IV, and Atp5k gene in complex V (Figure 2.4-9 A-E). It may be also related to the 

upregulated enrichment ‘RNA import into mitochondrion’ (Figure 2.4-7 C). Meanwhile, the 

transcript levels of mitochondrial DNA were basically increased at three timepoints (Figure 

2.4-9 F). It indicates that mitochondria in Ctcf mKO mice may undergo reproduction and fusion 

in response to the energy change with an increased mitochondrial turnover. 
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Figure 2.4-9 The summary of the gene expression related to mitochondria. 
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(A-E) A z-score heatmap of mitochondrial respiratory chain-related genes respectively in 

complex I (A), complex II (B), complex III (C), complex IV (D), and complex V (E). 

(F) The increased transcript levels of mitochondrial DNA in Ctcf mKO mice from RNA-seq 

data. 

 

 Another gene set enrichment analysis based on MSigDB Hallmark 2020 also provides 

more ideas for the possible mechanisms about the role of CTCF in skeletal muscle. Regarding 

the upregulated gene sets, there were strong enrichments related to ‘fatty acid metabolism’ in 

all three ages of CTCF-loss muscle samples (Figure 2.4-10 A, C, E). There was also a strong 

enrichment related to ‘mTORC1 signaling’ at three ages (Figure 2.4-10 A, C, E). And the 

number of associated genes was greatly increased at 13 weeks (Figure 2.4-11 A). The genes 

include Atcr3, Cdkn1a, Ddit3, Slc2a1, Dapp1, and Trib3, which are involved in 

PI3K/Akt/mTOR signaling (Figure 2.4-11 E). 

 Furthermore, the upregulated enrichment of ‘unfolded protein response’ was also obvious 

at 9 and 13 weeks (Figure 2.4-10 C, E). The number of its related genes was increased along 

with time (Figure 2.4-11 B). Specifically, it involves genes that encodes the 70 kDa heat shock 

protein (Hsp70/HSPA) family: HSPA2, HSPA5, HSPA9, and HSPA14, eukaryotic initiation 

factor 4F complexes: eIF4a1 and eIF4ebp1, and the stress sensor, activated transcription factor 

6 Atf6 (Figure 2.4-11 F). 

 In addition, it shows that there were upregulated enrichments of apoptosis at 7, 9 and 13 

weeks (Figure 2.4-10 A, C, E), along with the increased account of related DEGs (Figure 2.4-

11 C). However, there was no apoptosis change be detected in the muscles of 13-week-old Ctcf 

mKO mice (Figure 2.4-5 C-F). Recent evidence shows that myonuclei may be protected from 

apoptosis because mature skeletal muscle upregulates the expression of potent survival proteins 

and experiences autophagy, also a way of programmed cell death (Bruusgaard et al., 2012; 

Masiero et al., 2009; Xiao et al., 2011a). And the apoptotic nuclei detected within the muscle 

tissue in the published study may be the mononuclear cells that reside outside the myofibers 

instead of the myonuclei (Tedesco et al., 2010). In addition, because our samples used for RNA-
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seq are the whole muscle tissue, the upregulation of apoptosis signaling could also be caused 

by other cell types. Moreover, in Ctcf mKO mice, most of these selected DEGs involved in 

apoptosis are also related to autophagy pathway, which plays a role in muscle homeostasis and 

involves in muscle atrophy. For example, these DEGs include Gadd45a, Hmgb2, Dap, Casp6, 

and Hmox1 (Figure 2.4-11 G) (An et al., 2015; Levin-Salomon et al., 2014; Meyer et al., 2018; 

Zhang et al., 2015). 

 With respect to the downregulation in Ctcf mKO mice, ‘myogenesis’ enrichment was 

negatively regulated at three timepoints (Figure 2.4-10 B, D, F), It is similar to result from 

Gene Ontology Biological Process 2021 database that the enriched ‘muscle contraction’ 

pathway was downregulated. However, except for the genes related to muscle contraction (e.g., 

Actn3, Tpm3, and Tnni2), this ‘myogenesis’ gene set enrichment also contains the genes 

involved in ‘extracellular structure organization’, for instance, Col1a1, Col15a1, Sparc, Itgb4, 

Col6a2, and Fgf2 (Kashyap et al., 2010). 

 It can also be found that ‘epithelial mesenchymal transition’ at 9 and 13 weeks (Figure 2.4-

10 D, F). The epithelial-mesenchymal transition is a process when epithelial cells differentiate 

into fibroblasts or myofibroblasts. These fibroblasts can contribute to the excessive 

accumulation of connective tissue, so epithelial-mesenchymal transition is involved in tissue 

fibrosis (Thiery et al., 2009). In the downregulated enrichment of ‘epithelial mesenchymal 

transition’ (Figure 2.4-11 D), the number of associated genes was raised a lot at 13 weeks 

(Figure 2.4-11 H). Hultström M, Leh S, Paliege A, et al. found that the accumulation of 

interstitial fibrous collagen is related to significant downregulation of collagen I mRNA and 

other extracellular matrix components (Hultstrom et al., 2012). And it was also found that 

amino acid depletion causes significantly decreased mRNA level of collagen I in human lung 

fibroblasts (Krupsky et al., 1997). Together, it provides a justification for the findings in 13-

week-old Ctcf mKO mice that the collagen diffuse was accumulated, but the enrichment of 

fibrosis-related gene sets was downregulated to rescue collagen deposition. 

 Moreover, the ‘inflammatory response’ pathway was only highlighted in a downregulated 

way in 7-week-old Ctcf mKO mice (Figure 2.4-10 B). This 7-week-old downregulation of 
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inflammatory response also matches the analysis from Gene Ontology Biological Process 2021 

database (Figure 2.4-7 D). It means that the 7-week-old mice may have decreased or increased 

inflammatory signaling. In addition, the inflammation-associated genes were basically not 

changed between control and knockout mice at 9 and 13 weeks. It is possible because the low 

proportions of inflammatory cells in the muscle sample, the slight change could be hided in the 

whole sample transcriptome analysis of 9 and 13 weeks. Based on the slight increase of 

immunity response in 13-week-old CTCF-deficient mice through immunophenotyping (Figure 

2.4-6), the trend of immunity situation in Ctcf mKO mice still needs to be further investigated.  

 

Figure 2.4-10 The gene set enrichment analysis of differentially expressed genes based on 

MSigDB Hallmark 2020. 

(A-F) The top ten upregulations (A, C, E) and downregulations (B, D, F) in the enriched 

pathways of DEGs were shown, respectively for 7-week-old (A-B), 9-week-old (C-D), and 

13-week-old (E-F) muscle samples. The color and length of bars present the significance 

(calculated by -log10 (p value)). 
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Figure 2.4-11 The Venn diagrams and heatmaps of differentially expressed genes (DEGs) 

selected from the enriched pathways based on MSigDB Hallmark 2020. 

(A-D) The number of related DEGs in the enrichment of signaling pathways are compared at 

three timepoints shown as Venn diagrams, separately focusing on mTORC1 signaling (A), 

unfolded protein response (B), epithelial mesenchymal transition (C), and apoptosis (D). 

(E-H) The z-score heatmaps of associated genes from enriched gene sets in 7, 9, and 13-

week-old mice, respectively about mTORC1 signaling (A), unfolded protein response (B), 

epithelial mesenchymal transition (C), and apoptosis (D). (n = 3 in each group). 

 

 The last gene set enrichment analysis is based on the ENCODE and ChEA Consensus TFs 

from ChIP-X databases. The databases utilize the libraries of gene sets from published ChIP-

chip, ChIP-seq, ChIP-PET, and DamID experiments (Lachmann et al., 2010). From this 

analysis, it can be inferred whether the DEGs of Ctcf mKO mice are enriched in a specific gene 

set that are putative targets of transcription factors. Specifically, the downregulated genes 

caused by the loss of CTCF more possibly match to CTCF and MYOD1 targeted gene sets 

(Figure 2.4-12 B, D, F), while upregulated genes may be not related to CTCF or MYOD motifs 

(Figure 2.4-12 A, C, E). In addition, these upregulated enrichments are linked to the 

transcription factors mediating chromatin organization, for example, ESR1, GATA2, and E2F 

family of transcription factors: E2F1, E2F4, and E2F6 (Figure 2.4-12 A, C, E) (Jeselsohn et al., 

2018; Jing et al., 2008; Lu et al., 2007; Magri et al., 2014). It suggests that the upregulated 

genes in Ctcf mKO mice could be influenced by the change of chromatin structure that is 

indirectly caused by the loss of CTCF. And in both upregulation and downregulation, there 

existed enrichment about Cohesin protein, such as the submits SMC3 and RAD21 (Figure 2.4-

12 A-F) (Nasmyth and Haering, 2009). Furthermore, the number of these downregulated genes 

potentially caused by the loss of CTCF was increased along with the time (Figure 2.4-12 G). 

Moreover, the gene ontology biological process analysis shows that downregulated genes 

linked by CTCF were more likely related to mitochondrial pathways (Figure 2.4-12 H). 

Because mitochondria play an indispensable role in the maintenance of muscle metabolism 
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(Hood et al., 2019), reduced Ctcf expression in muscle may also influence muscle metabolism.  

 

Figure 2.4-12 The gene set enrichment analysis of differentially expressed genes based on 

ENCODE and ChEA Consensus TFs from ChIP-X databases. 

(A-F) The top 10 enriched pathways of upregulated genes (A, C, E) and downregulated genes 

(B, D, F) were ordered according to their significance, -log10 (p value). 

(G) Venn diagram showing the number of genes possibly mediated by CTCF from the 

analysis in ENCODE and ChEA Consensus TFs from ChIP-X databases. 

(H) GO Biological Process analysis of overlaid Ctcf-related genes in Figure A. Intensity and 

length of bars indicate significance.  
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2.5 Materials and Methods 

2.5.1 Mice 

 Ctcffl/+ mice, carrying flox sites flanking exon 8, belonged to Dr. Witcher’s laboratory and 

HSACre/+ mice were obtained from The Jackson Laboratory (Miniou et al., 1999). Ctcffl/+were 

bred with HSACre/+ mice to obtain HSACre/+; Ctcffl/+ mice. And these offspring were crossed with 

Ctcffl/+ mice again to generate CTCF knockout mice (HSACre/+; Ctcffl/fl). Recombination was 

achieved by crossing Ctcf exon-flanked loxP mice with the Cre recombinase for HSA promoter. 

HSACre/+ mice or Ctcffl/fl mice were used as controls and the mouse strains were maintained 

based on a C57BL/6 background. Standard caring and euthanasia were approved and operated 

under the regulations of McGill University and the Lady Davis Institute.  

 

2.5.2 Four limb hanging test 

 Global physical function can be evaluated by this non-invasive method (Klein et al., 2012). 

Briefly, the test was started when mice were 7-week-old. Each time only one mouse was placed 

in the center of a wire mesh screen (1.5 × 1.5cm) with a 35cm distance from the soft bedding. 

And we set a fixed maximum time as 600 seconds, then if mice fall off within this time, two 

more tries were be given, and the longest hanging time out of three results was taken into final 

calculation. The rest time between each trial for one mouse was as least five minutes. 

 

2.5.3 Ex vivo muscle contractility assay 

 13-week-old mice were successively anesthetized to isolate extensor digitorum longus 

muscles of the right side. 300C: Dual-Mode Lever System and Dynamic Muscle Control and 

Analysis Software (Aurora Scientific) were used for the following procedures. The tissues were 

placed in Ringer’s buffer at 30 °C with 95% O2 and 5% CO2 and the two-side tendons were 

attached to the equipment. Optimal muscle length (L0) was first measured and the force was 
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gradually adjusted to achieve the maximum twitch force. After stimulating the muscles under 

the frequencies from 10 Hz to 200 Hz, a force-frequency curve was formed as the measurement 

of absolute force (P0), also called as peak tetanic force. The data of muscle weight (W0) was 

also collected to estimate cross-sectional area, and specific muscle force (P1) was normalized 

by the approximate cross-sectional area and calculated by this formula: 

Specific muscle force = Absolute force × Fiber length × Muscle density 

P1 (N/cm2) = P0 (N) × (0.44 × L0) (cm) × (1.06 (g/cm3) / W0 (g)) 

 

2.5.4 Immunofluorescence 

 The tibialis anterior muscle and diaphragm muscle were extracted from HSACre/+ mice and 

HSACre/+; Ctcffl/fl mice at 7, 12 or 13 weeks. Tissues were washed in phosphate-buffered saline, 

fixed in 0.5% paraformaldehyde for 2 hours, and suffused in 20% sucrose overnight at 4 °C. 

Tissues were then washed, placed into foil molds, and completely frozen in the optimal cutting 

medium through methylbutane bath in liquid nitrogen. After preparations of cryosections by 

the cryostat, 10μm thick sections were made, washed, and then probed by indicated antibodies. 

It included anti-rabbit CTCF antibody, anti-rabbit cleaved caspase 3 antibody, anti-mouse Pax7 

antibody, anti-rabbit Laminin antibody, anti-mouse embryonic myosin heavy chain (embMHC) 

antibody, and anti-rabbit Myogenin antibody. Images were captured and analyzed by EVOS® 

FL Cell Imaging System and/or ImageJ. The data were expressed as means ± SEM (standard 

error of the mean). And for biological replicates, each group had more than three samples. And 

for technical replicates, five or ten sections were processed and counted. All statistical analysis 

was performed by GraphPad Prism software. Moreover, an unpaired t-test is used to evaluate 

statistical significance, and a significant difference is indicated by two-paired p values with p 

< 0.05. 
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2.5.5 Histological staining 

 Sirius red staining was performed for the histological characterization of collagen in tissue 

sections (Calvi et al., 2012). Briefly, tissues were sectioned into 10 µm thick sections in 

advance. Frozen sections were thawed at room temperature and fixed with 4% 

paraformaldehyde in a glass chamber. Next, Slides were incubated with Weigert’s hematoxylin 

solution for 10 minutes, and washed under running tap water for at least 5 minutes. And 

sections were immersed in 0.2% phosphomolybdic acid solution for 5 minutes, following two-

time washing. After the incubation in the Sirius red dye solution for 1 hour, slides were rinsed 

twice in acetic acid solution. Finally, sequential ethanol incubations (70% ethanol, 90% ethanol, 

and 100% ethanol) were performed, and coverslips were mounted onto slides using xylene. 

The measurement of area stained in red, which is collagen deposition, was quantified by the 

ImageJ software. 

 Evans blue dye is widely used to access the cellular membrane permeability (Hamer et al., 

2002). 10 mg/mL of Evans blue dye solution was prepared and sterilized. Intraperitoneal 

injection of this solution was performed based on mice body weight. Next day after injection, 

13-week-old mice were sacrificed. And the tibialis anterior muscles and diaphragm muscles 

were resected and processed by the procedure in 2.5.4 Immunofluorescence. For this 

experiment, the labels of Laminin protein and DAPI were performed in these slides. 

 DNA fragmentation is the sign of the late stage of apoptosis, which can be detected by 

nick-end labeling of DNA through the TUNEL assay (Mohan et al., 2015). ApopTag Red In 

Situ Apoptosis Detection Kit (Sigma-Aldrich) was used for the detection of apoptosis in tissue 

sections. In brief, the starting procedures in 2.5.4 Immunofluorescence were followed to first 

make fresh sections. Next, all sections were pretreated in proteinase K. As a positive control, 

each time one slide was treated by DNase I, while the rest were kept in PBS. Then all slides 

were subsequently covered by equilibration buffer, working strength TdT enzyme mixture, 

working/stop wash buffer, and working strength rhodamine antibody solution. In final, before 

coverslips were mounted, DAPI incubation was last for 15 minutes. 
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2.5.6 Real-time qPCR 

 RNA was extracted from the tibialis anterior muscle or gastrocnemius muscle with 

GenElute™ Mammalian Total RNA Miniprep Kit (Sigma-Aldrich). 500 ng of RNA was used 

to synthesize cDNA in reverse transcription PCR (RT-PCR) and 1 μL of the diluted cDNA was 

used for quantitative PCR (qPCR). 18S ribosomal RNA was used as an endogenous control for 

normalization. Primer sequences are listed in Table 2.5-1. 

 

Table 2.5-1 The primers information contains target gene names, forward sequences, and 

reverse sequences. 

The primers targets for housekeeping gene 18S ribosomal RNA and the target gene Ctcf. 

 

2.5.7 Western blotting 

 The tibialis anterior muscles and liver tissues were collected and ground into powder. The 

samples were disrupted by the whole cell lysis buffer (20 mM Tris pH 7.5, 420 mM NaCl, 2 

mM MgCl2, 1 mM EDTA, 10% glycerol, 0.5% NP-40, 0.5% Triton, 200 mM P8340, 1 M DTT, 

1 M NaF, 1 M BGP) on ice. The lysates were centrifuged at maximum speed at 4 °C for 15 

min, and then the supernatants were collected. For quantifying the protein concentration, 1 µL 

sample was mixed with 1mL Bradford reagent. The absorbance was detected by 

spectrophotometer and thus the concentration was speculated. The same number of proteins 

was used for the detection of the same types of tissues in the control and experimental group. 

Following the standard SDS-PAGE technique, different sizes of proteins in the same sample 

were separated by 10% resolving gel and 5% stacking gel. The gels were transferred to 

nitrocellulose membranes. And the membranes were blocked by 5% skim milk in tris-buffered 

Name Forward Sequence Reverse Sequence

18S rRNA GTAACCCGTTGAACCCCATT CCATCCAATCGGTAGTAGCG

Ctcf ACACTGTCATAGCCCGAAAA CAGCATCACAGTAGCGACATT
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saline with Tween and probed by the primary antibody overnight at 4 °C with rocking. After 

several times washing, secondary antibody was added, and the blot was exposed under the 

machine with fresh enhanced chemiluminescence mixture. 

 

2.5.8 Immunophenotyping 

 Tibialis anterior muscles and diaphragm muscles were resected from sacrificed mice at 13 

weeks. The tissues were mechanically minced following the protocol of Skeletal Muscle 

Dissociation Kit (Miltenyi Biotec). Single-cell suspension in PBS was counted, blocked, and 

then stained with indicated antibodies (Table 2.5-2). Immunophenotyping data was 

subsequently acquired with BD LSRFortessa flow cytometer (BD Biosciences). The gating 

strategies used for analysis are shown in Figure 2.4-6. 

 

Table 2.5-2 The experimental design for immunophenotyping is listed.  

It contains the control sample with water and 12 samples incubated with other antibodies in a 

certain concentration in each group. 

 

Sample Marker Conjugate Identifier Dilution

Ctrl Water 1:100

1 CD45 BUV395 UV1 1:400

2 CD11b e450 U2 1:1000

3 MHCII BV650 V3 1:500

4 CD11c BV786 Y1 1:100

5 Ly6G FITC J8 1:1000

6 F4/80 PE PE 1:100

7 Ly6C pe-cf594 C4 1:400

8 CD86 PeCy7 D8 1:100

9 CD3 BV711 VA1 1:50

10 CD8 Percp cy55 N2 1:50

11 CD4 APC Cy7 I1 1:200

12 Arg1 AF700 G3 1:100
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2.5.9 RNA-seq and analysis 

 The gastrocnemius muscles were isolated from 7-week-old, 9-week-old and 13-week-old 

control mice and Ctcf mKO mice. RNA extraction was performed via GenElute™ Mammalian 

Total RNA Miniprep Kit (Sigma-Aldrich) all with the DNase I treatment. 5 µL RNA samples 

by three replicates each group, total 18 samples were sent to our collaborator, Dr. Tom Cheung 

from Hong Kong University of Science and Technology for RNA sequencing. The RNA-seq 

libraries were prepared using Tn5 transposases with adaptors and PCR amplification and it was 

followed by a BGISEQ-500RS (2 x 100) sequencing. And 40 million reads per sample was 

provided (Yue et al., 2020). The quality control and preprocessing of reads were carried out on 

the original sequencing BAM files via Trimmomatic v0.32 and paired sequences were aligned 

to a reference mouse genome through STAR v2.3.0e. After UCSC hg19 annotation, 

“FeatureCount” files were obtained and used for differential expression analysis through 

DESeq2 (Shorstova et al., 2019). The selection of differentially expressed genes was based on 

fold change > 2 and FDR < 0.05. Gene ontology (GO) analysis was performed through Enrichr 

based on GO Biological Process 2021, MSigDB Hallmark 2020 and ENCODE and ChEA 

Consensus TFs from ChIP-X databases. The heatmaps and volcano plots were generated by 

GraphPad Prism 9.  
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3 Discussion  

3.1 CTCF is necessary for muscle contraction 

 So far, we know that 13-week-old Ctcf mKO mice lost muscle weight and had muscle 

functional defects (Figure 2.4-2). And downregulated DEGs in knockout mice enriched in the 

‘muscle contraction’ and ‘muscle filament sliding’ gene sets at 7, 9, and 13 weeks (Figure 2.4-

7 D, F, H). It indicates that the loss of CTCF disrupts the muscle contraction activity of skeletal 

muscles in mice. 

 Moreover, the analysis of representative myosin gene expressions provides us with the 

possible change of myofiber type distribution in Ctcf mKO mice. It shows that there exists 

downregulated expressions of slow type I myofiber markers, Myh7 and Myl3 at 7 and 9 weeks, 

but in 13-week-old CTCF-loss muscles, the type 2X and type 2B fast-twitch muscle fiber 

markers Myl1 and Myh4 are downregulated (Figure 2.4-8 E). It raises a possibility that CTCF 

deficiency causes the muscle fiber type disproportion, thus leading to defects in muscle 

contraction. The difference in representative myosin expressions may also explain why the 

knockout mice exhibit serious muscle defects at 13 weeks instead of 7 or 9 weeks. But it still 

requires further demonstration of the sequential relationship between myofiber type 

disproportion and contractile defect. It can be detected via immunostaining targeted for both 

myofiber type markers and contractile markers at the same timepoint. 

 Dysfunctional nerve-muscle communication also underlies muscle weakness disorders, 

which are termed congenital myasthenic syndrome in a genetic form (Nicole et al., 2017). 

Specifically, nicotinic acetylcholine receptors (nAChR) are responsible for transferring the 

signaling in the neuromuscular junction. And thus, they play an indispensable role in 

maintaining the communication to trigger muscle contraction. For instance, the mutations of 

Chrnd and Chrng lead to the inefficient neuromuscular transmission and further muscle 

developmental abnormalities (Mueller et al., 2006; Seo et al., 2015). In the muscles of 13-

week-old Ctcf mKO mice, muscle-type nAChR subunits α1, β1, δ, and γ were all 

downregulated, which are respectively encoded by Chrna1, Chrnb1, Chrnd, and Chrng (Figure 

2.4-8 G). Therefore, it is possible that the muscle contractile defect in 13-week-old Ctcf mKO 
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mice is also related to the downregulation of nAChR-related genes, except for the relationship 

with the accumulation of the downregulation of muscle contraction-related genes. 

 Furthermore, we linked the DEGs from Ctcf mKO mice to the genes involved in congenital 

myopathies, which are characterized by muscle weakness. These DEGs include Acta1, Tnnt1, 

Tpm2, Tpm3, Ttn, Ryr1, Stac3, Speg, and Cacna1s (Figure 2.4-8 F). They are involved in the 

‘muscle contraction’, ‘muscle filament sliding’, and ‘actin-myosin filament sliding’ pathways. 

And their mutations can cause central core disease, multi-minicore disease, centronuclear 

myopathy, congenital fiber type disproportion, and nemaline myopathy (Jungbluth et al., 2018). 

With further study on the relationship of CTCF and muscle contraction, our study of CTCF in 

skeletal muscle homeostasis can also provide more ideas in studying the mechanism and 

clinical treatment of congenital myopathies. 

 

3.2 CTCF deficiency may influence muscle metabolism 

 Muscle metabolism is closely related to muscle contraction activity and its disorder could 

also cause muscle functional defects (Hood et al., 2019). In addition, the previous studies show 

that the loss of CTCF in different cell types leads to changes in mitochondrial signaling. ChIP-

qPCR analyses proved that CTCF was recruited to the transcription start sites of the 

tested mitochondrial genes, which were downregulated in limb development due to the loss of 

CTCF (Soshnikova et al., 2010). Roy et al. found that Frataxin (Fxn) gene, encoding a 

mitochondrial protein, was most dramatically downregulated in CTCF-deficient placental 

endothelial cells. And it was further demonstrated that CTCF activates the promoter of the Fxn 

gene and limits reactive oxygen species accumulation in endothelial cells (Roy et al., 2018). In 

Ctcf mutant embryonic hearts, genes related to mitochondrial function were upregulated. And 

mitochondria from mutant cardiomyocytes are not capable of maturing properly (Gomez-

Velazquez et al., 2017).  

 In Ctcf mKO mice, the gene set analysis based on ENCODE and ChEA Consensus TFs 

from ChIP-X databases, shows that the downregulated genes caused by the loss of CTCF tend 

to be the targets of transcription factor, CTCF and MYOD1 (Figure 2.4-12 B, D, F). And there 
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was an increasing trend in the number of downregulated genes linked by CTCF (Figure 2.4-12 

G). Moreover, the gene ontology biological process analysis shows that the overlaid genes of 

the three timepoints’ CTCF-related genes tend to be involved in mitochondria-related pathways 

(Figure 2.4-12 H). For example, the downregulated Fxn gene encodes a mitochondria protein 

and regulates cell iron metabolism (Du et al., 2020). And the downregulated genes, Gfm1, 

Mrpl23, and Mrps2 take part in the mitochondrial translation (Molina-Berenguer et al., 2022; 

Sylvester et al., 2004). Therefore, reduced Ctcf expression in muscle may also influence muscle 

metabolism. 

 In addition, the transcript levels of mitochondrial DNA were increased at three timepoints 

of Ctcf mKO mice. It includes the genes of the mitochondrial genome coding for the NADH-

ubiquinone oxidoreductase (mt-Nd1, mt-Nd2, mt-Nd4, mt-Nd5, and mt-Nd6) and coding for 

transfer RNA (mt-Tc, mt-Ti, mt-Tl1, mt-Tm, and mt-Tq). This change raises the possibility that 

the loss of CTCF in muscles promotes the mitochondria reproduction (Figure 2.4-9 F).  

 However, it still needs further investigation whether mitochondria biogenesis occurs at the 

protein level in Ctcf mKO mice. In order to evaluate muscle physiology, we can test the 

comprehensive mitochondrial phenotyping in muscle tissue, in terms of oxygen consumption, 

chemical energy production, and reactive oxygen species production. The use of transmission 

electron microscopy will also provide a morphological examination of mitochondria in muscle 

tissue. Our study on the relationship between CTCF and mitochondria will deepen the 

understanding of muscle metabolism and mitochondrial myopathy. 

 

3.3 The loss of CTCF may trigger unfolded protein response and mTORC1 signaling  

 mTOR which is an atypical serine/threonine kinase regulates cell growth and metabolism. 

And it comes in two forms, mTORC1 and mTORC2, which have different subunit 

compositions and performs different cellular functions (Magnuson et al., 2012). mTORC1 core 

complex is composed of the PI3K-related protein kinase family member mTOR, Raptor, and 

mLST8 (Saxton and Sabatini, 2017). There are four downstream pathways in the mTOR1 

signaling. After phosphorylation by mTORC1, 4E-BP1 suppresses translation while S6K1 
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positively affects mRNA translation and ribosome biosynthesis (Batool et al., 2019; Dowling 

et al., 2010). mTORC1 also phosphorylates ATG13 and ULK1 and inhibits their protein 

expressions, thus preventing autophagosome assembly (Chan, 2009; Hosokawa et al., 2009). 

Moreover, mTORC1 can inhibit Lipin 1 to prevent lipid synthesis (Peterson et al., 2011). 

Glycolytic gene expression and angiogenesis can also be increased by the activation of 

mTORC1 (Ding et al., 2018). Furthermore, there exists complex bidirectional crosstalk 

between mTORC1 and unfolded protein response (UPR) and the results of their cooperation 

might be synergistic (Hotamisligil, 2010; Peterson et al., 2011; Thomas et al., 2006; Um et al., 

2004) or antagonistic (Hoyer-Hansen and Jaattela, 2007; Hsieh et al., 2010; Zoncu et al., 2011). 

 In Ctcf mKO mice, the gene set enrichment analysis based on MSigDB Hallmark 2020 

reveals that the upregulated enrichment related to ‘mTORC1 signaling’ was strong at three ages 

(Figure 2.4-10 A, C, E). And the enrichment in ‘unfolded protein response’ was also obvious 

at the upregulated gene sets of 9 and 13 weeks (Figure 2.4-10 C, E). Moreover, the number of 

these two pathway-associated genes was greatly increased at 13 weeks (Figure 2.4-11 A-B). 

Moreover, rodent studies clearly show that mTORC1 signaling can be activated by the 

increased mechanical loading and it induces protein synthesis (Jacobs et al., 2014). However, 

there is also evidence that a severe form of myopathy that begins in the late stages of life is 

caused by continuous activation of mTORC1 in skeletal muscle (Castets et al., 2013). Therefore, 

one possibility in Ctcf mKO mice is that the loss of CTCF may trigger unfolded protein 

response and mTORC1 signaling, which are secondary responses to the difficult support for 

muscle contraction and massive muscle-relative protein loss. Another possibility could be that 

CTCF deficiency directly activates mTORC1 signaling and then instigate muscle defects. 

 Furthermore, mTORC1 can be activated through heterodimer TSC1/TSC2 (tuberous 

sclerosis complex 1 and 2) in response to insulin signaling (Saxton and Sabatini, 2017). 

Ragulator-Rag complex can also be the activator of mTORC1 and recruits mTORC1 to the 

lysosomal membrane when sensing amino acids (Sancak et al., 2010). In Ctcf mKO mice, Tsc1 

and Tsc2 were not differentially expressed. However, the genes encoding the subunits of the 

Ragulator-Rag complex, Lamtor3, and Rragc were upregulated at 13 weeks. And 13-week-old 

CTCF-deficient muscle also has an increased expression of Lamp2 gene (lysosomal-associated 
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membrane protein 2). Although they are not included in the ‘mTORC1 signaling’ gene set 

enrichment, the change in their transcript level suggests that there may exist a mTORC1 

activation by amino acids. 

 So far, the activation of unfolded protein response and mTORC1 signaling in CTCF-

deficient mice was only predicted from the DEGs pathway analysis. In the future, we can test 

the mRNA and protein levels of UPR target genes and mTORC1 target genes. If these 

activations are confirmed, mTOR inhibitor treatment can be further performed in mice. We will 

explore whether the muscle contraction defects or the possible muscle metabolism change can 

be rescued. And this discovery can demonstrate the sequential mechanism between muscle 

atrophy and UPR or mTORC1 signaling in Ctcf mKO mice, as well as CTCF function in 

skeletal muscle homeostasis. 

 

3.4 The potential mechanism of Ctcf mKO mice 

 In summary, based on the increased muscle regeneration and decreased muscle contraction, 

it can be predicted that the loss of CTCF may lead to chronic and continuous injuries in skeletal 

muscle. Along with time, even though maintaining the potential of muscle regeneration, the 

CTCF-deficient muscle may not be capable of complete self-repair, so the Ctcf mKO mice 

begin to progressively exhibit reduced muscle mass and decreased muscle physical function 

(Figure 3-1). And the phenotype is especially most severe at 13 weeks due to the accumulation 

of injuries. 

 From the gene set enrichment analysis of RNA-seq data at 7, 9, and 13 weeks, the 

influenced pathway can be inferred. Noticeably, the mTORC1 signaling is potentially 

upregulated since 7-week-old muscle, along with the downregulation of muscle contraction-

related pathways. Moreover, the upregulation of unfolded protein response is obvious at 9 and 

13 weeks. Because abnormal activation of mTORC1 signaling can cause dysfunctional protein 

synthesis and protein degradation, unfolded protein response could be triggered in response to 

the stress caused by muscle defects of metabolism. 
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 Moreover, CTCF plays an indispensable role in the genome structure, especially in 

maintaining the chromatin loop as an insulator. And the gene set enrichment analysis shows 

that downregulated genes are putative targets of CTCF and are closely linked to muscle 

contraction. It indicates that the muscle contraction may be directly regulated by the related 

genes inside the chromatin loop directed by CTCF (Figure 3-1). 

 

 

Figure 3-1 The schematic model of skeletal muscles in 13-week-old Ctcf mKO mice. 

Compared to the HSACre/+ mice, 13-week-old Ctcf mKO mice exhibit body weight loss and 

muscle mass reduction, along with muscle contraction defect. In their skeletal muscles, there 

exist the signs of regeneration, including more PAX7 positive cells (satellite cells) and the 

appearance of newly formed myofibers. Meanwhile, collagen deposition is induced, as one 

stage in muscle regeneration. From RNA-seq data, the muscle contraction-related genes are 

downregulated. It may be caused by the disruption of chromatin loop, which blocks the 

interaction of enhancers and promoters and thus inhibits the originally active muscle-linked 

genes. Therefore, there may exist a change of spatial chromatin structure due to the absence 

of CTCF, which influences the expression of muscle-related genes and leads to muscle 

defects.  
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4 Conclusion 

 This work presents evidence to support the indispensable role of CTCF in skeletal muscle 

homeostasis. The loss of CTCF in muscles leads to serious muscle defects and shortens the 

mice’s life expectancy. Muscle regeneration also occurs in both the tibialis anterior muscles 

and the diaphragm muscles in response to the nature injury brought by CTCF deficiency. 

Moreover, due to the regulator function in both gene transcription and chromosome structure, 

CTCF loss also triggers dramatic transcriptome changes, and the effect is expanded along with 

age. 

 We will continue to work on the identification of CTCF functional pathways in skeletal 

muscle. And based on the phenotypes of the mouse model, we believe that this study will 

provide insights for the treatment of skeletal muscle wasting diseases. 
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