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 Abstract 

 

Molecular oxygen plays an important role in the metabolic activities of aerobic cells. It is 

essential for oxidative phosphorylation, which produces the most energy for cell activities. 

Oxygen shortage, i.e. hypoxia, induces adverse cellular events, such as elevated glycolysis, cell 

apoptosis, and even necrosis. However, hypoxia and even anoxia (absence of oxygen) often 

occur during tissue engineering, organ preservation, and wound healing, due to the low 

solubility and limited effective diffusion distance of oxygen in water and a lack of or 

compromised oxygen supply by blood vessels. Various approaches and materials have been 

developed to deliver oxygen to tissues and cells, including hyperbaric oxygen therapy, 

normobaric oxygen therapy, perfluorocarbons, hemoglobin, peroxides, and tropical oxygen 

therapy devices or dressings. However, these approaches are either expensive, cause oxidative 

toxicity, have limited availability, result in serious side effects, or require toxic or extremely 

high concentrations of additives.     

 

This thesis examines the use of calcium peroxide (CP) as an oxygen-generating agent and the 

control of its decomposition rate. The oxygen-release rate was adjusted by biodegradable 

hydrophobic polymers and alginate hydrogel. Hydrophobic polymers reduced the 

decomposition rate of CP by expelling water available to CP. Alginate hydrogel further reduced 

the amount of water available to CP and slowed down CP decomposition. In addition, the 

presence of hydrogel alleviated burst release of oxygen towards cells and inhibited the 

formation of gas bubbles which could kill cells. The oxygen delivery system (ODS) was found 

to rescue primary human fibroblasts and Madin-Darby canine kidney (MDCK) cells under 

anoxia. Subsequently, MDCK cell transplantation with the oxygen-release scaffolds on rats 

demonstrated that oxygen delivery supported cell growth and promoted vascularization in the 

http://en.wikipedia.org/wiki/Chinese_hamster_ovary_cell
http://micro.magnet.fsu.edu/primer/techniques/fluorescence/gallery/cells/mdck/mdckcells.html
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scaffold. Preservation of rat blood vessels under anoxia was performed to optimise the oxygen-

release materials. The preserved blood vessels maintained high cell viability, normal 

mitochondrial membrane potentials in endothelial cells, and normal mechanical properties for 

up to seven days. An ischemic rabbit ear wound model was then used to assess the potential 

for this system to be used as a topical oxygen delivery system. The oxygen-release system 

protected ischemic wounds from necrosis and promoted the wound healing process. Moreover, 

the oxygen-release material was able to preserve large volumes of rat adipose tissue under 

anoxia for up to seven days. Preservation of other rodent organs or tissues, such as islets, heart 

slices, brain slices, liver slices, and marrow, under anoxia was attempted to determine if there 

was any tissue-specific cytotoxicity. Finally the effects of oxygen delivery on vascularization 

in a porous scaffold were investigated, and incorporation of the oxygen-release material into 

three dimensional (3D) printed scaffolds was explored.  

 

In conclusion, an ODS was developed for tissue engineering, tissue and organ preservation, 

and wound healing. This system was biodegradable, biocompatible, and stable at room 

temperature, and exhibited excellent oxygen delivery capacities to cells and tissues. While full 

degradation of this material was not demonstrated, a significant step was made towards the 

development of a biodegradable oxygen-release system. 

 

  

 

 

 

 

 

http://en.wikipedia.org/wiki/Chinese_hamster_ovary_cell
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Résumé 

 

L'oxygène moléculaire joue un rôle important dans les activités métaboliques des cellules 

aérobies, comme la réaction de phosphorylation oxydative qui produit le plus d'énergie pour 

les activités cellulaires. Un manque d'oxygène, i.e. hypoxie, induit des événements cellulaires 

indésirables, tels que l'augmentation de la glycolyse, l'apoptose des cellules, et même la nécrose. 

Cependant, l'hypoxie et l'anoxie (absence totale d'oxygène) se produisent souvent durant les 

procédés d'ingénierie tissulaire, la préservation d'organes, et la cicatrisation. Ceci est dû à la 

faible solubilité et à la courte distance de diffusion de l'oxygène dans l'eau, un apport en 

oxygène compromis dû à un manque de vaisseaux sanguins. Diverses approches et matériaux 

ont été développés pour fournir de l'oxygène aux tissus et aux cellules, comme 

l'oxygénothérapie hyperbare ou normobare, les fluorocarbones, l'hémoglobine, les peroxydes 

et finalement les dispositifs ou les pansements d'oxygénothérapie topiques. Toutefois, ces 

approches sont généralement coûteuses avec une disponibilité limitée, provoquent une toxicité 

oxydative, ou de graves effets secondaires, et nécessitent des concentrations toxiques ou 

extrêmement élevées en additif. 

 

Cette thèse porte sur l'utilisation de peroxyde de calcium (CP) comme agent de production 

d'oxygène, et comment il est possible de contrôler sa vitesse de décomposition. Le taux de 

libération d'oxygène a été ajusté par un polymère biodégradable hydrophobe et un hydrogel 

d'alginate en limitant la quantité d'eau disponible. En outre, cet hydrogel permet d’atténuer un 

dégagement trop rapide d'oxygène vers les cellules et inhibe la formation de bulles de gaz qui 

pourraient tuer les cellules. Le système de délivrance en oxygène (ODS) a permis la survie de 

fibroblastes primaires humains, et de cellules rénales canines Madin-Darby (MDCK) dans des 

conditions d'anoxie. Par la suite, la transplantation dans des rats de cellules MDCK encapsulés 

https://en.wikipedia.org/wiki/R%C3%A9sum%C3%A9
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dans un échafaudage libérant de l'oxygène a montré que l'apport d'oxygène permettait la 

croissance cellulaire et stimulait la vascularisation dans l'échafaudage. Les vaisseaux sanguins 

de rat sous anoxie ont été préservés afin d'optimiser les matériaux libérant de l'oxygène. Les 

vaisseaux sanguins conservés ont maintenu une viabilité cellulaire élevée, des potentiels de 

membrane mitochondriale normaux dans les cellules endothéliales, et les propriétés 

mécaniques normales jusqu’à sept jours de culture. Un modèle de blessure ischémique sur des 

oreilles de lapin a ensuite été utilisé pour évaluer le potentiel en tant que système de libération 

en oxygène topique. Le système de libération d'oxygène a protégé les blessures de la nécrose 

et amélioré le processus de cicatrisation. De plus, le matériau libérant de l'oxygène a été capable 

de conserver de grands volumes de tissu adipeux du rat sous anoxie jusqu’à sept jours de culture. 

La préservation sous anoxie d’autres organes ou tissus de rongeurs, tels que des îlots 

pancréatiques, des tranches de cœur, des tranches de cerveau, des tranches de foie ainsi que la 

moelle osseuse, a été réalisée afin de déterminer si il y avait une spécificité tissulaire 

cytotoxique. Enfin, les effets de l'apport d'oxygène sur la vascularisation dans un support 

poreux ont été étudiés, et l'incorporation du matériau libérant de l'oxygène dans des 

échafaudages imprimés en trois dimensions (3D) a été explorée. 

 

En conclusion, un ODS a été développé pour l'ingénierie tissulaire, la conservation de tissus et 

des organes, et enfin la cicatrisation. Ce système en plus d’être biodégradable, biocompatible, 

et stable à température ambiante, présente d'excellentes propriétés pour l’apport d'oxygène aux 

cellules et tissus. Bien que la dégradation complète de ce matériau n'a pas été démontrée dans 

cette thèse, une étape importante a été faite vers le développement d'un système de libération 

d'oxygène biodégradable. 
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Chapter 1 

Introduction 

 

1. Oxygen deficiency  

Molecular oxygen is important for the metabolic activities of most aerobic cells. [1] It plays an 

essential role in oxidative phosphorylation, a main bioprocess that produces energy for cellular 

activities. Generally in vitro cell culture conditions are categorized into three groups based on 

various oxygen concentrations, so called normoxia, hypoxia and anoxia. [1] Normoxic culture 

refers to culturing cells with 20% O2. Hypoxia uses oxygen concentrations lower than 20% but 

above 0% and anoxia 0% O2. Insufficient oxygen inhibits the oxidative phosphorylation in 

mitochondria and cells cannot generate enough energy to meet their demands. As a result, 

cellular activities including proliferation, differentiation, and protein secretion are affected, and 

cell apoptosis and even necrosis can occur [2-5].  

 

As mentioned previously, normoxia in in vitro culture employed 20% O2, whereas 

physiological O2 is 2-9.5%. [1, 6, 7] Therefore, in vitro normoxia employs an O2 concentration 

4-5 times higher than physiological normoxia. The physiological normoxia, however, is 

normally taken as hypoxia in in vitro culture. As a result, in vitro normoxia culture may alter 

cell activities compared with physiological normoxia. Cells cultured under normoxia change 

their shapes and have been found to have different functionality compared with cells in vivo. 

[8] Moreover, it has been found that the oxygen concentration influences cellular activities. [9-

12] Therefore, special attention should be paid in tissue engineering and tissue and organ 

preservation to this difference between in vitro normoxia and physiological normoxia.  

 

Hypoxia and even anoxia are common in tissue engineering, tissue and organ preservation, cell 

and tissue transplantation, and wound healing. [13-16] In these circumstances, oxygen 
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deficiency occurs either because the solubility of oxygen in culture medium and body liquids 

is extremely low and the effective diffusion distance of oxygen is limited or the blood supply, 

which carries oxygen, to the tissues and organs is interrupted due to the impaired blood vessels. 

Therefore, delivering oxygen to cells and tissues may alleviate hypoxia in the tissues and 

organs. 

 

2. Current approaches for oxygen delivery 

Oxygen delivery has been applied in tissue engineering, tissue and organ preservation, and 

wound healing [2, 17-20]. In tissue engineering, it has been found that oxygen delivery 

improves the oxygenation of engineered tissues, promotes cell proliferation, and augments cell 

metabolic activities [21, 22]. Oxygen delivery also prolongs tissue and organ preservation time 

and improves the functionality of preserved tissues and organs [23-26]. In addition, oxygen 

delivery has been found to promote the healing of various wounds, such as ischemic wounds 

caused by diabetes and radiation, chronic wounds, and burns [27, 28]. So far, various 

approaches have been developed to deliver oxygen to cells and tissues, including hyperbaric 

oxygen therapy, normobaric hypoxic therapy, persufflation, employing liquids with high 

oxygen solubility, administrating artificial hemoglobin, and inducing angiogenesis with growth 

factors [29-35]. However, all these methods have various disadvantages, such as limited 

availability and portability of equipment, oxidative toxicity, vasoconstriction, and 

nonconfirmed efficacy over other treatments [36-38]. Another approach for oxygen delivery is 

to use oxygen-generating agents, mainly peroxides that decompose to generate oxygen in the 

presence of water. Oxygen-release systems consisting of peroxides have been used to deliver 

oxygen to tissues and cells. It has been reported that oxygen delivery using peroxides improves 

cell viability and islet functionality under hypoxia, delays tissue necrosis in skin flaps, and 

promotes wound healing [2, 18, 39, 40]. Nevertheless, the reported materials to date are either 
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nondegradable, have inflexible shapes, which restricts the application of the materials, and 

cytotoxicity, or require toxic catalysts and high concentrations of catalase. Therefore, the 

current oxygen delivery systems based on peroxides still need to be improved.  

 

3. Thesis objective 

The aim of this work includes development of a biodegradable in situ oxygen delivery system 

with a controlled oxygen-release rate, evaluation of the oxygen-release capacity and 

cytotoxicity of the oxygen-release material using hypoxia resistant and intolerant cells, 

preservation of various tissues with the oxygen-release material, and treatment of ischemic 

wounds using the oxygen delivery system.  

 

3.1 Preparation of oxygen delivery material 

The oxygen delivery system was composed of calcium peroxide (CP), hydrophobic 

biodegradable polymers and biocompatible catalysts. CP were used as the oxygen generating 

agent, hydrophobic biopolymers were used to reduce the decomposition rates of the peroxide, 

and catalysts were incorporated into the system to remove the cytotoxicity of H2O2. Alginate 

hydrogel was employed to encapsulate the oxygen-release material to further reduce the 

oxygen-release rate.  

 

3.2 Evaluation of oxygen release capacity and biocompatibility of the oxygen-release 

material 

The oxygen-release capacity and cytotoxicity of the oxygen-release material was tested with 

hypoxia resistant primary human fibroblasts as well as hypoxia-sensitive Madin-Darby canine 

kidney (MDCK) cells under anoxic culture. Furthermore, MDCK cell transplantation, with and 

without oxygen-release material, was performed subcutaneously on rats. Hypoxia occurs in the 

http://micro.magnet.fsu.edu/primer/techniques/fluorescence/gallery/cells/mdck/mdckcells.html
http://micro.magnet.fsu.edu/primer/techniques/fluorescence/gallery/cells/mdck/mdckcells.html
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implants due to ischemia, which reduces cell viability in the transplanted scaffolds. In this work, 

the effects of oxygen delivery on cell viability in the transplants were examined.  

 

3.3 Preservation of blood vessels at physiological temperature by oxygen delivery 

Currently, the most common way to preserve tissues and organs is to keep them at low 

temperatures (hypothermia). Under hypothermia, the metabolic rate of cells is decreased, so is 

the oxygen consumption rate of the cells. Hence, the preservation time for tissues and organs 

is prolonged. However, reperfusion injuries take place after hypothermic preservation caused 

by both the cold temperature and hypoxia during preservation. In this work, oxygen delivery 

material was used to preserve rat aortas at physiological temperature to avoid reperfusion 

injuries. Blood vessels have a relatively simple composition and a geometric structure. They 

have a tube-like shape and are composed of smooth muscle and endothelial cells, and 

extracellular matrix. The functionality of the blood vessels can conveniently be tested by 

measuring endothelial mitochondrial membrane potential and biochemically stimulated 

contraction force. Therefore, the blood vessel is a good model for tissue preservation studies. 

So far, preservation of blood vessels has been performed under hypothermia and reperfusion 

injury due to cold preservation is alleviated by adding antioxidative agents into modified 

preservation solutions. I sought to preserve blood vessels at physiological temperature by 

oxygen delivery to avoid reperfusion injury.  

 

3.4 Effect of topical oxygen delivery on ischemic wound healing 

Hypoxia takes place in wounds due to the interrupted blood supply to the wounded area caused 

by the impairment of blood vessels. As a matter of fact, wounded tissue consumes more oxygen 

than healthy tissue because wounded tissue needs to generate new cells and extracellular matrix 
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to repair the wounds and produce enough reactive oxygen species to prevent infection in 

addition to macrophages. Hence, hypoxia inhibits wound healing for several reasons. In this 

work, an ischemic rabbit ear wound model was used to investigate the influence of an oxygen 

delivery patch on preservation of wounded tissue and wound healing.  

 

3.5 Preservation of adipose tissue  

Adipocytes in the adipose tissue die under hypoxia, which causes a big issue in reconstructive 

surgery: resorption of transplanted adipose tissue. Following optimized experiments in the 

preservation of blood vessels, preservation of adipose tissue using the self-oxygenating 

scaffold at physiological temperature was attempted. The effect of tissue volume on adipocyte 

viability was assessed, and changes were made to minimize the death of adipocytes.  

 

3.6 Other applications  

Hypoxia induces angiogenesis, the formation of new blood vessels, through hypoxia-inducible 

factor-1alph (HIF-1α), a type of protein that promotes the secretion of vascular endothelial 

growth factor. However, long-term hypoxia inhibits angiogenesis since cells cannot generate 

enough energy to support the growth of cells and production of extracellular matrix for blood 

vessel formation. In this work, I investigated the effects of hypoxia on vascularization in 

implants using the oxygen-release scaffolds as a non-hypoxic control. In addition, preservation 

of various other tissues, such as mouse islets, mouse heart slices, heart brain slices, mouse liver, 

and rat bone marrow, was performed using the self-oxygenating scaffold at physiological 

temperature. Finally, incorporation of the oxygen-release microparticles into 3D printed 

scaffolds was attempted.  
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Preface  

Oxygen is essential for the survival of aerobic cells. Oxygen accepts electrons during oxidative 

phosphorylation, enabling cells to generate enough energy to support cellular activities. 

However, lack of oxygen, i.e. hypoxia, is common during tissue engineering, tissue and organ 

preservation, and wound healing, due to the extremely low solubility and limited effective 

diffusion distance of oxygen in water and body liquid. Various strategies have been developed 

to deliver oxygen to tissues and cells. In this chapter, current approaches for oxygen delivery 

using biomaterials in the field of biomedical engineering was reviewed. Since waste removal 

is also one of the key issues in tissue engineering, tissue and organ preservation, and wound 

healing, biomaterials that have been used to remove wastes from cells and organisms were also 

discussed.  

 

Abstract 

Blood delivers oxygen and nutrients to cells and tissues and removes metabolic wastes. For 

decades, researchers have been trying to develop approaches that mimic these two functions of 

blood. Oxygen is crucial for the survival of tissues and cells in vertebrates. Hypoxia (oxygen 
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deficiency) and even at times anoxia (absence of oxygen) occur during organ preservation, 

organ and cell transplantation, wound healing, tumors, and in engineering of tissues.  

 

To date, different approaches have been developed to deliver oxygen to tissues and cells, 

including hyperbaric oxygen therapy (HBOT), normobaric hyperoxia therapy (NBOT), 

employing liquids with high oxygen solubility, administrating artificial hemoglobin and red 

blood cells (RBCs), using oxygen-generating agents, persufflation, and generating oxygen 

through biochemical reactions and electrolysis. Metabolic waste accumulation is another issue 

in biological systems. Metabolic wastes change the microenvironment of cells and tissues, and 

influence the metabolic activities of cells, and ultimately cause cell death. This review 

examines advances in blood mimicking systems in the field of biomedical engineering and 

summarizes applications of biomaterials in oxygen delivery and metabolic waste removal.   

 

Key words: biomaterials, oxygen delivery, PFCs, red blood cell transfusion, artificial 

hemoglobin, peroxides  

 

1. Introduction 

Oxygen (O2) is crucial to the survival and metabolism of aerobic cells [41]. Different types of 

cells need different oxygen tensions to maintain their normal metabolic activities (Table 2.1). 

Oxygen concentration influences cell activities, including oxygen consumption rates (Figure 

2.1), cell proliferation [2], cell differentiation [3], glycolysis [4], apoptosis [5], angiogenesis 

[42, 43] and gene expression [4]. Under severe hypoxia, cell apoptosis or necrosis will occur. 

On the other hand, high oxygen concentrations can also result in apoptosis or necrosis. [44, 45] 

The hypoxic limit of several cells and tissues is well known, and some are shown in Figure 2.2. 

Some doubt exists as to precise hyperoxic limits because cells can adapt to some extent with 
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conditioning. In general, hyperoxia causes cell death by excessive ROS generation and 

hydrogen peroxide production.  

 

Table 2.1. Cell sensitivity towards hypoxia 

Hypoxia tolerant  Prefer hypoxia Hypoxia sensitive 

Fibroblast[2] Stem cells[3, 46] Renal cells [47] 

Marrow a [48, 49]  Osteoclast b [50]  Neurons[51] 

Tumor cells [52] Corneal limbal epithelium Primary hepatocyte[53] 

HTC, FU5 and HepG2[53] Chondrocyte c [54-56] Islets [39]  

Myoblast [57] Endothelial cells[58, 59] Osteoblast [60] 

MIN6 β cell d [39]  Smooth muscle cell [57]  Retinal ganglion cells[61] 

Chondrocyte e [54-56] Myosatellite cells [62]  

 

Sp2/0-derived mouse hybridomas 

[10] 

Human embryonic stem cells [63] 

 

 

 Note: a: marrow stem cells can survive under 1% O2; 
b: 2% O2 promotes osteoclast activity; c: 

1% O2 promotes chondrocytes growth; d: MIN6 β cells survive 5% O2; 
e: 5% O2 does not kill 

chondrocytes.    
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Figure 2.1. Oxygen consumption rates under different oxygen concentrations. [64-68] 

Generally, the consumption rates of oxygen of different kinds of cells increase as the oxygen 

concentration increases. 
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Figure 2.2. Oxygen tolerant of different kind of cells and organism. [69-71] From 37 ℃ to 0 ℃ 

in air the oxygen content of saturated water increases from 200 µM to 457 µM. In pure oxygen, 

however, their values are five times higher. Generally, cells and organisms can survive in the 

green area but cannot in the grey and dark green area.  

 

Physiologically, oxygen is delivered to local tissues and cells by diffusion in the form of 

molecular oxygen dissociated from hemoglobin in red blood cells (RBCs). Soluble metabolic 

wastes will be removed from tissues and excreted from body mainly through the lungs and 

kidneys.   

 

The oxygen tension of tissues ranges from 1% to 10% [1, 72, 73] while in vitro cell culture is 

normally carried out under 20% O2 using a 5% CO2 buffered solution. 1% O2 is normally 

consider to be hypoxic in in vitro culture, although it is within the normal oxygen tension range 
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in tissues in vivo. Since the in vivo oxygen and CO2 tension are much lower than that in in vitro 

culture, in vitro culture cannot represent physiological environment of cells. There is big 

difference between keeping cells alive and making cells to be comparable to physiological 

behaviors.  

 

Given both the scientific and clinical interests of oxygen delivery, people have made numerous 

efforts to find suitable approaches for oxygen delivery. So far, methods, including hyperbaric 

oxygen therapy (HBOT), normobaric hyperoxia therapy (NBOT), employing oxygen soluble 

perfluorocarbons (PFCs), administrating artificial hemoglobin or RBCs, introducing oxygen-

generating agents, persufflation, and generating oxygen through biochemical reactions and 

electrolysis have been explored to supply oxygen to tissues and cells under various 

circumstances (Table 2.2). In spite of the considerable research in the area, very few successes 

have been achieved in clinical practice.  

 

Table 2.2. Methods for oxygen delivery 

Local oxygen 

release 

In situ oxygen 

generation 

Gaseous oxygen Others 

Perfluorocarbons CaO2 Hyperbaric oxygen 

therapy 

Porous scaffold 

Artificial 

hemoglobin  

H2O2 Normobaric hyperoxia Angiogenesis 

Red blood cells Na2CO3•1.5 H2O2 Persufflation Biochemical reactions 

 Urea•H2O2  Electrolysis 

 Chlamydomonas 

reinhardtii 
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Accumulation of metabolic wastes such as lactic acid, CO2, and ammonia are toxic and can 

cause damages to cells and organs if the wastes are not removed in time. [74, 75] Although 

some efforts have been made to remove metabolic wastes using biomaterials, only several 

successes have been achieved. We will also discuss metabolic removal by biomaterials in this 

review.  

 

2. Hyperbaric oxygen therapy 

The amount of oxygen dissolved in tissues and liquid is proportional to the partial pressure of 

surrounding oxygen, according to Henry’s law. Therefore, the oxygen concentration in tissues 

and blood can be increased by compressed oxygen. HBOT uses pure oxygen at two to three 

times of the atmospheric pressure at sea level in a chamber to increase the quantity of oxygen 

dissolved in interstitial fluid and plasma, thereby replacing at least some of the function of 

hemoglobin (Figure 2.3) [76]. HBOT has been used to treat carbon monoxide poisoning, 

decompression sickness, wound healing and organ preservation [77]. Henshaw [78] built the 

first hyperbaric atmosphere chamber in 1662, which formed the basis for the development of 

modern HBOT. Diseases that have been treated clinically with HBOT are listed in Table 2.3.  
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Figure 2.3. Hyperbaric oxygen therapy treatment chambers. Left: monoplace chamber; Right: 

multiple-place chamber. (Riess et al. [79]  Copyright 2008 with permission from Elsevier)  

 

The first application of HBOT, which can be traced to 1895 [80], is to treat carbon monoxide 

(CO) poison by accelerating the removal of CO from blood and tissues [81]. In 1900, Mosso 

further confirmed the intoxication effects of HBOT on dogs and monkeys suffered from CO 

hypoxia [80]. Later in 1950, Pace et al. [81] conducted the first treatment on human volunteers 

and proved the beneficial effects of hyperbaric oxygen on CO intoxication in human. However, 

there is still no sufficient evidence to confirm the positive effects of HBOT on CO poisoning, 

based on the data until 2010 [82, 83]. Currently, hyperbaric oxygen therapy is not a commonly 

employed method for CO intoxication in clinic. According to Ku et al. [83], only 18.8% of the 

CO poisoned patients were treated with HBOT between 2000 and 2010. So far, there are no 

standardized protocols for HBOT for the treatment of CO poisoned patients. Very little 

information exists concerning the influence of different factors on the outcomes of HBOT for 

the treatment of CO poisoning, such as the delay of treatment, the treatment time period, gas 

pressure, treatment frequency and number of sessions, the severity of intoxication, and the 

condition of the patients [84-87]. Moreover, HBOT requires special instruments, which are 
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only available in a limited number of hospitals. Given the fact that normobaric-oxygen 

treatment through a face mask is the quite successful, HBOT is rarely a competitive method.   

 

Decompression sickness is caused by formation of gas bubbles after the saturation of inert gas 

in blood and tissues after deep diving and high altitude ascending. Treatment of decompression 

sickness is one of the widely known applications of HBOT. [29] The United States Navy 

initiated the treatment of decompression sickness using HBOT in 1943. Now HBOT has 

become a standard method for the treatment of decompression sickness [29, 36] and 

standardized protocols have also been developed [88]. Nevertheless, the superiority of HBOT 

over the other available treatments for decompression sickness is not clear cut, following the 

data of randomized controlled clinical trials before 2011 [89]. Moreover, it has been suggested 

that different factors relate to the patient’s physical conditions and the parameters in the therapy 

should be taken into consideration to get ideal results.[90]  

 

Another application of HBOT is wound treatment through oxygenation, including late radiation 

injuries, chronic refractory osteomyelitis [91, 92], ulcers [93-95], burns [96-98], acute wounds, 

flaps and grafts [99, 100]. Late radiation injuries cause tissue deterioration by means of 

reduction in vascularity and formation of fibrous tissue. The use of HBOT to treat late radiation 

injuries started in the 1970s [101, 102]. HBOT improves recovery from osteoradionecrosis and 

bone death caused by radiation [103-106] and increases the survival rate of implants in patients 

subjected to irradiation from 46.3% to 91.9% [107]. However, it seems that the positive effects 

are tissue-type dependent. Clinical trials have indicated that HBOT benefits the healing of the 

head, neck, anus, rectum, and tooth sockets suffering from late radiation injuries [102, 108] but 

not tooth implant success in irradiated patients [109]. Chronic refractory osteomyelitis refers 

to bone infections lasting for more than six months under appropriate treatments. Although 
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HBOT has been reported to have beneficial effects on the healing of chronic refractory 

osteomyelitis, it cannot cure chronic refractory osteomyelitis alone. The main treatment for 

chronic refractory osteomyelitis is currently a combination of surgeries and administration of 

antibiotics. [110] HBOT has been used to treat ulcers, the most common type of chronic 

wounds, since 1970 [93]. However, no conclusive effects of HBOT on the healing of ulcers 

have been demonstrated. Some clinical data indicate HBOT is likely to assist the healing of 

diabetic leg ulcers in some patients as an adjunctive therapy [94] while some results show that 

HBOT improves the healing only in a short term [95]. Results from 29 patients with chronic 

wounds between 2009 and 2012 show that HBOT improved wound healing in 50% of the 

patients while patients with diabetes mellitus did not response positively.[111] HBOT has been 

employed to treat burning wounds since 1967 [96]. Some pre-clinical experiments on pigs and 

rats have shown positive effects of HBOT on the healing of burn wounds [97, 98]. However, 

it is not clear if it is the oxygen or simply the high pressure that works [98]. Moreover, negative 

results have also been reported where HBOT inhibits healing of burns in pigs while normobaric 

100% O2 promotes it [112]. Only several clinical trials have been reported using HBOT to treat 

burn wounds a decade ago [113-115]. Moreover, systemic reviews concerning the HBOT for 

thermal burns failed to find enough evidence supporting the positive effects of the therapy. [37, 

116] Therefore, HBOT may not be a good approach to treat burning wounds. HBOT is believed 

to promote acute wound healing by producing oxidant through oxygenating tissues and 

inducing neovascularization. [117, 118] Nevertheless, its effects on acute wounding healing 

cannot be warranted based on the data before 2013 [119]. Interestingly, HBOT can only 

oxygenate the superficial layers of skin as gaseous oxygen cannot penetrate the skin. [120] 

Ischaemic stroke, mostly caused by focal cerebral ischemia [121], has been treated with HBOT 

in an attempt to oxygenate the brain [122-124]. Yet again the existing trials have shown 
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conflicting results [123, 125, 126] and cannot prove the efficacy of HBOT due to the small 

number of patients, based on the data before 2014. [127]  

 

HBOT has also been used for organ preservation. Hatayama et al. reported that they managed 

to preserve rat hearts in a mixture of compressed CO (400 kPa) and oxygen (300 kPa) for 48 

hours at 4 ℃ and the preserved hearts were able to beat after transplantation. [128] CO is 

believed to act beneficially by reducing inflammatory, alleviating apoptosis and suppressing 

metabolic activities of cells.  

 

Table 2.3. Diseases treated by hyperbaric oxygen therapy clinically 

Diseases Efficacy over other treatment 

options 

CO poisoning [80-87] Unconfirmed [82, 83] 

Decompression sickness [29, 88, 89, 129] Confirmed [89, 90] 

Late radiation injuries [101, 103-109] Inconclusive [102, 109] 

Chronic refractory osteomyelitis [91, 92] Unconfirmed [110] 

Burning wounds [96-98, 112, 113, 115] Negative [37, 114, 116] 

Ulcers [93, 94] Inconclusive [111] 

Acute wounds [100, 118] Unconfirmed [99, 119] 

Acute ischaemic stroke [122-126] Unconfirmed [123, 125, 127] 

Femoral head osteonecrosis [130-133] Not conclusive [132, 133] 

Aseptic osteonecrosis [134, 135] Not conclusive [134, 135] 

 

In summary, hyperbaric oxygen therapy has been used to treat various diseases in clinic. The 

main risks of HBOT include systemic oxygen poisoning, due to highly compressed oxygen 

(with a pressure higher than 2 atmospheres) and long exposure time to pure oxygen, ear 

damages caused by high pressure, neurotoxicity, and fire [79, 116, 136]. The other main 

disadvantages associated with HBOT include large and expensive devices, limited availability 
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and requirement of trained technician. Although superficially logical, much clinical use of 

HBOT is not supported by statistically trials and variations in protocols make frustrate 

comparison. 

 

3. Normobaric hyperoxia therapy 

Normobaric hyperoxia therapy (NBOT), unlike HBOT, oxygenates tissues and organs using 

high concentrations of oxygen at atmospheric pressure. NBOT normally uses 40-100% O2, 

which is higher than atmospheric oxygen concentration. [137] The most important application 

of NBOT is to protect neurons during cerebral ischemia and acute ischemic stroke. [30, 137-

139]  

 

NBOT protects neurons by maintaining their oxygenation and does not show oxidative toxicity 

after 24 h perfusion with 100% O2 in focal cerebral ischemia models. [140-142] Henninger et 

al. [30] found that early NBOT improved brain cell viability in penumbral in a rat embolic 

stroke model. However, early stage of NBOT is mandatory in these circumstances because 

neuron died very fast in ischemia and the damages are not reversible. [143] Data from 52 

patients with traumatic brain injury in two different units show that NBOT improved tissue 

oxygenation and reduced intracranial pressure comparing to the patients’ base line and other 

patients in control group. [144] Moreover, NBOT does not show oxidative toxicity in patients 

with traumatic brain injuries. [145] More recently, results from a phase II clinical trial show 

that the combination of HBOT and NBOT improve the oxidative metabolism of the brains and 

reduces mortality in patients with traumatic brain injuries compared with the standard treatment. 

[146] The reader is directed to the following reviews for more information concerning NBOT 

in cerebral ischemia and stroke treatment [137, 139, 147]. In addition, NBOT has been shown 

to alleviate acute renal failure caused by haemorrhagic shock in rats. [148] 
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Although many reports have shown NBOT does not cause oxidative toxicity when used for a 

short time to treat patients with brain ischemia, oxidative toxicity has been observed in organs 

and tissues of NBOT treated animals, especially when the treatment time is long (>12 h). [149-

151] It has also been reported that the protective efficacy of NBOT on neurons is influenced 

by endothelial nitric oxide synthase dysfunction. [138] Moreover, NBOT has been found to 

change microcirculation in healthy people by decreasing capillary perfusion and oxygen 

concentrations in the muscles. [152] 

 

In summary, NBOT can oxygenate tissues in ischemia and is neuroprotective. Because it is 

easy to administer and the devices for NBOT are portable, NBOT can be a very good method 

to treat ischemic brain injury and ischemic stroke at the very early stage to open the therapeutic 

time window. [153] Nevertheless, the efficacy of NBOT for the treatment of brain ischemia 

and stroke over other methods still needs to be confirmed based on more evidence, and 

guidelines for the administration need to be specified. [154] 

 

4. Local oxygen release 

Substances in which oxygen is highly soluble or binds reversibly, such as PFCs, artificial 

hemoglobin and RBCs may be used as oxygen delivery vehicles and even reservoirs of oxygen 

itself.  

 

4.1 Perfluorocarbons 

PFCs have a long history of clinical use. They are extremely chemically and biologically inert 

volatile liquids and possess a very high respiratory gas-dissolving capacity. [155] Therefore, 

PFCs have been employed as oxygen vehicles to deliver oxygen to tissues and cells. Among 
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the PFCs, perfluorodecalin (PFD, C10F18) and perflubron (C8F17Br) are two of the most widely 

studied products. They have high oxygen and CO2 gas solubility and a high excretion rate 

through the lungs (Table 2.4) [155-158]. They are CO2 sinks and dissolve CO2 to release 

oxygen in tissues. PFCs have been used in various applications, including liquid ventilation, 

blood substitute, tissue/organ preservation, wound healing, in vitro cell culture and tissue 

engineering, which are discussed in the following sections. 

    

Table 2.4. Physical properties of perfluorodecalin (C10F18) and perflubron (C8F17Br) [158] 

Properties (Units) C10F18 C8F17Br 

oxygen solubility (vol. %, 25 ℃) 40 50 

CO2 solubility (vol. %, 25 ℃) ~140 ~210 

melting point (℃) -10 5 

vapor pressure (torr, 37 ℃) 14 10.5 

interfacial tension vs. saline (mN/m) ~60 51.3 

 

4.1.1 Liquid ventilation 

Liquid ventilation, an important treatment for acute lung injuries and acute respiratory distress 

syndrome, employs oxygenated liquids to fill the lungs to support the respiration of animals. 

[159, 160] In fact, liquid ventilation for gas exchange was the first demonstrated biomedical 

application of PFCs, initiated by Clark and Gollan in 1966 to supply oxygen to mice and cats 

[161]. In their ground-breaking experiment, mice survived up to 20 h after being submerged in 

a PFC liquid, perfluorobutyltetrahydrofuran or FX-80, saturated with oxygen (Figure 2.4). 

Liquid ventilation can be divided into two classes: total (or tidal) liquid ventilation (TLV) in 

which liquids fill the entire alveolar space and airways, and partial liquid ventilation (PLV), 

where only part of the alveolar is filled with liquids. [162]  
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Figure 2.4. Mouse breathing the liquid PFC (FC-80) saturated with oxygen (Pr. L. C. Clark, Jr., 

Department of Pediatrics, University of Cincinnati). (Lowe [163] Copyright 2006, Royal 

Society of Chemistry)    

 

Extensive studies concerning the interaction between PFCs and tissues during ventilation have 

been carried out, such as distribution and elimination of the liquids in tissues and effects of 

retained PFCs on tissues. [164-171] PFCs can be eliminated by the lungs and the amount of 

PFCs retained in tissues depends on the type of inhaled PFCs, organs, and species. [164, 165] 

Nevertheless, the residue in the case of FX-80 does not affect the growth of animals. [166, 167] 

PFCs can reduce the response of alveolar macrophages to potent stimuli, enhance surfactant 

phospholipid synthesis and secretion, and decrease the formation of reactive oxygen species 

(ROS). [168-171] Animal experiments have shown that liquid ventilation of PFCs improves 

gas exchange in tissues. [167, 172-174] Partial liquid ventilation alleviates acute allograft 

dysfunction after lung transplantation in dogs and results in better outcomes than conventional 

mechanical ventilation. [31]. Similar results have been reported in juvenile piglets with 

endotoxin induced acute lung injuries. [175] However, the outcome of PLV can be affected by 
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both the volume of PFC used and the filling rate [176]. These parameters should therefore be 

optimized to improve the outcomes. In contrast, liquid ventilation of PFCs performed on 

humans showed conflicting results. Greenspan et al. [165], Shaffer et al. [177] and Leach et al. 

[178] reported that liquid ventilation improved gas exchange on preterm neonates or infants. 

On the contrary, Kacmarek et al. [179] reported that PLV did not show improvements in terms 

of 28-d mortality when administrated on patients with acute respiratory distress syndrome, 

either at high or low doses. In summary, encouraging results have been reported about liquid 

ventilation with PFCs. Nevertheless, concerns still exist about applying liquid ventilation 

clinically given that the physiology of PFC is still not clear. [180] Moreover, liquid ventilation 

also causes lung injuries. [173, 175] This technique still needs to be improved to get good 

clinical results by optimizing parameters like oxygenation levels of administrated PFCs, 

volume of PFCs used, filling rates, and ventilation time period. 

 

4.1.2 Blood substitute 

Blood substitutes largely only undertake a small part of the real blood function, i.e. to transport 

respiratory gases oxygen and CO2. Therefore, they mainly replace the role of hemoglobin in 

RBCs. They are intended to solve issues surrounding the traditional blood transfusion methods, 

such as shortage of blood supply in acute situations [182], immunologic risks, infectious safety 

issues [182, 183], and also religious objections. [184-186] 

 

Perfluorocarbon emulsions have good oxygen solubility and are biologically inert and 

relatively stable in blood, and thus they are promising blood substitutes (Table 2.5) [182]. There 

have been many research articles and reviews concerning blood substitute using PFCs [187-

198]. Geyer carried out the first whole blood substitute using PFC emulsions (FC-47), when 

he kept rats in excellent condition for at least 9 months. [198] The problem was that their 
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products retained in the animals for lifetime. Afterwards, PFD was found to be excreted rapidly 

by both Clark [199] and Naito [200], which enlightened the future of PFCs in biomedical 

applications.  

 

So far, several PFC blood substitute products have been developed, including Fluosol-DA 20%, 

Perftoran, Oxygent, and Oxycyte. Among them, only Fluosol-DA 20% and Perftoran have been 

used clinically. Fluosol-DA 20% was approved in 1990 in USA and some European countries, 

but production stopped in 1994 [163] because of defects such as a low oxygen-carrying 

capacity (approximately 40% of that of red cells), poor stability, and adverse effects of its 

surfactant. [182, 201-203] Perftoran was approved for clinical application in Russia in 1996 

and is the only PFC based blood substitute still being used clinically [204]. Oxygent is the most 

advanced oxygen-carrier under development from Alliance Pharmaceuticals (La Jolla, CA) 

[205]; it has a greater oxygen-carrying capacity and improved stability and shelf life compared 

with former products. However, the product encountered setbacks in the phase 3 trial [206] and 

the company’s partner refused to fund them to resume the trial. Oxycyte is another blood 

substitute under development from Tenax Therapeutics. In 2014, FDA approved the company’s 

request to do clinical testing of Oxycyte, however, the company stopped their phase 2b trial 

six-month later. Meanwhile, people keep working on developing new PFC blood substitutes 

that are able to carry more oxygen. [207, 208]   

     

 

 

 

 

 

http://www.tenaxthera.com/pipeline/oxycyte/
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Table 2.5. Summary of main PFC emulsions [197, 201, 209-212] 

Name Producer Clinical 

application or 

year of invention 

Adverse effects Storage 

Fluosol-DA 

20% 

Green Cross 

Corporation 

Approved by 

FDA in 1989 

Flu-like symptoms, platelet 

level decrease 

Frozen  

Perftoran Perftoran Approved by 

Russia in 1996 

Hypotension, 

Pulmonary complications 

Frozen  

Oxypherol Green Cross 

Corporation 

Invented in 

1970s 

Long time retention in 

body 

Cold 

Oxycyte Oxygen 

Biotherapeu

tics, Inc 

Halted phase 2b 

trial in 2014 

Potential transient mild 

thrombocytopenia 

Cold 

Oxygent Alliance 

Pharmaceuti

cals 

Stopped Phase 3 

trial in 2003 

Headache, nausea and 

delayed onset fever 

Cold 

 

In fact, analysts are not optimistic towards the development of blood substitutes. They do not 

expect there will be successful blood substitutes within the next several years, at least in the 

commercial market. Because the blood substitutes are much more expensive than donated 

blood [206]. In addition, the blood substitutes have other problems, like flu-like symptoms and 

macrophage hypertrophy and recruitment. More information concerning different kinds of PFC 

products used for blood substitute and the problems encountered in the area can be found in 

the following reviews. [189, 213, 214]  

 

4.1.3 Tissue/Organ preservation 

PFCs have been used to preserve tissues and organs based on the assumption that deterioration 

of organ function following harvest is due to oxygen deficiency. PFCs have been used as 
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oxygen suppliers to various tissues and organs, including islets, brains, pancreas, hearts and 

kidneys, either by static preservation or perfusion [215-224]. Preservation outcomes of organs 

with PFCs seem to depend on the type of organs and species (Table 2.6). [225]  

 

Cold static preservation using PFCs has been performed on islets, pancreas, and kidneys. Both 

PFD and perflubron emulsions improve the functionality and viability of islets. [23, 24, 226] 

However, perfluorodecalin failed to show improvements in long-term preservation and after 

transplantation [227-229]. Oxygenated PFCs have been found to improve the outcomes of 

pancreas preservation in most cases compared with preservation buffers. Oxygenated PFC-UW 

showed beneficial effects on the preservation of rat kidneys but not pig kidneys. [230, 231].  

 

PFCs have also been used to preserve brains, kidneys, hearts and livers through perfusion. In 

1967, Sloviter and Kamimoto [25] first reported the perfusion of an isolated rat brain with 

perfluorocarbon emulsion (FX-80) and maintained the brain’s function and metabolism for one 

hour. In 1980, Dirks et al. [232] perfused an isolated rat brain with perfluorotributylamine (FC 

43) emulsions and kept the brain alive for more than 7 h, whereas blood perfused brains only 

survived for 4.5 h. PFC emulsions have been used to preserve kidneys by perfusion since 1970s. 

[233] Cold oxygenated Perftoran perfusion may minimize the reperfusion injury of preserved 

human kidneys. [234] Kidneys from brain-dead pigs have been preserved for 18 h [235] by 

hypothermic perfusion using an oxygenated mixture containing PFC emulsion. The beneficial 

effects of PFC emulsions on heart preservation have been shown in different species, such as 

rats, pigs, dogs, and rabbits. [236-239] However, the preservation results of hearts depend on 

the type of PFC emulsions. [240] PFC emulsion perfusion has been proven to be beneficial in 

rat liver preservation but is not helpful for the preservation of pig livers. [241-245] 
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In summary, PFCs have been used to preserve tissues and organs and have showed positive 

results. Nevertheless, most of the work is still at the preliminary stage.  

 

Table 2.6. Perfluorocarbon emulsions for tissue/organ preservation 

 Species Outcomes Clinical practice 

Islet Human, rat, 

dog, pig 

 

 

Oxygenation improved in vitro preservation 

in short term (24 hours), no improvement in 

long term or after transplantation [23, 24, 

227, 229, 246, 247] 

No  

Brain Rat, pig  Sustained survival of brain by perfusion 

[25, 232, 248] 

No 

Pancreas  Human, pig, 

rat, dog 

Certain types of PFCs improved the 

yielding of isolated islets from pancreas (7 

hours) [228, 249], some did not make many 

improvements [223]; OLM was better than 

TLM [250, 251];  

Yes [252, 253] 

Kidney  Human, pig, 

rat, dog 

Perfusion with PFC emulsions improved 

preservation outcomes [233-235, 254] 

No 

Liver  Rat, pig  Improved liver preservation outcomes in rat 

livers but not in pig livers [241-245] 

No 

Heart Rat, pig, dog, 

rabbit 

Perfusion with PFC emulsions preserved 

hearts for at least 4 hours [236-240]  

No 

Lung Pig, dog PFCs improved lung preservation outcomes 

[255, 256] 

No 

 

4.1.4 Wound healing     

The process of wound healing requires oxygen [14]. Oxygen is believed to facilitate wound 

healing by promoting anti-inflammatory effects, preventing infection from anaerobic 

pathogens, and improving formation of collagen [257, 258]. Oxygenated PFCs have been found 

to promote wound healing. A topical oxygen emulsion (TOE) containing oxygen-saturated 
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perfluorocarbon has been employed to treat ischemic secondary-burns on porcine and was 

found to assist the epithelialization and collagen deposition of the wound and also promoted 

vasculogenesis. [259] Pieter et al. [257] and Shinzeki et al. [27] reported that intrarectally 

administrated oxygenated PFD promoted murine colitis healing. Wijekoon et al. [260] 

developed a hydrogel system consisting of PFC chains which was able to absorb and then 

release oxygen. Such a system could be used for wound dressing, however, no such study has 

been reported yet. PFCs have been employed to accelerate or improve wound healing by 

oxygen delivery, but no PFC products for wound healing is available so far. 

 

4.1.5 In vitro cell culture 

Lack of oxygen is common during tissue engineering (in constructs with a dimension > 2 mm) 

and high-density cell culture, due to the limited solubility of oxygen in culture medium and the 

restricted diffusion distance of oxygen from culture medium towards cells. [261] Suboptimal 

levels of oxygen eventually affects the overall health of the cells [45]. PFCs have been 

employed during cell culture to supply oxygen to cells. They increase oxygen concentrations 

in the culture system, improve cell metabolic activities, and change cell functionality. For 

example, oxygenated perfluoromethyldecalin (FlutecR pp11) improved mouse-mouse 

hybridoma cell growth as well as antibody production [262]. In addition, the presence of 

oxygenated PFCs improves viability, proliferation, and differentiation of other cell lines and 

stem cells. [263-265] PFCs also improved the metabolic activities of HepG2 cells encapsulated 

in hydrogel and the growth of CP5 bovine chondrocytes in polylactide (PLA) scaffolds [266, 

267]. Fluorinated polymers have been developed to deliver oxygen to cells in scaffolds. [260, 

268] Nevertheless, PFCs were found to have dose-dependent toxic effects on mouse spleen 

cells and higher doses reduced cell viability [269]. In summary, PFCs are able to supply oxygen 
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to cells and adjust oxygen tension in the culture system. No products or work related to clinical 

applications have been reported so far.  

 

4.1.6 Tissue engineering 

Compared with in vitro cell culture systems, lack of oxygen can be much more severe in tissue 

engineering. Due to the large dimension of the constructs and the limited diffusion distance of 

oxygen, even anoxia occurs in the core area of the engineering tissues. PFCs have been 

introduced to tissue engineering to alleviate hypoxia and anoxia. A guideline for preparing 

perfluorocarbon emulsions for biological applications has been proposed, i. e. choose the 

perfluorocarbon with the highest oxygen loading capacity, maximize the perfluorocarbon 

fraction, and use the smallest emulsion droplets. PFCs have been used in tissue engineering in 

different ways, such as perfusion, incorporation into scaffolds or addition to culture medium. 

[17] In 2009, Tan et al. [21] reported that Oxygent perfusion increased epithelial partial oxygen 

tension of tissue-engineered trachea (TET), which improved epithelial metabolism and tended 

to slow cartilage tissue formation without impairing angiogenesis. Moreover, fluorinated 

zeolite has been embedded into polyurethane scaffolds to improve human coronary artery 

smooth muscle cell growth in the scaffold as well as cell infiltration depths into the scaffold. 

[270] It has also been found that oxygenated OxycyteR increases oxygen capacity of culture 

medium and cell activities in the 3D bioartificial device. [22] Recently, it has been reported 

that PFD emulsions improve the viability of transplanted rat islets. [251]  

 

In conclusion, enormous efforts have been made to oxygenate tissues and cells using PFCs in 

various applications. Encouraging experimental results have been obtained in vitro and in 

animal experiments. However, a gap still exists between the development of PFC products and 

the expectation of the realm. Moreover, the side effects caused by PFCs themselves or by the 
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additives in emulsions retard the development of PFC based products. [203, 271, 272]. In 

addition, PFCs are expensive to manufacture and recover [273]. It is also necessary to optimize 

the delivered oxygen amount [274] to avoid over oxygenation [229]. Further work is required 

to get a better understanding of the interaction between the PFC products and biological 

systems, control the oxygen delivery process, find suitable clinical applications, and carry out 

clinical trials wisely.  

 

4.2 Allogeneic red blood cells  

RBCs are responsible for the task of oxygen delivery in animals. Isolated RBCs have been used 

as blood substitute to improve oxygenation. They are the most commonly transfused blood 

compound in clinic. RBCs can be stored for up to 42 days at 2 ℃ in citrate-dextrose-phosphate 

solution normally. [275] RBCs are not biomaterials but are supposed to be the baseline for the 

best oxygen delivery results one can get. Although the first case of RBC transfusion in patients 

was performed in 1964 [276], there are still problems concerning RBC transfusion, such as 

screen of applicable patients and principles for RBC administration. Marik and Corwin [277] 

found that RBC transfusions were associated with increased morbidity and mortality in adult, 

intensive care unit, trauma, and surgical patients after analyzing current data and suggested 

assessing every patent before conducting RBC perfusion. The adverse effects associated with 

RBC transfusion have been reviewed [278] and recommendations about RBC transfusion under 

various circumstances have also been proposed [279]. In 2014, Wilkinson et al. [280] suggested 

that larger patient sample sizes were required to assess the efficiency of RBC perfusion for the 

treatment of specific types of diseases with standardized perfusion procedures.  

 

In summary, RBC perfusion has been used to improve the oxygenation of blood. However, the 

efficacy of RBC perfusion for the treatment of some diseases is not clear based on the current 



65 

 

data. This therapy also has some risks, including the introduction of exogenous blood-borne 

disease, transfusion reaction, and exposure of foreign blood cells [281]. Careful evaluation is 

necessary before transfusing RBCs to patients.  

 

4.3 Stabilized (Artificial) hemoglobin  

Hemoglobin is the basic oxygen delivery vehicle in blood. It is able to bind and release oxygen 

at different oxygen and CO2 concentrations. In 1925, Adair et al. [282] successfully imitated 

the CO2 dissociation curves of blood with a mixture of hemoglobin and sodium bicarbonate, 

which demonstrated the potential of hemoglobin being used without the red corpuscle. 

However, outside RBCs, hemoglobin molecules are easy to dissociate into sub-proteins, which 

cause renal toxicity. Therefore, it is necessary to stabilize hemoglobin. The most commonly 

employed methods for hemoglobin stabilization include using intra-molecular cross-linking to 

stabilize the tetramer [283], initiating intra- and intermolecular polymerization to increase 

molecular size and surface conjugation. Another approach is to encapsulate hemoglobin into 

delivery vehicles (Figure 2.5).  

 

Stabilization of hemoglobin was initiated in 1929 by Haurowitz and Waelsch [284]. The 

performance of polymerized hemoglobin is influenced by different factors, such as molecular 

mass, concentrations of circulated hemoglobin, and temperature. [285-287] The main problems 

with hemoglobin based blood substitutes include oxidative stress and vasoconstriction, which 

causes hypertension and reduces blood supply to tissues. To reduce oxidative stress, 

hemoglobin has been copolymerized with peroxidases or antioxidants. [288, 289] Bäumler et 

al. [38] reported that vasoconstriction can be eliminated by narrowing size distribution (around 

700 nm). PEG surface coating has been found to eliminate macrophage uptake, prolong blood 

circulation and reduce cytotoxicity of hemoglobin [290]. Encapsulated hemoglobin has been 



66 

 

reported to improve the cerebral oxygenation of various species, such as rats, pigs, and 

nonhuman primates, and maintain normal cerebral metabolism. [291-293] Different kinds of 

materials have been employed to encapsulate hemoglobin to improve the performance of 

hemoglobin. Cationic amylose has been used to improve both the stability and oxygen-loading 

capacity of encapsulated hemoglobin. [294] Liposome encapsulated hemoglobin is able to 

maintain systemic oxygen uptake in rabbits and may accelerate wound healing after gastric 

incision and anastomosis in rats. [33, 295] Lumbricus terrestric erythrocruorin (LtEc), a natural 

extracellular hemoglobin, has also been used for oxygen delivery. LtEc also has a low 

autoxidation rate and a limited nitric oxide dioxygenation activity. [296]  

 

Silverman and Weiskopf [297] summarized the existing information on hemoglobin-based 

oxygen carriers, including their characteristics and clinical properties, and addressed the 

serious adverse events observed during clinical trials which did not appear in animal 

experiments. Among the diverse opinions concerning applying hemoglobin-based products as 

oxygen carriers, the prevailing view is that the most substantial challenge is to find appropriate 

applications for the products which have a favorable balance of benefits and risks. So far, only 

one hemoglobin-based product developed by Biopure has been approved in South Africa to 

treat perioperative anemia in clinic. [298] 

 

So far, intensive studies have been conducted to use modified hemoglobin for oxygen delivery 

and encouraging progresses have been achieved in terms of reducing side effects and enhancing 

oxygenating ability of the products. Nevertheless, their application in clinical practice is still 

limited.   
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Figure 2.5. A schematic diagram of hemoglobin encapsulation in liposome. (Liu et al. [299] 

Copyright 2012 with permission from Elsevier) 

 

5. Oxygen-generating agents 

This category mainly refers to peroxyanions, including metal peroxides and hydrogen peroxide. 

Peroxides are often unstable and can decompose to produce molecular oxygen when in contact 

with water. [300] It is possible to control the decomposition rate of metal peroxides by adjusting 

the available amount of water. In this way, they can be used to supply oxygen to cells 

sustainedly with tunable gas release rate. They have been used in agri- and aqua-culture to 

supply oxygen to plants and aquatic animals. [301-303] The main chemical reactions involved 

in the decomposition of peroxides are presented using CP as an example (Equation 1-3). It is 

often neglected that peroxides produce radicals during decomposition and these radicals have 

not been treated well. Under the 5% CO2 atmosphere used in cell culture, the alkaline reaction 

product further reacts to form calcite.  
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Peroxides, including sodium percarbonate ([Na2CO3]2•3H2O2), CP, and H2O2, have been used 

to deliver oxygen to tissues and cells in different applications (Table 2.7), such as in vitro cell 

culture [2, 39, 40] and tissue preservation [39, 304]. Although promising results have been 

obtained, the present methods still need to be improved. Harrison et al. [304] embedded 

[Na2CO3]2•3H2O2 into Poly(d,l-lactide–co–glycolide) (PLGA) films and found that the 

material was able to delay the necrosis process of skin flaps during the first three days in vivo. 

However, there was no difference between the experimental groups and control groups after 

seven days, possibly because the material failed to generate enough oxygen for such a long 

period. CP has been used to supply oxygen to fibroblasts in PLGA scaffold and reported to 

improve cell growth compared with cells cultured under hypoxia (1% O2). However, one of 

the problems was that very high concentrations of expensive catalase (around 106 times that of 

catalase in blood) were required to alleviate the cytotoxicity of H2O2 generated by CP. 

Moreover, the authors did not compare the experimental group with cells cultured under 

normoxic conditions. [2] Pedraza et al. [39] encapsulated CP in silicon rubber plates and 

employed their plates to deliver oxygen to β cells and islets under hypoxia (1% O2). They found 

that the oxygen-release plates improved both the MTT reduction activity and LDH release of 

islets for short time periods. However, LDH release increased ten times for both experimental 

and control groups. Few data beyond two days were presented. With β cell culture, the presence 

of CP improved cell proliferation but the hypoxic control did not show cell death. In addition, 

the PMDS used in their system was not biodegradable, which compromised the in vivo 

applications of the material. Moreover, the size of the material was quite large and its shape 

was inflexible. Another kind of peroxide that has been used to deliver oxygen for tissue 

engineering is H2O2, which has been encapsulated into PLGA microspheres. It enhanced the 

viability of cardiosphere-derived cells (CDCs) under hypoxia (1% O2). Again, high 

concentrations of catalase (at least 2×107 times of that in blood) were used to catalyze the 
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decomposition of H2O2 and minimize its cytotoxicity. [40] Peroxides based oxygen delivery 

has been reviewed and the reader is directed to the following review[305]. More recently, 

Chandra et al. [18] developed a wound dressing using [Na2CO3]2•3H2O2 and CP as the oxygen 

source, probably to use the combined fast and low oxygen-release rates. The authors found that 

the oxygen generating dressing facilitated wound healing using a pig wound model. 

Nevertheless, this article is currently under review, no data can be seen yet. Moreover, they 

used MnCl2 as the catalyst to remove H2O2, but MnCl2 is soluble in water and cytotoxic, 

making it very easy to diffuse out of the system into tissues and kill cells. [306]  

 

Peroxides as oxygen delivery agents have the following advantages, including low prices, easy 

to store, controlled amount of oxygen in their formulas, in situ release of oxygen, adjustable 

oxygen-release rates, and metabolizable byproducts. Nevertheless, one big problem with 

peroxides is the cytotoxicity of H2O2, which exists in all the peroxide-based oxygen delivery 

systems. H2O2 generates radicals, which are very cytotoxic. Very low concentrations of H2O2 

(as low as 0.03 mM) can kill cells. [307, 308] Moreover, peroxides decompose very fast and 

result in burst release of oxygen or hydroxyl ions, which can also kill cells. Therefore, it is 

essential to reduce the decomposition rate of peroxides and minimize the concentration of H2O2. 

So far, there are only two reported in vivo experiments. 
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Table 2.7. Peroxides used for oxygen delivery in tissue engineering 

Peroxides used for tissue 

engineering 

Applications Catalysts 

CaO2 [2, 39] β Cells, rat islets, fibroblasts  No catalysts; Catalase  

H2O2 [40] Cardiosphere-derived cells Catalase 

Na2CO3•1.5 [304] Skin flap preservation No catalysts  

Na2CO3•1.5 and CaO2 [309] Pig dermal wounds MnCl2  

 

2 2 2 2 22 ( )CaO H O Ca OH H O        (1) 

2 2 2 22 2H O H O O         (2) 

2 2 3 2( )Ca OH CO CaCO H O        (3) 

 

In addition to peroxides, researchers also tried to use photosynthetic biomaterials to produce 

oxygen (Figure 2.6). Schenck et al. [310] seeded microalgae Chlamydomonas reinhardtii cells 

into a collagen scaffold. They found that those cells continued to grow during incubation and 

produced oxygen in the presence of white light. They further engrafted the scaffold into a 

mouse full skin defect. The microalgae survived five days and did not cause a native immune 

response in both mouse and zebrafish models. Chimetric tissues were also generated composed 

of algae and murine cells while interesting the requirement for light is clearly an obstacle to 

application.  

 

Oxygen-generating agents are receiving more and more attentions to deliver oxygen to tissues 

and cells, usually as a more practical alternative to HBOT. Although some research work has 

been done, the utilization of oxygen-generating agents in the biomedical field has just started 

and further work is required to improve the oxygen delivery systems. 
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Figure 2.6. Application of peroxides and photosynthetic biomaterials for oxygen delivery. [304, 

310] a: schematic of preparation of H2O2-based oxygen-release particles (Li et al. [40] 

Copyright 2012 with permission from Elsevier); b: tissue necrosis in skin flaps with (POG) and 

without (PLGA) [Na2CO3]2•3H2O2 (1) and the quantified necrosis percentage (2) (Harrison et 

al. [304] Copyright 2007 with permission from Elsevier); c: Photosynthetic materials engrafted 

in vivo (1), no infection or inflammation was observed (2 and 4) and blood vessels were formed 

in the material (3 and 5). (Schenck et al. [310] Copyright 2015 with permission from Elsevier) 

  

6. Other oxygen delivery methods 

6.1 Topical oxygen delivery          

Several products are available or in development for oxygen delivery to wounds (Table 2.8). 

Among these products, different methods are employed to generate oxygen, including water 

electrolysis, precharging with pure oxygen, biochemical reactions, and H2O2 decomposition.  

 

a b 

c 1 2 3 

4 5 

1 

2 
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Epiflo (Ogenix Corp, USA), NATROXTM (Inotec Amd Limited, UK), and TransCu O2
® (EO2 

Concepts®, USA) extract oxygen from air using an electrochemical oxygen concentrator. 

Those devices are activated by a battery and can generate oxygen continuously. [311] Epiflo is 

about 2″x 2.5″x 1″in size and around 100 g in weight. [311] Both Epiflo and NATROXTM 

deliver gaseous oxygen through a thin flexible tube to an oxygen delivery system which is in 

contact with the wound surface. Extra dressings that absorb fluids may be required. The cost is 

normally below $1,000 per patient using NATROXTM as indicated on their website [312]. None 

of the three types of devices can be reused. Among these devices, Epiflo is the most studied 

oxygen generator. [19, 313, 314] It has been reported to promote the healing of sickle cell 

ulcers [314], warfarin induced skin necrosis [315], and chronic wounds [316] but not in the 

wound following cardiac surgery or in dermal wounds on health horse [317, 318].  

 

Another commercial product, OxyBand (OxyBand Technologies, Inc. USA), delivers prefilled 

pure oxygen to wound sites through dressing. [319] OxyBand uses a barrier layer to load 

oxygen and allows oxygen to diffuse to the wound through a permeable porous layer and can 

sustain oxygen delivery for 5 d. This dressing has been reported to accelerate the healing of 

burn wounds in humans and reduce pain scores as well. [319] OxygeneSysTM from Halyard 

Health (USA) has also been used to deliver dissolved oxygen directly to the treatment site via 

wound dressing. It has a closed cell foam matrix enriched by pre-filled oxygen and sustains 48 

h. [320] New research showed that OxygeneSysTM reduced inflammation and necrosis in pig 

skin flaps compared with flaps treated with normal hydrogel dressing. [320] OxyzymeTM 

(Insense Ltd, UK) is a hydrogel dressing incorporating a biochemical system which increases 

the dissolved oxygen concentration at the wound surface. It consists of two separate 

components which must be applied together to activate the biochemical process. The two gel 

sheets are presented in individual aluminium foil laminate pouches. The first gel containing 

https://www.google.com/search?tbo=p&tbm=pts&hl=en&q=inassignee:%22Inotec+Amd+Limited%22
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glucose and iodide ions is placed directly upon the wound surface. The second gel contains 

glucose oxidase, which catalyzes the oxidation of (beta)-D-glucose to D-gluconic acid and 

hydrogen peroxide. Hydrogen peroxide oxidizes iodide ions thereby liberating oxygen. [321] 

The dressing is typically changed every 2-3 d. The product is considered safe for patients [321, 

322], has been reported to promote the healing of ulcers, and is more cost effective compared 

with standard care. [28, 323] DermoxTM (Med-e-Cell, USA) is a topical oxygen wound 

treatment device. It can maintain oxygen-rich or oxygen-depleted micro-environments over the 

wound electrochemically (Med-e-Cell) and generate a time-dependent oxygen concentration 

profile. However, DermoxTM is still under early stage preclinical testing. In 2014, Ochoa et al. 

[324] developed an oxygen generating film consisting of parchment paper, MnO2 catalyst and 

PDMS microfluidic network. They circulated H2O2 into the network and generated oxygen 

through H2O2. This system could be used for wound healing in certain circumstances.  

 

These topical oxygen delivery systems all produce oxygen and are mostly only used for wound 

healing treatment. Nevertheless, none of them are implantable, and the majority of them are 

single use and expensive. Compared with the electrical devices, the dressing systems are more 

convenient to apply, but it is difficult to control oxygen-release rates for the dressing systems. 

In fact, these systems are derived from HBOT while no clear evidence can support that HBOT 

promotes wound healing. These systems have not proven to surpass HBOT. [325] Moreover, 

delivering oxygen by surface flushing is not effective at penetrating skin. [317] Therefore, more 

studies are required to evaluate the efficiency of these products. [326, 327]   
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Table 2.8. Topical oxygen delivery products on the market 

Name Manufacturer  Working 

principle 

Regulatory status 

Epiflo Ogenix Corp, USA Electrolysis FDA approved [311] 

NATROXTM  Inotec Amd Limited, UK Electrolysis Approved in Europe [328] 

TransCu O2
® EO2 Concepts®, USA Electrolysis FDA approved [329] 

OxyBand  OxyBand Technologies, 

Inc. USA 

Prefilled 

oxygen 

Clinical trials [330] 

OxygeneSysT

M 

Halyard Health, USA Prefilled 

oxygen 

Pre-clinical study [331] 

OxyzymeTM Insense Ltd, UK [332] Biochemical  

reactions 

Approved in UK [312] 

DermoxTM Med-e-Cell, USA Electrolysis Early stage on rat [333] 

 

6.2 Persufflation 

Persufflation refers to the use of gaseous oxygen to flush the tissues via arteries or veins to 

alleviate or eliminate hypoxia. It was first reported by Rudolf Magnus in 1902 when he found 

that a cat heart continued to beat when it was perfused by gaseous oxygen. [334] So far, 

persufflation has been employed to preserve hearts [335-339], kidneys [26, 32, 340], livers 

[341-344], pancreas [345, 346] and small intestines [347]. Encouraging positive experimental 

results have been reported for the preservation of those organs and tissues. There are two types 

of persufflation: anterograde persufflation and retrograde persufflation. Anterograde 

persufflation follows the physiologic flow path while retrograde persufflation introduces gas 

to the organs and tissues from the opposite direction of physiological flow. It has been 

suggested that each kind of persufflation may be suitable for different organs and tissues. [348] 

For example, it is better to oxygenate the coronary with anterograde persufflation to preserve 

hearts, while for the preservation of kidneys and livers retrograde persufflation should be 

employed. [348]  

https://www.google.com/search?tbo=p&tbm=pts&hl=en&q=inassignee:%22Inotec+Amd+Limited%22
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Persufflation has been reported to preserve hearts for up to 14.5 h [349]. Mownah et al. [20] 

recently reported that porcine hearts preserved by persufflation during cold storage had a better 

chance to functionally recover compared with hearts preserved by static cold preservation. 

Isselhard et al. [350] investigated the metabolic activities of canine kidneys persufflated with 

pure oxygen and found a very small deviation of metabolic activities from the regular status. 

The decrease rate of ATP level in kidneys was greatly reduced. The ATP level of kidneys 

stored at 6 ℃ under anaerobic ischemia (no perfusion) decreased 50% within 30 min, whereas 

it took 48 hours for kidneys preserved at 6 ℃ by persufflation to reach similar ATP levels. 

Treckmann et al. [26] compared the preservation results of porcine kidneys using static cold 

storage, machine perfusion and persufflation. They found that persufflation preservation 

resulted in a higher seven-day survival rate, faster functional recovery and better preserved 

tissue architecture after transplantation compared with the other two methods. Minor et al. [351] 

tried to preserve rat livers at 4 ℃ with the assistance of venous oxygen persufflation for 24 

hours. They found that oxygen persufflation resulted in better preserved mitochondria and 

sinusoidal endothelial lining compared with static cold preservation. Moreover, persufflation 

has been reported to be superior to TLM, static cold preservation, and hypothermic perfusion 

for the preservation of the pancreas in terms of tissue integrity, in vitro function and islets 

yielding. [352, 353] Persufflation has also been reported to increase ATP levels in the pancreas 

[354]. More information about persufflation in organ preservation can be found in a review 

written by Suszynski et al. [355] In spite of these efforts made by researchers, persufflation is 

still limited to animal experiments. 

 

Persufflation has been used in combination with cold storage to preserve various tissues, such 

as porcine hearts, canine kidneys, porcine kidneys and rat livers, and encouraging results have 
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been obtained. In general, persufflation has a better oxygenation effect than other preservation 

methods and results in improved tissue integrity, better functionality, higher levels of ATP, and 

enhanced post transplantation survival rates. However, the barrier to use persufflation in 

humans is an embolism. This method also has some inherent disadvantages. For example, it 

can neither provide nutrients to the cells nor remove non-gaseous metabolic wastes, and is 

therefore not able to preserve tissues for long time. Moreover, persufflation causes 

embolization after transplantation. Interestingly, no hyperoxia toxicity caused by persufflation 

has been reported while 95% O2 induces inflammatory lung injuries and lung cell apoptosis in 

rats. [356] 

 

6.3 Peritoneal oxygenation 

Oxygenation of the peritoneal cavity utilizes the peritoneum’s large surface area and high 

vascularity as a gas exchanger to replace the role of lung. Intraperitoneal oxygenation has been 

attempted using oxygen since 1970 [357]. Faithfull et al. [358] circulated 20% Fluosol-DA to 

deliver oxygen to rabbits by peritoneal perfusion. They found that the product increased oxygen 

tension and decreased CO2 tension in arteries. Feshitan et al. [359] developed oxygen 

microbubbles (OMBs) coated with phospholipid and injected the OMBs into the intraperitoneal 

space of rats. This method enabled all the rats with acute lung trauma to survive at least two 

hours and kept the hemoglobin saturation and heart rate at normal levels during that timeframe. 

Peritoneal oxygenation improves short-term oxygenation of the body to replace lung function. 

The application of peritoneal oxygenation on humans has not been reported yet.  

 

7. Metabolic waste removal 

Although supplying oxygen prevents hypoxia, another crucial role of the blood is the removal 

of metabolic wastes. Accumulated wastes such as lactic acid, CO2, and nitrogen wastes, change 
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local pH and ion concentrations, alter cell activities, and can ultimately kill cells in tissues and 

organs. (Table 2.9) Nitrogen wastes, including ammonia, urea, creatinine, uric acid, and 

indoxyl sulfate, are important toxic wastes. Among them, ammonia is the most toxic substance 

[360] and can even be lethal. [361] It induces inflammation and brain edema, poisons neurons, 

and causes metabolic disorders, which can kill cells. [362-365] It can also change pH in cells, 

interrupt energy metabolism, and damage organs. [361, 366] Urea and creatinine have been 

reported to reduce survival time of anephric rats. [367] Increased creatinine in old patients with 

breast cancer induces fever and neutropenia toxicity. [368] Uric acid concentration in serum 

related to mortality from cardiovascular diseases and ischemic heart disease in women. [369, 

370] Uric acid is also related to hypertension, coronary heart disease, cardiovascular diseases, 

and renal diseases. [371-374] More information about nitrogen toxins can be found in the 

following reviews. [375, 376] In vitro experiments show that lactic acid impairs T cell function 

and changes proliferation and differentiation behaviors of osteoblasts. [377, 378] Elevated CO2 

levels increase respiratory minute volume, arterial pressure, and heart rate. [379]     
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Table 2.9. Cytotoxicity of various metabolite wastes 

 Cytotoxicity Serum 

concentrations 

Removal approaches 

Ammonia Inflammation, brain edema, 

neuron poison, oxidative stress, 

cell death, liver and renal 

pathology [361-366] 

0.039-0.09 

mg/dL [380] 

Liver, kidney, activated 

carbon, zeolite, and renal 

tubule cell assist device  

[381-384] 

Urea Reduced viability of anephric 

rats [367] 

20-45 mg/dL 

[385] 

Kidney, cell therapy, 

dialysis, and activated 

charcoal [386, 387] 

Uric acid Coronary heart disease, 

hypertension, cardiovascular 

disease, renal diseases [369-

374] 

5.4-6.7 mg/dL 

[388] 

Activated charcoal, and 

dialysis [389, 390] 

Creatinine Fever, neutropenia toxicity 

[368] 

0.9 ± 0.1 mg/dL 

[391] 

Kidney, activated charcoal, 

and dialysis [390, 392] 

Indoxyl 

sulfate 

endothelial dysfunction, 

oxidative stress, cardiac 

fibrosis, kill cells [393-398] 

2.9 ± 2.0 mg/dL 

[399] 

 

Kidney, carbon, and dialysis 

[400-402] 

Lactic acid Impairs tumor immunogenicity, 

change cardiac output [377, 

378, 403] 

3.3 ± 1.9 mg/dL 

[404] 

Biocarbonate, dialysis, and 

administration of base [405] 

CO2 Increase respiratory minute 

volume, arterial pressure and 

heart rate [379] 

 Lung and blood [406] 

 

The most common way to remove waste in in vitro is simply by changing the culture medium 

or using sufficiently high volumes of culture medium so that toxic levels of wastes will not be 

reached. In high-density cell culture, perfusion is normally used to remove metabolic wastes 

and products. [407] Zeolites are molecular sieves with good cationic absorbent properties, 

http://cjasn.asnjournals.org/content/6/1/30.short
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especially for ammonia [408, 409]. They have been used to remove ammonia wastes in high-

density cell culture and reduce the concentration of ammonia to the safe range. [410]  

 

Activated carbon has been used to remove nitrogen wastes from blood and rat intestine [411, 

412]. Encapsulated activated charcoal has been used to replace some of the kidney’s function 

to remove nitrogen metabolites and has been found to improve the kidney function of rats with 

chronic renal failure. [387, 390] Microencapsulated genetically transfected cells have also been 

used to remove urea and successfully reduced plasma urea levels in uremic rats by oral 

administration. [386, 413] Researchers have found that incorporation of renal tubule cells into 

filtering fibers improves ammonia excretion in uremic dogs. [414] In clinic, activated carbon 

has been used in hemodialysis as an absorbent to remove toxins in patients. [415] An oral 

adsorbent (AST-120) made of porous carbon has been used to remove nitrogen toxins from 

patients with chronic kidney disease. [400, 416, 417]  

 

Dialysis, which uses semi-permeable membranes to remove metabolic waste (small molecules 

and ions) from blood, has been used in clinic since 1950s. [418, 419] The reader is directed the 

following literature for more information. [419-421] 

 

PFCs can be used to remove CO2 since CO2 is highly soluble (can be more than 160 % v/v) in 

PFCs. [422] Metal peroxides can also remove acidic wastes, such as lactic acid and CO2, as 

they generate alkaline byproducts during decomposition and might reasonably be expected to 

form calcium salts of acidic metabolites. [300]. Another approach is to induce new blood 

vessels in the engineered tissues or use porous scaffolds so that local metabolic wastes can be 

easily removed from tissues and cells. [42, 423, 424]  
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The problem with perfusion is that it exerts shear stresses onto cells, which can kill cells. 

Zeolites and activated carbon can remove ammonia without killing cells but absorb valuable 

bioproducts at the same time. [425] PFCs can remove CO2 but cannot remove other wastes. 

Metal peroxides are able to neutralize acidic products but decompose very fast, and the 

resulting hydroxides can over neutralize lactic acid and CO2. Therefore, it is necessary to 

control the decomposition rates of peroxides. As to the dialysis, it is very expensive. Patients 

normally cannot afford to use dialysis for a long time, although it is unavoidable in most cases. 

The life quality of patients is greatly reduced due to the frequent and time-consuming dialysis. 

Long-term dialysis can also cause lethal infective endocarditis. [426] AST-120 delays the 

initiation of dialysis in patients but does not guarantee improved survival rates after dialysis. 

[400] For the removal of accumulated lactic acid, different ways of base administration have 

been used. Nevertheless, the beneficial effects of base administration have not been confirmed 

yet. [405] 

 

In summary, although different approaches have been explored to remove metabolic wastes 

from cells and tissues, they are either expensive, non-effective, or non-confirmative.  

 

8. Conclusions and work to do 

A variety of approaches have been developed to deliver oxygen to tissues and cells. Various 

materials and methods have been used for oxygen delivery, such as HBOT, BNOT, PFCs, 

artificial hemoglobin, RBCs, peroxides, topical oxygen-release devices, persufflation of 

gaseous oxygen, and peritoneal oxygenation. Nevertheless, the results are not very satisfactory. 

These approaches either cannot get approved in clinic, have no conclusive positive effects, 

cause oxidative toxicity, or are expensive and have limited availability. Developing a product 

with controlled oxygen-release rate, acceptable cost, and minimal side effects is necessary. 
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More efforts should be made to determine the appropriate applications for each kind of method. 

There is also a gap between the oxygen requirement of different kinds of tissues and the 

oxygen-release behavior of various oxygen delivery methods.  

 

Among the different approaches, HBOT has been used in clinic and showed beneficial effects 

on several diseases. However, HBOT requires special devices, has limited availability, needs 

specially trained operators, and has the risk of oxidative toxicity. Therefore, more research is 

required to evaluate its efficacy over other treatments. NBOT is more convenient to perform 

compared with HBOT and has proven to be beneficial for early brain ischemia and stroke, but 

it is not suitable for long-term use. Intensive efforts have been made to use PFCs for oxygen 

delivery, ranging from liquid ventilation to blood substitute to organ preservation to tissue 

engineering. Nevertheless, very limited success has been obtained in clinic so far. More work 

is required to find suitable applications for the PFC products, reduce side effects, and avoid 

over oxygenation. RBC transfusion has been used in clinic to improve oxygenation, but its 

positive influence on patients with certain types of diseases is still inconclusive. It also 

possesses risks including introduction of exogenous blood-borne disease, transfusion reaction, 

and exposure of foreign cells. Artificial hemoglobin has also been intensively studied but again 

with little success in clinic. One of the main problems with artificial hemoglobin is side effects. 

Oxygen generating peroxides are receiving more and more attentions in recent years, but the 

current systems are still immature, more work is required to push forward towards clinical 

applications instead of a proof of concept. Several products for topical oxygen therapy are 

available on the market, but they are expensive, single-use and non-infective. Persufflation of 

gaseous oxygen can oxygenate tissues and organs more effectively compared with other 

methods, however, it can only work in a short term since it can neither supply nutrients to the 
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cells nor remove wastes from the cells. Peritoneal oxygenation is only suitable for short-term 

use as well.  

 

Metabolic wastes can cause serious damages to tissues and organs and can even be lethal. 

Although some achievements have been obtained by removing metabolic wastes with 

extracorporeal devices, with dialysis as the most important example, not much work has been 

done to remove the wastes with biomaterials either in vitro or in vivo.  

 

We find a phenomenon that exists in every oxygen deliver method, i.e. many clinical trials 

cannot be used to estimate the positive effects on the investigated topics due to the defects in 

the experimental design. This is a waste of resources, including time, money, and human efforts. 

We argue that researchers and surgeons should work together closely so that the experiments 

could be designed and conducted properly and that valuable clinical data could be generated.   
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Preface   

As described in Chapter 1, the current methods for oxygen delivery have various drawbacks, 

such as side effects, oxidative toxicities, high costs, restricted availabilities of equipment, and 

limited penetration depths through the skin. Peroxides have been used to oxygenate tissues and 

cells, but the current systems either use toxic catalysts, require extremely high concentrations 

of catalase, or cannot be cultured with cells at a close distance. In this work a biodegradable 

oxygen delivery system that was capable of supporting cell growth under anoxia was developed. 

The oxygen delivery system maintained a normal growth rate of human primary fibroblasts 

and Madin-Darby canine kidney (MDCK) cells under anoxia, protected human primary 

fibroblasts from apoptosis and necrosis caused by anoxia, and greatly reduced the expression 

level of hypoxia related genes in human primary fibroblasts under anoxia. In addition, the 

oxygen-release material could encapsulate MDCK cells and sustained cell growth in vivo.  

 

Abstract 

A biodegradable oxygen delivery material system (ODS) was prepared using calcium peroxide 

(CP) as the oxygen-generating agent, and hydrophobic biopolymers and alginate hydrogel to 

adjust the oxygen-release rate. Removal of cytotoxic H2O2 was achieved using manganese 

https://exchange.mcgill.ca/owa/?ae=Item&t=IPM.Note&id=RgAAAADrIsxnoN%2bZSrqCc3Zl%2bZ3qBwA68iFIaVOpRoPim%2flR2B5WAKi61xrCAACly0CnXpfxSp3nDA07u%2fYhAAAABp6IAAAJ
http://micro.magnet.fsu.edu/primer/techniques/fluorescence/gallery/cells/mdck/mdckcells.html
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dioxide (MnO2) or iron (II, III) oxide (Fe3O4) catalysts. The oxygen delivery capacity and 

biocompatibility of ODS were evaluated with human primary fibroblasts and the very O2 

sensitive Madin-Darby canine kidney (MDCK) cells under anoxia. The ODS surprisingly 

maintained the viability of primary fibroblasts whereas the cells gradually died under anoxia. 

Furthermore, the ODS restored the activity and functionality of the cells to a normal level. The 

normal expression level of the gene associated with the glycolysis was maintained while a great 

reduction in the expression level of the apoptosis and angiogenesis related genes was observed. 

The ODS was further developed into a self-oxygenating scaffold (SOS) that supported the 

viability of encapsulated MDCK cells under anoxia. Furthermore, it was found that the SOS 

supported cell growth and promoted vascularization in the scaffold after subcutaneous 

implantation. Here, we developed a biodegradable oxygen delivery system with controlled 

oxygen-release rate and successfully rescued O2 sensitive cells under anoxia and sustained cell 

growth in vivo. 

   

Keywords: oxygen delivery, peroxide, anoxic culture, primary human fibroblast, Madin-

Darby canine kidney, cell transplantation, vascularization 

 

1. Introduction 

Oxygen (O2) is essential for mammalian cells and tissues in terms of cell proliferation and 

differentiation, gene expression, and molecular modulations. [1, 427] In tissue engineering, 

hypoxia often occurs because of the extremely low solubility of oxygen in the culture medium 

and the limited effective diffusion distance of oxygen inside the constructs. Consequently, 

oxygen is insufficient in the deeper area of a three dimensional (3D) tissue construct especially 

for tissues with large sizes or containing highly metabolically active cells. As a result, cell 

apoptosis and necrosis were induced due to the lack of oxygen. Furthermore, during wound 

http://www.ncbi.nlm.nih.gov/pubmed/9874698
http://www.ncbi.nlm.nih.gov/pubmed/9874698
http://www.ncbi.nlm.nih.gov/pubmed/9874698
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healing, the blood vessels are usually impaired, leading to a low or no blood supply to tissues. 

Being one of the major obstacles for the development of tissue engineering and wound healing, 

oxygen shortage could be alleviated with oxygen therapy. [428]  

 

So far, mainly two strategies have been employed to deliver oxygen to tissues and cells. The 

first one aims to decrease the oxygen diffusion distance to cells with a bioreactor [429], by 

promoting angiogenesis [34], and by using a porous scaffold [430]. The second one focuses on 

increasing oxygen concentration surrounding the cells and tissues, with hyperbaric oxygen 

therapy [76], oxygenated perfluorocarbons (PFCs) [197], artificial haemoglobin [431] and 

oxygen generating agents [39]. Although bioreactors alleviate hypoxia by perfusing 

oxygenated culture medium through the scaffold, the perfusion exerts lethal shear stresses to 

the cells. The angiogenesis method induces formation of new blood vessels using growth 

factors and cells, nevertheless this approach is time consuming. [432, 433] Hyperbaric oxygen 

therapy, which is usually performed in sealed tanks, uses compressed oxygen to oxygenate 

tissues and obviously requires special equipment, and may cause systematic oxygen toxicity. 

[434] PFCs have long been used as oxygen delivery agents. They are chemically and 

biologically inert and have an exceptional oxygen loading capability, making them good 

candidates to serve as oxygen delivery vehicles for tissues and cells. Nevertheless, being highly 

dense, they will settle down to the bottom during culture and some side effects could occur 

[197]. Artificial haemoglobin has also been used to supply oxygen to tissues and cells. 

Nevertheless, their instability in the blood circulation requires their surface to be modified and 

this leads to adverse effects on the cells [431]. Another approach for oxygen delivery is to use 

oxygen-generating peroxides. Peroxides spontaneously decompose in water into oxygen. 

Several peroxides including hydrogen peroxide (H2O2) [435], sodium percarbonate 

(Na2CO3•1.5 H2O2) [304] and especially calcium peroxide (CP) [2] have been employed to 
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supply oxygen to the cells and the tissues. [436, 437]  A major disadvantage is that they usually 

decompose very fast. In addition to the prevention of a sustainable oxygen supply, a fast 

decomposition rate causes accumulation of cytotoxic H2O2 in the culture medium. CP has a 

relatively low decomposition rate because of its low solubility in water and the re-precipitation 

of Ca(OH)2 by-product onto the surface of CP, and thus is a good candidate for oxygen delivery. 

[2, 39, 438] Previous work using CP as oxygen delivery materials only rescued cells partially 

[2, 39, 304]. Additionally a well-controlled oxygen release from CP in a biodegradable scaffold 

has rarely been achieved in tissue engineering. [2, 304] The use of biodegradable materials in 

vivo is of emotional, financial and clinical interests for the patient as well as for the society 

where a second surgery could be avoided.  

 

We developed a biodegradable in situ ODS with a tuneable oxygen-release rate to oxygenate 

the tissues and cells sustainably. CP powders were chosen as the oxygen generating agent and 

polycaprolactone (PCL) or poly(lactide-co-glycolide) (PLGA) and alginate hydrogel to control 

the oxygen-release rate. PCL and PLGA have already been approved by US Food and Drug 

Administration (FDA) and their hydrophobic characteristic slows down the decomposition rate 

of CP. Furthermore, PCL and PLGA reduce the surface area of CP powders as well, which 

further inhibits CP decomposition. In addition to limiting the amount of water available to CP, 

alginate hydrogel prevents the generation of oxygen bubbles in culture medium, which kill 

cells and cause blood clotting in vivo [439], and serves as a barrier to oxygen, avoiding burst 

release of oxygen towards cells. [440] Since the direct decomposition product of CP is the 

cytotoxic H2O2 [441], a catalyst (MnO2 or Fe3O4) has been introduced in the ODS. The ODS 

is either presented as i) a sandwich-structured chunk with an oxygen-release slab in the middle, 

or ii) a self-oxygenating scaffold (SOS) consisting of oxygen-release microparticles and 

hydrogel.  
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Fibroblasts, existing in many organs and tissues, are very common cells and have been widely 

used as the reference in tissue engineering. In addition, they play an important role during 

wound healing by inducing angiogenesis, initiating anti-infection events, and taking part into 

the regeneration of tissues. Here human primary fibroblasts were chosen as the model to 

evaluate the material’s ability to rescue cells under severe hypoxic circumstances (anoxia). The 

more oxygen sensitive Madin-Darby canine kidney (MDCK) cells, were then employed to 

further demonstrate the oxygen-release capability of the ODS. MDCK cells were successfully 

encapsulated within the SOS and the effects of oxygen delivery on cell growth evaluated in 

vivo.  In summary, we successfully invented a biodegradable in situ ODS that sustainably 

supplied oxygen to cells and tissues with adjustable gas release rates.  

 

2. Materials and methods 

2.1 Preparation of sandwich-structured slab   

CP-PCL slabs were prepared by mixing CP powders (Sigma, USA) with PCL (Mw 70,000-

90,000, Sigma, USA) in chloroform (with fixed CP to PCL ratio) first. Then, a certain amount 

of CP-PCL mixture was added into a round foil mold with a diameter of 2 cm. Finally CP-PCL 

slabs would be obtained after the evaporation of chloroform in a fume hood at room 

temperature. Likewise, CP-MnO2-PCL composites were prepared with the addition of a certain 

amount of MnO2 (Fisher Scientific, Canada) into the mixture. 

 

The sandwich-structured oxygen-release material was prepared according to Figure 3.1. 0.5 

mL 1% sodium alginate (FMC BioPolymer, Philadelphia, USA) solution was used to prepare 

the first piece of hydrogel by spreading the solution onto a piece of filter paper wetted by 0.1 

M CaCl2 (Fisher Scientific, Canada); then CP powders or the material composites containing 

CP were put onto the prepared hydrogel; subsequently, another piece of alginate hydrogel was 

http://www.ncbi.nlm.nih.gov/pubmed/9874698
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made from 0.5 mL 3% sodium alginate solution similarly and put on top of the composite; in 

the end, the two pieces of alginate hydrogel were cross-linked by 1 M CaCl2  for 5 min to form 

an intact structure.  

 

 

 

 

 

Figure 3.1. Preparation of the sandwich-structured material. 

 

2.2 Preparation of oxygen-release microparticles   

Oxygen-release microparticles (CP-Fe3O4-PLGA, weight ratio 1:10:10) were prepared using a 

phase separation method [442] in the absence of H2O. CP powders and Fe3O4  (Aldrich, USA) 

were first mixed in PLGA (50/50, Mw 28,000, Advanced Polymer Materials Inc, Canada) 

solution in chloroform, then the suspension was added into glycerol (Fisher Scientific, Canada) 

with 1 % w/v polyvinyl alcohol (Mw 89,000-98,000, Aldrich, USA) (PVA) and stirred for 10 

min at room temperature. When the particles became dry in a fume hood, the CP-Fe3O4-PLGA 

microspheres were collected by centrifuging the suspension at 4000 rpm, washed with alcohol 

three times, and dried at room temperature.  

 

The morphology as well as the microstructure of the microparticles was examined under a 

scanning electron microscope (FE-SEM, FEI Inspect F-50, USA). Potassium iodide (KI, Fisher 

Scientific, Canada) and starch solution (Fisher Scientific, Canada) was used to detect H2O2 in 

the system and the solution became blue in the presence of H2O2. 

 



89 

 

2.3 Oxygen-release behaviors of the materials 

To investigate the effect of PCL, MnO2 and alginate hydrogel on oxygen-release behaviors of 

the material, oxygen release from the sandwich-structured slab was recorded using a bench 

pH/Ion meter (pH2100, Oakton, USA) and a Clark type micro-oxygen electrode (MI-730, 

Microelectrodes, Inc. USA) in a sealed reactor. At the beginning, 110 mL deionized H2O was 

added into the flask and flushed by N2 from the bottom until almost all of the oxygen was 

removed (the meter reading became stable). Then, the oxygen-release material was put into 

flask and the reactor sealed. The composition of oxygen-release materials was listed in Table 

3.1. Accumulated oxygen concentration in H2O was recorded every 15 min for 24 h. The 

measurement for each sample was repeated three times.  

 

Table 3.1. Material composition 

 CP (wt %) PCL (wt %) MnO2 (wt %) Weight (mg) 

CP-PCL 25 75 0 45.3±3.49 

CP-MnO2-PCL 12.5 37.5 50 89.6±4.81 

 

2.4 In vitro cell culture  

Human primary fibroblasts (derived from foreskins after written informed consent which was 

approved by the Centre Hospitalier Universitaire de Quebec (CHUQ)'s Ethics Committee) 

were used to evaluate the ability of the oxygen-release material to support cell metabolic 

activities under anoxia. Fibroblasts were seeded in 6-well plate wells, which had been separated 

through cutting, with a density of 1.5×105 cells/well and left to attach to the wells overnight. 

Then the oxygen-release material was added into the well in insert with the 1% hydrogel side 

facing towards cells and the culture medium replaced by the one that had been pre-degased in 

N2/CO2 (10% CO2) (buffered N2) for 20 h. The process was carried out in the biological sage 

cabinet by putting the individual wells into a 50 mL jar which had been flushed by buffered N2 
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beforehand and sealed with a rubber stopper. The jar was flushed by a balloon filled with 

buffered N2 in the cabinet during operation. Cells were cultured under anoxia by putting the 

jars in a desiccator with grounded joint at 37 ℃. The desiccator was constantly flushed by 

buffered N2 at a flow rate of 200 mL/min and the culture time was up to 4 d. Dulbecco's 

Modified Eagle Medium (DMEM) supplemented with 10% FBS and 1% penicillin-

streptomycin was used for cell culture. Normoxia culture was carried out in a normal cell 

incubator with 20% O2 and 5% CO2 at 37 ℃. MDCK cells were cultured in a similar way at a 

density of 1.0×104 cells/well for up to 6 h. Two kinds of ODS, CP-hydrogel and CP-MnO2-

PCL-hydrogel, were used for MDCK cell culture.     

 

Fibroblast viability was estimated through Alamar Blue staining (Invitrogen, USA). Alamar 

Blue is non-toxic to cells and generates fluorescent signals upon reduction by live cells. All the 

samples were stained before the experiments started and when the experiments were finished. 

Cells were washed with fresh culture medium three times before being stained; then 1 mL of 

Alamar Blue working solution was added to each well and incubated for 3 h under 5% CO2 

and 37 ℃; finally the solution was collected and measured on a plate reader (Spectramax M2E 

Microplate reader, Molecular Devices, USA) with an exciting wavelength of 540 nm and 

emission wavelength of 585 nm. Each sample was read three times by the plate reader and the 

average value was used. Cell viability was expressed as the percentage of the readings before 

experiments. Each experiment was repeated triplicate.   

 

Alternatively, fibroblast viability was also examined by trypan blue staining (Gibco, USA). 

Trypan blue enters cells with compromised membranes and stains the nuclei of cells dark blue. 

Cells were washed with PBS twice after the removal of culture medium. Subsequently the cells 

were stained with 1% trypan blue in PBS and observed under a microscope (Leica DMIL, Leica, 

http://www.lifetechnologies.com/us/en/home/life-science/cell-culture/mammalian-cell-culture/classical-media/dmem.html
http://www.lifetechnologies.com/us/en/home/life-science/cell-culture/mammalian-cell-culture/classical-media/dmem.html
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Germany). The images were recorded using a digital camera (QICAM Fast 1394, QImaging, 

Canada). Another set of cells were used to quantify the cell viability. Firstly the culture medium 

was removed and cells were washed with PBS. Both the culture medium and PBS was collected. 

Successively the cells were detached by 0.25% Trypsin-EDTA, which would be counteracted 

with culture medium containing 10% FBS. Afterwards the cell suspension was centrifuged, 

together with the collected culture medium and PBS at the beginning, for 5 min at 1500 

rpm/min. Next the supernatant was discarded and cells were re-suspended in PBS. Finally the 

cells were stained with trypan blue and counted with a hemacytometer [443]. Each sample was 

repeated three times. The viability of MDCK cells was also examined following the same 

method. 

 

Cell viability was further observed through a fluorescent microscope (Imager.M2, Zeiss, 

Germany) after being stained by the live/dead assay. The live/dead assay (life science, USA) 

employs Calcein AM to stain live cells green and Ethidium homodimer-1 to stain the nuclei of 

dead cells red.  

 

The apoptosis of fibroblasts was examined by a terminal deoxynucleotidyl transferees (TdT)-

mediated dUTP nick end labeling (TUNEL) kit (GenScript, USA). TUNEL stains cells with 

impaired DNAs. Cells were seeded onto a glass coverslip in 6-well plate wells with a density 

of 1.5×105 cells/well and subsequently stained according to the provided instruction. 

Afterwards the slides were examined under a microscope (Leica DM4000B, Leica, Germany) 

and photographed by a digital camera (Retiga 2000R Fast, QImaging, Canada). The ratio of 

apoptosis cells was estimated by counting both the stained and unstained cells. Three random 

view fields were counted for each sample.   

 

https://en.wikipedia.org/wiki/Ethidium
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The proliferation behaviors of fibroblasts were assessed using a BrdU Immunohistochemistry 

Kit (Abcam, Canada), which stains cells that synthesize new DNA, i. e. cells that are mitotically 

active in S phase. Cells were seeded onto glass coverslips with the same method with TUNEL 

and stained following the given protocol at designed time points. The samples were then 

examined under a microscope (Leica DM4000B, Leica, Germany) and photographed by a 

digital camera (Retiga 2000R Fast, QImaging, Canada). The ratio of dividing cells was 

estimated by counting both the stained and unstained cells. Three view fields were counted for 

each sample. 

 

q-PCR was performed to investigate gene expression of the fibroblasts cultured under different 

conditions. The expression of genes related to glycolysis, apoptosis and angiogenesis, which 

were glucose transporter 1 (GLUT 1), Bcl-2/adenovirus E1B 19kD-interacting protein 3 

(BNIP3) and vascular endothelial growth factor (VEGF), respectively, was inspected. Beta-2-

microglobulin (B2M) was chosen as the house-keeping gene, which has been shown to have a 

stable expression level under the hypoxic environment. [444] RNA isolation was performed 

using the RNeasy Mini Kit (Qiagen) following the instructed procedures. Successively, cDNA 

was prepared through reverse transcription using a High Capacity cDNA Reverse Transcription 

Kit (Applied Biosystems, USA). In the end, q-PCR was carried out on a real time PCR machine 

(7500 Real Time PCR System, Applied Biosystems, USA) with the DNA being labeled by 

Sybr green (Power SYBR Green PCR Master Mix, Applied Biosystems, USA). Primer 

sequences for the genes were listed in Table 3.2. Three replicates were performed and triple 

measurements done for each sample. Cells cultured under normoxia were set as the standard 

during analysis. The average value was used.   
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Table 3.2. Primer sequences of the genes 

 Forward Reverse 

GLUT 

1[445] 

5’-CAA CTG GAC CTC AAA 

TTT CAT TGT GGG-3’ 

5’-CGG GTG TCT TAT CAC TTT GGC 

TGG-3’ 

BNIP3[446] 
5’-CTG AAA CAG ATA CCC 

ATA GCA TT-3’ 
5’-CCG ACT TGA CCA ATC CCA-3’ 

VEGF[445] 
5’-CAG CGC AGC TAC TGC 

CAT CCA ATC GAG A-3’ 

5’-GCT TGT CAC ATC TGC AAG TAC 

GTT CGT TTA-3’ 

B2M[447] 
5’-AGGCTATCCAGC                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                       

GTACTCCA-3’ 
5’-CCAGTCCTTGCTGAAAGACA-3’ 

  

Reactive oxygen species (ROS) produced by MDCK cells were measured using a DCFDA-

Cellular Reactive Oxygen Species Detection Assay Kit (Abcam, Canada) following the 

instruction. The cells were seeded in 6-well plate wells at a density of 1.0×104 cells/well and 

left to attach to wells overnight. Then the cells were labeled with DCFDA for 45 min. 

Afterwards the cells were cultured under different conditions. In the end, the culture medium 

was collected and a plate reader (Spectramax M2E Microplate reader, Molecular Devices, USA) 

was used to measure the ROS with an exciting wavelength of 485 nm and emission wavelength 

of 535 nm. Triplicates were performed for each sample. 
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2.5 Cell encapsulation  

MDCK cells were encapsulated in SOS at a density of 1×106 cells/mL. Briefly, MDCK cells 

were mixed with 1% w/v alginate solution containing CP-Fe3O4-PLGA microparticles, then 

the mixtures were extruded into 0.1 M CaCl2 solution to form beads of 5 mm in diameter. Cells 

were also encapsulated in 1% w/v alginate hydrogel with Fe3O4-PLGA microparticles as the 

negative control. Encapsulated cells were cultured under anoxia to evaluate the effect of 

oxygen-release materials on cell viability. 

 

2.6 Cell transplantation 

Athymic “nude” male rats (Crl: NIH-Foxn1) supplied by Charles River Laboratories, which 

were  6- to 7-week old and 200-220 g in weight, were used for subcutaneous implantation. All 

experiments followed Canadian Institutional Animal Care Guidelines and were approved by 

the Animal Care Committee at McGill University. For subcutaneous implantation, MDCK cells 

were labeled with carboxyfluorescein succinimidyl ester (CFSE, Abcam, Canada) and 

encapsulated in hydrogel with and without oxygen-release materials before surgery and kept 

on ice. Before the surgery, the rats were anesthetized using isoflurane. Two places on the dorsal 

surface were shaved. A 4 cm skin incision was made and one pocket was created on each side 

of the incision to yield a total of 2 pockets, where scaffolds with (right side) and without (left 

side) oxygen-release microparticles were implanted. Implants were taken out after 2 and 4 

weeks.  

 

Cell viability in the implants was examined under the fluorescent microscope. To examine cell 

growth after transplantation, implants were retrieved and cells in the alginate hydrogel released 

by dissolving the hydrogel with a 100 µl 55m M potassium citrate and 90 mM NaCl (pH 7.4) 

solution for 20 min at room temperature. The cells were stained with trypan blue exclusion 
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staining and counted under a microscope with a haemocytometer to assess their population. 

[448] 

 

For histological characterization, the implants were fixed in 4% paraformaldehyde in PBS 

overnight and then embedded in paraffin. Haematoxylin and eosin staining (H&E) was 

performed to examine the structure and cell density of the implants. Vascularization and 

vascular endothelial growth factor (VEGF) secretion in the scaffold were examined using 

immunohistochemistry. 

 

3. Results  

3.1 Effects of PCL, hydrogel and MnO2 on oxygen release  

Figure 3.2 shows the direct effects of the polymer and catalyst composition in the ODS on the 

oxygen release. According to Figure 3.2a, the oxygen-release rate of CP-Gel was the fastest 

whereas CP-PCL in the hydrogel decomposed the slowest, i.e. the lowest oxygen-release rate. 

PCL greatly decreased the amount of released oxygen by 265% in only 24 h (Figure 3.2a). The 

addition of MnO2 catalyst to the CP-PCL composite increased the release of oxygen by 46% 

in 24 h (Figure 3.2b). Nevertheless, the alginate hydrogel capsule further reduced the released 

oxygen amount by 85% in 24 h (Figure 3.2c).  

  

 

 

 

 

Figure 3.2. Oxygen release results of the composites showing the effect of PCL (a), MnO2 (b) 

and hydrogel (c) on oxygen release.  

 

a 

 
CaO2 in Gel 
CaO2-PCL in Gel 
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CaO2-PCL in Gel 
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3.2 Fibroblast viability under anoxic culture (Alamar Blue) 

Cell number was measured with the non-toxic Alamar Blue staining. According to Figure 3.3, 

ODS under anoxia resulted in roughly the same cell number with normoxic culture after 1 and 

4 days, indicating that ODS under anoxia maintained a similar growth rate compared with cells 

cultured under normoxia. In contrast, without ODS cell number decreased by 40% after only 1 

day under anoxia and nearly all the cells died after 4 d (Figure 3.3). Therefore, the oxygen-

release material successfully rescued cells in anoxic culture. 

 

 

 

 

 

 

 

Figure 3.3. Alamar Blue results of cell number cultured for 1 day (left) and 4 days (right) under 

anoxia with and without ODS.  

 

3.3 Fibroblast viability under anoxic culture (trypan blue) 

Trypan blue penetrates into dead cells and stains the nuclei of dead cells dark blue. Positively 

stained dead cells were observed after 1 day under anoxia (Figure 3.4 a) whereas no positively 

stained cells were found under normoxia (Figure 3.4 c) and in the presence of ODS under 

anoxia (Figure 3.4 b). After 4 d under anoxic culture, most of the cells were dead. These results 

suggested that the cells were prone to die under anoxia without ODS. Quantified results showed 

similar results. After 1 d and 4 d, the cell viability under anoxia decreased by 78% and 91%, 
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respectively. Nevertheless, the cells cultured with ODS under anoxia maintained similar 

viability to those cultured under normoxia. The discrepancy between the images and the 

quantified results in Figure 3.4 might be due to the detachment of some dead from the cover 

slips that could not be observed under the microscope.  

 

 

 

 

 

 

 

 

 

 

    

 

 

 

Figure 3.4. Trypan blue staining images of cells cultured for 1 d and 4 days under various 

conditions and quantified cell viability; a and d: anoxia; b and e: anoxia with ODS; c and f: 

normoxia; g: quantified results after 1 (left) and 4 d (right). 

 

3.4 Fibroblast viability (live/dead assay)  

The fluorescent live/dead staining results are shown in Figure 3.5. Only a few dead cells were 

found in the samples cultured with ODS under anoxia and under normoxia. In contrast, many 

a c 

d f 

b 

e 

1 d 

4 d 

g 
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cells were found dead in the negative control (under anoxia) after 1 d and nearly all the cells 

died after 4 d. This study confirmed our previous results of Alamar Blue and trypan blue 

staining.  

 

 

 

 

 

 

 

 

 

Figure 3.5. Fluorescent images of fibroblasts cultured under various conditions; red: dead cells; 

green: live cells.  

 

3.5 Fibroblast apoptosis stained by the TUNEL assay  

TUNEL staining studies the DNA fragmentations in the cells undergoing apoptosis. The 

majority of cells cultured under anoxia suffered DNA injuries (Figure 3.6a and d) whereas the 

cells cultured with ODS under anoxia (Figure 3.6b and e) and under normoxia (Figure 3.6c and 

f) only showed few DNA damages, indicating that ODS protected the cells from apoptosis 

under anoxia. The quantified results showed that less than 2% cells displayed DNA injuries 

when they were cultured under anoxia with ODS and under normoxia. However, more than 80% 

cells cultured under anoxia without ODS exhibited DNA injuries. The percentage of apoptotic 

cells was under estimated due to the detachment of dead cells from the culture plate.  
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Figure 3.6. TUNEL staining images of cells cultured for 1 d and 4 d under various conditions 

and quantified results; a and d: anoxia; b and e: anoxia with ODS; c and f: normoxia; g: 

quantified results after 1 (left) and 4 d (right). 

 

3.6 Fibroblast proliferation stained by the BrdU assay  

Figure 3.7 shows that after 1 day, the majority of the cells in all the three samples were 

positively stained, indicating that new DNA molecules were being synthesized in the cells. 

Nevertheless, the percentage of positively stained cells under anoxia without ODS after 1 d 

was smaller compared with the other samples (Figure 3.7a-c). After 4 d, however, no positively 

stained cells were observed in the sample cultured under anoxia without ODS (Figure 3.7d) 

whereas 30% cells cultured under the other two conditions namely anoxia with ODS (Figure 
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3.7e) and normoxia (Figure 3.7f).  In the presence of ODS under anoxia the cells exhibited a 

similar DNA synthesis level to that of cells cultured under normoxia. The ratio of the positively 

stained cells decreased after 4 d, probably because the high cell density inhibited DNA 

synthesis activities of the cells. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.7. BrdU staining images of cells cultured for 1 d and 4 d under different conditions 

and quantified results; a and d: anoxia; b and e: anoxia with ODS; c and f: normoxia; g: 

quantified results after 1 (left) and 4 d (right).  

 

3.7 q-PCR results of fibroblasts 

Figure 3.8 describes the expression of hypoxia related genes of the cells cultured under anoxia 

with and without ODS, and normoxia. The results showed that the presence of ODS restored 
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the expression of Glut 1 to a normal level under anoxia while anoxic culture without ODS 

increased the expression level of Glut 1 by 12 folds after 1 day (Figure 3.8a) and 6 folds after 

4 days compared with the experimental group (Figure 3.8a and b). Similarly, the expression of 

BNIP3 gene of the cells increased around 12 times after 1 day and 21 times after 4 days under 

anoxia compared with that of cells cultured under normoxia. However, the expression of 

BNIP3 gene in the cells cultured with ODS only increased 2.5 times after 1day and 4.5 times 

after 4 days (Figure 3.8a and b). Nevertheless, it seems that the increase of the BNIP3 gene 

expression did not affect cell apoptosis and proliferation (Figure 3.6b, e and 3.7b, e). VEGF 

expression of the cells amplified 11.5 folds after 1 day and 6.5 folds after 4 days under anoxia 

without ODS compared with that of cells under normoxia. As to the cells cultured with ODS, 

the VEGF expression increased about 30% after 1 day and 1 fold after 4 days.  

 

 

 

 

 

 

 

Figure 3.8. q-PCR results of hypoxia-related gene expression at day 1 (left) and day 4 (right), 

the dashed line indicated the expression level of cells under normoxia. 

 

3.8 MDCK viability (trypan blue)  

 The fast decomposition of CP generates a large amount of H2O2 that accumulates in the culture 

system, leading to cell death. Figure 3.9 shows the viability of cells under anoxia (Figure 3.9a 

and e), in the presence of CP-hydrogel (Figure 3.9b and f) and CP-MnO2-PCL hydrogel (Figure 
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3.9c and g). The cells cultured under anoxia and in the presence of CP-hydrogel lost their 

viability after 3 h whereas the cells cultured with CP-MnO2-PCL-hydrogel under anoxia 

maintained a similar viability to cells culture under normoxia (Figure 3.9i), indicating that 

MnO2 catalyst reduced the H2O2 concentration in the system.  

 

 

 

 

 

 

 

 

 

 

     

 

Figure 3.9. Trypan blue staining images of MDCK cells cultured for 3 h and 6 h under various 

conditions and quantified cell number changes; a and e: anoxia; b and f: CP-hydrogel in anoxia; 

c and g: CP-MnO2-PCL-hydrogel in anoxia; d and h: normoxia; i: quantified cell number 

changes after 3 (left) and 6 h (right). 

 

3.9 MDCK viability (live/dead assay)  

Figure 3.10 shows that the cells exhibited a good viability under anoxia in the presence of ODS 

under anoxia. In contrast, a large number of cells died under anoxia both with and without CP-

hydrogel. The quantity of dead cells in the samples cultured under anoxia without oxygen-
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release materials was similar to the samples cultured with CP-hydrogel under the same 

conditions. This result confirmed the importance of the MnO2 catalyst on the cell viability 

under anoxia with CP used as the oxygen source.  

 

 

 

 

 

 

 

Figure 3.10. Fluorescent images of MDCK cells cultured for 3 h (up) and 6 h (bottom) under 

different conditions; a and e: anoxia, b and f: CP-hydrogel in anoxia, c and g: ODS in anoxia, 

d and h: normoxia.  

 

3.10 ROS production by MDCK  

Figure 3.11 shows the production of ROS under different conditions. The maximum production 

of ROS in MDCK cells was found in the presence of CP-hydrogel under anoxia. This result, 

combined with the cell viability, confirmed that the toxic effect of the CP-hydrogel leading to 

the cell death was the result of a high ROS production. In contrast, the amount of ROS in cells 

cultured with the oxygen-release materials containing MnO2 and PCL was greatly reduced, 

suggesting that MnO2 and PCL effectively alleviated ROS generation in cells.  
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Figure 3.11. ROS generation in MDCK cells under different conditions after 3 (left) and 6 h 

(right). A much higher level of ROS was detected in cells cultured with CP-gel under anoxia.  

 

3.11 Oxygen-release microparticles  

SEM images of the as-prepared CP-Fe3O4-PLGA microparticles in Figure 3.12 shows that the 

particles had a size between 5-20 µm. This allowed more flexibility application and handling 

of the material  without being restricted by the shape and size of the material, unlike the slab 

and other reported scaffolds [2, 39].  

 

 

 

 

 

 

Figure 3.12. SEM images of the CP-Fe3O4-PLGA microparticles. 
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3.12 Decomposition of CP in microparticles 

The release of H2O2 from CP in microparticles was further investigated (Figure 3.13). A blue 

color was observed in both cases, meaning that H2O2 was produced in the microparticles either 

with or without the hydrogel. The fact that the microparticles without the hydrogel generated a 

darker blue color than the microparticles within the hydrogel suggested that more H2O2 was 

released from the microparticles, and therefore that the hydrogel inhibited the decomposition 

of CP. Furthermore, Figure 3.13 shows that the presence of alginate hydrogel greatly reduced 

the amount of H2O2 accumulated in the system and that the presence of hydrogel decreased the 

decomposition rate of CP, preventing the burst release of oxygen and increasing the lifetime of 

the oxygen-release materials. 

 

 

 

 

 

 

 

 

 

Figure 3.13. Photos of the microparticles with and without alginate hydrogel in KI-starch 

solution after 30 min. 

 

 3.13 Encapsulation of MDCK cells in SOS  

Alginate hydrogel beads were prepared by dropping the alginate solution into the CaCl2 

solution and the MDCK cells were successfully encapsulated in the SOS beads (Figure 3.14). 
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The black color of the bead resulted from the presence of Fe3O4 catalyst. Beads with a diameter 

of 5 mm were prepared based on optimized results from the cell viability study (data were not 

shown). 

 

 

 

 

 

 

 

Figure 3.14. Photo of an SOS bead containing MDCK cells. 

 

Figure 3.15 shows that green live cells in the samples cultured in the presence of oxygen-

release material whereas only a small number of live cells were observed under the same 

conditions without the oxygen-release material. Therefore, cells encapsulated in SOS had much 

higher viability under anoxia compared with cells in the control group. The presence of oxygen-

release materials successfully improved cell viability under the anoxic culture. Cell viability 

could be impaired by lack of nutrients and hypoxia. The present results indicated that in 

hydrogel scaffolds hypoxia was a more potent issue to cells compared with the nutrient 

shortage.  
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Figure 3.15. Fluorescent images of MDCK cells stained by CFSE cultured under anoxia with 

(a and c) and without (b and d) the oxygen-release material.  

 

3.14 MDCK transplantation in self-oxygenating scaffold 

Figure 3.16 shows that cells cultured with SOS displayed stronger green signals after 4 weeks 

compared with the cells in the control group. This indicated that the presence of oxygen-release 

material successfully rescued cells in vivo before the vascularization event whereas most of the 

cells died in the absence of oxygen-release material (Figure 3.16).  
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Figure 3.16. Fluorescent images of MDCK cells after transplantation with (a and c) and without 

(b and d) oxygen-release materials. 

 

The supply of oxygen and nutrients is indispensable for the survival of cells. The cell number 

was quantified after transplantation (Figure 3.17). The cell number steadily increased with time 

in the experimental group and reached 4 times of its initial value after 4 weeks. In contrast, cell 

number decreased in the control group.  
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Figure 3.17. Quantified MDCK cell number in retrieved implants in the presence and the 

absence (control) of oxygen-release materials. 

 

After 4 weeks the cell density was high on the edge in the both kinds of implants because of 

the presence of oxygen and nutrients in this area from surrounding tissues (Figure 3.18b and 

e). Nevertheless, in the core area and more particularly around the oxygen-release material, the 

samples with oxygen-release material exhibited a higher cell density (Figure 3.18 d-f) than the 

samples without oxygen-release material. This suggested that oxygen delivery was able to 

support cell growth in transplants by supplying oxygen. Similar experimental results were 

observed at the 2-week time point (Figure 3.1S). 
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Figure 3.18. H&E staining of the implants with (a, b and c) and without (d, e and f) oxygen-

release material after 4 weeks. a and d were low magnification images of the samples, b and e 

were taken at the edge of the scaffold and e and f in the central area. 

  

Vascular endothelial growth factors (VEGF) play an important role in the formation of new 

blood vessels and  it is generally thought that the hypoxia inducible factor-α (HIF-α) induced 

by hypoxia stimulates their expression. Although the VEGF staining (Figure 3.19) was positive 

in both samples, the saturation density of the stain appeared to be stronger in the sample with 

oxygen-release material, suggesting that more growth factors may be secreted by cells in the 

experimental group. Similar results were observed in samples retrieved after 2 weeks (Figure 

3.2S)  
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Figure 3.19. Vascular endothelial growth factor (VEGF) staining images of the samples with 

(a) and without (b) oxygen-release materials after 4 weeks.  

 

The formation of blood vessels in the scaffold is crucial considering that they can supply cells 

with oxygen and nutrients and remove local metabolic wastes of the survival of transplanted 

cells in the scaffold. Figure 3.20 shows the effect of the oxygen-release materials in the scaffold 

on the blood vessel density compared with the scaffold without oxygen-release material. The 

results indicated that the density of capillaries in the experimental group was much higher than 

that in the control group, and that the density increased with time in the experimental group 

whereas it did not vary in the control group. This confirmed the positive effects of the oxygen-

release material in promoting vascularization in the scaffold. Stained images for the samples 

after 2 weeks can be found in the supplemental information (Figure 3.3S).  
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Figure 3.20. Blood vessel staining results of the transplanted scaffolds (a and b) after 4 weeks 

and the quantified blood vessel density in the scaffolds (c). Endothelial cells in blood vessels 

were stained dark brown.  

 

4. Discussion 

Cells require oxygen during normal respiration to produce enough ATP to maintain their 

normal metabolic activities. Meanwhile, many cells have the ability to adapt to the hypoxic 

environment through increasing the glycolytic activity [449]. Hypoxia is very common during 

tissue engineering and in wound healing, causing energy outage of cells. As a result, cell 

necrosis in the core area of tissue constructs, delayed wound healing, severe inflammation, and 

even chronic wounds often occur.   
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Normally, in vitro cell culture is carried out under 20% O2 supplemented with 5% CO2 to buffer 

the culture medium. Oxygen concentrations under 20% are considered to be hypoxic in vitro 

[1]. So far, the most majority of research work concerning oxygen delivery was carried out 

under hypoxia, usually under 1-5% O2. Nevertheless, the oxygen concentrations of cells are 1-

2.5 % in vivo, [450] which are within the range of in vitro hypoxia. In fact, commonly used in 

vitro cell models are tolerant to hypoxia, such as fibroblasts, stem cells and β cells. [2, 3, 39, 

451] These cells can stay alive for days under the hypoxic culture and hypoxia can promote 

fibroblast proliferation in a short period. [14] Anoxic culture, where no oxygen is provided, is 

a more severe environment than hypoxia. Aerobic cells are fragile without oxygen and certain 

types of cells, such as primary cells and MDCK cells [452, 453], die within hours under anoxia.  

 

As an oxygen-generating agent, CP has been used to deliver oxygen to tissues and cells. The 

main problems associated with CP include the formation of gas bubbles and burst release of 

cytotoxic H2O2 and hydroxyl ions due to the high decomposition rate of CP. Therefore, it 

becomes essential to reduce the decomposition rate of CP and minimize the amount of H2O2 

and hydroxyl ions in the culture system. So far, the decomposition rate of CP has been 

deliberately reduced by encapsulating the powders into hydrophobic silicon rubbers. [39] Both 

catalysts and catalase have been used to remove the generated H2O2. However, either very high 

concentrations of catalase were required to remove the cytotoxicity of generated H2O2 or the 

catalysts used in literature were toxic. [2, 18, 309] In this work, we developed a biodegradable 

ODS that overcame all these obstacles. In our system, biodegradable and hydrophobic 

polymers were used to reduce the CP decomposition rate by compelling water available to the 

powders. Biodegradable Fe3O4 was used as the catalyst to remove H2O2. Alginate hydrogel 

was employed to further slowdown the decomposition rate of CP and inhibit the formation of 

gas bubbles in culture medium. Moreover, the hydrogel also served as a barrier to oxygen and 
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radicals generated during the decomposition of H2O2, and thus protected cells from burst 

release of cytotoxic agents.                    

                                

Hypoxic culture (1% O2) of fibroblasts has been previously performed to evaluate the oxygen 

delivery capacity of CP. [39] The authors reported that CP improved cell growth in PLGA 

porous scaffold under 1% O2. Nevertheless, no comparison with normoxic culture was 

presented. Moreover, culture medium containing a very high concentration of catalase (around 

106 times of that in blood) was required to remove the cytotoxicity of H2O2, which 

compromised the economic merit of the system and may cause adverse effects such as 

paradoxical reductive stress on cells [454]. Interestingly, there was not much difference in 

terms of cell number between the control and experimental groups under hypoxia after three 

days, but the presence of CP resulted in a larger cell number than the control group under 

normoxia at the same time point. The possible reason was either that the reported oxygen-

release system was unable to correct the oxygen concentration to the level that promoted cell 

growth under hypoxia or the burst release of cytotoxic agents at the beginning compromised 

the beneficial effects of the material. Therefore, our ODS was evaluated under anoxia so that a 

shorter experimental period would be required to observe the effects of our material. In addition, 

the acute cytotoxicity of our system and its oxygen-release efficacy can also be examined. Only 

a one-day experiment was enough to find a significant decrease in cell number and viability in 

the control group compared with the experimental group. Moreover, the experimental group 

maintained a similar level of cell number and viability to that of cells cultured under normoxia. 

(Figure 3.3-3.5) Consequently, anoxic culture is a more efficient way to evaluate oxygen 

delivery systems. In addition, our oxygen-release system displayed little cytotoxicity to cells 

and was able to correct cell growth to normoxic levels under anoxia. TUNEL and BrdU staining 

results (Figure 3.6 and 3.7) further confirmed that our ODS protected cells from anoxia induced 
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apoptosis and maintained normal DNA production. The q-PCR results (Figure 3.8) showed that 

ODS minimized the expression levels of hypoxia related genes.  

 

The quantified cell viability under anoxia after 1 day from trypan blue staining was lower than 

that from Alamar Blue staining. The possible reason is that the viability obtained from trypan 

blue staining was the ratio of live cells to total cells while the Alamar Blue staining results were 

normalized to the cell number at 0 day. Although many cells died under anoxia, some cells 

may continue to divide as shown by the BrdU staining. As a result, the obtained cell viability 

from Alamar Blue was higher than that from trypan blue since the total number of cells 

increased. Interestingly the trypan blue results exhibited larger cell viability than Alamar Blue 

staining after 4 days. This result can be justified by the fact that that many dead cells lost their 

integrity after 4 days and became debris (data not shown). As a result, a number of dead cells 

could not be collected, which increased the quantified ratio of live cells. The discrepancy 

between the images of trypan blue stained cells and the quantified cell viability because a large 

number of dead cells detached from the wells and could not be observed under the microscope. 

Consequently, the images under microscope displayed larger cell viability. The fluorescent 

live/dead staining images further proved excellent cell viability under anoxia in the presence 

of oxygen-release material. Cells augment the expression of genes related to glycolysis, 

apoptosis and angiogenesis in response to hypoxia. The q-PCR results confirmed these effects 

of anoxia on cells. Anoxia greatly increased the expression level of Glut 1 gene in the cells. 

Nevertheless, ODS restored the expression of Glut 1 gene to a normal level (Figure 3.8). 

Although the expression level of BNIP3 gene in cells cultured under anoxia with ODS was 

higher than that in cells cultured under normoxia, cell apoptosis behavior was not influenced 

as shown in TUNEL staining (Figure 3.6 and 3.7). The possible reason is that either the level 

of BNIP3 gene expression of normal cells was very low or the cells were relatively tolerant to 
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BNIP3 gene expression. Therefore, even the BNIP3 gene expression level of the cells cultured 

with ODS increased by several folds, cell apoptosis still did not occur. VEGF gene expression 

was greatly reduced when the cells were cultured under anoxia in the presence of ODS, 

compared with cells cultured under anoxia. 

 

After testing our ODS with primary fibroblasts, we further examined the system using oxygen 

sensitive MDCK cells. We also wanted to use it as a model to test the possible mechanism of 

cytotoxicity caused by the oxygen-release material through measuring the generation of ROS 

in the cells. The experimental results showed that ODS was able to rescue MDCK cells under 

anoxia. Although peroxides have been used to supply oxygen to cells and tissues, the 

cytotoxicity associated with the decomposition of peroxides has rarely been investigated. All 

the peroxides involve H2O2, which induces apoptosis, during the generation of oxygen. [455] 

According to our experimental results, the composition of oxygen-release material affected 

ROS production in the cells and influenced cell viability (Figure 3.9 and 3.10). Therefore, the 

death of cells might be the result of ROS production induced by the oxygen-release material. 

The addition of hydrophobic polymers and catalysts greatly reduced ROS levels in the cells, 

suggesting that ROS in cells may be induced by high oxygen tension or high concentrations of 

H2O2 released from the oxygen-release material. The experimental results in this work 

indicated that both a suitable decomposition rate of CP and catalysts were required to remove 

the cytotoxicity of oxygen-release material.  

 

Afterwards, we developed oxygen-release microparticles consisting of CP, hydrophobic PLGA, 

Fe3O4 catalysts, and alginate hydrogel (Figure 3.12). The optimised system was further used to 

create an SOS to encapsulate cells and deliver oxygen in situ. Hypoxia or even anoxia is an 

obstacle in cell and tissue transplantation due to the impaired or absence of blood vessels in the 
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implants. Different approaches have been developed to alleviate hypoxia upon transplantation, 

such as prevascularization of the scaffold [456], pre-treatment of the implants under hypoxia 

[457], and induction of vascularization in the scaffold using growth factors, endothelial and 

vascular smooth muscle cells, stem cells and transfected cells [432, 433, 458, 459]. However, 

after transplantation, there is still a time period during which the cells are deprived of oxygen. 

Even when the scaffold is prevascularized, a two-day period is necessary to maximise the 

oxygen concentrations in the implants. Furthermore, clotting in the preformed vessels is 

common leading to non-functional vessels that generally require a seven-day period to form a 

functional network in the implants. [456] According to the other methods, more than one week 

is necessary to form new blood vessels in implants. [457-459] Being currently non-efficient, 

an approach to supply directly oxygen after transplantation is a matter of the utmost importance. 

This study confirmed that our SOS sustained cell survival after implantation before the 

vascularization was completed in the scaffold. With the oxygen-release scaffold, transplanted 

cells showed improved cell viability and continued to grow in vivo (Figure 3.16 and 3.17). 

Moreover, our experimental results showed that the presence of oxygen-release material 

promoted vascularization (Figure 3.20) in the scaffold. The reason could be that the supply 

oxygen supported the cellular activities related to capillary formation.  

 

White et al [456] transplanted prevascularized scaffold containing endothelial cells and lung 

fibroblasts into mouse and found that prevascularization improved oxygen concentrations in 

the scaffold after two days. The cells in the scaffold maintained their viability after 

transplantation but did not show much increase in cell number. Their approach required long 

in vitro culture time (seven days) to achieve prevascularization with specific cell types in 

specialized culture medium. Moreover, the cells needed to be added into the scaffold upon 

polymerization. The density of cells used to stimulate vascularization in their scaffold was 
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already very high (around 0.5×109 cells/mL), which made it difficult to incorporate other cells 

into the scaffold. In addition, the size of the implants was limited to 0.5×1.2 mm. With our 

SOS, cells could be encapsulated in the scaffold and continue to grow in scaffolds thicker than 

2.4 mm. No in vitro culture was required. Moreover, oxygen delivery promoted vascularization 

in the scaffold, which further improved the survival environments of transplanted cells. 

 

5. Conclusions 

An in situ ODS was developed and used to rescue human primary fibroblasts and the oxygen 

sensitive MDCK cells under the anoxic environment. ODS was composed of biocompatible 

and biodegradable materials and had adjustable oxygen-release rates. The results showed that 

ODS was able to restore the cell function and activities to a normal level under the anoxic 

circumstances. Furthermore, an SOS was developed to support cell growth in vivo and to 

promote vascularization in the implants. Since the alginate hydrogel have been used as drug 

delivery vehicles, alginate hydrogel-based ODS and SOS have the potential to serve as an “all 

in one” delivery system to deliver oxygen and other drugs to cells and tissues at the same time.  
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Supplemental information 

 

 

 

 

 

 

 

 

 

Figure 3.1S. H&E staining of the implants with and without O2 release material after 2 weeks. 

a and d were low magnification images of the samples, b and e were taken at the edge of the 

scaffold and e and f in the central area with a higher magnification. 

 

 

 

 

 

 

 

Figure 3.2S. Vascular endothelial growth factor (VEGF) staining images of the samples with 

(a) and without (b) O2 release material after 2 weeks. VEGF was stained dark brown. Both 

kinds of sample were VEGF positive.  
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Figure 3.3S. Blood vessel staining images of the transplanted scaffolds (a and b) after 2 weeks. 

Endothelial cells in blood vessels were stained dark brown. A higher density of blood vessels 

was found in the sample with O2 release materials.  
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Chapter 4 

Blood vessel preservation with a self-oxygenating scaffold 
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Preface  

Hypoxia is one of the major issues during tissue and organ preservation. Generally, tissues and 

organs are preserved at low temperatures (hypothermia) to reduce metabolic activities of the 

cells so that they will consume less oxygen. Although this method prolongs the preservation 

time of tissues and organs, reperfusion injury occurs after transplantation due to hypoxia and 

the low temperature during preservation, jeopardizing the functionality of the tissues and 

organs. The reperfusion injury is thought to be caused by the generation of reactive oxygen 

species when the cells are re-exposed to oxygen. Another preservation approach is perfusion, 

i.e. circulation of oxygenated preservation solutions in the tissues and organs under 

hypothermia through blood vessels. Perfusion of preserved tissues and organs improves 

preservation outcomes, but perfusion can result in damage to blood vessels in the tissues and 

organs. Since the oxygen-release material was able to support cell growth under anoxia and to 

maintain cell growth in vivo, it may also be able to preserve tissues. In this chapter, I sought to 

preserve blood vessels at physiological temperature with the self-oxygenating scaffold. The 

self-oxygenating scaffold successfully maintained high cell viability in rat aortas for up to 

seven days under anoxia and preserved normal endothelial mitochondrial membrane potentials 

and maintained original KCl induced contraction force as well.  
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Abstract 

Damage caused by oxygen deficiency (hypoxia) is one of the major factors limiting tissue and 

organ preservation time. The most common approach to prolonging preservation under hypoxia 

is the reduction of metabolic rate of the tissue by cooling (hypothermia), but it creates an 

additional issue namely reperfusion injury upon warming. Warm perfusion avoids reperfusion 

injury but can cause shear damage to blood vessels and requires hard ware. Preservation of a 

functioning vasculature is therefore a fundamental impediment to any new approaches for 

normothermic tissue and organ preservation and tissue engineering. Here, we developed a self-

oxygenating scaffold (SOS) with controlled release rate that was introduced in and around a 

blood vessel lumen and culture with oxygen deprivation was performed at 37 ℃ compared with 

the standard preservation protocol. After optimization of the peroxide content at 37 ℃, almost 

no dead cells were observed in blood vessels, the mitochondrial membrane potential of the 

endothelial cells was maintained and the vessels retained 90% of their original KCl stimulated 

contraction force compared with the hypothermia control, which had 15% viability, 5% 

membrane potential, and 50% contraction force after rewarming. This approach then appeared 

to overcome a key obstacle in tissue and organ preservation and tissue engineering.  

 

Key words: tissue preservation, oxygen delivery, anoxia, peroxide 

 

1. Introduction 

To date, organs are often preserved temperately under hypothermia either by static cold 

preservation or cold perfusion [460-462]. Although these methods can preserve organs for a 

short period, the preservation time is limited, being less than thirty-six hours for kidneys [463], 

less than eight hours for lungs [464, 465], and less than six hours for hearts [466]. Besides, 

reperfusion injury occurs when the tissues and organs are transplanted, [467-469] which can 
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delay and even compromise the functions of the transplants [29, 470]. The injury is believed to 

be partially caused by oxygen shortage [83, 471], which is one of the major challenges during 

organ preservation [472]. Organs require a suitable amount of oxygen to sustain their normal 

functionality, neither too much nor too little [274]. So far, many efforts have been made, 

employing different approaches, to supply oxygen to tissues and organs during preservation, 

such as introducing oxygen carriers into the preservation solutions [473, 474], using oxygen-

generating materials [39], and gaseous persufflation [350, 354]. One group of the oxygen 

carriers is perfluorocarbons (PFCs). PFCs have a high capacity to dissolve oxygen [155, 188] 

and have been used to oxygenate tissues and organs, by means of perfusion or the static two-

layer method (TLM) [473, 475, 476]. Nevertheless, oxygen release from PFCs depends on the 

gas partial pressure, and thus it is difficult to control the oxygen-release rate during culture. 

Perfusion produces shear stresses and causes vascular damages [477]. Moreover, the TLM, in 

which tissues were put into the preservation buffers above oxygenated PFCs and received 

oxygen diffused from the PFCs, cannot oxygenate tissues homogeneously due to the oxygen 

gradient in the system caused by diffusion. The beneficial effects of TLM have not been 

conclusively proved yet [222, 478]. Other  carriers, such as blood, red blood cells and artificial 

hemoglobin, have also been used to improve the preservation of tissues and organs through 

perfusion [474, 479]. Nevertheless, no data have shown the superiority of the oxygen carriers 

over preservation buffers without the oxygen carriers. [474] Besides, in situ oxygen-release 

materials have been used for tissue preservation, however, the current systems require either 

toxic catalysts or extremely high concentrations of catalase, do not have adjustable shapes, and 

are large (in the range of 10 mm) [2, 18, 39]. Gaseous persufflation uses pure oxygen to perfuse 

organs and causes oxygen toxicity and  thus cannot preserve tissues and organs more than 24 

h. [346, 350, 351, 354] In summary, oxygen delivery improves the outcome of tissue and organ 
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preservation, however, methods that are able to supply oxygen sustainedly in a practical 

manner and at a controlled rate are still required. 

 

Blood vessels are composed primarily of smooth muscle cells, endothelial cells, collagen and 

elastin. Blood vessel transplants are required in coronary artery bypass surgery. According to 

WHO (World Health Organization), nearly 7.3 million people die of coronary heart diseases 

and this will continue to increase to 23.3 million by 2030.  Blood vessels are normally stored 

at the low temperature (4 ℃).  Although the metabolic activities of cells are greatly reduced at 

4 ℃ , 10-12% of their normal metabolic activities are still in operative. [235, 480, 481] 

Therefore, hypoxia occurs during preservation and cell damages take place after reperfusion 

[482]. Re-introduction of molecular oxygen to the cells during reperfusion, which results in 

burst generation of reactive oxygen species, is believed to be one of the causes of the injuries 

[483]. Moreover, hyperthermia itself is also reported to cause damages to endothelial cells by 

inducing reactive oxygen species (ROS) [482, 484]. Consequently, it will be very helpful if 

blood vessels could be preserved at the physiological temperature with adequate oxygen supply. 

We intended to evaluate the feasibility of preserving blood vessels, by providing oxygen at a 

constant rate to them, cultured in buffered nitrogen in the normothermic environment. 

Inorganic peroxides decompose in water to release hydrogen peroxide that in turn can be 

catalytically decomposed to form oxygen and have been widely used in aqua- and agri-culture 

[303, 485]. Recently this technology has been applied to biomaterials and the topic been 

recently reviewed [305]. There have been several attempts to sustain cells in hypoxia using 

peroxides embedded in polymers, which were used to reduce the oxygen-release rate by 

retarding the water diffusion rate.  Nonetheless, none of the reported in situ oxygen-release 

systems were suitable for clinical applications. All the reported oxygen delivery systems that 

employed calcium peroxide (CP) as the oxygen-generating agent had an inflexible physical 
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shape and a large size, either in the form of plates (or film) or nonflexible scaffolds, which 

seriously restricted their applications [2, 39, 304]. Besides, those oxygen delivery systems 

either used non-degradable polymers [39] or required a high concentration of catalase (up to 

107 times of that in blood) in the culture system [2, 486] or could not generate satisfactory 

results [304]. Although some of the oxygen-release systems have proven to improve cell 

viability under hypoxia, none of the experiments had positive controls. Therefore, the efficacy 

of those oxygen-release materials were not really clear. Moreover, none of the systems paid 

attention to prevent the formation of bubbles, which are lethal to cells [487], due to the release 

of oxygen. In addition to CP, hydrogen peroxide (H2O2) has also been used to deliver oxygen 

to cells after being encapsulated into microparticles [40]. However, the problem with this 

system was that it needed an extremely high concentration of catalase (at least 2×107 times 

higher than that in blood) to reduce the cytotoxicity of the released H2O2 [40, 486]. Therefore, 

the performance of current in situ oxygen-release systems were not satisfactory. We sought to 

develop a biodegradable oxygen-release system that had a tunable physical shape, a controlled 

oxygen-release rate, and eliminated bubble formation without use of catalase.  

 

Here an oxygen-release system was made of oxygen-generating microparticles and alginate 

hydrogel. For the first time, we prepared oxygen-generating microparticles consisting of CP, 

manganese dioxide (MnO2) and polycaprolactone (PCL). CP produces hydrogen peroxide 

(H2O2) in moisture [300]. MnO2 was used to catalyze the decomposition of H2O2 produced by 

CP, since cells are very sensitive to the toxic H2O2 [441]. PCL is hydrophobic and 

biodegradable and can reduce the decomposition rate of CP. Alginate hydrogel retards the 

diffusion of generated oxygen [488] and thus avoids burst release of oxygen. Meanwhile, the 

presence of hydrogel avoided formation of bubbles and further reduced oxygen release. The 

decomposition of peroxides generates radicals, which are very cytotoxic. Since the radicals 
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have an extremely short lifetime (10-9 s) [489], the presence of hydrogel may also protect cells 

from radicals.  

 

The oxygen-release system was used to preserve thoracic aortas from rats under anoxia. The 

optimal loading levels of the oxygen-generating microparticles and whether lumen only, lumen 

and adventitial or adventitial oxygen delivery was optimal for arterial preservation were 

investigated. The functionality of the preserved aortas was also examined using endothelial 

mitochondrial membrane potential staining and mechanical testing. 

 

2. Materials and methods 

2.1 Procurement of blood vessel tissue 

Thoracic aortas from rats (5-8 months old) were collected immediately after the euthanization 

of animals used in other non-pharmaceutical medical studies and kept in phosphate buffer 

solution (PBS) on ice for a maximum of three hours. Following dissection of connective tissues, 

the aortas were cut into 5 mm in length and preserved under one of following different 

conditions, anoxia (95% nitrogen (N2), 5% carbon dioxide (CO2), 37 ℃), hypothermia (20% 

oxygen (O2), 4 ℃) and normoxia (20% O2, 5% CO2, 37 ℃). 

 

2.2 Preparation of oxygen-release microparticles 

Oxygen-release microparticles (CP-MnO2-PCL, weight ratio 1:10:10) were prepared using a 

phase separation method [442] in the absence of H2O. CP powders (Aldrich, USA) and MnO2 

(Fisher Scientific, Canada) were first mixed in PCL (Mw 70,000-90,000, Aldrich, USA) 

solution in chloroform (Fisher Scientific, Canada), then the suspension was added into glycerol 

(Fisher Scientific, Canada) with 1 wt% polyvinyl alcohol (Mw 89,000-98,000, Aldrich, USA) 

(PVA) and stirred for 10 min at room temperature. When the particles became dry in a fume 
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hood, the CP-MnO2-PCL microspheres were collected by centrifuging the suspension at 4000 

rpm, washed with alcohol three times and dried at room temperature.  

 

2.3 Encapsulation of blood vessels 

Before the experiments, a mathematical simulation of oxygen transportation in the scaffold and 

across the artery wall was performed. [490] According to the modeling results, oxygen 

gradients could be created across the blood vessel wall, and it was possible to adjust the oxygen 

gradient by changing oxygen distribution in the scaffold via changing the amount of peroxides 

in the scaffold. Moreover, burst release of oxygen towards blood vessels was minimized using 

hydrogel.  

 

Oxygen-release microspheres were mixed with 1% w/v sodium alginate (FMC BioPloymer, 

USA) solution and sterilized by ultraviolet (UV) light for 20 min; next 350 µl of the mixture 

was added onto a piece of filter paper that had been moistened with 100 mM CaCl2, using a 

24-well plate well as the module; then a piece of aorta with a length of 5 mm filled with the 

particle-alginate mixture was put on the mixture; afterwards, another 350 µl of the mixture was 

added on top of the aorta; finally, 100 µl of 100 mM CaCl2 was added into the plate to cross 

link the alginate (Figure 4.1). Various concentrations of microparticles (from 10 mg/mL to 40 

mg/mL) in the alginate solution were used to estimate the optimal oxygen concentration. 

Samples with only scaffold inside or outside of the aorta lumen were also prepared to examine 

the effects of oxygen distribution on the viability of blood vessels. The aortas were cultured in 

Dulbecco's Modified Eagle Medium (DMEM) supplemented with 10% FBS and 1% 

Penicillin/Streptomycin solution (P/S). Anoxic culture was carried out by putting the samples 

in a sealed jar (that had been flushed with 95% N2 and 5% CO2) in a desiccator which was 

constantly flushed with N2. Preservation at 4 ℃ in Hanks' balanced salt solution (HBSS) with 

http://www.biocompare.com/21300-Penicillin-Streptomycin/2670483-PS-PenicillinStreptomycin-Solution/
http://www.sigmaaldrich.com/catalog/product/sigma/55021c?lang=en&region=
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10 mM glucose was taken as the positive control [482]. Aorta segments alone were also 

preserved under anoxia and normoxia in culture medium to serve as negative controls. The 

culture medium was changed every three days. Anoxic environment was created by flushing 

the jar with balloons filled with N2 during the change of culture medium.  

 

 

 

 

 

 

 

 

 

Figure 4.1. Schematic of blood vessel culture under different conditions. 

 

2.4 Characterization 

A field emission scanning electron microscope (FE-SEM, FEI Inspect F-50, FEI, USA) was 

employed to examine the morphology of CP, MnO2 and the prepared microparticles. The 

microstructure of the microparticles was inspected under SEM as well. A pycnometer 

(AccuPyc 1330, Micromeritics, USA) was used to measure the density of prepared 

microparticles following the instruction. The specific surface area of the microparticles was 

measured as well using a gas adsorption analyzer (TriStar, MicroMeritics, USA). 

 

N,N-dimethyl-p-phenylenediamine (DMPD, Sigma, USA) was employed to detect radicals  

released from the material. [491, 492] The microparticles with and without alginate hydrogel 

https://www.google.ca/url?sa=t&rct=j&q=&esrc=s&source=web&cd=1&cad=rja&uact=8&ved=0CB4QFjAAahUKEwjS5ovB15fHAhWXEZIKHfx1DBw&url=http%3A%2F%2Fwww.ncbi.nlm.nih.gov%2Fpubmed%2F12420745&ei=_QPFVZL0HpejyAT867HgAQ&usg=AFQjCNG6UpU7MwA1I8ylTSnop07jWJXAsg&sig2=Qfev8ydPVcw1h_l01B9JMw&bvm=bv.99804247,d.aWw
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were put into 2.5 mg/mL DMPD solution and the released radicals turned the solution into red. 

Potassium iodide (Fisher Scientific, Canada) and starch solution (Fisher Scientific, Canada) 

was used to detect H2O2 in the system and the solution became blue in the presence of H2O2. 

The change of colorless culture medium was detected by a pH indicator (Riedel-deHaen (pH 

4-10), Aldrich, USA)). 7 mg microparticles and 3 mL solution containing dyes were used in all 

the experiments. To encapsulate the microparticles, 500 µL 1% w/v alginate was used. The 

color changes were recorded with a camera (D70S, Nikon, Japan).  

 

The viability of endothelial cells and smooth muscle cells was examined using fluorescent 

staining after 150-minute incubation in HBSS with 10 mM glucose at 37 ℃ and examined 

under a fluorescence microscope (Imager.M2, Zeiss, Germany). Ethidium bromide-1 (Life 

technologies, USA) was used to stain the nuclei of dead cells and Hoechst 33258 (Life 

technologies, USA) the nuclei of all cells in the tissue. The ratio of dead cells in both the cross 

section and lumen side of blood vessels was quantified by counting the stained dead cells and 

all cells. 

 

The mitochondrial membrane potential of endothelial cells was also measured using 

tetramethylrhodamine methyl ester (TMRM, Setareh Biotech, USA) staining [482]. The 

samples were rewarmed at 37 ℃ in HBSS with 10 mM glucose for 150 min and then stained 

with TMRM (500 nmol/L) for 30 minutes in HBSS with 10 mM glucose. Afterwards the 

stained samples were kept in 250 nmol/L TMRM for maintenance. The aortas were placed into 

incubation chambers with a coverglass bottom with the endothelial side being downside. 

Fluorescence of the mitochondria of the endothelial cells was inspected using an inverted 

confocal microscope (LSM 510, Zeiss), under the condition of 116 µm pinhole, at λexc. = 543 

nm, λem. = 585 nm. [482]  
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Smooth muscle contraction force, stimulated by 120 mM KCl, was measured with a Mach-1TM 

mechanical testing system (Biomomentum Inc. Canada) fitted with a 150 g load cell. The rat 

aortas were cut into 5-mm ring segments. Each ring segment was suspended in a tissue bath 

containing 300 mL of Krebs Henseleit (KH) solution (122 mM NaCl, 4.7 mM KCl, 1.2 mM 

MgCl2, 15.4 mM NaHCO3, 1.2 mM KH2PO4 and 5.5 mM glucose) and mounted between 2 

stainless steel wire hooks. One hook was fixed to the bottom of the bath and the other hook 

was connected to the force transducer. The KH buffer was gassed continuously with 95% O2 

and 5% CO2 at 37 ℃ and changed every 20 min. The baseline tension of all vessel rings was 

adjusted to around 1.0 g. After 1 h of equilibration, KH solution supplemented with 120 mM 

KCl was used to stimulate the contraction of the aorta tissue rings. Contraction force of the 

aorta tissue rings was recorded by a tensiometer. [493] The stimulated contraction force of all 

the samples was expressed as the percentage of the stimulated force before preservation. Four 

replicates were performed for each sample. The results were expressed as an average ± standard 

deviation.  

 

3. Results  

3.1 Material characterization 

According to Figure 4.2c, the oxygen-release particles were spherical with a diameter ranging 

from 20-300 µm. They had a porous structure on the surface (Figure 4.2d) and CP particles 

dispersed on the surface and in the pore structures (Figure 4.2d arrow). The microparticles had 

a large size range possibly due to the large size distribution of MnO2 particles (Figure 4.2b). 
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Figure 4.2. SEM image of CP powders (a), MnO2 (b) and oxygen-release microparticles (c and 

d). The oxygen-release microparticles had a spherical shape and were porous. CP powders were 

nano particles. MnO2 particles are polyhedrons with a size ranging from 20-80 µm. The 

prepared oxygen-release microparticles had a spherical shape and a porous structure (Figure 

4.2d). 

 

The specific surface area of CP powders and the prepared microparticles was measured. Figure 

4.3 shows the measured specific surface area of the samples. The microparticles had a 50% 

smaller specific surface area compared with CP powders (Figure 4.3). The measured density 

of the microparticles indicated that the particles only had 20% closed porosity (Supplemental 

Table 4.2S), suggesting that the particles had connective pore structures.  

 

 

 

 

a b 

c d 
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Figure 4.3. Specific surface area of CP powders and CP-MnO2-PCL microparticles.  The 

specific surface area of microparticles was 50% of that of CP powders. 

 

For the free radical release test (Figure 4.4a), the color only changed inside the hydrogel from 

pink to red when the microparticles were encapsulated in alginate hydrogel, indicating that all 

the released radicals were trapped inside the hydrogel. The intensity of red color in the hydrogel 

was less than that in water caused by microparticles without hydrogel, and therefore, alginate 

hydrogel reduced the release rate of free radicals from microparticles. The presence of alginate 

hydrogel greatly reduced the released amount of H2O2 (Figure 4.4b), suggesting that alginate 

hydrogel inhibited the decomposition rate of CP in the microparticles. The microparticles did 

not cause pH change in culture medium (Figure 4.4c), indicating that the released hydroxyl 

ions were consumed by the buffer system in culture medium.  
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Figure 4.4. Release of radicals (a) and H2O2 (b) from the materials as well as pH changes in 

culture medium (c) after 60 min. The presence of alginate hydrogel greatly mitigated color 

changes in a and b, suggesting there were less H2O2 and free radicals release when the 

microparticles were in hydrogel. In contrast, significant color changes around the 

microparticles were observed without hydrogel in a and b. For pH changes (c), however, no 

color change was noticed in culture medium, either with or without hydrogel, suggesting that 

pH did not change much in culture medium. 

 

3.2 Viability of arterial cells at 37 ℃ 

From the cross section fluorescent image of freshly procured aorta (Figure 4.5a), well-aligned 

smooth muscle cells were observed in tunica media with almost no dead smooth muscle cells; 

dead cells were barely detected in the endothelial ring in tunica intima, locating at the lumen 

side, as well. The fluorescent image from lumen side showed parallel aligned elongated 

endothelial cells (Figure 4.5b). The image also confirmed that there were very few dead 

endothelial cells in freshly procured aortas. Nevertheless, after being cultured for seven days 

under the standard cell culture condition (37 ℃, DMEM culture medium supplemented with 

10% FBS and 1% P/S, 20% O2, 5% CO2), nearly all the cells, either from tunica media or tunica 

intima, were stained dead (Figure 4.5c). Endothelial cells on the aorta wall were also mostly 

stained dead (Figure 4.5d). In the case of anoxic culture, similar results were observed. Around 

b c 

In Gel No Gel In Gel No Gel No Gel In Gel Medium 

a 
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85% cells on the cross section surface were stained dead and around 95% of endothelial cells 

died on the lumen side (Figure 4.5e and f). Moreover, the endothelial layer of aortas cultured 

under anoxia lost its integrity and exhibited a lower cell density compared with that of fresh 

aortas.  

 

For the purpose of further experiments, both the standard cell culture and anoxic culture were 

used as the negative control culture conditions. This loss of viability occurred rapidly, even 

after three days (Figure 4.3S). Under the anoxic culture conditions, 45% of cells died on the 

cross section surface and 55% of endothelial cells died on the lumen side. Nearly all the cells, 

including smooth muscle cells and endothelial cells, already died under normoxia after three 

days.  
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Figure 4.5. Fluorescent images of the aorta tissue, preserved under various conditions for 7 d, 

stained by Ethidium bromide-1 and Hoechst 33258. Dead cells were stained red, and all the 

nuclei were stained blue. The cross section images (a, c and e) exposed both smooth muscle 

cells (in the ring) and endothelial cells (inner side). The lumen-side images (b, d and f) showed 

the layer of endothelial cells. After 7 d, most cells died in aortas preserved under either 

normoxia (c and d), i.e. 20% O2, 37 ℃, or anoxia (e and f), i.e. 0% O2, 37 ℃.  
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3.3 Cold preservation 

As expected, cold preservation improved cell viability compared with standard culture 

conditions (Figure 4.5c and d and Figure 4.6). After three days, both smooth muscle cells in 

tunica media and endothelial cells in tunica intima maintained high cell viability immediately 

after retrieval from storage (around 90%), however, rewarming reduced cell viability very 

rapidly to 45% (Figure 4.6a and b). After seven days, cell viability had decreased to 65%, again 

this was exacerbated by rewarming such that only 15% viable cells were detected (Figure 4.6c 

and d).  

 

 

 

 

 

 

 

 

 

 

Figure 4.6. Fluorescent images of aortas stored under hypothermia before and after rewarming. 

After three days, very few cells were stained dead from cold preserved aorta (a), after 

rewarming, however, a large amount of dead cells were found, including both endothelial cells 

and smooth muscle cells (b). After seven days, a majority of endothelial cells died but most of 

the smooth muscle cells stayed alive (c). Nevertheless, after rewarming for 150 min many 

smooth muscle cells were found to be dead (d).  

 

Before rewarming After rewarming 

3 days 

a b 
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7 days 
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3.4 Effect of SOS location 

Of the three permutations of location possible, namely lumen-side, adventitial side, and both 

sides, the combined inside and outside appeared optimal compared with the other locations 

(Figure 4.4S). When the SOS was introduced only on the luminal side, about 65% of the cells 

in aorta were stained dead even after one day. The endothelial cells in tunica intima appeared 

to die completely. The closer smooth muscle cells were to tunica intima, the greater the 

proportion died. (Figure 4.4Sa) In the case of placing SOS only outside of the blood vessel, 

cells in both tunica intima and tunica media died. (Figure 4.4Sb) 

 

3.5 Effect of peroxide concentration on cell viability 

The composition of SOS were selected from 10, 20 and 40 mg/mL of microparticle suspension 

concentrations. 700 µl SOS was used per 5 mm aortic section, representing a total potential 

oxygen load of 28, 56 and 112 µg of molecular oxygen sufficient to fully saturate 35, 70 and 

140 mL medium, respectively, i. e., 4 orders of magnitude more than the tissue volume itself 

(around 6 µL).  

 

When a concentration of 10 mg/mL microparticles were in SOS, 20% dead cells were observed 

after three days (Figure 4.7a). The dead cells are mainly endothelial cells in tunica intima and 

smooth muscle cells close to tunica intima. When the concentration of microparticles was 

increased by three times to 40 mg/mL, 80% of the cells were detected to be dead (Figure 4.7c). 

This time almost all of the endothelial cells in tunica intima and the majority of smooth muscle 

cells in tunica media died. On the other hand, aortas preserved in SOS with 20 mg/mL 

microparticles displayed nearly 95% viability (Figure 4.7b), on the basis of this observation, 

20 mg/mL was selected for further experiments. 
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Figure 4.7. Cross sectional images of fluorescently stained aortas preserved by self-

oxygenating scaffolds (SOS) with different concentrations of microparticles under anoxia, i.e. 

0% O2, 37 ℃,  after 3 d. Dead cells were stained red, and all the nuclei were stained blue. a: 10 

mg/mL, b: 20 mg/mL microparticles, c: 40 mg/mL microparticles. Dead cells were observed 

in a and c.  

 

3.6 Mitochondrial membrane potential of endothelial cells in blood vessels under various 

conditions   

Unlike human endothelial cells, rat endothelial cells are elongated rather than cobblestoned as 

shown in Figure 4.8. The potential of mitochondrial membrane of the endothelial cells in aortas 

was much better preserved in the presence of SOS under anoxia for up to seven days, compared 

with that of aortas stored under anoxia, normoxia, and hypothermia. (Figure 4.8a-d) The 

endothelial cells in the tissues of the experimental group had a significantly higher membrane 

potential than that of endothelial cells in control groups. Moreover, endothelial cells in aortas 

preserved under anoxia and normoxia lost their mitochondrial membrane potential even after 

3 days (Figure 4.5S).  

 

 

 

 

a b c 
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Figure 4.8. Fluorescent images of tetramethylrhodamine methyl ester (TMRM) stained 

endothelium mitochondrial membrane potential after seven days. The aorta preserved under 

anoxia, i.e. 0% O2, 37 ℃,  in the presence of the self-oxygenating scaffold (SOS) maintained a 

normal endothelium mitochondrial membrane potential (a) while samples preserved under 

anoxia (b), normoxia (c), i.e. 20% O2, 37 ℃, and hypothermia (d) lost their endothelium 

mitochondrial membrane potentials.  

 

3.7 Effects of oxygen supply on mechanical properties of aortas   

The presence of SOS maintained about 90% of KCl stimulated contraction force of aortas after 

three days (Figure 4.6S). Consistent with the cell viability results, the other conditions 

a b 

c d 
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preserved no more that 60% of KCl stimulated contraction force. The contraction force 

detected from samples preserved under normoxia may be due to the osmosis changes upon the 

addition of KCl. Smooth muscle cells play a key role in the regulation of blood vessel wall 

structure and geometry. Therefore, the viability of smooth muscle cells in preserved vessels 

determines the functionality of the blood vessels and is an essential criterion to assess the 

preservation outcome of the vessels.   

 

Even after seven days, aortas stored in anoxia in the presence of self-oxygenating scaffolds still 

maintained about 90% of KCl stimulated contraction force (Figure 4.9). In contrast, the KCl 

stimulated contraction force of aortas preserved under the other conditions was no more that 

50% (Figure 4.9).  

 

 

 

 

 

 

 

 

 

Figure 4.9. KCl stimulated contraction force of aortic rings after seven days. The presence of 

self-oxygenating scaffold (SOS) under anoxia (0% O2, 37 ℃), maintained normal stimulated 

contraction force for up to seven days, however, the other conditions, namely anoxia, normoxia 

(20% O2, 37 ℃) and cold  (20% O2, 4 ℃) failed to retain the KCl stimulated contraction force.  

 

P<0.05 

P<0.05 
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4. Discussion  

Warm perfusion or cold preservation have achieved blood vessel preservation time of up to 

forty eight hours and fourteen days. [482, 494, 495] Extension of viability limit described in 

our study has been achieved by chemically mitigating damage by reactive oxygen species (ROS) 

[482]. A hypoxic environment induces the increase of glycolytic activities [175], which reduces 

the amount of generated ATP through respiration and causes the depletion of ATP. The 

depletion of ATP generates hypoxanthine, which is converted into xanthine under hypoxia. 

[470] When the cells are brought back to normal oxygen tensions, xanthine reacts with oxygen 

and generates ROS. [470] The burst generation of ROS by xanthine can kill cells [496, 497]. 

As oxygen shortage occurs under both anoxic and cold conditions, cell death after rewarming 

occurs in both cases. On the other hand, when the environmental oxygen tension is higher than 

normal oxygen tension, ROS are also produced. [498] Therefore, normoxia also failed to 

prevent cell death in preserved aortas. We determined that only when the oxygen tension of 

aortas is maintained within the normal level, damage caused by rewarming is avoided. Reactive 

oxygen species can be reduced by superoxide dismutase or adenosine [499]. Nevertheless, 

these additives are usually expensive. 

 

Most tissue and cell engineering culture approaches evolve from commercial bioreactors and 

rely on fluid flow for gas, nutrient supply, and waste transportation. While many attempts have 

been made to deliver oxygen from materials to cells, most of the materials were themselves 

adapted from aquaculture technique or synthetic blood products. The vast majority of previous 

work has focused on ways to introduce oxygen in a sustained manner into culture systems 

without considering where this oxygen goes if it is not consumed by the cells. In addition, while 

several researchers have attempted to use polymer encapsulated peroxides, they have to either 

use toxic MnCl2 or extremely high concentrations of catalase to remove H2O2, a cytotoxic 

https://en.wikipedia.org/wiki/Superoxide_dismutase
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compound, generated by the peroxides. [304, 309, 500] Just like the lung and leaves and other 

natural gas exchange structures, the inherently low solubility of atmospheric gases at 

physiological conditions necessitates the use of high surface areas for rapid transfer without 

buildup of toxic decomposition products and the hydrogen peroxide intermediate.  

 

Aortas need an appropriate amount of oxygen, possibly close to the oxygen tension in blood 

(around 13%) on the luminal side [41], which is 80% lower than normoxia but much higher 

than anoxia, to maintain their normal activities. Although many efforts have been made to 

oxygenate tissues and organs during preservation [39, 216, 217, 228, 232, 235, 270, 304, 501-

503], supplying of a suitable amount of oxygen to tissues and organs has rarely been studied 

[166].  

 

According to the mathematical simulated results, burst release of oxygen towards the blood 

vessels could greatly be alleviated by alginate hydrogel (Figure 4.2Sa). Moreover, the oxygen 

gradient across the blood vessel wall could be adjusted by controlling oxygen-release rate in 

SOS so that various oxygen concentrations could be provided to different types of cells (Figure 

4.2Sb).   

 

The detected H2O2 release from the microparticles with and without hydrogel confirmed the 

inhibiting effects of hydrogel towards CP decomposition. (Figure 4.4b). In addition, the free 

radicals released during the decomposition of peroxides were trapped within the hydrogel so 

that cells could be protected from toxic radicals, and the released hydroxyl ions were readily 

neutralized by the buffer system in culture medium (Figure 4.4a and c), eliminating the toxicity 

of the alkaline byproduct.  
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In this work, rat aortas were cultured under different conditions with various oxygen 

concentrations, namely anoxia with SOS, anoxia, normoxia, and cold preservation. The tissue-

protective capacity of our SOS in anoxic circumstances was tested. The commonly used cold 

preservation was chosen as the positive control. The results from Figure 4.7 showed that the 

presence of self-oxygenating scaffold successfully prevented cell death in the tissue under 

anoxia (Figure 4.7b), while aortas kept in other conditions showed much lower cell viability 

(Figure 4.5 and 6). Moreover, a suitable amount of oxygen, i.e. 20 mg/mL microparticles in 

the scaffold, was essential to keep cells alive in the tissues (Figure 4.7a, b and c).  

 

Supplying oxygen only from one side of the artery, either from the lumen side or the adventitial 

side, resulted in very poorly preserved artery tissues (Figure 4.4S). Only a very small volume 

(about 16 µL in our case) of SOS could be added into the lumen of the artery considering the 

small diameter of the blood vessel. As a results, the amount of oxygen generated from SOS 

was very small, about 6.8×10-5 mL in total. More importantly, a large ratio of released oxygen 

for SOS may diffuse out of the lumen since the artery was in an anoxic environment. When the 

artery was encapsulated by SOS only from the outside, the endothelial cells could not be 

oxygenated. According to the simulated results, the oxygen concentration in the artery wall 

decreased abruptly when SOS only existed on the adventitial side, which may result in 

nonsufficient oxygenation of smooth muscle cells. As a result, poor cell viability was observed 

when SOS was only supplied from one side of the artery. When there was SOS both inside and 

outside of the artery, a more homogeneous and stable oxygen environment was created around 

the artery. Hence, the artery was well preserved.  

 

In addition to cell viability results, the TMRM stained endothelial cell mitochondrial membrane 

potential results indicated that the endothelial cells in aortas preserved in the presence of SOS 
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were healthy (Figure 4.8 and Figure 4.5S). In contrast, endothelial cells in aorta tissue 

preserved under the other conditions showed much lower membrane potentials. The loss of 

mitochondrial membrane potential led to irreversible cell death through caspase activation, 

release of death effectors such as cytochrome c and metabolic changes. [504, 505] Endothelial 

cells in the control groups may either die of hypothermic and reperfusion injury or hyperoxic 

injury. The results of KCl stimulated contraction force of preserved aortas further confirmed 

the healthy status of smooth muscle cells kept in SOS under anoxia (Figure 4.9 and Figure 

4.6S). These results indicated that the endothelial and smooth muscle cells were not only alive 

after preservation in anoxia with SOS but also in healthy status.  

 

5. Conclusions  

Rat aortas were successfully preserved in buffered nitrogen with the assistance of SOS at 

physiological temperature. The in situ oxygen-release scaffold was able to maintain high cell 

viability, normal mitochondrial membrane potentials of endothelial cells, and healthy smooth 

muscle cells in the aorta. Based on the results in this work, we argue that the technique of tissue 

and organ preservation can be improved by oxygen delivery on condition that an appropriate 

amount of oxygen is supplemented to tissues and organs.  
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Supplemental information 

 

Mathematical modeling  

The oxygen diffusion process from CP-MnO2-PCL microparticles through alginate hydrogel 

as well as the oxygen concentration gradients across the blood vessel wall was mathematically 

simulated. Oxygen concentration at a certain point in the alginate hydrogel at certain time point 

(Equation 1 first term on the left)  was determined by the diffusion of oxygen in hydrogel 

(Equation 1 first term on the right) and the amount of oxygen generated by the particles 

(Equation 1 second term on the right). The amount of generated O2 depended on the amount of 

CP in the particles, the decomposition rate of CP, the amount of H2O available to the reaction, 

the presence of catalysts, local pH, and the diameter of the particles. Given the complexity of 

the oxygen-generating process, the modeling mainly focused on the diffusion of oxygen away 

from the particles through hydrogel. The dimension of the embedded aorta tissue was measured 

to be 1.9 mm in inner wall diameter and 2.14 mm in outer wall diameter (Table 4.1S) and cut 

into 5 mm in length. To simulate oxygen gradients across the blood vessel wall, the model was 

reduced to an axially symmetric geometry because of its thin wall (Figure 4.1S). The oxygen 

concentrations in blood vessel wall at certain time points (Equation 2 first term on the left) 

were determined by oxygen diffusion through the blood vessel (Equation 2 first term on the 

right)  as well as the O2 consumption rate of the tissue (Equation 2 second term on the right). 

The oxygen diffusion coefficient in the aorta tissue was taken as 2×10-4 mm2/s. The oxygen 

consumption rate of the arteriolar tissue was taken as 5.71×10-5 (mol·100 cm-3 tissue·min-1) 

[506], endothelial cells 1.5×10-17 mol cell-1 s-1, and smooth muscle cells 2.6 times of that of 

endothelial cells [507]. The endothelial cells in arteriolar wall was assumed to be one layer 

with a thickness of 10-3 mm [508] and their cross-section area was 2×10-4 mm2 [509]. The rest 
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of aorta wall was treated as average tissue comprising smooth muscle cells, of which the cross-

section area was 5.6×10-4 mm2 [509].  

 

Table 4.1S. Dimension of the thoracic aorta 

 Diameter (mm) 

Outer wall 2.14±0.07 

Inner  wall 1.91±0.05 

 

 

 

 

 

 

Figure 4.1S. Schematic geometry of oxygen diffusion through the aorta wall. 
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where c is the oxygen concentration, t is time, 𝛋 is the oxygen diffusion coefficient, r is the 

distance from the center of the aorta ring, S is the consumed oxygen. 
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Figure 4.2S. Mathematically simulated oxygen concentration gradients versus time and 

position in hydrogel (a) and the oxygen gradients across the aorta wall (b). The oxygen 

concentration decreased exponentially away from the microparticles in hydrogel and then 

stayed at a relatively stable level (a). Therefore, burst release of oxygen towards the aorta tissue 

was mitigated and the tissue received a relative stable oxygen supply. The oxygen gradient 

across the artery wall could also be adjusted to fit the needs of both endothelial cells and smooth 

muscle cells.  

a 

b 
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Mathematical simulation results showed that burst release of oxygen occurred only in the area 

adjacent to the oxygen-release particles, the oxygen concentration decreased abruptly away 

from the core of microparticles, and the presence of alginate hydrogel smoothed oxygen-release 

profile (Figure 4.2Sa). Therefore, the burst release of oxygen was alleviated. The simulated 

oxygen gradient results across the blood vessel wall showed that the oxygen concentration 

decreased gradually from inside of the blood vessel to outside (Figure 4.2Sb). Given the fact 

that endothelial cells are more tolerant to high oxygen concentrations than smooth muscle cells, 

this seems to be a more physiological oxygen profile.  

 

 

 

 

 

 

 

 

 

 

 

Figure 4.3S. Fluorescent images of Ethidium bromide-1 and Hoechst 33258 stained aorta 

preserved under normoxia and anoxia, after three days. Dead cells were stained red, and all the 

nuclei were stained blue.  
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Figure 4.4S. Cross section images of Ethidium bromide-1 and Hoechst 33258 stained aorta 

preserved by self-oxygenating scaffolds (SOS, 20 mg/mL microparticles in the scaffold) with 

oxygen supply only from lumen-side (a) or adventitial side (b) or both sides (c) under anoxia, 

i.e. 0% O2, 37 ℃,  after one day. 16 µL SOS was used to fill the lumen of the artery. In the 

other two samples, 700 µL SOS was used. Dead cells were stained red, and all the nuclei were 

stained blue. Supplying oxygen from only one side, either from the lumen side or adventitial 

side, to the blood vessels resulted in a large number of dead cells, while oxygen delivery from 

both sides successfully preserved blood vessels.   
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Figure 4.5S. Fluorescent images of tetramethylrhodamine methyl ester (TMRM) stained 

endothelium mitochondrial membrane potential after three days. The aorta preserved under 

anoxia, i.e. 0% O2, 37 ℃,  in the presence of self-oxygenating scaffold (SOS) maintained a 

normal endothelium mitochondrial membrane potential (a) while samples preserved under 

anoxia (b) and normoxia (c), i.e. 20% O2, 37 ℃ , lost their endothelium mitochondrial 

membrane potentials. The aorta kept at 4 ℃, 20% O2 (d) retained partial of their endothelium 

mitochondrial membrane potentials. 

 

 

 

 

a b 

d c 
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Figure 4.6S. Potassium chloride (KCl) stimulated contraction force of aorta tissue rings after 

three days. The presence of self-oxygenating scaffold (SOS) under anoxia (0% O2, 37 ℃, 20 

mg/mL microparticles in the scaffold) maintained 90% of the aortas’ stimulated contraction 

force after three days, however, the other conditions, namely anoxia, normoxia (20% O2, 37 

℃) and cold  (20% O2, 4 ℃) retained less than 60% of the tissue’s stimulated contraction force.  

 

 

 

 

 

 

 

 

 

Figure 4.7S. Color changes of KI-starch solution in the presence of different concentration of 

H2O2. The color of the solution changed from light blue to dark blue as the concentration of 

H2O2 increased from 0.0001% to 0.005%. 

P<0.05 

P<0.05 
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Table 4.2S. Measured density of the microparticles and calculated ineffective porosity 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 Microparticles Ineffective porosity 

Density (g/mL) 1.55±0.13 22% 
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Preface  

Like tissue preservation, wound healing also requires extra oxygen supply. Hypoxia and even 

anoxia can happen in wounds due to the interruption of blood supply. Oxygen plays an 

important role in anti-infection, extra cellular matrix production, collagen deposition, cell 

proliferation, and vascularization. Therefore, oxygen therapy has been used to treat wounds, 

such as hyperbaric oxygen therapy and topical oxygen therapy. However, these methods are 

either inconvenient to perform, expensive, or ineffective. The previous experimental results 

have shown that the developed oxygen delivery materials are able to support cell growth and 

preserve blood vessels under anoxia. An oxygen-release patch for wound treatment, which was 

capable of delivering dissolved oxygen to wounds, was further developed using the same 

oxygen-release material. The oxygen-release patch was evaluated with an ischemic rabbit ear 

wound model and was found to preserve wounded tissues and accelerate wound healing.  
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Abstract 

Oxygen is essential for tissue survival and wound healing. Following trauma, hypoxia and even 

anoxia can occur due to the lack of blood supply. Wounds related to ischemia, such as diabetic 

ulcers and radiation injuries, often heal poorly. In this work, we developed an oxygen delivery 

patch (ODP) for wound healing and evaluated the patch on an ischemic rabbit ear full thickness 

wound model. The ODP employed calcium peroxide as the oxygen-generating agent and 

alginate hydrogel as the dressing material. The experimental results showed that the ODP 

increased wound healing rate and prevented tissue necrosis in large wounds. Moreover, the 

presence of oxygen eliminated the adverse effects of ischemic wounds on neighbouring tissues. 

The oxygen-release patch promoted ischemic wound healing, prevented ischemic tissues from 

necrosis, and protected tissues adjacent to the wounds. Of fundamental significance was the 

demonstration that biomaterial mediated topical oxygen delivery could sustain tissue viability 

for sufficient time before a new vasculature was established. 

 

Key words: Oxygen delivery, peroxide, wound dressing, wound healing, ischemia 

 

1. Introduction 

Oxygen is essential for wound healing, in terms of cell viability, collagen production, anti-

infection, inflammation process, and angiogenesis. [15, 510-512] However, oxygen deficiency 

is common in wounded areas due to the damage of blood vessels, which leads to the impairment 

of blood supply and a reduction or cessation of oxygen supply. In fact, wounded tissue demands 

more oxygen than normal tissues, because of the enhanced cellular metabolic activities related 

to the production of new tissues and antibacterial activities. [513-516] The interrupted oxygen 

supply to the wounded area worsens the situation, increases the risk of infection, and further 

inhibits the process of wound healing. 
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The use of wound dressing materials to treat wounds is common in clinic. The dressing can 

prevent infection, keep the wounds hydrated, and absorb exudates. [517] Hydrogels contain a 

large amount of water and can rehydrate the wound bed thereby reducing pain. In addition, 

they are gas permeable and bacteria impermeable, and thus have been used for dressing various 

kinds of wounds, such as pain wounds, ulcers, radiation injuries, and necrotic wounds.  [518-

523] 

 

Oxygen delivery is believed to promote wound healing. The topical supply of oxygen to 

wounded area promotes fibroblast proliferation [524], improves the production rate and quality 

of collagen [525-528], facilitates angiogenesis, and augments the antibacterial activities of 

macrophages [316, 524, 529]. So far, various efforts have been made to promote wound healing 

by means of oxygen delivery, including hyperbaric oxygen therapy, topical oxygen delivery 

and oxygen-release dressings. However, they are either not effective enough, expensive, 

inconvenient to access, or in some cases have potential oxidative toxicities. [304, 530-532]  

 

Calcium peroxide (CP) reacts to produce oxygen in moisture and has been employed for 

oxygen delivery in agri- and aqua-culture. Recently, it has also been used to supply oxygen to 

mammalian cells and tissues. [39] CP has a defined amount of oxygen in its formula and a 

relatively low decomposition rate. Furthermore, all its byproducts can be metabolized by the 

body. Calcium cross-linked sodium alginate is known to be biodegradable and biocompatible 

and has been used in numerous biomedical applications including wound dressings. We 

employed alginate hydrogel to encapsulate CP in hydrophobic biopolymers to control oxygen 

diffusion and to act as a barrier between the calcium hydroxide decomposition product and 

cells. This system then used the water in the hydrogel to conduct the oxygen to the wound 
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surface. [120, 533, 534]. In the biological system, pH is maintained at a stable level by 

buffering system. Similarly, we used Ca(HPO4)2 and NaHCO3 to buffer our ODP.  

 

In this work, attempts were made to ascertain if the in situ ODP was capable of preserving 

wounded ischemic tissues and promoting wound healing.  

 

2. Material and methods 

2.1 Preparation of the oxygen delivery patch 

The patch was consisted of CaO2, Fe3O4, PCL, NaHCO3, Ca(HPO4)2 and an alginate hydrogel. 

CaO2, Fe3O4, PCL, NaHCO3 and Ca(HPO4)2 were first mixed in chloroform, next the mixtures 

were transferred into a 3.5×3.5 cm foil mold. After that, chloroform was removed by 

evaporation to get a piece of CaO2-Fe3O4-PCL plate, which was encapsulated by 6 ml 3% 

alginate hydrogel cross-linked with 1 M CaCl2 subsequently. Briefly, two pieces of identical 

raw alginate hydrogel were prepared by spreading 3 mL 3% alginate solution on a piece of 

filter paper (cut into 50×50 mm) wetted by 1 M CaCl2, respectively, then the plate was placed 

in between the two pieces of raw alginate hydrogel, finally the alginate solution was cross-

linked by 1 M CaCl2 to obtain the oxygen-release patch with a sandwich structure. Control 

dressing patches were prepared using a similar method without oxygen-release plates. All the 

patches were sterilized by UV for 20 min before being used.  

 

2.2 Chronic wound model 

Male New Zealand white rabbits (3-3.5 kg) were used in this study. All procedures were 

performed in accordance with the animal care and use committee. Each animal was 

anesthetized by intramuscular injection of 10 mg/kg of xylazine and 1 mg/kg of acepromazine 

followed by intramuscular injection of 35 mg/kg of ketamine. Isoflurane mask was also used 
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for anesthesia induction. The ears of the rabbits were shaved and the cutaneous surface was 

disinfected with a povidone iodine solution. Afterwards, three vertical incisions were made 

about 1 cm from the base of the ear, close to the 3 main bundles composed of the artery, vein 

and nerves. The central artery as well as the artery and vein of cranial bundle was ligated to 

induce ischemia in the ear. Two different kinds of wound models were created. One of them 

was made following reported procedures with ischemic wounds on the concave side. [531] 

Briefly, four full thickness round wounds with a diameter of 7.5 mm were created on each 

rabbit ear after the central artery of the ear had been ligated. The distance between the wounds 

was 20 mm. Two ears on each rabbit were treated with oxygen-release patch and hydrogel 

patch only, respectively. 3M™ Tegaderm™ transparent film dressings were used to fix the 

ODP onto the wounds and keep moisture of the wounds at the same time. A larger ischemic 

wound model with a larger size (15 mm in diameter) was created on the convex side to further 

examine the effect of oxygen-release patch on wound healing (Figure 5.1). The ears on each 

rabbit were treated with the oxygen-release patch and hydrogel patch only, respectively. The 

patches were fixed in the same way as previously described. The rabbits received 0.05 mg/kg 

buprenorphine 30 minutes prior to the end of surgery and then a post-operative injection of 

buprenorphine every 8 to 12 hours was administered (0.02-0.05 mg/kg), for a minimum of 72 

hours. The patches were changed every three days.  
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Figure 5.1. Ischemic wound on a rabbit ear. Four full thickness wounds were created with a 

diameter of 1.5 cm. The distance between the wounds was 5 mm. At the same time, the central 

artery and the artery and vein of cranial bundle were ligated to create an ischemic environment.  

 

The healing process was observed and photographed.  The wound area on the concave side at 

different time points was measured using an image analysis software (Image J, NIH). The area 

of the wounds without granulation tissue on the convex side was inspected using the same 

software and expressed as the percentage of initial area of the wounds.  

 

For histological examination, the ear tissues were fixed with 4% paraformaldehyde in PBS and 

then embedded in paraffin. Hematoxylin and eosin (H&E) staining was performed. The stained 

slides were observed under a microscope (Imager.M2, Zeiss, Germany). A scoring system was 

adopted from the literature to analyze the histologic results (score 0-3, 3 high, 0 absent). [535]. 

The presence of inflammation, tissue architecture, collagen deposition, and granulation tissue 

formation was assessed by a pathologist under blinded conditions. Statistical results were 

expressed as average ± standard deviation. Two-way Anova test, with the patch type and time 
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as the main factors, was used to examine variance among the samples and p<0.05 was 

considered to be significantly different.    

 

3. Results 

3.1 Wound healing on the concave side of ischemic rabbit ears 

The prepared patches were about 50×50 mm. As they were not adhesive to the wounds, extra 

materials were required to fix the patches onto wounds. In this experiment, we used the 3M™ 

Tegaderm™ transparent film dressing. Since the film dressings are made of impermeable 

plastic they reduced water loss, which was additionally essential for the release of oxygen from 

the patch.  

 

In the experimental group granulation already started on the 4th day (Figure 5.2 arrow) and the 

granulation tissue area increased with time. A majority (75%) of the wounds closed after 19 

days (Figure 5.2). In the control group without oxygen-release material, however, scarcely any 

granulation tissues was found on the 4th day (Figure 5.2). After 19 days, only 25% wounds 

completely closed (Figure 5.2). In addition, infection occurred in one rabbit in control (Figure 

5.1S), which suggested but did not prove that the oxygen-release patch may also have antibiotic 

properties.  
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Figure 5.2. Would healing process up to nineteen days. The presence of oxygen-release patch 

promoted wound healing compared with control, and 50% (n=8) of the wounds healed after 19 

d while only 25% (n=8) healed in control group.  

 

The supply of oxygen increased wound healing rates. The wound size reduced faster in the 

experimental group than the control group at all the time points (Figure 5.3). Furthermore, the 

wound size in the presence of oxygen-release materials became significantly smaller than 

control after 11 days. However, after 19 days the wound size in the control group also greatly 

decreased (Figure 5.3). The results of two-way Anova test showed that oxygen delivery 

significantly improved wound healing. The healing of the wounds was also significantly 

improved with time. Nevertheless, there was no patch type and time interactions for the healing 

of wounds.  

With O2 Without O2 

4 d 

7 d 

19 d 
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Figure 5.3. Quantified wound area of the samples at different time points. The wound size was 

smaller in the presence of oxygen delivery materials at all the time points compared with 

control. The decrease of wound size became significant (P<0.05) after 11 d. On the 14th day, 

the wound area had dropped to 8 mm2 from 44 mm2 while the wound area in the control group 

was still 25 mm2.  

 

Wounds in the experimental group healed very well. A large amount of aligned collagen was 

deposited in the wounded area (Figure 5.4 black arrow). New epithelial cells covered the 

wounds completely. The newly formed tissues were well vascularized as well. In contrast, the 

control group did not heal completely. The epithelialization was neither complete nor smooth 

(Figure 5.4 white arrow). Tissue remodeling on the opposite side of the wound was observed 

in the control group (Figure 5.4 empty arrow) but not in the experimental group, suggesting 

that the ischemic wound jeopardized the health of adjacent tissues and that oxygen delivery to 

the wounds protected the neighboring tissues.  

 

 

P<0.05 
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Figure 5.4. H&E staining images of rabbit ear tissue with and without the oxygen-release patch. 

In the presence of oxygen-release patch, the wounds healed almost completely after 19 d, with 

only less collagen near the cartilage compared with health tissues. In contrast, the wound did 

not heal adequately without oxygen-release patch and demonstrated evidence of tissue 

remodeling on the convex side (empty arrow). The reepithelialization of the wounds was not 

complete (white arrow) either.  

 

According to histopathological scores, wounds showed mild acute and chronic inflammations 

in average, indicating that all the wounds were in the process of healing. [536] And there was 

no significant difference between the two groups in both cases (Table 5.1). The amount of 

granulation tissue in experimental group was higher than that in control group but having no 

significant difference (Table 5.1). Oxygen treated wounds displayed lower levels of granulation 

tissue maturation and collagen deposition than control but still there was no significant 

With O2 Without O2 
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difference (Table 5.1). The experimental group exhibited significant higher levels of 

reepithelialization and neovascularization compared with the control group (Table 5.1).  

 

Table 5.1. Histopathological scores of the wounds after 19 d 

 Oxygen-release patch 

(n=8) 

Hydrogel patch 

(n=8) 

Acute inflammation 0.75±0.46 0.75±1.03 

Chronic inflammation 0.12±0.35 0.25±0.46 

Granulation tissue amount 2.25±0.89 1.88±1.13 

Granulation tissue fibroblast maturation 1.63±0.74 2±1.07 

Collagen deposition 1.88±0.83 2.13±0.99 

Reepithelialization 2.86±0.38* 2.25±1.17 

Neovascularization 2.38±0.92* 1.5±0.92 

  Note: * significant difference (p<0.05). 

 

3.2 Would healing on the convex side of ischemic rabbit ears 

In the experimental group, tissue necrosis was avoided or greatly reduced (Figure 5.5). 

Moreover, the wounds were actually healing and 50% (n=8) of the wounds even closed after 

17 d (Figure 5.5). In contrast, after 4 days, the wounded tissues changed color from white to 

dark, a clinical sign of tissue necrosis, with an oxygen-free patch (Figure 5.5). It deteriorated 

after 7 days and signs of tissue degradation became increasingly evident, as the wounds became 

more transparent and some of them were breaking through the entire ear (Figure 5.5 arrow). 

After 11 days, more holes through the ear were observed and all the wounds became holes after 

14 days (data not shown).  
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Figure 5.5. Would healing process up to 17 d. In the presence of ODP tissue necrosis in the 

wounded area was inhibited and most of the ischemic wounds actually healed in the end. In 

contrast, the tissues in the wounded area experienced serious necrosis and only holes eventually 

remained in the control group.  

 

The granulation area in the wounds was measured as shown in Figure 5.6. In the experimental 

group, the wound area covered by granulation tissue increased with time and after 17 d almost 

all the wounds were covered (Figure 5.6). In the control, however, granulation tissue formation 

was very little. Moreover, the percentage of granulation tissue area decreased with time until 

11 d (Figure 5.6). The wounded area began to reduce after 11d. The results of Anova test 

With O2 Without O2   

4 d 

7 d 

17 d 
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showed that there was significant difference among different groups. The interaction effects of 

patch type and time also existed.  

 

 

 

 

 

 

 

 

Figure 5.6. Quantification of non granulation tissue coverage ratio of the wounded area with 

and without oxygen-release materials (n=8). In the presence of oxygen-release materials, the 

granulation area kept increasing and after 17 d almost the whole wounded area was covered by 

granulation tissue. In contrast, the majority of the wounded area could not be epithelialized in 

the control group. 

 

As assessed by H&E staining (Figure 5.7), the oxygen-release patch not only protected 

wounded tissues from necrosis but also promoted wound healing. The granulation tissue 

completely filled the space of the excised tissues and the wounds were covered by new 

epithelial cells (Figure 5.7 dark arrow). Collagen deposition and blood vessels generated by 

neovascularization were also observed in the newly formed tissues. In the control group, 

however, tissues necrosis destroyed the wounded tissues through the entire ear. Very little 

granulation tissue was formed in the wounded area.  

 

 

P<0.05 
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Figure 5.7. Histology of the wounded area after 17 d with and without oxygen-release patches. 

Granular tissue formation, collagen deposition (empty arrow) and neovascularization were 

observed in the wounded area in the experimental group. Complete epithelialization (dark 

arrow) was observed in the oxygen treated wounds.  

 

The histopathological scores of the wounds treated with oxygen-release patches were listed in 

Table 5.2. After 17 d, wounds treated with oxygen-release patches showed only mild 

inflammations, suggesting that the wounds were in the process of healing. The amount of 

granulation tissue formation as well as granulation tissue maturation was moderate. Collage 

deposition and neovascularization rankings were between the mild and the moderate levels. 

The level of reepithelialization was above moderate. All these results indicated that the wounds 

were healing. Control group could not be scored due to the absence of any tissue following 

necrosis.  
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Table 5.2. Histopathological scores of the wounds treated with oxygen-release patches 

(Tissue was lost due to necrosis in the control group) 

 Score (0-3) (n=8) 

Acute inflammation 0.75±0.46 

Chronic inflammation 0.875±0.35 

Granulation tissue amount 2±0.75 

Granulation tissue fibroblast maturation 1.88±0.35 

Collagen deposition 1.63±0.74 

Reepithelialization 2.38±0.74 

Neovascularization 1.63±0.52 

 

4. Discussion 

In addition to sustaining aerobic respiration, oxygen is believed to be essential for the healing 

of wounds, due to its important role in the process of inflammation, anti-infection, collagen 

deposition and fibroblast proliferation. [14, 537] Since the effective oxygen diffusion distance 

in tissues is less than 100 µm [14, 538], cells are generally considered not to be able to get 

enough oxygen from capillaries out of this range. Nevertheless, blood supply is normally 

interrupted following wounding as blood vessels are impaired. Although it is thought that 

hypoxia itself induces neovascularization in wounds by inducing the generation of vascular 

endothelial growth factor (VEGF) through hypoxia-inducible factor-1alpha (HIF-1α) 

stabilisation, cells require oxygen to form capillaries. [539] Moreover, oxygen enhances VEGF 

levels in wounds. [540] Collagen deposition in the wounded area is also essential for wound 

healing because it forms the matrix for neovascularization and wound remodeling. Oxygen 

plays an essential role in collagen synthesis. It has been found that oxygen delivery improves 

collagen synthesis in vivo. [541, 542] In addition, oxygen promotes epidermal and fibroblast 

cell growth. [543-545] In this case, oxygen therapy can be a good approach to promote wound 

healing.  
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Data supporting the use of locally delivered oxygen has been generated from the literature 

using in situ oxygen generating devices to accelerate wound healing. For example EpiFLO is 

one such portable oxygen delivery device that has been used for wound healing. [313, 316, 

546-548]  Similar devices have been reported to improve the healing of chronic wounds, ulcers 

and ischemic wounds [316, 527, 546-548]. 

 

Harrison et al [304] developed an in situ oxygen delivery system by incorporating sodium 

percarbonate into poly(D,L-lactide-co-glycolide) (PLGA) films. They used their system to 

preserve ischemic skin flaps in a mouse model and found that their oxygen delivery material 

reduced tissue necrosis and cellular apoptosis for at least 3 d. Nevertheless, no improvement 

was observed after 7 d, possibly because there was not sufficient oxygen supply to meet the 

tissue’s demand.  

  

According to the literature, the average healing time for 6 mm wounds on the concave side of 

healthy rabbit ears is about 15 d. For the ischemic wounds with the same size and location, the 

healing time was reported as being between 17 and 27 d. [549] Said et al. [548] found that the 

supply of gaseous oxygen improved the deposition of glycosaminoglycan and epithelialization 

but showed no improvement in collagen deposition. The oxygen treatment resulted in 156% 

higher epithelial coverage of the wounds compared with the control after 8 d. The oxygen 

treated wounds healed about 50% after 8 d, and wounds in the control group healed around 20% 

after 8 d. However, no data for longer time points were presented. In our experiment, wounds 

healed around 50% (n=8) after 7 d when they were treated with oxygen and half of these 

wounds (n=8) closed after 19 d. In the absence of oxygen-release materials, however, the 

wounds only healed 10% after 7 d and 25% (n=8) of the wounds were closed after 19 d with 
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one ear being infected. Moreover, oxygen delivery significantly improved vascularization in 

the newly formed tissues (Table 5.1), which was expected to accelerate the wound healing 

process.  Because more newly formed blood vessels could provide more nutrients and oxygen 

for tissue regeneration in the wounded areas. Data from longer time points in our work 

indicated that the ischemic rabbit ear had some regenerative abilities (Figure 5.3 and 5.6) 

indicating the blood system remodelled to compensate the wounds, however, the presence of 

oxygen-release materials significantly accelerated wound healing after 11 d. A similar healing 

phenomenon was also observed previously. [531]  

 

According to the histology slides, the oxygen-release patch resulted in higher levels of 

neovascularization and epithelialization compared with the control group in the standard 

ischemic wound model. The supply of oxygen to the ischemic wounds also successfully 

preserved neighboring tissues. The tissue adjacent to the wounds was damaged in the control 

possibly due to the high demand of oxygen in the wounds, which in turn deprived the oxygen 

supply to other tissues given the limited available oxygen in the ischemic ear. Our oxygen-

release patch showed better results compared with topical oxygen therapy, possibly because of 

two reasons. One reason may be that our oxygen-release patch delivered dissolved oxygen to 

the wounds, and the dissolved oxygen had a better ability to penetrate the tissue than gaseous 

oxygen, which was used in topical oxygen therapies. [120, 533] Therefore, the wounds was 

better oxygenated by our oxygen-release patch. Another possible reason was that our oxygen-

release patch generated hydrogen peroxide, which was able to recruit leukocytes to the wounds 

and prevent infections. [550, 551] Our experimental results showed that the oxygen-release 

patches may reduce the infection risks.  
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The ischemic wound model with a larger wound size was more challenging. Serious tissue 

necrosis occurred in the control group and holes formed eventually in the ischemic ears. In 

contrast, the presence of ODP successfully preserved the wounded tissues in most cases, and 

the wounds were able to heal with oxygen supply.  

 

Based on our experimental results, our oxygen-release patches were able to keep the host tissue 

alive with inadequate oxygen supply until such time that the blood supply was re-established.  

Normally, it takes two weeks for the restoration of blood supply to ischemic wounds. [552] 

Consequently, tissues in the wounded area suffer from hypoxia for at least two weeks, and this 

long period of oxygen deficiency can cause serious inhibition to wound healing. Our 

experimental results indicated that oxygen delivery to ischemic wounded tissue was important 

for the preservation of injured tissue and promoted wound healing.  

 

5. Conclusion 

We successfully developed an oxygen-release patch for wound dressing. This oxygen-release 

patch was easy to prepare and was capable of preserving wounded ischemic tissues and 

promoting ischemic wound healing in ischemic rabbit ears. Our experiment proved that in situ 

oxygen delivery was able to promote wound healing by promoting vascularization and 

reepithelialization while inhibiting tissue necrosis.  
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Figure 5.1S. Infected wound on ischemic ear. The up right wound experienced serious infection 

(arrow). The tissues adjacent the wound became thinner, which may be a sign of tissue 

degeneration.  
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Preface  

Adipose tissue resorption post transplantation is an obstacle in reconstructive surgery. The 

main cause of the adipocyte post-transplantation death is ischemia. The main current 

approaches to increase adipose reconstruction volume is the used of adipose-derived stem cells 

and growth factor. These methods only improve the regenerating ability of the transplanted 

tissue. The oxygen delivery system (ODS) has been found to support cell growth under anoxia, 

promote vascularization in the scaffold, preserve blood vessels at physiological temperature, 

and protect ischemic wounds from necrosis. In this chapter, the self-oxygenating scaffold was 

further used to preserve large volumes of adipose tissue under anoxia. The efficacy of the self-

oxygenating scaffold for anoxic adipose tissue culture was investigated.  

 

Abstract 

Resorption of adipose tissue due to the death of adipocytes is a significant issue in 

reconstructive surgery. Oxygen deficiency in the transplanted adipose tissue caused by 
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ischemia is one of main reasons for cell death. This work sought to culture adipose tissue with 

a volume of up to 0.33 mL under anoxia by encapsulating the adipose tissue into a self-

oxygenating scaffold (SOS). Furthermore, adipocyte viability in rat adipose tissue after 

transplantation with oxygen delivery material will be investigated. Experimental results from 

in vitro tissue culture under anoxia showed that oxygen delivery maintained high cell viability 

in adipose tissue even under anoxia in a scaffold with a diameter of 7 mm and a length of 10 

mm. Moreover, adipose tissue was found to be sensitive to oxygen concentrations and only a 

suitable concentration of oxygen-release microparticles in the scaffold was able to maintain the 

viability of the cells in adipose tissue. The effect of hydrogel volume percentage in the scaffold 

on cell viability was further examined and culture of 0.33 mL adipose tissue for 7 d with 15 % 

v/v scaffold was achieved.  

 

Key words: Reconstructive surgery, adipose tissue preservation, oxygen delivery, peroxides 

 

1. Introduction 

Adipose tissue transplantation in plastic surgery has been increasingly practiced, [553]  either 

for cosmetic or trauma reconstruction purposes. [554, 555] Although adipose tissue 

transplantation has been conducted for more than a century, tissue resorption after 

transplantation is still a major issue. [556] Adipocytes die after only one day of tissue 

transplantation. [16] Different approaches have been developed to alleviate resorption after 

transplantation. One of the methods is cell transplantation. [557, 558] Adipose-derived stem 

cells have been found to retain the volume of transplanted adipose tissue by generating new 

adipocytes. The stem cells have been mixed with adipose tissue and transplanted into patients. 

However, this method was found to improve tissue retention in breasts but not in faces [559, 
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560] and further data are required to confirm the positive effects of the stem cells. Another 

method is to incorporate growth factors into the transplants to reduce tissue loss. [561, 562] 

For example, basic fibroblast growth factor (bFGF), which induces the differentiation of 

preadipocyte into the adipocyte, has been added into adipose grafts and has been reported to 

improve the weight maintenance of transplanted adipose tissue after transplantation [561]. 

However, specialized carriers are required for the growth factor to exhibit beneficial effects, 

and the carriers seem to be non-resorbable. [561]  

 

Although long term in vitro culture of adipose tissue has been reported, the cultured tissue is 

usually a monolayer and is very thin. [563, 564] In the clinical setting, however, large volumes 

of fat tissue transplantation is common. It is believed that the death of adipocytes after 

transplantation occurs as a result of ischemia. [16] Therefore, oxygen deficiency can be one of 

the factors that impair cell viability except for lack of nutrients. [565] Oxygen delivery has 

been used to improve the outcome of tissue engineering and organ preservation, such as islets, 

skin, and the brain [2, 39, 232], but preserving adipose tissue by oxygen delivery appears to 

have never been studied. Preservation of large volumes of adipose tissue with biodegradable 

oxygen-release materials may provide an approach to alleviate cell death in transplanted 

adipose tissue.  

 

In the work, a biodegradable self-oxygenating scaffold (SOS) consisting of calcium peroxide 

(CP), iron oxide (Fe3O4), poly(lactide-co-glycolide) (PLGA) and alginate hydrogel was 

developed. CP decomposes in the presence of water and generates hydrogen peroxide (H2O2), 

which in turn produces oxygen after decomposition. Although CP has a relatively low 

decomposition rate compared with other peroxides, it still decomposes too fast, causing burst 
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release and accumulation of cytotoxic H2O2 and hydroxyl ions. Since cells are extremely 

sensitive to H2O2, iron oxide (Fe3O4) was used to catalyze the decomposition of H2O2. 

poly(lactide-co-glycolide) (PLGA) was used to reduce CP decomposition rate by reducing 

water. Alginate hydrogel was used to further inhibit CP decomposition by reducing the amount 

of water available to the oxygen generating agent. The hydrogel also served as a barrier to 

further protect cells from radicals produced during the decomposition of peroxides. Moreover, 

the hydrogel controlled oxygen diffusion from the microparticles towards cells, which reduced 

oxidative toxicity from oxygen.  

 

Development of a method to maintain the viability of large volumes of adipose tissue was 

attempted so that adipocyte viability after transplantation could be improved. An SOS 

composed of oxygen-release microparticles (CP-Fe3O4-PLGA) and alginate hydrogel was 

employed to encapsulate adipose tissue and examined cell viability after anoxic culture.  

 

2. Materials and methods 

2.1 Preparation of self-oxygenating scaffold 

Oxygen-release microparticles composed of calcium peroxide (CP), Fe3O4 and PLGA were 

prepared using a phase separation method [442] in the absence of H2O. CP powders (Aldrich, 

USA) and Fe3O4 (Fisher Scientific, Canada) were first dispersed in PLGA (50/50, Mw 28,000, 

Advanced Polymer Materials Inc, Canada) solution in chloroform (Fisher Scientific, Canada) 

with a weight ratio of 1:10:10 (CP:Fe3O4:PLGA), then the suspension was added into glycerol 

(Fisher Scientific, Canada) containing 1% w/v polyvinyl alcohol (PVA, Mw 28,000-98,000, 

Aldrich, USA) and stirred for 10 min at room temperature. After being dried in a fume hood, 

the CP-Fe3O4-PLGA microparticles were collected by centrifugation at 4000 rpm, which were 
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then washed with alcohol three times and dried at room temperature. The SOS was prepared 

by suspending the oxygen-release microparticles into 1% w/v sodium alginate solution and 

then crosslinking the mixtures with 0.1 M CaCl2.  

 

2.2 Adipose tissue preparation and culture 

Male Wistar rats (35-40 d, 126-150 g) from Charles River Laboratories were used as the 

adipose donor. All experiments followed Canadian Institutional Animal Care Guidelines and 

were approved by the Animal Care Committee at McGill University. White adipose tissue was 

collected immediately after the euthanization of rats and kept in phosphate buffer solution (PBS) 

on ice. Adipose tissue encapsulation with SOS was performed as shown Figure 6.1. The tissue 

was then cut into 3×3 mm pieces by a scissor to make it easier to encapsulate the adipose tissue 

into SOS. Generally, the smaller the adipose tissue blocks, the easier for them to be 

encapsulated, meanwhile more cells would be damaged since more cells were exposed on the 

surface of the tissue blocks. For example, to get a 3×3 mm block about 0.5% cells were exposed 

to the risk of being damaged while cutting when the size of adipocytes was about 50 µm. 

Afterwards the adipose tissue was mixed with the microparticle-alginate suspension. In the end, 

the mixtures were transferred into a silicon tube with an inner diameter of 3 mm and a length 

of 10 mm and cross-linked using 0.1 M CaCl2 for 10 min. Different concentrations of 

microparticles in the scaffold were used to investigate the effects of oxygen concentration on 

cell viability. Scaffolds with different volume percentages of alginate hydrogels were studied 

to maximize the volume percentage of adipose tissue in the scaffold (adipose volume 

percentage 50%, 75% and 85%). Adipose tissue encapsulated in alginate only was used as the 

control. The scaffolds were cultured under anoxia (95% N2, 5% CO2, 37 ℃) for up to 7 d in 

Dulbecco's Modified Eagle Medium (DMEM) supplemented with 10% fetal bovine serum 

http://www.thermofisher.com/dmem.html
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(FBS) and 1% Penicillin/Streptomycin (P/S). The culture medium was changed every 3 d. 

Three replicates were performed for each sample.  

 

 

 

 

 

 

Figure 6.1. Encapsulation of rat adipose tissue into oxygen-generating scaffold. 

 

2.3 Characterization  

The morphology as well as the microstructure of the microparticles was examined with a field 

emission scanning electron microscope (FE-SEM, FEI Inspect F-50, USA). The density of the 

microparticles was measured by a gas pycnometer (Micromeritics AccuPyc 1330, USA). 

Moreover, the specific surface area of the microparticles was also examined (Micromeritics 

TriStar 3000, USA).  

 

N,N-dimethyl-p-phenylenediamine (DMPD, Sigma, USA) was employed to detect free 

radicals released from peroxides. [491, 492] The microparticles with and without alginate 

hydrogel were put into 2.5 mg/mL DMPD solution and the released radicals turned the solution 

red. The potassium iodide (Fisher Scientific, Canada) and starch solution (Fisher Scientific, 

Canada) was used to detect H2O2 in the system and the solution became blue in the presence 

http://www.biocompare.com/21300-Penicillin-Streptomycin/2670483-PS-PenicillinStreptomycin-Solution/
https://www.google.ca/url?sa=t&rct=j&q=&esrc=s&source=web&cd=1&cad=rja&uact=8&ved=0CB4QFjAAahUKEwjS5ovB15fHAhWXEZIKHfx1DBw&url=http%3A%2F%2Fwww.ncbi.nlm.nih.gov%2Fpubmed%2F12420745&ei=_QPFVZL0HpejyAT867HgAQ&usg=AFQjCNG6UpU7MwA1I8ylTSnop07jWJXAsg&sig2=Qfev8ydPVcw1h_l01B9JMw&bvm=bv.99804247,d.aWw
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of H2O2. The change of pH caused by the oxygen-release material in both water and colorless 

culture medium was detected by a pH indicator (Riedel-deHaen (pH 4-10), Aldrich, USA)). 7 

mg microparticles and 3 mL water or medium were used in all these experiments. The color 

changes were recorded with a camera (D70S, Nikon, Japan).  

 

The viability of cells in adipose tissue was examined by a live/dead assay and observed under 

a fluorescent microscope (Imager.M2, Zeiss, Germany). Live cells were stained green by 

Calcine AM and nuclei of dead cells red by Ethidium homodimer-1. In addition, Hoechst 

33258 was used to label all the nuclei. Cell viability was quantified by counting live and dead 

cells in the images. More than 5 fields were counted each sample. The results were expressed 

as an average ± standard deviation.  

 

3. Results 

3.1 Characterization of oxygen-release microparticles 

The size of the oxygen-release material plays an important role in practice, since a large size 

restricts the application of the material. The Fe3O4 particles were cubes smaller than 300 nm. 

(Figure 6.2a) The prepared microparticles had a size similar to cells (Figure 6.2b and c), making 

them readily be mixed with cells during application. The application of microparticles are no 

longer restricted by their size and shape, which are big problems for the previous oxygen 

delivery systems using metal peroxides. The microparticles appeared to have a porous structure 

(Figure 6.2d), which increased the penetration of water into the microparticles to react with CP, 

and thus improves the reaction efficiency of CP. The abundant amount of Fe3O4 particles on 

the surface of the microparticles increased efficacy of the catalysts.  

 

https://en.wikipedia.org/wiki/Ethidium
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Figure 6.2. SEM image of Fe3O4 nanoparticles (a) as well as the prepared oxygen-release 

microparticles (b-d) under different magnifications. Fe3O4 particles were nano cubes sized 

between 100-280 nm. The microparticles were covered with a layer of Fe3O4 nanoparticles (d 

arrow) and had a diameter of 5-60 µm. Moreover, the microparticles had a porous structure. 

 

In order to investigate the structure of the prepared microparticles, their density was measured. 

The calculated low close porosity according to the measured density of the microparticles 

(Table 6.1) suggested that the microparticles were either solid particles or had a connective 

porous structure. When combined with SEM images, the microparticles were more like to have 

a connective porous structure. 

a b 

c d 



180 

 

Table 6.1. Surface area and density of the microparticles 

 CP powders Fe3O4 PCL Microparticles 

Density (g/mL) 2.96±0.08 5.90±0.16 1.16±0.03 1.78±4.12 

Closed porosity    10.00% 

 

 

The effect of hydrogel on the decomposition of CP was investigated by detecting color changes 

caused by H2O2, radicals, and hydroxyl ions. In Figure 6.3a, only a small area on top of the 

material became blue in the presence of hydrogel, indicating that a very small amount of H2O2 

was released from the material. In contrast, the microparticles without hydrogel changed the 

whole solution into dark blue, suggesting that much more H2O2 was produced in naked 

microparticles compared with the microparticles in hydrogel. A similar phenomenon was 

observed for the pH changes in water. Therefore, the presence of alginate hydrogel greatly 

reduced the amount of generated hydroxyl ions. For the radical staining, when the 

microparticles were encapsulated in hydrogel only the hydrogel was stained red (Figure 6.3b), 

indicating that radicals were trapped by the hydrogel. The microparticles without hydrogel, 

however, generated a thick band of red color above the particles. The fact that the 

microparticles either with or without hydrogel did not cause obvious color changes in culture 

medium suggests that the hydroxyl ions generated by the materials can readily be neutralized 

by the buffering system in culture medium. 
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Figure 6.3. Release of H2O2 (a) and radicals (b) from the materials as well as pH changes in 

water (c) and culture medium (d) after 30 min. The presence of alginate hydrogel greatly 

mitigated color changes in a, b and c, suggesting there were less H2O2, radicals and hydroxyl 

ions release when the microparticles were encapsulated in the hydrogel. In contrast, significant 

color changes around the microparticles were observed without hydrogel in all cases except for 

pH changes in culture medium. Very little color change was noticed in culture medium, 

suggesting that there was not much pH change caused by the oxygen-release material in culture 

medium.  

 

3.2 Cell viability in preserved adipose tissue 

Physiologically, adipose tissue is very well vascularized. Therefore, it is logical to expect good 

oxygenation of adipose tissue in vivo. However, too much oxygen could cause oxidative 

toxicity and kill cells, as shown in Figure 6.4b. The high oxygen concentration killed all types 

of cells after 7 d (Figure 6.4d), although death mainly occurred in adipocytes after 3 d (Figure 

6.1S). Cells death may also be caused by hypoxia in the scaffold as shown in Figure 6.4d. 

Adipocytes are the most oxygen-sensitive cells in adipose tissue and account for the most of 

the dead cells in anoxic (Figure 6.4c) and normoxic culture. Adipose-derived stromal cells were 

resistant to hypoxia [566], and thus survived in anoxic and normoxia culture in this experiment. 

In Gel No Gel In Gel In Gel No Gel No Gel In Gel 

b a c d 

No Gel 
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Nevertheless, it seems that those cells were not resistant to hyperoxia. With a suitable 

concentration of microparticles in the scaffold, cells in the adipose tissue maintained high 

viability (Figure 6.4a).  
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Figure 6.4. Fluorescent images of live/dead assay stained adipose tissue under various oxygen 

concentrations after 7 d. Adipose tissue preserved under anoxia with 2 mg/mL microparticles 

in 50% v/v hydrogel displayed very good viability (a), but tissue preserved under other 

conditions, such as 5 mg/mL (b) and 0 mg/mL (c) microparticles in 50% v/v hydrogel under 

anoxia and 50% v/v hydrogel under normoxia (d) showed poor viability. These results 

indicated that adipose tissue was sensitive to oxygen, and that both high and low oxygen 

concentrations could kill cells. Most of the red nuclei located on the edge of adipocytes, 

indicating that most of the dead cells were adipocytes. Quantified results (e) indicated that 

tissue preserved at the optimal condition had a significantly higher viability than the other 

samples.  

a b 

c d 

e 
P<0.05 
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The volume ratio of hydrogel in the scaffold also affected cell viability in the adipose tissue. 

When compared with the results in Figure 6.5, the decreased volume ratio of hydrogel in the 

scaffold impaired cell viability in tissue. The cell viability decreased by 50% when the 

percentage of hydrogel volume dropped from 50% v/v to 25% v/v (Figure 6.5a) and continued 

to decrease as the volume of hydrogel was further reduced (Figure 6.5b and c).  

 

 

 

 

 

 

 

 

 

Figure 6.5. Fluorescent images of the live/dead assay stained tissue cultured with 25% v/v (a), 

10% v/v (b), and 0% v/v hydrogel (c) containing 2 mg/mL microparticles after 3 d. The viability 

was also quantified (d).  

 

The volume ratio of hydrogel in the scaffold influenced the distance among the encapsulated 

adipose tissue blocks as shown in Figure 6.6. The relationship between the distance among the 

adipose tissue blocks and the volume ratio of hydrogel in the scaffold was expressed in 

Equation 1. As the volume ratio of hydrogel decreased, the distance among the adipose tissue 

b a 

c d 

P<0.05 
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blocks also reduced, leading to decreased distance between the oxygen-release microparticles 

and the adipose tissue. Since hydrogel acted as a barrier of cytotoxic radicals released from the 

microparticles, the protective effect of hydrogel on adipose tissue would reduce when the layer 

of hydrogel between the source of radicals and the tissue became thinner. Consequently, cell 

viability in stored adipose tissue reduced as the volume ratio of hydrogel in the scaffold 

decreased.  

 

 

 

 

 

 

Figure 6.6. The effect of volume ratio of hydrogel in the scaffold on the distance among 

adipose tissue blocks.  

                                             
1/3

3 1 3Gely V


         (1) 

Where y (mm) was the distance among the adipose tissue blocks, and VGel was the volume ratio 

of hydrogel in the scaffold. The adipose tissues blocks were taken as 3×3×3 mm cubes and 

supposed to be dispersed evenly in the scaffold.  

 

4. Discussion  

Oxygen-release microparticles were prepared with a size of 5 to 60 µm, which was close to the 

size of cells. The small size made it possible to apply the particles in broader circumstances 
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with more flexible ways, unlike reported work in which oxygen-release materials were either 

in the form of big slabs or hard porous scaffolds. [2, 39] The presence of alginate hydrogel 

greatly reduced the decomposition rate of CP in water. Subsequently, the release rate of H2O2 

and hydroxyl ions from the oxygen-release material in hydrogel was significantly reduced 

(Figure 6.3a and c). The radical staining results (Figure 6.3b) suggested that the alginate 

hydrogel trapped the cytotoxic radical ions, and thus cells could be protected from the radicals 

by the alginate hydrogel. Moreover, the hydroxyl ions produced by CP did not change the pH 

of culture medium, therefore, the toxicity of hydroxyl ions could be removed by culture 

medium.  

 

Adipose tissue is very sensitive to hypoxic environments. Hypoxia induces chronic 

inflammation in adipose tissue in obesity and causes adipose tissue dysfunction and insulin 

resistance. [567] Cells in adipose tissue, such as adipocytes, vascular endothelial cells, and 

blood derived cells, cannot survive under 3% oxygen. [565] Nevertheless, adipose-derived 

stromal cells can survive under 1.3% oxygen and are activated to repair the tissue by the low 

oxygen concentration. [565] Adipocytes in transplanted adipose tissue start to die on the first 

day, with only some adipocytes on the surface area up to 300 µm in depth surviving. [16] 

Furthermore, adipose tissue regeneration occurs in the zone where adipose-derived stromal 

cells are alive. Therefore, the transplanted adipose tissue is able to repair itself through the 

regenerative abilities of the stromal cells. In the core of the tissue, however, all kinds of cell 

lose viability and tissue necrosis occurs. [16]  

 

In this work in vitro culture results showed that adipose tissue was able to maintain high cell 

viability for up to 7 d under anoxia in the presence of oxygen-release microparticles. Moreover, 
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the amount of oxygen-release materials had great effects on cell viability. Cells in adipose 

tissue failed to survive under anoxia. Although much work has been done concerning the 

adverse effects of hypoxia on adipose tissue, the influence of hyperoxia on adipose tissue has 

rarely been studied. In this work high concentrations of oxygen-release materials were found 

to jeopardized cell viability, suggesting that cells in adipose tissue were sensitive to over 

oxygenation. The experimental results from normoxia showed very poor cell viability in 

adipose tissue (Figure 6.4d). A possible reason was that hypoxia occurred in the scaffold 

because of the limited diffusion efficacy of oxygen through hydrogel.  

 

In summary, the oxygen delivery material was able to preserve adipose tissue under anoxia for 

up to 7 d. A variety of factors, including the concentration of oxygen-release material in the 

scaffold, the volume ratio of hydrogel in the scaffold, and the addition of albumin, were shown 

to affect cell viability in preserved adipose tissue.  

 

5. Further work 

Cell viability under anoxia will be further examined by a Lactate Dehydrogenase (LDH) assay 

(Abcam, Canada) with a plate reader (Spectramax M2E Microplate reader, Molecular Devices, 

USA) following the provided instruction. Each sample will be read three times by the plate 

reader and the average value will be used. Cell apoptosis in the preserved adipose tissue will 

be examined using a caspase 3/7 assay kit (CellEvent®, molecular probes, USA). The in vitro 

cultured adipose tissue will also be fixed in 4% paraformaldehyde in PBS overnight and be 

embedded in paraffin. Hematoxylin and eosin (H&E) staining and perilipin staining will be 

carried out to examine the tissue structure and live cells in the tissue.  
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In vivo evaluation of the effect of in situ oxygen supply on adipocytes viability and fat tissue 

resorption will be performed by subcutaneous implantation. Male Wistar rats (35-40 d, 126-

150 g) from Charles River will be used. Before the surgery, the rats will be anesthetized with 

isoflurane. Two places on the dorsal surface will be shaved along the spine. A 4 cm skin 

incision will be made and one pocket created on each side of the incision to yield a total of 2 

pockets, where scaffolds containing adipose tissue with (right side) and without (left side) 

oxygen-release microparticles will be implanted. The scaffolds will be weighed before surgery. 

Implants will be retrieved after 2 and 4 weeks. The retrieved scaffolds will also be weighed to 

measure weight changes of the implants. The volume changes of the transplants both before 

and after transplantation will be assessed by immersing the transplants in saline solution. [568] 

Cell apoptosis in the transplants will be detected with a caspase 3/7 assay kit. Then the implants 

will be fixed and embedded as previously described. H&E staining and perilipin staining will 

be used to examine tissue structure and live cells, repectively. Immunohistochemistry staining 

will be used to label blood vessels, hypoxia-inducible factor 1-alpha (HIF-1α) and secreted 

vascular endothelial growth factor (VEGF) in the scaffold.  
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Supplemental information 

 

Table 6.1S. Specific area of the prepared microparticles 

 CP powders Microparticles 

Surface area (m2/g) 10.76±1.36 2.92±0.58 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 6.1S. Fluorescent images of the live/dead assay stained adipose tissues cultured under 

anoxia supplied with various O2 concentrations after 3 d. Adipose tissues preserved under 

anoxia with 2 mg/mL microparticles in 50% v/v hydrogel displayed very good viability (a), but 

tissues preserved under other conditions, such as 5 mg/mL (b) and 0 mg/mL (c) microparticles 

in 50% v/v hydrogel under anoxia and 50% v/v hydrogel under normoxia (d) showed poor 

viability. Most of the nuclei stained red located on the edge of adipocytes, indicating that most 

of the dead cells were adipocytes. 

b a 

c d 
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Chapter 7 

Ongoing work 

 

Preface  

The previous chapters showed that the developed oxygen delivery material had excellent 

biocompatibility and was capable of supporting cell growth under anoxia, of promoting 

vascularization in implants, of preserving blood vessels and adipose tissue under anoxia, of 

preserving ischemic tissue, and of accelerating ischemic wound healing. Since hypoxia and 

even anoxia are common issues during tissue engineering, tissue and organ preservation, and 

cell transplantation, there are many other applications for our oxygen delivery materials. In this 

chapter, the oxygen delivery material was applied to other areas. Preliminary experiments on 

the preservation of mouse islets, mouse heart slices, mouse brain slices, and mouse livers at 

physiological temperature using the self-oxygenating scaffold was performed, an initial 

investigation about the effects of oxygen delivery on vascularization in scaffold in vivo 

investigated, and incorporation of the oxygen-release material into a three-dimensional printed 

scaffold explored. 

 

1. Introduction 

Vascularization is crucial for the functionality and long-term survival of cells. Many efforts 

have been devoted to improving vascularization in transplants, including prevascularization the 

scaffolds with endothelial cells and fibroblasts [569, 570], introduction of stem cells [571, 572], 

and addition of angiogenesis growth factors [573]. Although encouraging results have been 

obtained, these methods still require more than one week to form new blood vessel networks. 

The problem is that the transplanted cells may already die during that week. It is well known 

that hypoxia induces angiogenesis through hypoxia-inducible growth factor-1alfa (HIF-1α), 
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which augments the secretion of vascular endothelial growth factor (VEGF) from cells and 

promotes blood vessel formation. However, long-term hypoxia inhibits vascularization, 

possibly because under hypoxia cells cannot produce adequate raw material to build blood 

vessels, such as cells, collagen and elastin. Therefore, oxygen delivery may promote 

vascularization by supporting the activities of blood vessel related cells.  

 

Tissue and organ preservation has long been investigated due to the growing demand for tissue 

and organ transplantation and drug screening. So far, various approaches have been developed 

to preserve organs and tissues. Most approaches used low temperature to reduce oxygen 

consumption in preserved tissues and organs and to alleviate hypoxia. However, hypoxia still 

occurs during preservation and reperfusion injuries take place due to the low temperature and 

hypoxia during preservation. Perfusion of tissues and organs at temperatures close to the 

physiological temperature has been used for heart and kidney preservation, but perfusion 

causes damage to blood vessels in the organs. The ability of the oxygen delivery material to 

preserve tissues and organs at physiological temperature under severe oxygen deficiency was 

tested. Moreover, transplanted tissues and organs suffer from ischemia due to limited blood 

supply, which causes delayed functionality from the transplants and even loss of cells. If the 

oxygen delivery material can support cell survival in tissues and organs, the material can be 

implanted together with tissues and organs to retain the viability of the tissues and organs 

before blood vessels reconnect with the host vasculature.  

 

Hypoxia is also common in tissue engineering and has become a major obstacle for 

constructing tissues large enough for clinical practice. Oxygen solubility in water and culture 

medium is extremely low and the effective diffusion distance of oxygen from culture medium 

into scaffolds is limited, so cells in the core of engineered tissues cannot get enough oxygen. 

http://www.sciencedirect.com/science/article/pii/S0006349598777823
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We attempted to construct a 3D scaffold that releases oxygen in situ so that hypoxia in large 

scaffolds can be eliminated.  

 

2. Tissue and organ preservation 

Hypoxia is one of the major issues in tissue and organ preservation. Hypoxia in organs and 

tissues results in ATP depletion in cells. The depletion of ATP generates hypoxanthine, which 

is converted into xanthine in the hypoxic environment. When the cells are brought back to 

normal oxygen tensions, xanthine reacts with oxygen and generates reactive oxygen species 

(ROS). [470] Burst generation of ROS occurs during reperfusion due to the accumulation of 

xanthine under hypoxia [496, 497]. Since ROS can kill cells, rewarming injury is a major issue 

in tissue and organ preservation. Various methods have been used to alleviate the damage 

caused by rewarming, such as adding antioxidants into the preservation solution and 

oxygenating tissues and organs during preservation by perfusion or persufflation. Oxygen 

delivery agents like perfluorocarbons and peroxides have been used to improve the results of 

tissue and organ preservation. However, those methods either require expensive additives, 

damage blood vessels in the tissues and organs, have limited valid time, or are currently at a 

very early stage of development. In this work, oxygen-release microparticles were prepared, 

which could be incorporated into hydrogel scaffolds with flexible shapes, and used to deliver 

oxygen to various tissues and organs, including mouse islets, mouse heart slices, mouse brain 

slices, mouse livers, and rat marrow tissue. 

 

All the tissues and organ slices tested were encapsulated into the oxygen-release alginate 

hydrogel scaffold by cross-linking with Ca2+ and cultured under anoxia. For mouse liver 

preservation, an alginate solution containing oxygen-release microparticles was injected into 

the organ and then the liver was encapsulated with the oxygen-release alginate hydrogel 
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scaffold through cross-linking. Samples cultured under anoxia without the oxygen-release 

scaffold were used as a control. 

 

2.1 Mouse islet preservation 

The purity of isolated mouse islets was examined with dithizone staining, which stained the Zn 

element in islets. [574] Figure 7.1 shows the dithizone staining of the isolated islets. The 

staining confirmed that the isolated islets had a high purity and most of the clusters were stained 

red by dithizone.  

 

 

 

 

 

Figure 7.1. Images of dithizone stained islets at 0 d (a) and islets cultured under anoxia with (b) 

and without (c) oxygen-release material after 2 d. Dithizone binds zinc ions in the islet and 

stains the islet red. Almost all the clusters were stained by dithizone, suggesting the isolated 

islets had a high purity.  Scale bar is 200 µm. 

 

The integrity of the islets is an easy way to identify the viability of islets, as dead islets lose 

their integrity. The morphology of the islets cultured under different conditions (Figure 7.2) 

suggested that the presence of oxygen-release material maintained the integrity of the islets 

under anoxia while the islets cultured without the oxygen-release material lost their integrity 

under the same conditions. The loss of integrity indicates the islets were undergoing necrosis.  
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Figure 7.2. Morphology of islets at 0 d (a) and islets cultured under anoxia with (b) and without 

(c) oxygen-release material after 2 d. Islets preserved under anoxia with oxygen-release 

material maintained their integrity, while those without oxygen-release material lost their 

integrity. Scale bar is 200 µm. 

 

Cell viability in the islet was assessed using the live/dead assay. The live/dead assay staining 

results (Figure 7.3) indicated that the addition of oxygen-release material improved cell 

viability in islets under anoxia compared with control samples. All the cells died under anoxia 

(Figure 7.3c) whereas the presence of oxygen-release material maintained high cell viability 

(Figure 7.3b). 
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Figure 7.3. Fluorescence images of live/dead assay stained islets at 0 d (a) and islets cultured 

under anoxia with (b) and without (c) oxygen-release material after 2 d. The majority of cells 

in islets cultured with oxygen-release material were stained green, suggesting they maintained 

their viability under anoxia. However, without oxygen-release material almost all the cells were 

stained red. The cluster displayed a yellow color due to the overlap of stained red color and 

green background.   

 

In addition, cell viability in the stored islets was assessed using Alamar Blue staining. The 

Alamar Blue staining results (Figure 7.4) showed that the presence of oxygen-release material 

increased cell viability in the islets from 20% without oxygen-release material under anoxia to 

60% with oxygen-release material under anoxia.  
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Figure 7.4. Alamer Blue assay results of islet viability preserved under different conditions for 

2 d. The presence of oxygen-release material resulted in significantly higher cell viability in 

islets compared with control.   

 

2.2 Mouse heart slice preservation 

The mouse heart was manually cut into slices and the slices encapsulated in the oxygen-release 

scaffold. The heart slices were obtained by cutting across the heart and were about 1-2 mm in 

thickness. The slices were then encapsulated with the oxygen-release hydrogel scaffold. 

 

Cell viability in the mouse heart slice was examined by the live/dead assay staining. According 

to Figure 7.5, the oxygen-release scaffold successfully maintained high cell viability in the 

mouse heart slice under anoxia (Figure 7.5b) while the heart slices in control groups lost most 

of their cell viability (Figure 7.5c), suggesting that oxygen delivery may be used to preserve 

heart or muscle tissue. The experimental results also suggested that the oxygen-release material 

was not toxic to heart cells. Heart ischemic disease is one of the main causes for heart failure, 

which leads to morbidity and mortality. [575] Autologous bone marrow cells have been 
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injected into the ischemic area of heart to promote vascularization, but this method requires 

tedious cell isolation and characterization procedures. Moreover, the isolated cells need to be 

injected as soon as possible. [576] Therefore, it will be much more convenient if the oxygen-

release microparticles could be used to treat heart ischemic disease.  

 

 

 

 

 

Figure 7.5. Fluorescent images of mouse heart tissue stained by live/dead assay, including fresh 

heart tissue (a), tissue preserved in the self-oxygenating scaffold under anoxia (b) and tissue 

cultured under anoxia (c) for 3 h.  The heart slices were encapsulated with 0.6 mL self-

oxygenating scaffold containing 5 mg/mL microparticles. 

 

Electrical stimulation was tried to evaluate the functionality of the stored heart tissue but failed 

to stimulate the tissue. Possibly because the machine used for stimulation could not generate 

suitable electrical signals, including the shape, frequency, current and voltage of the signals. 

[577-580] Square wave pulses (30 μA; 2 ms) at a frequency between 1 and 40 Hz have been 

used to stimulate the mouse heart. [578] For the rat heart tissue, electrical signals with a 100-

ms-long square wave pulse of amplitude 100 V and at frequencies of 1 and 2 Hz are used [577]. 

Evaluation of functionality of the heart through perfusion was also attempted. Fresh heart re-

beating was achieved, however, the stored heart could not re-beat under the same conditions 

although cell viability in the stored heart remained high (Figure 7.1S).  
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2.3 Mouse brain slice preservation 

The mouse brain was cut into slices and the slices encapsulated in the oxygen-release scaffold. 

The brain slices were obtained by manually cutting with a blade across the brain into slices 

about 2 mm in thickness. The slices were encapsulated with oxygen-release hydrogel scaffold 

by cross-linking. 

 

Brain tissue contains a large number of neurons, which are very sensitive to hypoxia. So far 

only very thin brain tissue slices with a thickness of several micrometers have been preserved 

by perfusion. [581] In this work, as shown in Figure 7.6, the oxygen-release scaffold 

successfully maintained high cell viability in thick mouse brain slices under anoxia for up to 

24 h (Figure 7.6b, c), while the brain slices in the control group lost most of their cell viability 

after 3 h (Figure 7.6d), suggesting that oxygen delivery could be used to preserve brain slices 

under the severely oxygen deficient environment. Brain tissue is sensitive to free radicals and 

iron, which can cause damage to brain tissue by inducing oxidative stresses. [582-584] The 

experimental results in this work indicated that the potential cytotoxicity of free radicals release 

from the peroxides, i.e. CP and H2O2, was successfully removed and that Fe3O4 catalyst in the 

oxygen-release material did not cause toxicity to brain tissue.   
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Figure 7.6. Fluorescent images of mouse brain tissue stained by the live/dead assay: fresh brain  

tissue (a), brain  tissue preserved in self-oxygenating scaffold under anoxia for 3 h (b) and 24 

h (c), and brain tissue preserved under anoxia for 3 h (d) and 24 h (e). In the presence of oxygen 

delivery material, very few dead cells were found after 3 h under anoxia and cell viability was 

about 90% after 24 h. In contrast, almost all the brain cells died after 3 h under anoxia without 

oxygen-release material. 

 

2.4 Mouse liver preservation 

Livers play an important role in detoxification, digestion, and blood circulation. In addition, 

livers are able to regenerate by themselves. Since liver transplantation has become an import 

way to treat liver related diseases, growing new liver tissue in vitro can be very attractive. In 

this preliminary experiment, oxygen-release scaffolds, being both inside and outside of the 

liver, successfully maintained high cell viability in mouse livers under anoxia for up to 24 h 

(Figure 7.7b) while the livers in the control group already lost most of their cell viability (Figure 

7.7c), suggesting that oxygen delivery could be used to preserve livers under the severely 

oxygen deficient environment. Moreover, the oxygen-release material was not toxic to liver 

a 
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cells according to the experimental results. It may be possible to regenerate livers in vitro with 

the oxygen delivery material. 

 

 

 

 

 

 

 

Figure 7.7. Fluorescent images of mouse liver tissue stained by the live/dead assay: fresh liver 

tissue (a), liver tissue preserved in self-oxygenating scaffold under anoxia (b) and liver tissue 

cultured under anoxia (c) for 1 d. Microparticles were suspended in a 1% w/v alginate solution 

at a concentration of 10 mg/mL and then injected into liver through a needle. The whole liver 

was further encapsulated with 0.6 mL self-oxygenating hydrogel by crosslinking.  

 

2.5 Rat bone marrow preservation 

Marrow tissue contains different kinds of cells, such as adipocytes, hematopoietic stem cells 

and mesenchymal stem cells. [585-587] Marrow tissue plays an important role in bone 

formation and blood cell generation. Marrow-derived cells have been used for cell therapy. 

[588]  However, cell viability is low after transplantation because of hypoxia. Our experimental 

results showed that marrow tissue could be preserved by the oxygen-release material and that 

a suitable amount of microparticles was required to obtain high cell viability in cultured 

marrow tissue (Figure 7.8 and Figure 7.2S). Therefore, this oxygen-release system could be 

used for bone marrow-derived cell transplantation and bone marrow transplantation. 
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Figure 7.8. Fluorescent images of rat marrow tissue stained by live/dead assay. The marrow 

tissue was preserved in self-oxygenating scaffold with 20 mg/mL (a), 30 mg/mL (b) and 40 

mg/mL (c) of oxygen-release microparticles, and without (d) oxygen-release microparticles 

under anoxia for 7 d. The cultured marrow tissue displayed the highest cell viability in the 

scaffold with 30 mg/mL oxygen-release microparticles.  

 

In summary, ischemia is the most obvious event in extracorporeal tissues and organs since 

there is no blood supply to the tissues and organs. As a result, the tissues and organs lose the 

source of oxygen and nutrients. During tissue and organ preservation, one of the common 

practice is to reduce the demand of oxygen and nutrients from preserved tissues and organs 

under hypothermia. Although tissues and organs can be preserved under hypothermia for 

prolonged periods of time, the occurrence of reperfusion injuries, caused by low temperature 

and hypoxia during preservation, brings new problems. This preliminary experimental work 

showed that the oxygen-release material was not toxic to various tissues, and that tissue and 

organs were preserved at physiological temperature by being provided with extra oxygen. In 
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this way, reperfusion injuries could be prevented. Keeping tissue and organs alive at 

physiological temperature can be useful for drug screening as well.  

 

3. Effects of oxygen delivery on vascularization in implants 

Vascularization is very important to the survival of tissue and cells in tissue and cell 

transplantation. It is well known that hypoxia induces angiogenesis [589, 590], but it is not 

clear whether oxygen delivery promotes vascularization. Oxygen delivery may improve 

vascularization because angiogenesis related cells need energy to differentiate, grow, and 

synthesize raw materials to build the vessel networks. Normally, angiogenesis related growth 

factors or stem cells are used to promote vascularization in the scaffold. This process usually 

takes more than one week. It would be a great advantage if the oxygen delivery material could 

promote the formation of blood vessels in implants and keep cell alive in the scaffold at the 

same time.  

 

A porous oxygen-release scaffold was prepared by dispersing calcium peroxide (CP) (Aldrich, 

USA), iron oxide (Fe3O4) (Fisher Scientific, Canada) and ammonia chloride (NH4Cl, 250-500 

µm) (Fisher Scientific, Canada) particles in a poly(lactic-co-glycolic acid) (PLGA) (50/50, Mw 

28,000, Advanced Polymer Materials Inc, Canada) solution in chloroform. The mixtures were 

then transferred into a glass tube with an inner diameter of 5 mm and a thickness of 2 mm. A 

cylinder was obtained when the sample dried. NH4Cl was used as a pore-making agent and 

then removed by ethanol. In the end, a porous scaffold that released oxygen was obtained 

containing 5 % w/v CP. In the scaffold, CP was the oxygen generating agent and Fe3O4 the 

catalyst of H2O2 produced by CP. 
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Male Wistar rats (35-40 d, 126-150 g) from Charles River were used for subcutaneous 

implantation. The porous scaffolds with and without oxygen-release materials were implanted 

subcutaneously into rats on the dorsal side. After 2, 4 and 12 weeks, the scaffolds were retrieved 

and subjected to histological examination.  

 

The micro-structure of the porous scaffold as well as the distribution of CP and Fe3O4 particles 

was examined using SEM. As shown in Figure 9, the porous scaffold had a connective pore 

structure (Figure 7.9a) and its surface was covered with a large amount of Fe3O4 particles 

(Figure 7.9b, c). The connective pore structure allowed tissue infiltration into the scaffold. 

Fe3O4 particles on the scaffold surface could increase efficacy of the catalysts.  

 

 

 

 

 

Figure 7.9. SEM images of the porous CP-Fe3O4-PLGA scaffold. The scaffold had a porous 

structure. The pores appeared to be connected. The pore size ranged from nano- to micro-

meters. An abundance of Fe3O4 particles (white arrow) were observed on the surface of the 

polymers, and CP particles were observed on the surface of the polymer as well (empty arrow).  

 

According to histological staining, the presence of oxygen-release material improved 

vascularization in the subcutaneously implanted scaffolds. A larger number of blood vessels in 

the oxygen-release scaffolds were found compared with the scaffold without extra oxygen 

supply at various time points. (Figure 7.10 and Figure 7.3S) After 12 weeks, blood vessel 

networks (black arrows) were observed in the experimental group. In contrast, a much smaller 
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amount of blood vessels could be seen in the control group compared with the experimental 

group. The in vivo experimental results suggested that oxygen delivery promoted 

vascularization in the scaffold. 

 

 

 

 

 

 

 

Figure 7.10. Hematoxylin and eosin (H&E) staining of subcutaneously implanted scaffolds 

with (left) and without (right) oxygen delivery materials after 12 weeks.  The supply of oxygen 

greatly improved vascularization in the scaffold.  

 

Hypoxia induces vascularization in the scaffold through HIF-1α and VEGF. However, long-

term hypoxia cannot support blood vessel formation in the scaffold. Blood vessel formation 

includes cell proliferation and differentiation and generation of collagen and elastin. All these 

activities require energy and only oxidative phosphorylation is able to generate enough energy 

to support these activities. Moreover, the oxygen concentration affects the quality of generated 

collagen and the formation of tube-like structure. [591, 592] It has been reported that 

vascularization is inhibited in PLGA scaffolds possibly due to the production of acidic 

byproducts during the biodegradation of PLGA. In this work, the presence of CP could remove 

the acidic substances by the hydroxyl ions released during the decomposition of the metal 

peroxide. Moreover, oxygen supply may support cell activities related to vascularization. 

Hence, the process of vascularization in the scaffold was accelerated by the oxygen delivery 
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material based on the metal peroxide. This part of work is delayed by the histological 

characterization due to the technical difficulties with sample cutting.  

 

4. 3D printing 

Constructing three-dimensional (3D) scaffolds is a novel technique for tissue engineering. It 

enlightened the future of tissue engineering in building tissue constructs with a 3D structure. 

As mentioned previously, oxygen deficiency is common in large tissue constructs. 

Construction of a 3D scaffold that can oxygenate itself was attempted, enabling the engineered 

tissue to maintained high cell viability. 

 

Sodium alginate is widely used for tissue engineering and is biodegradable and biocompatible. 

Sodium alginate pastes containing oxygen-release microparticles were prepared for 3D printing. 

The microparticles were mixed with sodium alginate (LF200, FMC BioPolymer, USA) 

powders first. Then the mixtures were wetted with 6% w/v polyvinyl alcohol (PVA) (Aldrich, 

USA) in water with a ratio of 8:1(mixture/liquid) in weight to form a paste. The paste was used 

to produce a 3D scaffold using a Bioplotter (regenHU) by dispensing. A 20×20×3 mm scaffold 

was obtained. The pore size in the scaffold was examined under a stereomicroscope (SteREO 

Discovery.V20 Carl Zeiss, Germany). 

 

The photos of the platform used for 3D printing as well as the printed scaffold was shown in 

Figure 7.11. Figure 7.11a shows the platform for 3D printing. Briefly, sodium alginate pastes 

containing oxygen-release microparticles were filled in a syringe and then extruded onto a flat 

surface through a needle. By moving the needle in both horizontal and vertical directions, a 

porous scaffold with a defined structure was produced. The scaffold has a regular porous 
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structure (Figure 7.11b). The pore size on the edge of the scaffold was smaller compared with 

the pore size in the inner area due to the shrinkage of alginate paste. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 7.11. Photos of the 3 D printing machine (a) and the printed 3D scaffold (b).  

 

The microscopic images of the printed scaffold were shown in Figure 7.12. The 3D scaffold 

had an interspace of about 1 mm between lines and 0.1-0.25 mm between layers. 

  

a 

b 
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Figure 7.12. Image of 3 D printed alginate scaffold containing oxygen-release microparticles 

(black dots).  

 

This was only the initial work and more like a proof of concept. It suggested that it was possible 

to create a scaffold with various oxygen concentrations. Therefore, the effects of oxygen 

concentrations on cells activities, like migration, proliferation and differentiation, apoptosis, 

and necrosis, in the scaffold could be investigated. In addition, it made it possible to build tissue 

constructs with a large enough size for clinical practice by providing a more homogeneous 

oxygen environment to cells in the scaffold.  

 

 

 

 

 

 

 

 

 



208 

 

Supplemental information 

 

 

 

 

 

 

 

Figure 7.1S. Fluorescent images of perfused beating mouse heat tissue (a) and preserved mouse 

heart tissue (b) stained by the live/dead assay. The preserved heart tissue displayed better cell 

viability than perfused heart tissue.  
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Figure 7.2S. Fluorescent images of rat marrow stained by the live/dead assay. The marrow 

tissue was stored in the self-oxygenating scaffold with 20 mg/mL (a), 30 mg/mL (b) and 40 

mg/mL (c) of oxygen-release microparticles, and without (d) oxygen-release microparticles 

under anoxia for 3 d. Marrow tissue displayed the highest cell viability in the presence of 30 

mg/mL microparticles in the scaffold.  
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Figure 7.3S. Hematoxylin and eosin (H&E) staining of subcutaneously implanted scaffolds 

with and without oxygen delivery materials after 2 and 4 weeks. The presence of oxygen 

delivery material greatly improved vascularization in the scaffold. A larger number of blood 

vessels were observed in the oxygen generating scaffold compared with the scaffold without 

oxygen-release material.  
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Chapter 8  

Final conclusions and future work 

 

The main contributions of this thesis to the peroxide-based oxygen delivery system for tissue 

engineering include: 

 

1. Improved the oxygen delivery system and the culture method to evaluate the system  

In the previous reports using metal peroxides as the oxygen generating agent, the oxygen-

release material was either made into disks (10 mm in diameter),  porous scaffolds (10 mm in 

diameter), or films. The physical shapes and sizes restricted the application of the oxygen-

release systems. In this work, oxygen-release microparticles were developed with a size similar 

to that of cells, therefore, the application restriction caused by the shape and size of oxygen-

release material was greatly reduced. In addition, the reported peroxide-based oxygen delivery 

systems either neglected the cytotoxicity of H2O2 generated during the decomposition of 

peroxides or used toxic catalyst or extremely high concentrations of catalase, which could 

cause side effects such as paradoxical reductive stress on cells, to remove H2O2. Therefore, 

none of them was able to deal with the toxicant in an acceptable way. In this work, 

biocompatible MnO2 and biodegradable Fe3O4 were successfully used to catalyze the 

decomposition of H2O2. Moreover, alginate hydrogel was introduced into the oxygen-release 

system to control oxygen diffusion and protect cells from oxidative toxicity. Last but not the 

least, a proper method is required to evaluate the oxygen delivery systems. Except for one 

recent report in which anoxic culture was used to evaluate the oxygen-release from 

hyperbarically loaded microtanks, all the previous work used hypoxic culture to evaluate their 

oxygen-release systems. The problem was that most of the cells could survive in the hypoxic 

environment. Moreover, no comparison with normoxic culture was presented in those reports. 

In this work, anoxic culture was employed to evaluate the oxygen-release efficacy of the 
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developed oxygen delivery system, and a comparison with normoxic culture was also 

performed.  

 

2. Eliminated cytotoxicity  

As mentioned before, cytotoxic byproducts are generated during the decomposition of 

peroxides. These byproducts include free radicals and hydroxyl ions in addition to H2O2. The 

cytotoxic free radicals were generally ignored in the previous reports. In this work, the alginate 

hydrogel was employed to isolate free radicals from cells. The experimental results confirmed 

that alginate hydrogel was able to trap free radicals. Given the extremely short lifetime of the 

radicals, alginate hydrogel may protect cells from free radicals. The toxicity from hydroxyl 

ions was avoided by reducing the decomposition rate of the metal peroxide, using hydrophobic 

biopolymers and alginate hydrogel, so that the released hydroxyl ions could be consumed by 

the buffer system in culture medium. The developed oxygen delivery system was tested on a 

various tissues and cells in a sealed system and exhibited excellent biocompatibility.  

 

3. Towards the development of in vivo degradable systems 

The reported peroxide-based oxygen delivery systems either used silicon rubbers, toxic 

catalysts, or high concentrations of catalase additives. Hence, none of them were suitable to be 

used as in vivo biodegradable oxygen delivery systems. In this work, attempts were made to 

develop an in vivo degradable oxygen-release system. The relatively cheap polycaprolactone 

(PCL) with a slow biodegradation rate and insoluble MnO2 were used at the beginning to 

optimize the system. Afterwards, poly(lactic-co-glycolic acid) (PLGA), which had a faster in 

vivo degradation rate, and biodegradable Fe3O4 were used to replace the PCL and MnO2, 

respectively, so that an oxygen delivery system that could fully degrade in vivo was obtained. 
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Although complete degradation of the oxygen-release system has not been achieved yet, it is 

very promising to be fulfilled given a longer time period in vivo.  

 

4. Summary of the experimental results 

An in situ oxygen delivery system was developed using calcium peroxide (CP) as the oxygen 

generating agent. An oxygen-release slab consisting of CP, MnO2 and PCL was developed first 

and encapsulated in the alginate hydrogel to rescue human primary fibroblasts and Madin-

Darby canine kidney (MDCK) cells under the anoxic condition. The oxygen-release system 

greatly reduced expression levels of hypoxia related genes in human primary fibroblasts and 

maintained normal growth rates of human primary fibroblasts and MDCK cells. Afterwards, a 

more advanced oxygen-release system, namely a self-oxygenating scaffold (SOS) composed 

of oxygen-release microparticles and alginate hydrogel, was developed.  The SOS successfully 

encapsulated MDCK cells and supported cells growth in vivo, preserved thoracic aortas, 

adipose tissue, islets, heart slices, brain slices, the liver, and marrow from rats at physiological 

temperature. Moreover, a topical oxygen-release patch was developed based on CP and 

successfully preserved ischemic tissues and promoted the healing of ischemic wounds. In 

addition, oxygen delivery was found to improve vascularization in the implants. The oxygen-

release microparticles were also incorporated into 3D printed scaffolds.  

 

In spite of these encouraging results, there is still space to improve this oxygen delivery system. 

The technique for preparation of oxygen-release microparticles needs to be refined. 

Centrifugation was used to collect the microparticles, but some very small microparticles were 

lost because a very high centrifugation speed was required to collect them. Nevertheless, very 

high centrifugation speeds resulted in serious aggregations. Some particles were lost during 

washing as well. Therefore, it is worthy to find a better way to collect the microparticles. With 
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current technique, it takes 4-5 weeks to dry the microparticles at room temperature, possibly 

due to the low diffusion rate of chloroform in glycerol. Although several methods have been 

tried to reduce the time for drying, such as vacuum and heating, no obvious improvements were 

obtained. In addition, the ratio of catalysts in the microparticles could be further optimized so 

that the minimum amount of catalysts would be used.  

 

Encouraging experimental results have been obtained using the oxygen delivery system in 

tissue engineering, cell transplantation, tissue and organ preservation, and wound healing. 

However, some information is still missing in this study. The experimental results suggested 

that different kinds of tissues and cells required various oxygen concentrations to stay alive. 

Although the amount of released oxygen was adjusted by changing the concentration of 

oxygen-release microparticles in the scaffold, the exact concentration of oxygen in the 

scaffolds has not been studied yet. It will be very valuable if the optimum oxygen 

concentrations for various cells, tissues and organs could be determined. The experimental 

results showed that oxygen delivery improved ischemic wound healing. Again, the amount of 

oxygen delivered to wounds was not measured.   

 

Preliminary experimental results showed that the oxygen delivery system maintained high cell 

viability in various tissues, but the functionality of the preserved tissues was not evaluated, 

including the functionality of preserved mouse islets, mouse heart slices, mouse brain slices, 

and mouse liver. Moreover, oxygen-release scaffolds with optimized compositions, namely the 

CP amounts, biopolymer ratios, and alginate amounts, may further improve preservation results. 

Although the oxygen-release microparticles have been successfully incorporated into 3D 

printing scaffolds, the concentration of the microparticles in the scaffold still needs to be 

optimized for different types of cells.  
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Aside from some species of loriciferans [1], no animal is known to survive entirely in the 

absence of oxygen (O2). Local loss of tissue oxygenation can occur by injury or disease of the 

blood vessels, for example following radiotherapy [2] or ischemic heart disease [3], following 

tissue or cell transplantation [4] or after cell, organ or tissue harvesting [5]. New blood vessels 
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can grow at a rate of around 150 µm per day [6] to alleviate small regions of ischemia, but 

avascular tissue volumes greater than ~0.17 mL become necrotic upon implantation indicating 

a maximal passive diffusion distance of up to ~2.8 mm is sufficient to maintain viability during 

revascularization [7, 8]. This discrepancy between revascularization rate and necrosis rate has 

been one of the fundamental impediments to creating large volumes of functional implantable 

engineered tissues despite numerous creative attempts to circumvent this problem. [9]  

 

Prior strategies have included prevascularization, addition of angiogenesis inducing growth 

factors, layering of cell sheets, the use of arterial-venous grafts, perfusion of decellularized 

tissues, and the creation of perfusable synthetic channels using a variety of 3D printing, 

microfabrication and casting technologies. [10] 

 

The inability of materials science to overcome this critical hurdle of maintaining oxygen 

delivery is a sad familiarity, with heart ischemia being the third most frequent cause of death, 

organ donor waiting times are static and 5% of donation candidates die annually [11], and the 

inability to transplant large tissue volumes that lack a vascular pedicle limits reconstructive 

surgery and organ/tissue transplantation.  

 

Several synthetic biomaterials can release oxygen either by virtue of competitive gaseous 

solubility or binding (e.g. perfluorocarbons and crosslinked hemoglobin) or decomposition of 

inorganic compounds such as peroxides, perborates and perchlorates. [12, 13] The former group 

of materials was mainly developed as blood replacements and for liquid ventilation of the lungs. 

[14] The temporary loss of function of the heart and or lungs is successfully managed surgically 

by cardiopulmonary bypass and membrane oxygenators. [15] On a smaller scale, mechanical 

perfusion of oxygenated fluids is an approach to organ preservation, but is still mainly at an 
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experimental stage with cold storage, in order to slow metabolic rate and hence oxygen demand, 

being more usual. [16] 

 

The oxygen delivery capability of thermodynamically unstable per-oxyanionic salts has been 

known for decades and was first used for artificial soil oxygenation. [17] They are also used in 

aquaculture for fish transportation and remediation of poor oxygen availability. [18] However, 

their efficacy of oxygen delivery to mammalian tissues and cells is limited.   

 

The oxygen forming aqueous decomposition of calcium peroxide (CP) to calcium hydroxide 

proceeds via the formation of cytotoxic hydrogen peroxide (H2O2) and radical intermediates. 

[19, 20] To date, attempts to utilize this reaction in biological systems have been restricted to 

polymer embedded CP. [13, 21, 22] The polymer aims to retard water diffusion and hence control 

oxygen delivery and have had some limited success in prolonging cell survival in hypoxic 

culture conditions. [13, 22]  Reduction of H2O2 levels has been addressed in vivo by using MnCl2 

and in vitro by using catalase catalysts. [23] While proof of concept was demonstrated, these 

approaches are non-ideal as MnCl2 is itself toxic [24] and catalase, being a non-autologous 

protein, is not a favored approach for further clinical development. 

 

To date there has only been one reported study on the implantation of peroxide containing 

materials namely a peroxidase free poly(lactic-co-glycolic acid) (PLGA)-sodium percarbonate 

film. [21] The intent was to aid partially ischemic skin flap survival. Sustained release was only 

achieved for 1 d, bubbles were formed and at 7 d the amount of necrosis was comparable 

between experimental and negative control groups. 
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This study then sought to develop the first implantable and degradable oxygen delivery system 

(ODS) that was able to achieve long-term sustenance of hypoxic cells and tissues in vivo. Key 

challenges overcome were to minimize H2O2 concentration locally, prevent reactive oxygen 

species damage, eliminate bubbling that could cause embolism, and maintain tolerable oxygen 

concentrations. In nature gaseous exchange structures (e.g. lungs, gills and leaves) have high 

surface areas not only to overcome diffusion kinetics but also to dissipate waste metabolites at 

sub-cytotoxic concentrations. For example fish gills have areas up to 1000 cm2 [25] and have 

total ammonia excretion rates of ~ 2 mM kg-1 h-1 [26], yet acute ammonia toxicity levels for fish 

is only around 2 mM L-1 [27]. All prior inorganic peroxide biomaterials systems were produced 

either in sheet or block form [13, 22] with areas in the range of only 0.2 m2 g-1 or less. By forming 

polymer embedded CP as porous microbeads (Figure 1a, Figure S1) that had a surface area of 

6.3 m2 g-1 (Figure 1b) rather than monoliths we found that H2O2 concentrations were much 

lower after the initial aqueous reaction had occurred (Figure 2a). Moreover, the presence of 

hydrogel reduced the concentration of H2O2 in the storage media (Figure S2a) to below 1 ppm 

(Figure S2b). Radical concentrations around the material were not markedly different in the 

presence of hydrogel (Figure 2b, Figure S2c). Given their short lifetime [28], radical diffusion 

distances can be expected to be some ~nm therefore hydrogel encapsulation also minimized 

radical-cell membrane interactions. The decomposition of CP releases hydroxyl ions and can 

increase pH > 10 (Figure S2d, f). We established that in a buffered culture system and therefore 

likely also in vivo, the alkalinity was neutralized (Figure S2e), and calcite was formed which 

neutralized the system (Figure 1c). This simple microstructural change towards a more 

biomimetic form had a dramatic effect and cytotoxicity experiments confirmed a vast 

improvement in cell survival. The presence, of either MnO2 or degradable Fe3O4, catalysts 

further greatly improved cell viability and, only the micro-lung system (MLS), i.e. microbeads 

with catalysts in hydrogel, effectively acted as micro-lungs and supported cell growth while 
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the other types of ODS nearly killed all the cells (Figure 2c). Cells cultured with the optimal 

oxygen-release material under anoxia maintained a cell growth rate similar to that cultured 

under normoxia (Figure 2c), suggesting that the oxygen-release material restored oxygen to a 

tolerable level for the cells.  

 

Hypoxia is one of the major factors limiting tissue and organ preservation time. [29] Prolonging 

preservation under hypoxia by reduction of the metabolic rate is achieved by cooling 

(hypothermia) [30], but creates an additional issue namely reperfusion injury upon warming [31]. 

Warm perfusion avoids this but can result in shear damage to blood vessels and requires 

hardware to supply pressurized oxygenation fluids. [32] Preservation of a functioning 

vasculature is a fundamental impediment to any new approaches for normothermic tissue and 

organ preservation and tissue engineering [33].  

 

Prior work on oxygen delivery has focussed solely on putting oxygen into tissue, presumably 

with the assumption that the tissues will consume it at a rate higher than or equal to the rate of 

supply. From 37 ˚C to 0 ˚C in air the oxygen content of saturated water increases from 200 µM 

to 457 µM. [34] In equilibrium with pure oxygen however, these values are five times higher, 

which is generally way beyond cytotoxic limits [27, 35]. One can appreciate then that delivery of 

pure oxygen in the absence of an oxygen sink can easily cause cell damage. A key discovery 

in our work was that the provision of an oxygen sink, namely flowing (200 mL min-1) of N2 

gas through the culture system, appeared to provide more optimum oxygen ranges during 

culture. Experiments were performed attempting to preserve arteries with our degradable MLS. 

Anatomically these impermeable tissues transport highly oxygenated blood but little 

transluminal oxygenation occurs [36], and so MLS was placed inside, outside and completely 

surrounding the dissected arteries. Interestingly best survival was observed combining MLS 
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surrounding the tissue only with anoxic culture (Figure 3a, Figure S3). At 37 ˚C the 

mitochondrial membrane potential of the endothelial cells was maintained (Figure 3a) and the 

vessels retained 90% of their original KCl stimulated contraction force (Figure 3b) compared 

with the hypothermically stored control that had 5% membrane potential (Figure 3a), and 50% 

contraction force after 7 d (Figure 3b). The sample stored under normoxia, either with or 

without oxygen-release microbeads, displayed poor cell viability and lost mitochondrial 

membrane potential (Figure S3a, b). This approach then overcame a key obstacle in tissue and 

organ preservation and tissue engineering.  

 

Externally, H2O2 is routinely used as an antibacterial [37] and we were keen to discover if the 

peroxide cytotoxicity we observed in vitro would be more potent an inhibitor of healing than 

oxygen deficiency. Using an ischemic wound healing model [38], we compared healing of 15 

mm diameter full thickness wounds treated with alginate patches with and without the a disc 

form slab of PCL encapsulated Fe3O4 and CP. The control wounds became necrotic by day 7 

(Figure 3c), possibly due to desiccation of the cartilage from lack of epithelial coverage, despite 

the use of an alginate hydrogel barrier, whereas the underlying tissue mainly survived with the 

oxygen delivery patch (ODP) and histologically granulation tissue formation (Figure S4) and 

reepithelisation occurred (Figure S4 arrow, Table S1).  

 

One of the main obstacles for high density cell culture, approaching physiological tissue cell 

densities (~1-5×108 cells mL-1) [39], is oxygen deficiency in the culture system [40]. Efforts have 

been made to increase cell density in bioreactors in the biopharmaceutical industry by 

oxygenating the culture medium by perfusion or gas sparging [41], but are limited [42]. We sought 

to use MLS to supply oxygen to Chinese Hamster Ovary (CHO) cells at a physiological density. 

Lactate dehydrogenase (LDH) release from dead cells was reduced twofold in the oxgyen 
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delivery scaffold (Figure 3d), indicating our oxygen-release system can alleviate oxygen 

shortage in high density cell culture. The cell viability in the experimental group was increased 

by 100% compared with the control group after 24 h (Figure S5), 

 

Cell and tissue transplantation is frequently attempted clinically e.g. to restore hormonal 

function and cosmetic appearance [43, 44], but the lack of viability post implantation limits 

efficiency and in some cases raises doubt as to efficacy [44, 45]. We chose a hypoxia sensitive 

Madin-Darby canine kidney (MDCK) cell line [46] to test whether we could encapsulate such 

cells at a density of 1×106 cells mL-1 in a 5 mm MLS sphere and then transplant them 

subcutaneously, since 3 mm adipose (a generally hypoxia resistant tissue) tissue transplants 

have been observed to become necrotic following transplantation [8].  

 

The MLS maintained viability of transplanted MDCK cells and supported cell growth (Figure 

4a, b) for four weeks. In addition, vascularization was promoted in MLS (Figure 4c, d). 

Although cell density was similar on the edge area of the implants either in the experimental 

or control group, MLS significantly increased cell density in the central area of the implant 

(Figure S6).  

 

Current standard mammalian cell culture conditions developed some 60 years ago [47], i.e. 

serum and protein fortified media buffered with 5% CO2, in equilibrium with air rather than 

haemoglobin, are often considered inadequate since they are usually 2D systems rather than 

3D [48]. But more fundamentally incorrect than that is the issue that this ‘standard culture 

condition’ is hyperoxic compared with physiological conditions [49, 50]. What is often termed 

hypoxic culture (1-5% O2) is often more close to physiological conditions [13, 49, 51]. Recently 

one report used an anoxic control [52] but prior work used inaccurately termed hypoxic controls. 
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Anoxic culture is more severe than subcutaneous implantation in hydrogel in terms of oxygen 

deprivation and appears that it can be used to replace animals during formulation optimisation. 

Finally to showcase how critical optimisation of the ODS microstructure is to getting this 

system to work efficiently, we attempted to maintain brain tissue viability in anoxia. The brain 

is extremely sensitive to foreign bodies and very few biomaterials are biocompatible with it. 

[53] The ability to maintain brain viability without a blood supply is currently not possible. 

Efforts have focused on perfused brain slice cultures and to date the limit for in vitro 

maintenance is 700 µm thick slices [54]. We used 2 mm thickness (Figure S7a) to evaluate 

whether it was technically possible to sustain brain tissue at normothermic conditions in 

oxygen-free buffered nitrogen. Impressively, 95% and 90% viability at 4 (Figure S7b) and 24 

h (Figure 4e) respectively in comparison with complete cell death in controls (Figure S7b and 

Figure 4e) were obtained. It remains to be seen whether this degradable biomaterials system 

could be tolerated in the brain in vivo, but certainly this study for the first time highlights the 

importance of minimizing oxygen, H2O2 and radical accumulation and advances the field of 

synthetic materials for tissue oxygenation significantly and offers hope of new treatments 

strategies for conditions that currently end in severe reduction in quality of life, amputation and 

even death. 
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Supporting Information is available from the Wiley Online Library or from the author. 
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Figure 1. a) Scanning electron microscopy (SEM) images of oxygen-release microbeads. The 

microbeads had a diameter between 20-300 µm and appeared to be porous. MnO2 (white arrow) 

and CP (empty arrow) located in the pores. b) Specific surface area of CP powders, microbeads 

(MB), and slabs. c) XRD patterns of the microbeads in cell culture media and 5% CO2 incubator 

at 37 ˚C at different time points. Peaks representing CaCO3 were observed after the 

decomposition of CP, and the signal intensity increased with time.  
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Figure 2. a) H2O2 release from (left to right) MLS, slab in hydrogel, microbeads (MB), and 

slab only after 24 h. The slab released more H2O2 compared with microbeads either with or 

without the hydrogel. b) Radical release from (left to right) MLS, slab in hydrogel, microbeads, 

and slab only after 24 h. Again, no obvious color changes were observed in the solution in the 

presence of hydrogel while the solution became pink without hydrogel. c) Cytotoxicity of slab, 

microbeads, slab in hydrogel (Slab +Gel), and MLS on MDCK cells under anoxia for 6 h using 

Fe3O4 or MnO2 as the catalyst. The microbeads in hydrogel maintained a normal cell growth 

rate using either Fe3O4 or MnO2 as the catalyst.  
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Figure 3. a) Fluorescent cross-sectional images of live/dead assay stained rat thoracic aorta 

and tetramethylrhodamine methyl ester (TMRM) stained mitochondrial membrane potential of 

endothelial of rat thoracic aorta after 7 d. Very few red stained nuclei from dead cells were 

observed in the experimental group. In contrast, a large number of dead cells were found in the 

samples stored under anoxia and hypothermia. The sample in the experimental group retained 

endothelial mitochondrial membrane potential while the samples in the other two groups lost 

the membrane potential. b) KCl induced contraction force of the aorta stored for 7 d. The 

sample in the experimental group retained the stimulated contraction force, but the other 

samples maintained < 50% of the stimulated contraction force. c) Ischemic wound tissue 

healing after 17 d. Ischemic wound tissue were necrotic in the control group but in comparison 

little tissue was lost with ODP. d) LDH release from CHO cells cultured at a physiological 

density (2×108 cells mL-1) after 24 h. MLS reduced LDH release from dead cells two-fold.  
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Figure 4. a, b) Fluorescent images of MDCK cells and quantified cell number change after 

being transplanted subcutaneously +/- MLS for four weeks. Cell quantification indicated 

proliferation had occurred with MLS but cell number had dereased without it. c, d) Blood vessel 

in the implants and quantified blood vessel density. Cells with MLS had a four-fold higher 

blood vessel denstiy than that in the control material. e) Fluorescent images of live/dead assay 

stained mouse brain tissue after 24 h. Very few dead cells were oberved in the experimental 

group and the fresh tissue, practically all cells were dead in the control.  
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Figure S1. a) SEM image of CP powders. The CP powders were nano particles. b) SEM image 

of MnO2. MnO2 had a size between 10-80 µm. c) EDX mapping images of Ca (red) and Mn 

(green) elements on the surface of microbeads at a lower magnification. d) SEM image of the 

mapped microbeads at a lower magnification. e) EDX mapping images of Ca (red) and Mn 

(green) elements on the surface of microbead at a higher magnification. f) SEM image of the 

mapped microbead at a higher magnification. 
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Figure S2. a) H2O2 release from (left to right) MLS, slab in hydrogel, microbeads, and slab 

after 10 min. No color change was observed in the presence of hydrogel for both microbeads 

and the slab, but the solution became blue in both cases without the hydrogel. b) Color changes 

corresponding to different concentrations of H2O2, left to right: 1, 10, 50 and 100 ppm. The 

color of the solution changed from light blue to dark blue as the concentration of H2O2 

increased. c) Radical release from (left to right) MLS, slab in hydrogel, microbeads, and slab 

after 10 min. In the presence of hydrogel, red color was observed only inside the hydrogel for 

the both kinds of material, whereas in the absence of hydrogel the solution became red near the 

material. d) pH changes in water caused by (left to right) MLS, slab in hydrogel, microbeads 

and slab after 10 min. pH changes were observed in water and microbeads resulted in the largest 

pH change. e) pH changes in phenol red-free medium caused by (left to right) MLS, slab in 

hydrogel, MB and slab after 10 min. No color change was observed in culture medium. f) Color 

changes corresponding to various pH. The color of the solution changed from pink to dark red 

as the pH increased from 5 to 10. 
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Figure S3. a) Fluorescent cross-sectional images of live/dead assay stained rat thoracic aorta 

after 7 d. Very few dead cells were found in the fresh aorta, but many red nuclei from dead 

cells were observed in the other two samples. b) Fluorescent images of tetramethylrhodamine 

methyl ester (TMRM) stained mitochondrial membrane potential of endothelial cells in rat 

thoracic aorta after 7 d. The mitochondrial of endothelial cells in fresh aorta had a high 

membrane potential, nevertheless, the mitochondrial of endothelial cells lost membrane 

potential in the other two samples.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure S4. Hematoxylin and eosin (H&E) staining images of ischemia rabbit ear wounds with 

oxygen-release material after 17 d. Reepithelialization was observed in the experimental group 

(dark arrow) and granulation tissue was also formed as indicated in the figure. Tissue breakage 

was observed in the control sample.  
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Table S1. Histopathological scores of the wounds treated with oxygen-release patches. 

(Tissue was lost due to necrosis in the control group) 

 Score (0-3) a)  (n=8) 

Granulation tissue amount 2±0.75 

Granulation tissue fibroblast maturation 1.88±0.35 

Collagen deposition 1.63±0.74 

Neovascularization 1.63±0.52 

Reepithelialization 2.38±0.74 

a) 3 high, 0 absent. 
 

 

 

 

 

 

 

 

 

 

 

 

Figure S5. CHO cell viability after being cultured for 24 h at a density of 2×108 cells mL-1. In 

the presence of MLS, the viability of CHO cells was one-fold higher than cells in the control 

group. 
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Figure S6. H&E staining images of the transplants containing MDCK cells after four weeks. 

The cell density around the material in the central area of the implant was much higher in 

MLS compared with the control group. 
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Figure S7. a) Photo of the mouse brain slice. The brain slice had a thickness of 2 mm and 

was encapsulated by MLS. b) Fluorescent images of live/dead assay stained brain slices 

stored for 3 h. Very few red nuclei from dead cells were observed in the experimental group, 

whereas a large number of dead cells were found in the control group.  

 

 

 

Preparation of oxygen-release microbeads: Oxygen-release microbeads composed of calcium 

peroxide (CP), iron oxide (Fe3O4) or manganese dioxide (MnO2), and poly(lactide-co-glycolide) 

(PLGA) were prepared using a phase separation method [1] in the absence of H2O. CP powders 

(Aldrich, USA) and Fe3O4 (Fisher Scientific, Canada) or MnO2 (Fisher Scientific, Canada) 

were first suspended in PLGA (50/50, Mw 28,000, Advanced Polymer Materials Inc, Canada) 

solution in chloroform (Fisher Scientific, Canada) with a weight ratio of 1/10/10 (CP/Fe3O4 or 

MnO2/PLGA), then the suspension was added into glycerol (Fisher Scientific, Canada) 

containing 1 wt% polyvinyl alcohol (Mw 28,000-98,000, Aldrich, USA) (PVA) and stirred for 
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10 min at room temperature. When the beads dried in a fume hood, the microspheres were 

collected by centrifuging the suspension at 4000 rpm, which was then washed with alcohol 

three times and dried at room temperature. 

 

Preparation of oxygen-release slabs: For the preparation of oxygen-release slabs, CP, Fe3O4 

or MnO2, and polycaprolactone (PCL, Mw 70,000-90,000, Sigma, USA) was mixed in 

chloroform with a weight ratio of 1/10/10 (CP/Fe3O4 (or MnO2)/PCL). Then the mixtures were 

transferred into a round aluminum foil model with a diameter of 2 cm and dried in a fume hood 

at room temperature.    

 

Cell culture with oxygen-release materials: Madin-Darby canine kidney (MDCK) cells were 

used to evaluate the cytotoxicity and the ability of the oxygen-release materials to support cell 

growth under anoxia. MDCK cells were seeded in 6-well plate wells, which had been separated 

through cutting, with a density of 1.0×104 cells per well and left to attach to the wells overnight. 

For anoxic culture, the oxygen-release material was added into the plate wells and culture 

medium replaced by the one that had been pre-degased in N2/CO2 (10% CO2) for 20 h. The 

process was carried out in the biological sage cabinet by putting the individual wells into a 50 

mL jar which had been flushed by N2/CO2 (10% CO2) beforehand and sealed with a rubber 

stopper. The jar was flushed by a balloon filled with N2/CO2 in the cabinet during the operation. 

Cells were cultured under anoxia by putting the jars in a desiccator with grounded joint at 37 

˚C. The desiccator was constantly flushed by N2/CO2 (5% CO2) at a flow rate of 200 mL min-

1 and the culture time was up to 6 h. Dulbecco's Modified Eagle Medium (DMEM) 

supplemented with 10% FBS and 1% penicillin-streptomycin was used. Normoxia culture was 

carried out in normal cell incubator with 20% O2 and 5% CO2 at 37 ˚C. Different kinds of 
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oxygen-release materials, including slab, microbeads, slab in hydrogel and microbeads in 

hydrogel, i.e. micro-lung system (MLS), containing either MnO2 or Fe3O4 catalysts were used. 

To encapsulate the slab with hydrogel, 350 µL 1% sodium alginate (FMC BioPloymer, USA) 

solution was added onto a piece of filter paper that had been moistened with 0.1 M CaCl2; then 

a piece of slab was put on the alginate solution; afterwards, another 350 µL of alginate solution 

was added on top of the slab; finally, 100 µL of 0.1 M CaCl2 was used to crosslink the alginate 

to encapsulate the slab. Microbeads were encapsulated in the alginate hydrogel in a similar way.  

 

Preservation of blood vessels: Thoracic aortas from rats (5-8 months old) were collected 

immediately after the euthanization of animals used in other non-pharmaceutical medical 

studies and kept in phosphate buffer solution (PBS) on ice for a maximum of 3 h. Following 

dissection of connection tissues, the aortas were cut into 5 mm in length and preserved under 

one of following conditions, anoxia (95% nitrogen (N2), 5% carbon dioxide (CO2), 37 ˚C), 

hypothermia (20% O2, 4 ˚C) and normoxia (20% O2, 5% CO2, 37 ˚C). Oxygen-release 

microspheres were mixed with 1 wt/vol% sodium alginate solution and sterilized by ultraviolet 

(UV) light for 20 min; next 350 µL of the mixture was added onto a piece of filter paper that 

had been moistened with 0.1 M CaCl2, using a 24-well plate well as the module; then a piece 

of aorta in the length of 5 mm filled with the bead-alginate mixture was put on the mixture; 

afterwards, another 350 µL of the mixture was added on top of the aorta; finally, 100 µL of 0.1 

M CaCl2 was added into the plate to to encapsulate the aorta in MLS by crosslinking the 

alginate. The aortas were cultured in Dulbecco's Modified Eagle Medium (DMEM) 

supplemented with 10% FBS and 1% Penicillin/Streptomycin solution (P/S). Aorta tissue 

encapsulated by oxygen-release scaffolds was cultured under anoxia and normoxia, 

respectively. Anoxic culture was carried out by putting the samples in a sealed jar (that had 

been flushed with 95% N2 and 5% CO2) in a desiccator which was constantly flushed with N2. 
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Aortas preserved at 4 ˚C in Hanks' balanced salt solution (HBSS) with 10 mM glucose were 

taken as the positive control [2]. Aorta segments alone were also preserved under anoxia and 

normoxia in culture medium, respectively, to serve as negative controls. The culture medium 

was changed every 3 d. Anoxic environment was created by flushing the jar with balloons filled 

with N2 during the change of culture medium.  

 

Wound healing: The oxygen delivery patch (ODP) consisted of CP, Fe3O4, PCL, and an 

alginate hydrogel. CP, Fe3O4, and PCL were first mixed in chloroform with a weight ratio of 

1/10/10, next the mixtures were transferred into a 3.5×3.5 cm foil mold. After that, chloroform 

was removed by evaporation to get a piece of CP-Fe3O4-PCL plate weighing around 600 mg, 

which was encapsulated by 6 mL 3 wt/vol% alginate hydrogel cross-linked by 1 M CaCl2 

subsequently, following the method mentioned before. Control patches were prepared using a 

similar method without oxygen-release plates. All the patches were sterilized by UV for 20 min 

before being used. New Zealand male white rabbits (3-3.5 kg) from Charles River were used 

in this study. All procedures were performed in accordance with the animal care and use 

committee. Each animal was anesthetized by intramuscular injection of 10 mg kg-1 of xylazine 

and 1 mg kg-1 of acepromazine followed by intramuscular injection of 35 mg kg-1 of ketamine. 

Isoflurane mask was also used for anesthesia induction. A severe full thickness ischemic wound 

model (Ø 15 mm ) was created on the convex side to examine the effect of oxygen-release 

patch on tissue preservation and wound healing. Two ears on each rabbit were treated with 

ODP and hydrogel patch only, respectively. 3M™ Tegaderm™ transparent film dressings were 

used to fix the ODP onto the wounds and keep moisture of the wounds at the same time. The 

rabbits received 0.05 mg kg-1 buprenorphine 30 min prior to the end of surgery and then a post-

operative injection of buprenorphine every 8 to 12 h was administered (0.02-0.05 mg kg-1), for 

a minimum of 72 h. The patches were changed every 3 d.  
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MDCK transplantation: Athymic “nude” male rats (Crl: NIH-Foxn1) used for subcutaneous 

implantation were 6- to 7-week old and 200-220 g in weight, and supplied by Charles River 

Laboratories. All experiments followed Canadian Institutional Animal Care Guidelines and 

were approved by the Animal Care Committee at McGill University. For subcutaneous 

implantation, MDCK cells were labeled with carboxyfluorescein succinimidyl ester (CFSE, 

Abcam, Canada) and encapsulated in hydrogel with and without oxygen-release material 

before surgery and kept on ice.  For cell encapsulation, 1×106 cells mL-1 MDCK cells were 

mixed with 1 wt/vol% alginate solution with CP-Fe3O4-PLGA microbeads, then the mixtures 

were extruded into 0.1 M CaCl2 solution to form MLS beads of 5 mm in diameter. Cells were 

also encapsulated in 1 wt/vol% alginate hydrogel with Fe3O4-PLGA microbeads as the control. 

Before the surgery, the rats were anesthetized using isoflurane. Two places on the dorsal 

surface were shaved. A 4 cm skin incision was made and one pocket was created on each side 

of the incision to yield a total of 2 pockets, where the experimental sample (right side) and 

control sample (left side) were implanted. A post-operative injection of carprofen was 

performed every 24 h for 72 h. Implants were taken out after 4 weeks.  

 

Physiological density Chinese Hamster Ovary (CHO) cell culture: CHO cells were 

encapsulated in alginate hydrogel and MLS at a density of 2×108 cell mL-1. Briefly, CHO cells 

were mixed with 0.5 wt/vol% sodium alginate solution with or without oxygen-release 

microbeads at a concentration of 2×108 cell mL-1; then 15 µL of the mixtures were dropped 

into 0.1 M CaCl2 solution to form beads. The hydrogel beads containing CHO cells were 

cultured under normoxia for 24 h.  
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Preservation of mouse heart and brain slices: Mouse brains were obtained from freshly dead 

mice and kept on ice. The brain slices were cut by hand across the brain and were about 2 mm 

in thickness. The brain slices were encapsulated with 0.6 mL MLS containing 10 mg mL-1 

oxygen-release microbeads by crosslinking. Then the brain slices were cultured under anoxia 

for up to 24 h. 

 

Characterization: The morphology of the microbeads, CP and MnO2 was examined with a 

field emission scanning electron microscope (FE-SEM, FEI Inspect F-50, USA). The 

distribution of CP and MnO2 on the surface of the microbeads was mapped through the energy 

dispersive X-ray spectroscopy (EDX). X-ray diffraction (XRD) of the samples in cell culture 

media and 5% CO2 incubator was recorded with an X-ray diffractometer (D8 Discover, Bruker, 

USA). Moreover, the specific surface area of the microbeads was also examined 

(Micromeritics TriStar 3000, USA). A potassium iodide (Fisher Scientific, Canada) and starch 

solution (Fisher Scientific, Canada) was used to detect H2O2 in the system and the solution 

becomes blue in the presence of H2O2. N,N-dimethyl-p-phenylenediamine (DMPD, Sigma, 

USA) was employed to detect the radicals released from the materials. [3] The microbeads with 

and without alginate hydrogel were put into 2.5 mg mL-1 DMPD solution and the released 

radicals turned the solution red. The changes of pH in both water and colorless culture medium 

was detected by a pH indicator (Riedel-deHaen (pH 4-10), Aldrich, USA)). The color changes 

were recorded with a camera (D70S, Nikon, Japan). The number of MDCK cells before and 

after anoxic culture with various matierals was counted with a hemacytometer [4]. Firstly the 

culture medium was removed and cells were washed with PBS three times. Then the cells were 

detached by 0.25% Trypsin-EDTA, which would be counteracted with culture medium 

containing 10% FBS. Afterwards the cells were collected by centrifugation for 5 min at 1200 

rpm/min. Next the supernatant was discarded and cells were re-suspended in PBS and stained 
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with trypan blue. Finally cell number was assessed with a hemocytometer. The results were 

expressed as the percentage of cell number at 0 h. Three replicates were done for each sample 

and the results expressed as an average ± standard deviation. Cell viability in stored rat thoracic 

aorta, after being rewarmed at 37 ˚C in HBSS with 10 mM glucose for 150 min, was examine 

using a live/dead assay and observed under a fluorescent microscope (Imager.M2, Zeiss, 

Germany). Ethidium bromide-1 (Life technologies, USA) was used to stain the nuclei of dead 

cells and Calcein AM (Life technologies, USA) stain live cells in the tissue. The mitochondrial 

membrane potential of endothelial cells in stored rat aorta was further examined using the 

tetramethylrhodamine methyl ester (TMRM, Setareh Biotech, USA) staining [2]. The samples 

were rewarmed at 37 ˚C in HBSS with 10 mM glucose for 150 min and then stained with 

TMRM (500 nmol L-1) for 30 minutes in HBSS with 10 mM glucose. Afterwards the stained 

samples were kept in 250 nmol L-1 TMRM for maintenance. The stained aortas were placed 

into incubation chambers with a cover glass bottom with the endothelial side being downside. 

Fluorescence of the mitochondria of the endothelial cells was inspected using an inverted 

confocal microscope (LSM 510, Zeiss), under the condition of 116 µm pinhole, at λexc. = 543 

nm, λem. = 585 nm. [2] Smooth muscle contraction force, stimulated by 120 mM KCl, was 

measured with a Mach-1TM mechanical testing system fitted with a 150 g load cell. The rat 

aortas were cut into 5-mm ring segments. Each ring segment was suspended in a tissue bath 

containing 300 mL of Krebs Henseleit (KH) solution (122 mM NaCl, 4.7 mM KCl, 1.2 mM 

MgCl2, 15.4 mM NaHCO3, 1.2 mM KH2PO4 and 5.5 mM glucose) and mounted between 2 

stainless steel wire hooks. One hook was fixed to the bottom of the bath and the other hook 

was connected to the force transducer. The KH buffer was gassed continuously with 95% O2 

and 5% CO2 at 37 ˚C and changed every 20 min. The baseline tension of all vessel rings was 

adjusted to around 1.0 g. After 60 min of equilibration, KH solution supplemented with 120 

mM KCl was used to stimulate the contraction of the aorta tissue rings. Contraction force of 
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the aorta tissue rings was recorded by a tensiometer. [5] The stimulated contraction force of all 

the samples was expressed as the percentage of the stimulated force of fresh samples. Four 

replicates were performed for each sample. The results were expressed as an average ± standard 

deviation. The healing process of ischemic rabbit ear wounds was observed and recorded with 

a camera. For histology examination, the ear tissue was fixed in 4% paraformaldehyde in PBS 

and then embedded in paraffin. Hematoxylin and eosin (H&E) staining was performed. The 

stained slides were observed under a microscope (Imager.M2, Zeiss, Germany). Eight 

replicates were done for each sample. CHO cell viability in the beads were assessed using the 

trypan blue exclusion method [6] and LDH assay (Life technologies, USA). Three replicates 

were done for each sample and the results expressed as an average ± standard deviation. MDCK 

cell viability in the implants was examined under a fluorescence microscope (Imager.M2, Zeiss, 

Germany). To examine cell growth after transplantation, implants were retrieved and cells in 

the alginate hydrogel were released by dissolving the hydrogel with 100 µL 55 mM potassium 

citrate and 90 mM NaCl (pH 7.4) solution for 20 min at room temperature. The cells were 

stained with trypan blue and counted using a hemocytometer under a microscope to assess their 

population. [6] For histological characterization, the implants were fixed in 

4% paraformaldehyde in PBS overnight and embedded in paraffin. H&E staining was 

performed to examine the structure and cell density of the implants. Blood vessels in the 

implants were stained using immunohistochemistry and the density of blood vessels was 

quantified by counting the number of blood vessels. Blood vessel density was expressed as the 

number of blood vessels per mm2, five random fields under the microscope were counted for 

each sample. Three replicates were done for each sample and the results expressed as an 

average ± standard deviation. The viability of cells in preserved brain slices was examined 

using fluorescent live/dead staining and examined under a fluorescence microscope 
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(Imager.M2, Zeiss, Germany). Three replicates were done for each sample. Student’s t-test was 

used to determine the statistical significance between samples in all the experiments.  
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