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Abstract

Anthropogenic activities have led to most generated plastic being landfilled or introduced
to the environment. Natural weathering conditions, such as exposure to UV irradiation, mechanical
degradation, and temperature changes, break down plastic litter into smaller microplastics and
nanoplastics (MNP). These emerging contaminants pose a hazard to the aquatic environment and
life because of the risk of consumption and bioaccumulation up the food chain. The omnipresence
of MNP compels researchers to better understand their transport, toxicity, and fate in aquatic
environments, including freshwaters. However, nanoplastics have proven challenging to detect
due to their smaller size, which has limited our understanding of their environmental impacts. This
work focuses on detecting internalized MNP in a model freshwater organism (Daphnia magna)
using a combination of histological techniques and enhanced darkfield hyperspectral microscopy.
The advantage of this method is that it is label-free, meaning that the plastics do not need to be
pre-labeled prior to internalization by organisms. This study presents a method to modify the
spectral response of organism biomass by staining the biomass with a dye, enabling the detection
of ingested MNP. This makes it a promising methodology for ecotoxicology studies since uptaken
MNP can be localized inside the organism, thereby helping to understand the observed metabolic
impacts. This research will aid in shaping future research on the impact of MNP pollution on

freshwater systems.



Résumé

Les activités anthropiques ont conduit & la mise en décharge ou a I’introduction de la
plupart des plastiques générés dans 1’environnement. Les conditions météorologiques naturelles,
telles que I’exposition aux rayons UV, la dégradation mécanique et les changements de
température, décomposent les déchets plastiques en microplastiques et nanoplastiques (MNP) plus
petits. Ces contaminants émergents constituent un danger pour 1’environnement aquatique et la vie
en raison du risque de consommation et de bioaccumulation en amont de la chaine alimentaire.
L’omniprésence des MNP oblige les chercheurs a mieux comprendre leur transport, leur toxicité
et leur devenir dans les milieux aquatiques, y compris les eaux douces. Cependant, les
nanoplastiques se sont avérés difficiles a détecter en raison de leur petite taille, ce qui a limité notre
compréhension de leurs impacts environnementaux. Ce travail se concentre sur la détection de
MNP internalisée dans un organisme d’eau douce modele (Daphnia magna) en utilisant une
combinaison de techniques histologiques et de microscopie hyperspectrale a fond noir améliorée.
L’avantage de cette méthode est qu’il s’agit d’une méthode sans marquage et que, par conséquent,
les plastiques n’ont pas besoin d’étre prétraités avant d’étre internalisés par des organismes. Cette
¢tude présente une méthode pour modifier la réponse spectrale de la biomasse de 1’organisme,
permettant la détection de MNP ingérés. Cela en fait une méthodologie prometteuse pour les études
écotoxicologiques, car I’absorption des PMN peut étre visualisée. Cette recherche aidera a orienter

les recherches futures sur I’impact de la pollution par les MNP sur les systémes d’eau douce.
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Chapter 1: Introduction and Literature Review

Production, Use, and Fate of Plastics

Mass plastic production and use started in the early 1950s.! This time period has also been
marked as the beginning of the Anthropocene period,> where human-made processes have
overtaken the Earth’s natural processes.? Since the 1950s, approximately 8.3 billion metric tons of
plastic have been produced, of which 60% was sent to landfills or the environment.* In 2010, it
was estimated that 4.8 to 12.7 million tonnes of plastic was dumped into aquatic environments.’
These statistics are based on coastal countries in one year. With global plastic production
increasing to 460 million tonnes in 2019.° one can safely assume that the amount of plastics
deposited into aquatic environments has only increased since 2010.7

The ubiquity of plastics stems from the broad range of industries using plastic products,
for instance: consumer goods packaging (44%), construction (18%), automotive (8%), electronics
(7%), household items (7%), and agriculture (4%).!° There are five main types of plastics in
circulation: polystyrene (PS), polypropylene (PP), polyvinylchloride (PVC), polyethylene (PE)
which includes both low and high density, and polyethylene terephthalate (PET).!

Large plastic waste breaks down into smaller microplastics and nanoplastics (MNP) due to
weathering conditions such as UV irradiation, mechanical fracture, biological degradation, and
temperature fluctuations. The weathering of MNP contributes to morphology and property changes
of MNP.!? There are two sources of MNP: primary and secondary. Primary MNP are considered
pristine micro and nanobeads; generally, they are used in cosmetics, packaging, and electronics.'?
In the environment, macroplastic items can be fragmented to produce secondary MNP via thermal,
biological, or mechanical processes.'?

MNP are not limited to urban environments as they have been found in uninhabited
locations such as the Alps,” Tibetan Plateau,?® and the Artic region.’ These contaminants have also
found their way into food sources such as rice,!! table salt,'? and tea'® which could pose a hazard
to consumers. Most recently, microplastics have been found in human placenta'# and arteries.'> In
the environment, some organisms are unable to differentiate their food sources from
nanoplastics,?® resulting in the ingestion of nanoplastics that can then bioaccumulate through the
food chain.!® 7 The omnipresence of MNP has created an urgency to better understand their

toxicity, fate, and impact on the environment and human health. However, to assess these factors,
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we need to be able to detect, identify, and characterize these tiny particles in complex and often
carbon-dominated matrices (e.g., natural waters, soils, whole organisms).

Further to this problem is the ongoing debate of the size difference between microplastics
and nanoplastics. Currently, it is common to classify particles less than 1000 nm as nanoplastics,'®
5 mm to 1000 nm as microplastics, and greater than 5 mm as macroplastics.! It is this definition
and stipulation of size range that will be used to differentiate nanoplastics from microplastics

throughout this report.
Current Detection Methodologies and their Limitations

Various tools to detect and identify MNP within complex matrices have been reported in
the scientific literature. Some of the most widely used analytical tools for characterizing MNP
include Raman Spectroscopy, Fourier Transform Infrared Spectroscopy (FTIR), and pyrolysis gas-
chromatography-mass spectroscopy (Py-GC/MS).?° These techniques will be discussed briefly in
this section, along with a list of applications of these tools. It is important to note that many other
tools aside from the ones discussed here exist with their own advantages and disadvantages. This
section only serves as an overview of some of the analytical tools used in research to characterize

MNP and is non-exhaustive.

FTIR

FTIR uses infrared light (primarily between 400 and 4000 cm™!)?! to analyze materials. The
infrared light is directed at a sample where some light is absorbed and/or transmitted. The absorbed
light can cause a change in the molecules’ dipole, which will transfer the vibrational energy levels
from the ground state to the excited state. The interaction between IR light and the sample
generates a spectrum.?? The frequency of peaks in this spectrum is based on the difference in
vibrational energy levels, whereas the intensity is based on the change of dipole moment.?* Since
each molecule will interact with the IR radiation differently, the spectrum acts as a fingerprint,
unique to each molecule. This allows researchers to cross-reference the spectrum with a database,
thereby identifying unknown material.

Larger microplastics are often identified using conventional FTIR. However, for chemical
identification of microplastics, micro-FTIR (u-FTIR) has been used®*. u-FTIR uses an optical
microscope in combination with an infrared spectrometer enabling visual and chemical analysis at

a higher spatial resolution?. A summary of some studies can be reviewed in Table 1. For example
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u-FTIR was used to identify microplastics in the drinking water supply chain in Germany?¢ and to

provide valuable insights on the transport of microplastics to remote regions?’.

Table 1:

Overview of a few studies using FTIR for MNP detection and identification.

Method

Authors Used MNP Type Size Media Goal of Study
. . Use micro-FTIR to
Julzlge nne ef p-FTIR PE 0.024 Air and Type 1 study weathering of PE
al. mm film | water o
films in air and water
. Identify microplastic
Mintenig 2, PO 0.050 to Grounq Water throughout the drinking
26 pu-FTIR polyester, PVC, and drinking .
et al. . 0.150 mm water supply chain in
and epoxy resin water
Germany
PE, PP,
polyester, PS,
. e . 0.015to | Freshwater, Qi .and
Vianello et polyamide, characterize
177 n-FTIR alkyd resin 2413 SRR, microplastics in the
a ye, ’ mm wastewater P .
polyvinyl Lagoon of Venice
alcohol, &
polyacrylonitrile
gztzigent Zg Development of a
Corami et polyester & 0-0.5 . . technique to characterize
29 pu-FTIR ) (simulating
al. polyamide mm fibres released from
household .
. household washing
washing)
Develop an extraction
. 0.063 to . process for microplastics
CrlCh;OOH wATR PVC & PE 0.999 Sediment : in aquatic sediment
etal. FTIR samples & oil
mm samples and analyzed
them using FTIR
Detection of
Bergmann Vamish, rubber, {ﬁ?ng . rSrftlr(;rl(t)g?; téC\]Saﬁ;alizam
gy w-FTIR | PE, and Snow
et al. olvamide 0.011 snow samples to
poty mm establish atmospheric

deposition

Organic matter and other contaminants on the microplastics’ surface can affect the ability

of u-FTIR to detect the sample. To overcome this challenge, researchers often resort to purification

or pre-treatment of samples to remove organic matter.?! Furthermore, p-FTIR is limited to imaging

particles larger than 20 um.* This is due to the diffraction limit of the IR spectroscope, resulting
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in a low spectrum intensity and quality’?. This drawback often requires pre-screening of
environmental samples, which is sometimes completed by visual inspection leading to some bias.
Furthermore, Képpler et al. showed that FTIR identifies 35% less microplastics that are smaller
than 20 pm when compared to Raman.3? For this reason, the authors recommended using FTIR

for microplastics sized between 50 to 500 pm.

Raman

Raman spectroscopy is a non-destructive characterization method that uses monochromatic
light to analyze materials. When monochromatic light is directed onto the sample, scattered light
is detected by the instrument. There are three types of scattering when the light interacts with the
matter: Rayleigh, Stokes, and Anti-Stokes. Rayleigh scattering occurs when a molecule is excited
to a virtual state and then returns to its ground state; this causes the photon to be scattered
elastically. This type of scattering is the most common and has the highest intensity. Stokes
scattering causes a molecule to be excited to a virtual state and return to a state with higher
vibrational energy than it originally started with; this causes the photon to be scattered inelastically
and have less energy than it originally started with. Lastly, Anti-Stokes scattering excites an
already excited molecule to a virtual state, and then returns it to a lower vibrational energy level
than it started with. This causes the photon to be scattered super elastically and have more energy
than it started with. In Raman spectroscopy, Stokes scattering is used to measure the photon’s
change in energy, measured as a frequency change.®

Like FTIR, Raman spectroscopy is often used for microplastic and nanoplastic research, as
seen by some studies listed in Table 2. For example, Allen ef al. used Raman to understand the
atmospheric transport of microplastics in the French Pyrenees,** and Zhang et al. combined Raman
with scanning electron microscopy (SEM) to identify nanoplastics from recycled PVC3® and were
able to identify particles as small as 360 nm. Overall, Raman spectroscopy is often used for
particles smaller than 20 pm and is less constrained in terms of the thickness of the sample and
interferences from glass, CO2, and water.3® Raman spectroscopy enables visualization of particles
as small as 1 micron due to the smaller wavelength of light used®’. This is evident by the Abbe’s
equation which states decreasing imaging wavelength will increase spatial resolution. Some

studies have optimized Raman signal intensity to detect 100 nm nanoplastics. Overall, Raman
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spectroscopy is advantageous as it provides an image of the sample, which can help identify the

shape and size of the particle, which is in addition to identifying the chemical composition.3?

Table 2: Overview of a few studies using Raman for MNP detection and identification.

Authors | Method | MNP Size | Media Goal of Study
Used Type
Study the concentration
Micro- 20 um and identification of
Giindogdu'? PE&PP |to5 Table salt ; o
Raman mm microplastics in 16 table
salt brands in Turkey
Allen ef Micro- PS, PE, 50 to Atmospheric St}ldy the t‘ransport of
213 Raman PP, & 300 um wet and dry microplastics to remote
’ PVC H deposition uninhabited areas
Lake surface
S e Micro- 0.1 to water, river Idf:ntlfy aqd detect. .
L Raman PE & PP 0.5 mm | WA & microplastic pollution in
' ’ lakeshore China's freshwater systems
sediment
Characterize nanoplastics
PS & . .
Sobhani et | Micro- polyacrylic 100 nm using micro-Raman
39 . to 600 | Type 1 water mapping and validation
al. Raman paint } .
) nm using generated paint
particles ;
particles
Tiviia e Raman + Recycled | 360 - Identify and analyzp the
E SEM PVC 1920 Type 1 water shape of nanoplastic
’ powders nm powder from recycled PVC

Although Raman is an excellent tool for submicron particle identification, it becomes less

reliable when fluorescent emissions or dyes are present in the sample.?! Degradation of the sample

under Raman spectroscopy has also been reported due to the use of a laser light.*’ This is caused

when the laser results in plasmonic heating, where the temperature of the particle can increase past

the glass transition temperature, resulting in physical changes in the polymer.

41

Since FTIR and Raman are common tools in microplastic analysis, studies using and

comparing the two instruments are prevalent in literature, as seen in Table 3. For example,

Cabernard et al. compared Raman with FTIR by analyzing microplastics in surface water.*? The

authors concluded that micro-Raman could identify 23% more microplastics than ATR-FTIR.

However, the analysis time for Raman is significantly higher than that of FTIR; the authors stated
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it took 147 hours per 100 L of water examined. As a consequence, the authors discuss the need to
develop a more efficient methodology for micro-Raman. Although micro-Raman was more
successful in identifying microplastics than ATR-FTIR in this study, the authors admit that more
than 66% of particles were unidentifiable due to the organic and biological contaminants in their

environmental samples.

Table 3: Overview of a few studies using FTIR and Raman for MNP detection and identification.

Authors | Method | MNP\ o0 0 | Media Goal of Study
Used Type
. FTIR
Képpler et PE, PS,| 1 um to . Compared Raman and FTIR to
3 and Sediment .
al. PAN 5 mm analyze environmental samples
Raman
T FTIR 100 to | Digestive Study mlcropl‘astlc extraf:tlon after
43 and PE & PP . pre-treatment in lab cultivated fish
al. 600 um | tract of fish
Raman and ocean surface fish samples
Loy | DAk 05 o 1l || M | DE e WA ciiatigy
44 and PET removing microplastic using optical
al. mm wastewater .
Raman microscopy, FTIR, Raman
Cabernard FTIR PE, PP, 16 o || S Compare Raman s and FTI.R s ability
of al 22 and PS, and t005 o | water to quantify microplastics from
’ Raman | PMMA environmental aquatic samples
Py-GC/MS

Py-GC/MS thermally degrades the sample, releasing gasses that are then analyzed through
gas chromatography and mass spectroscopy, where chemical composition can be identified. This
allows for not only the identification of the MNP but also the various additives in the sample,
which is one of the main advantages of this tool. A few examples in literature include the use of
Py-GC/MS to identify nanoplastics in river, sea, and influent/effluent water samples from a
wastewater treatment plant;*> drinking water and surface water from a freshwater system;* sand

water extracts;*’ and soil matrices;*® as seen in Table 4.
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Table 4: Overview of a few studies using Py-GC/MS for MNP detection and identification.

Authors Method %T)l: Size Media Goal of Study
Polyethyl
ene
terephthal
ate
. (PET), Various Identify additives in polymers
:Zn;g;% g}gﬁé Acrylonit EOZ ded organic by creating reference material
’ rile p solvents for the Py-GC/MS
butadiene
styrene
(ABS),
PVC, PS
Dol ABS. Develop a fast method to
Herrera et | shot (virgin Not . . "
e Py/GC- and —— N/A identify .the addﬁwes from
MS ) electronic plastic waste
PE, PP,
PS, Sediments g e
Desl?ff et | Py- Polyamid [ 0.1to 1 from Island rSntluc?ZpSlIe)lzgzls iﬁifgﬁon o
al. GC/MS e (PA), mm of sediments
PVC, Norderney
PET
Apply a cascade filtering
Funck et | Py- PS and 10 pm WWTP m?thOd to §eparat§
e GC/MS PE and offluent rrpcroplaspcs qf different
larger sizes and identify the polymer
and additive type
Setes @ || By 10 to Sedimepts Develop a mgthgd using '
a5 GC/MS PE, PS 400 pm from River pressurlged llguld extraction
Rhine to quantify microplastics
Double PE, PET, Study the concentration of
Dessi et shot PMMA, | Not Ri plastics present in various
al.l! Py/GC- PP, PS, | reported e rice from grocery stores in
MS PVC Australia
Raman,
Elert et FTIR, and | PE, PP, 150 to Soil Compare three microplastic
al>* TED- PS,PET |200 um characterization methods
GC/MC
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) River
vinyl
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PTFE
s | D7 |TREE Characteize plastics and
o GC/MS + | PVC, PS, Oysters pias
al. 2236 um understand the size
uFTIR PMMA e
distribution in oysters

However, this identification method is destructive®® and therefore samples cannot be reused
for further analysis. Particles cannot be localized in a sample (e.g., whole organism) because the
entire sample is destroyed during analysis. Furthermore, information about individual MNP cannot
be retrieved, such as size and morphology.*® Py-GC/MS is also sensitive/dependent on the mass
of the microplastic. Képpler ef al. compared Py-GC/MS and p-ATR-FTIR to identify microplastics
and fibres from sediment samples.’® From the 27 particles sampled, three of them could not be
identified by Py-GC/MS because of the low particle mass. The authors also noted that Py-GC/MS
measurement time was significantly longer than FTIR, stating a factor of 30 to 100 in terms of
length. Overall, the instrument’s destructive nature is a major disadvantage; as a result, a better

methodology for detecting and identifying nanoplastics must be established.

Hyperspectral Imaging

More recently, hyperspectral imaging (HSI) has been employed for the detection and
identification of MNP. This method is label-free, preserves spatial information, and detects
nanoplastics. In general, HSI uses visible light or near infrared light to acquire a spectrum for every
pixel from a sample image. This spectrum can be used to match an unknown spectrum to a known
spectrum thereby enabling the detection of unidentified samples. A major limitation of using HSI
is its low resolution resulting in identification of particles that are 100 microns or larger.>® One

recommendation to overcome the lower resolution is to combine HSI with another imaging
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technique, such as stereomicroscopes.”® An example of this would be the enhanced darkfield
hyperspectral imaging (EDF-HSI), which uses darkfield microscopy in conjunction with HSI,
providing both spatial and hyperspectral information. In general, EDF-HSI uses a halogen bulb as
its light source and then directs the light through a condenser at the base of the microscope.®® The
directed light path results in a high signal-to-noise ratio, enabling a resolution of 2 nm. A darkfield
stop 1s used to generate a darkfield image where the sample is illuminated, leaving the background
dark. The oblique light rays’ interactions with the sample scatters the light, which enters the
objective lens. The light is then directed to the CCD camera and spectrometer from the objective
lens. The spectrometer generates the spectral information of the sample, known as a hyperspectral
data cube. From this, the spectrum of any pixel from an image can be retrieved. Furthermore, by
creating a reference library containing the spectra of a known material, the identification of an
unknown sample is possible. Processing software (e.g., ENVI in the CytoViva) can cross-reference
the spectra of an unknown sample with the reference library. Table 5 shows some recent studies
using EDF-HSI for MNP detection. It is important to note that studies using EDF-HSI were the
focus of the brief literature search as this technique enables detection of nanoplastics whereas HSI

is limited by its resolution.

Table 5: Overview of a few studies using HSI for MNP detection and identification

Authors Method 1,}/;1:)1: Size Media Goal of Study
Ishmukha | EDF-HSI | PS 1 pm human skin | To combine machine learning
metov et and deep fibroblasts | and EDF-HSI to detect
al.%! learning microplastics within
biological samples.
Nigamatz | EDF-HSI | PS and 100 nm, | Caenorhabd | Detect ingested microplastic
yanova PMMA 200 nm, | itis elegans | within a model organism
and 500 nm, | (C. elegans)
Fakhrullin 1 pm
62
Fournier EDF-HSI [ PS 20 nm rat fetal Translocation of nanoplastics
et al.® tissues from maternal to fetal
Rahman ef | EDF-HSI | PS, various | air sampling | Optimize collection and
A LDPE, sizes characterization of
PP, environmental MNP samples
polyamid
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Although EDF-HSI enables detection of nanoplastics and uses a label-free method,
interference of biomass is still of concern when using non-translucent organisms. Furthermore,
some studies listed in Table 5 employ pre-labelled, fluorescent, or coloured particles. Although
coloured particles are representative of environmental MNP, pre-labelled and fluorescent particles
are limited to controlled experiments and generally irrelevant to the analysis of environmental

samples.
Research Gaps

It is evident that there are many studies that are successful in detecting and identifying
microplastics within complex matrices. However, the small size of nanoplastics makes it difficult
for conventional and vibrational microscope techniques to detect these particles. Hence, there is a
need to develop methods that can detect nanoplastics, especially when the smaller nanoplastics are
more harmful than microplastics.®> To further understand MNP toxicity, detecting ingested MNP
within organisms without losing spatial information is essential. This requires the analysis of non-
translucent organisms and pre-treatment that preserves organism morphology.

Many studies also use pre-labelled particles for toxicity studies. This limits toxicologists
to particles that are not necessarily representative of environmental MNP. Furthermore, there is
concern that pre-labelled particles have some toxicity compared to pristine unlabelled plastic
particles due to dye leaching.®® Therefore, another research gap exists in this area, where a label-
free method to detect ingested MNP needs to be developed.

Particle concentrations used in many studies are not representative of environmental
conditions with studies using concentrations up to seven orders of magnitude higher than what is
found in the environment.%” This disconnect can lead to misrepresentation of MNP toxicity on
organisms. A review article by Shen et al. concluded that many studies used environmentally
irrelevant concentrations; as a result, they urged future studies to focus on lower and more

environmentally relevant concentrations of MNP to gauge their environmental impacts.®®
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Thesis Objectives

In an effort to address the knowledge gaps identified above, this study proposes the
combination of histology techniques with enhanced dark field hyperspectral imaging (EDF-HSI),
where histology is the process of taking thin micron sized slices of a sample embedded in paraffin
or frozen media. This method enables researchers to see within a biological sample without altering
its morphology. In this study, cryotomy will be used to acquire histological slices. Additionally,
hematoxylin and eosin (H&E) staining will be applied to differentiate biomass from plastic. This
is to take advantage of the unique capabilities of the EDF-HSI microscope that allows for
hyperspectral analysis for the detection of MNP. Overall, the following objectives will be assessed
in this study:

1. To determine if the combination of histology and EDF-HSI enables the detection of MNP
within whole organisms

2. To determine if H&E staining alters the spectrum of biomass to enable detection of
nanoplastics within whole organisms

3. To determine if the proposed method is applicable to different plastic types

4. To determine if the proposed method is applicable to environmentally relevant nanoplastic

concentrations

This thesis is presented in a manuscript-based format as per “McGill Guidelines for Thesis
Preparation”. Chapter 2 presents an original research manuscript which includes details about the
methodology, results, and discussions. The conclusion and future work are discussed in Chapter

3.
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Chapter 2: Detection of Microplastics and Nanoplastics within a Whole
Organism using Hyperspectral Imaging and Histology

Introduction

Plastic pollution has become ubiquitous and is an emerging contaminant in aquatic and
terrestrial environments. Large plastic waste breaks down into smaller microplastics (1 pum to 5
mm)'® and nanoplastics (smaller than 1000 nm)'® (MNP) due to weathering conditions such as,
UV irradiation, mechanical degradation, biological degradation, and temperature fluctuations.
MNP have been found in the most remote locations, such as high-altitude Alps’ and Tibetan
Plateau,® with the potential of microplastics to be transported to the Arctic region.’ These
contaminants have also been detected in various foods and beverages such as rice,'! table salt,'?
beer,% tea,'? and wine,”® exposing consumers to MNP. In the environment, some organisms are
unable to differentiate their food sources from nanoplastics.”! This results in the ingestion of
nanoplastics that can then bioaccumulate through the food chain, where humans stand at the apex.
Most recently, microplastics have been found in the human placenta!* and arteries.!> The
omnipresence of MNP has created an urgency to better understand their toxicity, fate, and impacts
on the environment and human health. However, to assess these factors, there is a need for
adequate methods to detect, identify, and characterize these tiny particles. More importantly,
detecting ingested MNP within whole organisms will enable localization within certain organs or
tissues thereby improving our understanding of their toxicity, such as changes to hormones,
morphology, behaviour, and reproduction. Therefore, there is an increased importance and need
for the development of methodologies that enables detection of MNP within whole organisms.

The novelty of these contaminants has motivated the development of various tools to detect
and identify MNP within complex matrices. Mass spectroscopy techniques identify MNP and their
additives but lose spatial information.”? Vibrational techniques, such as Raman and FTIR, are the
most commonly used analytical tools for identifying microplastics within a sample.3? > However,
FTIR i1s often limited to identifying microplastics larger than 20 microns, and the presence of
organic components can interfere with obtaining accurate results for both Raman and FTIR.”? For
nanoplastics, electron microscopy techniques have been used to characterize these smaller
particles. However, careful sample preparation is required, including coating the sample with a

conductive material.”* Most analytical techniques used for detecting and identifying MNP within
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biological samples also require extensive pre-treatment, such as digestions to remove organic
matter that can interfere and hinder with spectrum acquisition.?? This can involve the use of
harmful solvents that can melt,”* decompose,” or discolour’® plastic present in the sample.

An alternative to pre-treatment of samples by digestion is the use of dyes to differentiate
between the biological sample and the particles. For example, fluorescent dyes are often applied
to particles prior to organism exposure, resulting in the organism of interest ingesting pre-dyed
particles.”” This method allows the use of a wide range of plastic particles that can be prepared and
dyed in the laboratory or purchased from a commercial supplier, thereby providing crucial
ecotoxicity information on a broader range of plastic types. However, these commercially
available fluorescent particles’ size, shape, and surface properties are not always environmentally
relevant. Furthermore, dyes can leach out of the particles, resulting in the misidentification of
particles.”® The leached dye may also pose some toxicity to the organism, making it difficult to
determine if organism toxicity is due to the dye or the plastic particle.®® Another example of dye
application is costaining, which involves applying two dyes simultaneously, where one acts as a
counter stain. For example, Nile red, in conjunction with 4',6-Diamidino-2-phenylindole (DAPI),
has been used where Nile red binds with plastic particles, and DAPI binds only with biological
material.”® However, there is still concern over dye specificity and, thereby, uncertain detection of
particles. Hence, there is a need to develop a label-free method that enables detection of MNP
within biological samples.

Hyperspectral imaging (HSI) is a label-free, non-destructive, and rapid method that has
been used for the detection and identification of microplastics. In general, HSI uses visible or near
infrared light to acquire a spectrum for every pixel from a sample image. The combination of
acquiring spatial information and spectral data makes it an advantageous tool for particle
characterization. For example, HSI has been used to characterize microplastics collected in the Po
River, Italy,”” as well as spiked microplastics within intestinal tracts of fish,®" digested mussel
tissue,’! and farmland soil samples.®? However, due to the lower resolution of traditional HSI, it
can only characterize microplastics greater than 100 microns,>® with most papers studying particles
larger than 300 microns. For smaller particles, enhanced darkfield hyperspectral imaging (EDF-
HSI) has been proposed due to its higher signal-to-noise ratio.’° In fact, EDF-HSI has been used

83, 84

for the detection of silver nanoparticles (>10 nm) in water samples, polymer-coated Au/CuS

nanoparticles (>25 nm) human cells,® and gold nanoparticles (>15 nm) in Daphnia magna.3® EDF-

23



HSI has also been used to detect MNP in matrices such as human cells®! and C. elegans.%
However, the presence of biomass in a sample can interfere with the acquisition of the spectral
signal used to identify MNP. This study proposes the combination of histology techniques with
EDF-HSI to enable improved visualization inside the organism when non-translucent organisms
are studied. Also, to overcome the issue of biomass interference with the HSI detection,
hematoxylin and eosin (H&E) staining will be applied to the whole organism after MNP exposure
to enable the differentiation of biomass from plastic. H&E staining is selective to biomass,
ensuring the internalized plastic remains primarily unstained. This, therefore, changes the spectra
of biomass compared to the plastic, enabling hyperspectral analysis to locate and detect plastic

particles within the whole organism.

Methods

Daphnia magna Exposure

Daphnia magna (D. magna) was chosen as the model organism as it is commonly used in
MNP ecotoxicological studies.®” Environment and Climate Change Canada (SPE1/RM/14, 2000)
guidelines were followed for maintaining the D. magna culture. D. magna were cultured in
moderately hard reconstituted water (comprising 60 mg/L MgSOa4, 96 mg/L NaHCO3, 4 mg/L
KCl, 60 mg/L CaSO4-2H20, 2 mg/L Na>SeO4, and 2 mg/mL vitamin B12 in deionized water) in
glass beakers. The beakers were kept in a controlled incubator (Panasonic, MLR-352) at 20 °C for
48 h with a 16/8 h day/night cycle. The culture was fed with cultured green algae (Chlorella
vulgaris) and yeast-cerophyl-trout mix (Arofish, USA).

Adult D. magna (7 days old) were exposed to 0.1 ppm and 0.01 ppm of 750 nm, 500 nm,
unlabeled polystyrene (PS) beads (Polysciences 07309-5 and 09836-5) under acute toxicity
conditions (48-hour exposure). D. magna were also exposed to 20 ppm of polyethylene (PE)
particles with a size distribution of 200 nm to 9900 nm (Cospheric 140411-1). Here, the 500 nm
PS at 0.01 ppm serves as the environmentally relevant treatment condition.®® Each of the following
treatments 500 nm PS at 0.01 ppm, 750 nm PS at 0.1 ppm, and 20 ppm of PE particles, were
separately suspended in moderately hard reconstituted water. The treatments’ suspension volume
was 40 mL in 50 mL glass beakers, with five adult D. magna in each beaker. The beakers were

kept in a temperature-controlled incubator (Panasonic, MLR-352) at 20 °C for 48 h with a 16/8 h
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day/night cycle for the duration of their exposure. After exposure, D. magna were preserved in

Bouin’s solution (Sigma Aldrich HT10132) for at least 24 h where the samples perished.

Cryotome Slices

After at least 24 h of preservation in Bouin’s solution, adult D. magna were rinsed with a
phosphate buffered solution (VWR E404), then embedded in Optimal Cutting Temperature resin
(Sakura 4583) and frozen in liquid nitrogen. A cryotome (Leica 3050s) was then used to obtain
histological sections of the D. magna. The cryotome was thoroughly cleaned using acetone prior
to sectioning. The chamber and sample holder temperatures were set to —25 °C. Each histological
slice was 20 um thick, and D. magna were sliced on the transverse plane. Samples were collected
on positively charged glass slides (Fisher Scientific 1255015), where each histological slice flash-

dried onto the slides.

Staining

Prior to staining, histological slices on glass slides were rinsed with deionized (DI) water
to remove the resin. Histological slices on glass slides were rehydrated by submerging the samples
in decreasing ethanol concentrations (100%, 75%, 50% and then DI water) for 1 minute per
concentration. Next, hematoxylin (Sigma-Aldrich HHS32) and eosin (Sigma-Aldrich R030340-
74) were used to stain the histological slices. Various concentrations of equal parts of hematoxylin
and eosin (H&E) stain in DI water were tested to establish the optimal concentration. H&E stain
was applied at concentrations of 100%, 50%, 25%, 10%, and 5% v/v. The staining protocol was
adapted from Feldman and Wolfe.® First, the slides were submerged in hematoxylin for at least
30 seconds. Following that, the slides were rinsed in DI water. Next, the slides were stained with
eosin for at least 90 seconds. Immediately after staining was completed, samples were rehydrated
by submerging the samples in decreasing ethanol concentrations (100%, 75%, 50% and then DI
water) for at least 1 minute per concentration. Staining and rehydration were completed at room
temperature. Histological slices were imaged in darkfield mode on a stereomicroscope (Olympus

SZX16) before and after staining.

Imaging and Analysis on Enhanced Darkfield Hyperspectral Imaging Microscope

Next, the slides were imaged using enhanced darkfield hyperspectral imaging (EDF-HSI).
The EDF-HSI microscope is fitted with an Olympus BX41 upright microscope, CytoViva® high-
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aperture dark-field condenser (CytoViva Inc., USA), and CytoViva® 10x, 60x, and 100x objective
lens. A halogen bulb (International Light Technologies L1090) was used as the light source.
Spectral information was captured using a spectrophotometer (CytoViva Hyperspectral Imaging
System, Auburn, AL.). ENVI 4.8 software was used to capture images at an exposure time of 250
ms using 696 lines, providing a full field of view. Spectra were captured in the visual near-infrared
region of 400 nm to 1000 nm at a 2 nm resolution using a spectrograph. This data (spatial
information in the x-y plane and hyperspectral data in the z-plane) is stored in a hypercube in the
ENVI 4.8 software. Prior to imaging, all slides were fitted with a glass cover slip with one drop of
Type 1 immersion oil.

Two reference libraries were created containing the spectra of pristine polystyrene (PS)
and polyethylene (PE) particles suspended in DI water. In Figure S1, reference PS and PE particles
and their corresponding average spectrum can be observed. The reference libraries were created
by using the Region of Interest tool to obtain the spectra of 30-35 pixels. The spectrum of the
chosen pixels was saved as the reference library, which was then used to detect PS and PE within
the sample images using the Spectral Angle Mapping (SAM) tool. A matching angle of 0.085

radians was used. Figure 1 shows an overview of the methodological workflow.

‘ ‘

D. magna were exposed

to MNP suspension for D magnawece ed

dsh in Bouin's solution for D. magna were then |
OHIS: at least 24 hours and frozen in OCT using liquid ‘
then rinsed with PBS. nitrogen.

)\ ) ._ f
H“J ‘M i . i

o g0
vavesenqer

The histological slices were H&E staining of slides. 20 micron histological
imaged on the enhanced slices of the D. magna
darkfield hyperspectral were taken using a
microscope to detect MNP. cryotome.

Figure 1. Schematic of the overall procedure to obtain histological slices, subsequent H&E

staining, and image acquisition. Figure was created with BioRender.com
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Results and Discussion

Carbon-based material, such as organic matter and biomass, often hinders the detection of
MNP in environmental samples and organisms. Cryotome techniques can be used to reduce the
interference from the tissue and biomass when analyzing the uptake of MNP while preserving the
organism's structure. Thus, the first objective of this study was to show that cryotome techniques,
when combined with EDF-HSI, enable visualization of nanoplastics within a whole organism. In

Figure 2A, a sample image of D. magna can be observed prior to obtaining histological slices.
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Figure 2. Detection of MNP within a whole organism. Fig. 2A depicts a darkfield image of D.
magna acquired on an optical microscope. Fig. 2B is a 20 um thick histological slice of a D.
magna exposed to 750 nm PS at a concentration of 0.1 ppm. The gut region of the D. magna is
outlined in green. Fig. 2C is a darkfield image acquired on the EDF-HSI microscope. This image
is taken in the gut region as shown by the green box. The orange arrow points to an area where
only biomass is present. Fig. 2D shows the Spectral Angle Mapping of the darkfield image taken
in Fig. 2C. Areas in red indicate where the spectra matched the reference spectra for PS. Fig. 2E
is the average spectra of 50 pixels of biomass from Fig. 2C. The peak wavelength is 596 nm, as
shown by the blue line. Fig. 2F is the average spectra of 50 pixels of 750 nm PS from Figure
S2A. The peak wavelength is 594 nm, as shown by the blue line.
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In Figure 2B, the gut region of D. magna can be identified on the histological slice. Next,
EDF-HSI was used to acquire images to visualize the ingested nanoplastic, as seen in Figure 2C.
The smaller nanoplastic fraction is more challenging to detect with common analytical techniques
due to the diffraction limit of light. However, EDF-HSI's high signal-to-noise ratio enables the
detection of some nanoparticles as small as 10 nm.*} In Figure S1, a darkfield image acquired on
the EDF-HSI microscope provides the reference size and shape of pristine PS and PE particles.
Using the ENVI software, Spectral Angle Mapping tool was used which matches the spectra of
every pixel from the sample image with the spectra in the reference library of PS. The red regions
in Figure 2D represent the pixels where the measured spectra matched the reference spectra for
PS. Here, the plastic particles are detected; however, some of the biomass (shown with the orange
arrow in Figure 2C and D) was also mislabelled as plastic. As shown in Figure 2E-F, the spectra
for PS and biomass exhibit similar signatures in terms of shape and peak maxima. This similarity
can lead to the Spectral Angle Mapping tool to misinterpret biomass as plastic particles. One
strategy to overcome this issue is to stain the organism with the aim of modifying the biomass
spectral response but leaving the spectra of the particles mostly unchanged. As such, an H&E
staining protocol was implemented to effectively differentiate biomass from plastics.

Hematoxylin stains nuclei and tissue, whereas eosin acts as a counterstain, staining
cytoplasmic compounds. H&E staining is commonly used for histopathology . *° Due to H&E's
selective staining, it was used to stain the biomass on the histological slice. A similar technique
has also been employed in other studies using ATR-FTIR®! and light microscopy.®* %3 In this work,
the H&E staining is applied after cryotome samples have been collected to create a post-exposure
staining process, enabling the use of label-free particles during the organism exposure phase.

To optimize the staining procedure using H&E to enhance Spectral Angle Mapping,
different ratios of the stain were studied. Concentrations of each respective stain in DI water were
tested at 5%, 10%, 25%, 50% and 100% (v/v) as presented in Figure 3. After applying the Spectral
Angle Mapping tool to detect nanoplastics, parts of the biomass are misidentified as plastic when
5% and 10% v/v H&E stains are used. It is evident that staining results in a change to the
spectrum’s shape and peak wavelength. However, the change in the spectrum’s shape is
significantly less pronounced for 5% and 10%, indicating that 5% and 10% staining is inadequate
in differentiating biomass spectra from plastic. This is further supported by the spectra shown in

Figure 3M, where 5% and 10% staining result in smaller red shift (0% peak wavelength 597 nm;
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5% peak wavelength 616 nm, 10% peak wavelength 639 nm). In addition to red shifting of the
biomass’ spectrum for 25%, 50%, and 100% concentrations (peak wavelengths 656 nm, 685 nm,
and 659 nm respectively), their spectrum shape has also significantly changed where two peaks
can be observed compared to the single peak for 0%, 5%, and 10% staining. Since 25% v/v H&E
results in adequate changes to the spectrum compared to the control (0% stain) while using
minimum stain, it was chosen as the optimal concentration to use for the remainder of the study.
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Figure 3. H&E staining of histological slices at different stain concentrations. All D. magna were
exposed to 750 nm PS at a concentration of 0.1 ppm, and all histological slices were 20 um
thick. Fig. 3A is unstained, and the corresponding Spectral Angle Mapping image is in Fig. 3B,
where red parts indicate mapped areas (i.e., matches with the PS library). The remaining panels
show images of D. magna stained with different concentrations of stain: Fig. 3C-D have been
stained with 5% H&E, Fig. 3E-F have been stained with 10% H&E, Fig. 3G-H have been stained
with 25% H&E, Fig .31-J have been stained with 50% H&E, and Fig. 3K-L have been stained
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with 100% H&E. Fig. 3D, F, H, J, and L are the Spectral Angle Mapping images where red parts
indicate mapped areas. Fig. 3M is the average spectra of 50 pixels of biomass from each of the
histological slices from Fig. 3A, C, E, G, I, and K. Green boxes on Fig. 3A, C, E, G, [, and K

indicate the regions where the biomass spectra for each staining concentration were measured.

To confirm that H&E staining at a concentration of 25% v/v does not label the plastic, PS
and PE particles were exposed to the staining protocol and mapped using their respective reference
library. Visual inspection of Figure S2 and Figure S3 indicates that 25% v/v H&E staining does
not stain PS and PE. The shape of the plastic spectrum remains unchanged before and after
staining. Furthermore, the peak wavelength of unstained PE was 596 nm, and after staining the
peak wavelength was 592 nm. Likewise, peak wavelength of unstained PS was 616 nm, and after
staining the peak wavelength was 615 nm. This is supported by the accurate mapping of PE and
PS particles using Spectral Angle Mapping tool in Figure S2 and Figure S3.

Overall, 25% (v/v) H&E staining was mainly selective to the biomass, thereby altering the
spectra of the biomass but leaving the spectra of the PS and PE mostly unchanged (Figure 3M).
The peak wavelength of biomass before staining was 597 nm, and after staining the biomass peak
wavelength has red shifted to 656 nm. The resulting red shift in the spectra allows for the
differentiation between plastic particles and the biomass. When Spectral Angle Mapping is applied
to the stained histological slices, the average spectra of the nanoplastic observed in the histological
slice match with the average spectra of pristine PS plastic (Figure S4), suggesting that the spherical
particles are PS. Furthermore, three histological slices of a D. magna control sample, which was
not exposed to MNP, was also analyzed to ensure the Spectral Angle Mapping tool does not

identify any biomass as PS after staining, as shown in Figure S5.

Vertical Image Stacks

Due to the 20 um thick histological slices, some areas of acquired darkfield images were
more in-focus than other parts, as evident in Figure 4A, where particles that are in focus are
identified with a green arrow. The remaining particles can still be visually observed but are
distorted due to the scattering of light. This results in the Spectral Angle Mapping tool to identify
more areas as plastic, evident in Figure 4D. To address this, images were acquired throughout the
histological slice’s z-axis, essentially creating a vertical stack of images, shown in Figure 4A-C.

Acquiring images at various focal depths is helpful in visually confirming particles that are present
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in those areas. Figure 4B and C confirm that the Spectral Angle Mapping algorithm correctly
detected nanoplastics; the green arrows in Figure 4B and C point to particles that were not in focus
on Figure 4A. Additional examples of vertical stacks can be observed in Figure S7 and S8.

One study had expressed concern that particles were shifting or dislodging from the sample
when obtaining histological slices.®* Aramendia et al. suggested that the observation of particles
embedded within the biomass confirms the localization of particles in an area.”> Similarly, in this
study, nanoplastics were observed at various focal depths in the histological slice. This suggests
that the detected nanoplastics are, in fact, localized in the gut rather than transported or dislodged

during slicing by the blade.

Figure 4: Vertical-stack of D. magna exposed to 750 nm PS particles at a concentration of 0.1
ppm. Histological slices were stained with 25% H&E staining. Fig. 4A is the first image in the
vertical stack where the green arrows point towards to a few particles that are in focus compared
to the other particles. Fig. 4D is the corresponding Spectral Angle Mapping image where red
parts indicate the detection of the PS particles. Fig. 4B is the second image in the stack, where
the distorted particles from Fig. 4A are in focus, shown by the green arrows. Fig. 4E is the
corresponding Spectral Angle Mapping image where red parts indicate the detection of the PS

particles. Fig. 4C is the last image in the vertical stack, where new particles in focus are shown
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with a green arrow. Fig. 4F is the corresponding Spectral Angle Mapping image where red parts

indicate the detection of the PS particles.

Another alternative to ensure detection of all particles in a slice is to use thinner histological
slices. For example, 10 pm slices will cause less interference from the biomass. A drawback with
the thinner slices is that the D. magna structure may not be conserved as well. Hence, researchers
intending to use this method to detect plastic particles within their sample can use thinner
histological slices, such as 10 um, at the expense of losing some spatial integrity of the organism
and possibly disturbing the localization of particles within the organism. This will allow for an
improved mapping of particles in the sample, and therefore, potentially detection of particles.
However, if researchers are more interested in the spatial distribution of particles within the
organism, then 20 um thick histological slices should be used at the expense of quantification of

particles in the biomass.

Applicability of Method to Different Plastic Types, Sizes, and Concentrations

The new protocol was applied to PE particles with a size distribution between 200 nm to
9900 nm at 20 ppm. Since PE floats when suspended in water, this affects the actual exposure
dose. Thus, a higher exposure concentration was used here to increase the probability of D. magna
ingesting the particles. This is evident in Figure 5, where only a few particles are observed on the
histological slice of D. magna exposed to PE. In Figure 5, PE particles can visually be seen within

the gut region of D. magna and detected by the Spectral Angle Mapping tool.
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Figure 5. Detection of PE nanoplastics within the gut region of D. magna. Histological slices
were stained with 25% H&E staining. Fig. 5A is a darkfield image of the gut region where a PE
particle is shown with a green arrow. Fig. 5B is the corresponding Spectral Angle Mapping
image where PE particles are detected shown by the red areas. Fig. 5C is the average spectrum of
reference PE particles where the peak wavelength is 596 nm. Fig 5D is the average spectrum of

PE particles detected in the darkfield image where the peak wavelength is 594 nm.

To further test the limits of this method, smaller-sized nanoplastics and lower-
concentration exposures were completed. Figure 6 represents a histological slice of D. magna
exposed to 500 nm particles at a concentration of 0.01 ppm. For reference, 500 nm PS particles
suspended in DI water can be observed in Figure S1. Although it is difficult to visually observe
500 nm particles within the histological slice, Spectral Angle Mapping enables the detection of the
smaller nanoplastic within a sample using the proposed methodology. With the resolution of the
EDF-HSI microscope enabling visualization of particles as small as 100 nm,% the method
proposed in this study theoretically can detect particles smaller than 500 nm. However, further
work must be carried out to detect nanoplastics smaller than 500 nm within whole organisms.
Another example of detection of 500 nm PS at a concentration of 0.01 ppm can be observed in

Figure S9.
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Figure 6. Detection of ingested 500 nm PS at a concentration 0.01 ppm in D. magna.
Histological slices were stained with 25% H&E staining. Fig. 6A is the darkfield image acquired
on the EDF-HSI microscope of a 20 um thick histological slice of D. magna exposed to 500 nm
PS at a concentration of 0.01 ppm. Fig. 6B is the corresponding Spectral Angle Mapping image

which shows the detection of PS particles in red. Fig. 6C is the average spectra of 50 pixels of
plastic particles from Fig 6A. The peak wavelength of 615 nm is shown with the blue line. Fig.
6D is the average spectra of 50 pixels of biomass from Fig. 6A. The peak wavelength of 652 nm
is shown with the blue line.

The detection of MNP at low concentrations, such as 0.01 ppm, enables researchers to
implement lower concentrations in controlled ecotoxicology experiments. This will provide new
insights into the toxicology of these emerging contaminants. Furthermore, the ability to detect
MNP at lower concentrations is more relevant to environmental conditions, as shown by Shi et al.

who found nanoplastic concentrations in freshwater environments range from 0.0003 to 0.433 ppm
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88, Thus, this method may be useful to determine the presence of MNP at low concentrations in

freshwater samples.
Limitations and Future Work

One of the limitations of the new method is the inability of the Spectral Angle Mapping
tool to differentiate between plastic types. Since hyperspectral data acquired from this method uses
a halogen light source emitting visible light, two pixels with a similar RGB profile will result in a
similar spectrum. Hence, plastic particles that are similar in colour cannot be differentiated. Figure
S4 shows the average spectra of some plastic types, where all of the spectra are similar in shape
and peak wavelengths (PS — 594 nm, PE — 596 nm, and PTFE — 561 nm). This indicates the
challenge of identifying the plastic type using the EDF-HSI technique alone, thereby requiring
additional techniques for the identification of the plastic. Combining this technique with optical
photothermal infrared microscopy (O-PTIR) enables the detection and identification of MNP. A
combination of different imaging techniques can lead to more accurate MNP detection methods>*:
113 and future work will focus on creating a methodology using EDF-HSI and O-PTIR.

In this study, pristine MNP were used. However, it is also important to study MNP that are
relevant to environmental samples. Hence, future studies will explore whether the proposed
methodology can be applied using weathered MNP as well as environmental samples. Preliminary
results of weathering of 3 pm PS microplastic for 45 days indicates the spectrum after weathering
does not change, as shown in Figure S10. After using the Spectral Angle Mapping tool, all particles
were detected using the reference library of pristine PS particles. Hence, it is hypothesized that

this methodology can be useful to detect weathered MNP within whole organisms.
Conclusion

The detection of nanoplastics has been challenging and one of the limiting factors in
improving our understanding of their fate and impacts in the environment. This work proposes a
method to detect MNP within a whole organism using hyperspectral imaging and histological
techniques. Hematoxylin and eosin stains are used to selectively label biomass, thereby changing
its spectral signature. This allows for spectral angle mapping to be carried out, enabling detection
of nanoplastics within a histological slice, while preserving spatial distribution. Although the
instrument cannot identify which type of plastic is present within the sample, this method proves

to be an efficient procedure to quickly detect nanoplastics as small as 500 nm at environmentally
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relevant concentrations. Furthermore, this post-exposure labeling methodology can be especially

useful for toxicology studies, eliminating the need to use pre-labelled plastic particles.
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Chapter 3: Conclusions and Future Work

The omnipresence of MNP has urged scientists to better understand their impact on the
environment and human health. However, effective methodologies to detect and identify these
small, emerging contaminants in complex carbon-rich matrices need to be developed. More
precisely, detection of MNP within whole organisms is a challenging task. Yet, it would provide
invaluable information such as localization of particles in organs and their respective toxicity. This
study aimed to address this challenge by developing a label-free methodology to detect MNP
within whole organisms.

The combination of histological techniques and EDF-HSI microscopy enabled the
detection of MNP within the model organism, D. magna. EDF-HSI microscopy provides a high
signal-to-noise ratio, enabling the detection of nanoplastics, which are often difficult to capture
due to the diffraction limit of light. The instrument's capability to provide spatial and hyperspectral
information makes it a valuable tool for MNP detection in complex matrixes. Histology
techniques, such as cryotomy, enables spectral acquisition of MNP with minimum biomass
hinderance.

Using a post exposure staining process with H&E stains, biomass was selectively stained
thereby differentiating the spectra of biomass and MNP within each histological slice. The peak
wavelength of unstained biomass was 597 nm, whereas stained biomass’ peak wavelength red
shifted to 656 nm. 750 nm PS particles’ peak wavelength after staining was 615 nm. The difference
between the stained biomass spectra and PS particles allowed for the detection of MNP using the
Spectral Angle Mapping algorithm. Furthermore, the staining process was optimized by selecting
a concentration of H&E stain that adequately changed the spectra of biomass while minimizing
the amount of stain used. The optimal stain concentration of 25% v/v was selected.

In addition to the detection of 750 nm PS nanoplastics, smaller-sized particles at lower
concentrations of 0.01 ppm were also identified within a whole organism. Furthermore, this study
presented the application of the methodology on other plastic types, such as PE microplastics,
which were also detected using the SAM tool. Thereby confirming that H&E stains were selective
towards biomass, and not plastic.

The results of this study indicate that the detection of label-free MNP within a whole

organism at very low concentrations is possible. More importantly, the use of a post-exposure
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labelling process allows for the use of non-commercial and label-free particles to be used. This
can also include environmentally collected MNP samples, providing direct information of the toxic
impact of MNP from the environment on organisms. Theoretically, organisms collected from the
environment can also be analyzed for any ingested MNP, providing information on the fate of
MNP. Overall, the proposed methodology provides an additional tool for researchers to use for the
detection of MNP, thereby increasing our knowledge and understanding of these emerging
contaminants.

The advantages of this methodology include the detection of nanoplastics within
organisms, the detection of nanoplastics in low concentrations, and the applicability to different
plastic types. However, the inability to identify the type of plastic within the sample is a limitation
of this method. This can be overcome by combining additional imaging tools such as, optical
photothermal infrared imaging (O-PTIR). O-PTIR is a novel instrument that acquires both IR and
Raman spectra of a sample. This enables chemical identification of the polymer type. Furthermore,
the use of visible light to thermally expand the sample enables acquisition of IR spectra and
detection of nanoplastic as small as 500 nm.

Furthermore, the instrument’s ability to detect MNP is limited by the reference library,
especially in the case of environmental MNP samples. Therefore, it is recommended to create
larger reference libraries containing various types of pristine, lab-weathered, and environmentally
weathered plastics. Moreover, creating open-access libraries can not only improve the reference
library’s database but also allow anyone to use the library. Nonetheless, the presented method can
still detect the presence of nanoplastics quickly within a sample and be used as an initial screening
for plastic particles.

Future work to address the limitations of this method can include using O-PTIR to confirm
the identity of the plastic, and further validate the findings of this study. Furthermore, it is
important to note that MNP found in the environment are exposed to weathering conditions which
alter their chemical and physical properties. Weathered MNP are a more significant threat than
pristine plastics and require more research to understand their impact and fate on the environment.
Hence, future work will focus on using weathered MNP to see if the same methodology can be
applied. Preliminary results, presented in Figure S10, indicate the spectra of weathered MNP does
not significantly shift, which does not affect detection using the Spectral Angle Mapping tool. A

reference library will also be created based on the weathered MNP to improve detection of those
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types of plastics. Lastly, many studies, such as the one presented here, focus on aquatic organisms,
yet terrestrial organisms are rarely studied. Future work on exploring the application of this method
should also use terrestrial organisms such as Drosophila melanogaster.

This study presented a method that is non-destructive and label-free which allows for
subsequent analysis using other characterization techniques. Overall, combining histology with
EDF-HSI and staining protocols has enabled the detection of nanoscale particles within whole
organisms. Although the present study has its own limitation and future work is required, it does

provide an additional method for the detection of MNP.
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Appendix: Supplementary Information

Figure S1. Reference image of plastic MNP. Fig. S1A contains 750 nm PS particles. Fig S 1B
contains 500 nm PS particles. Fig SIC contains 200 to 9900 nm PE particles. This image has
been altered by increasing the brightness by 50% for visualization purposes. Fig S1D is the raw,
unaltered image of Fig. S1C.

49



unstained 750 nm PS
stained 750 nm PS

400 500 600 700 800 900 1000
Wavelength (nm)

Figure S2. 750 nm PS particles stained with 25% H&E. Fig. S2A is the darkfield image of 750
nm PS particles after they have been stained with 25% H&E. Fig. S2B is the corresponding
mapped image using the Spectral Angle Mapping tool, indicating all particles were detected.
This proves that the 750 nm particles are not affected by the staining protocol and remain
unlabelled. Fig. S2C shows the average spectrum of unstained and stained 750 nm PS. Here, the
shape of the graph as well as the peak wavelength remain unchanged before and after staining.

The peak wavelength of unstained PS is 616 nm and 615 nm after staining.
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Figure S3. 200 to 9900 nm PE particles stained with 25% H&E. Fig. S3A is the darkfield image
of the PE particles after they have been stained with 25% H&E. Fig. S3B is the corresponding
mapped image using the Spectral Angle Mapping tool, indicating all particles were detected. The
darkfield images were captured with half-field of view at 349 lines. Fig. S3C is a graph
comparing the spectrum of unstained PE to the spectrum of PE after staining. The peak

wavelength for unstained PE is 596 nm and the peak wavelength for stained PE is 592 nm.
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Figure S4. Comparing the average spectrum of a reference PS with PS within a histological slice.
Fig. S4A is the average spectrum of a reference PS particle. Fig. S4B is the average spectrum of
PS particles within a histological slice. The peak wavelength of reference PS particles is 594 nm,

and peak wavelength of PS particles within a histological slice is 597 nm.

Figure S5. A control D. magna's gut was imaged. Fig. S5A is a darkfield image of a histological
slice of the control sample. The gut region is outlined in blue. Fig. S5B is a darkfield image
acquired on the EDF-HSI microscope of an area in the gut. Fig. S5C is the corresponding
mapped image where it is evident SAM tool did not identify any MNP within the sample.
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Figure S6. Darkfield images of the D. magna exposed to 750 nm PS at a concentration of 0.1
ppm. Fig. S6A is the darkfield image before staining. Fig. S6B is a darkfield image after 25%
H&E staining. A part of the gut region is outlined in blue.

Figure S7. Darkfield images at various focal depths to acquire a "z-stack". Fig. S7A is the first
image in the stack where everything is out of focus. Fig. S7B focuses on a few particles shown
with the green arrow. Fig. S7C and D focus on more particles shown with a green arrow on each

respective image. The D. magna was exposed to 750 nm PS at a concentration of 0.1 ppm.
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Figure S8. Images at various focal depths to acquire a "z-stack". Fig. S8A is the first image in the
stack where everything is out of focus. Fig. S8B and C focus on more particles shown with a
green arrow on each respective image. Fig. S8D is the last image where most of the image is out
of focus. The D. magna was exposed to 750 nm PS at a concentration of 0.1 ppm. The darkfield

images were captured with half-field of view at 349 lines.

54



Figure S9. Detection of 500 nm PS at 0.01 ppm within the gut of D. magna. Fig. S9A is the
darkfield image of a histological slice of the D. magna before staining. Fig. S9B is the darkfield
image of a histological slice of the D. magna after staining. The gut region is outlined in blue.
Fig. S9B is the darkfield image of one area of the gut acquired on the EDF-HIS. Fig. S9D is the

corresponding mapped image, where 500 nm PS particles have been detected in red.
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Figure S10. Images of UV-weathered 3 um PS. Weathering took place over a span of 45 days in
a UV chamber temperature of 25 °C. Fig. S10A is a darkfield image of the weathered
microplastic. Fig. S10B is the corresponding mapped image using the Spectral Angle Mapping
tool. Fig. S10C is the average spectra of pristine 3 um PS. Fig. S10D is the average spectra of the
weathered 3 um PS. The complete mapping of focused microplastics in Fig. S10B indicate that
the spectra of microplastic does not change after weathering, which is supported by the shape of
the average spectrum before and after weathering remaining the same. The peak wavelength of

pristine 3 um PS is 582 nm, whereas the peak wavelength of weathered 3 um PS is 613 nm.
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